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1.1 Introduction 
1.1.1 Background 
1.1.1.1 Redox enzymes 
In redox reactions, electron transfer takes place from one reactant to another. In 
synthetic chemistry, these reactions often require harsh conditions (e.g. elevated 
temperatures and high pressure) and proceed with low chemo-, regio- and 
enantioselectivity. A large number of enzymes on the other hand are capable of 
performing redox reactions with an astonishing high degree of selectivity. These 
biological catalysts typically require cofactors for catalysis because the building 
blocks of proteins, amino acids, are not well suited for redox chemistry. Only in 
some rare cases, redox enzymes perform catalysis without any cofactor [1,2]. Not 
only redox enzymes, but also many other enzymes rely on cofactors: it is estimated 
that about half of all enzymes depend on one or more cofactors. Cofactors come 
in many flavors, ranging from metal ions to highly complex molecules such as 
vitamin B12 and prenylated FMN (Figure 1). They enable enzymes to catalyze a 
plethora of reactions that would simply be impossible without a cofactor. The 
importance of cofactors in nature can also be deduced from the dedicated, complex 
and energy-consuming biosynthetic pathways of many cofactors. 

Cofactors can be classified into two cofactor types: prosthetic groups and 
coenzymes. Prosthetic groups are cofactors that are tightly, sometimes even 
covalently, bound. A well-known example is the heme cofactor bound in 
hemoglobin. Coenzymes are cofactors that are loosely bound to the target enzymes 
and which dissociate upon being converted, to be used by another coenzyme-
dependent enzyme. Well-known examples are the NAD(P)+-dependent alcohol 
dehydrogenases. When considering enzymes as biocatalysts, a dependency on 
coenzymes presents a challenge as it will require an approach that will recycle the 
coenzyme. This is not the case when dealing with enzymes that contain a prosthetic 
group which can be regarded as an integral part of the biocatalyst. 

Redox enzymes, also named oxidoreductases, typically use cofactors to facilitate the 
transfer of electrons. While there are numerous redox enzymes known, there is a 
limited set of redox cofactors available in nature used by these enzymes. Some redox 
cofactors are rather limited in the type of redox reaction that they can support. For 
example, nicotinamide cofactors (NAD+ or NADP+) solely enable oxidation and 
reduction reactions by the transfer of a hydride. There are also cofactors that are 
used for different types of redox reactions. For example, flavin cofactors (FAD or 
FMN) facilitate oxidation by hydride transfer but can also support electron transfer, 
oxygenations, halogenations and other types of reactions. All redox enzymes belong 
to the EC (Enzyme Commission) class I. According to the EC classification, 
oxidoreductases can be subclassified into 22 different subclasses, dependent on the 
type of reaction and substrate(s). A more general classification of the most common 

Chapter I 

10 
 

redox enzymes is shown in Table 1. Redox enzymes have found numerous 
applications which include: textile and food processing, synthesis and modification 
of polymers, oxidative degradation of pollutants, (asymmetric) synthesis of fine 
chemicals and pharmaceuticals, and as part of biosensors for a variety of analytical 
and clinical applications.[3,4] 

 

 

Figure 1. Structural formulas of some cofactors: vitamin B12, prenylated 
FMN, FAD, and heme. 
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Table 1. Classification of the major redox enzyme classes. 

EC Subclass Function Typical cofactors 
1.1.X.X dehydrogenases/reductases nicotinamide 
1.X.3.X oxidases flavin, copper 
1.11.1.X peroxidases heme 
1.14.X.X oxygenases iron, heme, flavin 
1.11.2.X peroxygenases heme 
1.11.1.6 catalases heme 

 

1.1.2 Oxidases 
In this thesis, research is presented in which oxidases and peroxidases were studied 
as biocatalysts. Oxidases are enzymes that utilize molecular oxygen to catalyze 
oxidations and yield water or hydrogen peroxide as a by-product.[5,6] An equation 
showing how oxidases operate is shown below. 

Substrate + O2 → Product + H2O2 or H2O 

Some known examples of oxidases that are exploited as biocatalysts are: glucose 
oxidase, cholesterol oxidase, and NAD(P)H oxidase. Oxidases contain a prosthetic 
group that is required for catalysis which is typically a flavin or copper cofactor. 

The flavin-containing oxidases have been classified into six different classes: the 
Glucose Methanol Choline (GMC)-type oxidases, the Vanillyl Alcohol Oxidase 
(VAO)-type oxidases, the amine oxidases, the sulfhydryl oxidases, the acyl CoA 
oxidase-type oxidases and the 2-hydroxyacid oxidases.[7] These different classes are 
based on sequence and structural similarities. 

1.1.1.2 GMC-type oxidases 
The first type of flavin-containing oxidases we will discuss are the GMC-type 
oxidases. GMC-type oxidases can oxidize primary alcohols to their corresponding 
aldehydes. Their activity is not restricted to primary alcohols as (mutant) enzymes 
have also been reported to catalyze the conversion of secondary alcohols to 
ketones.[8] They have also been reported to be able to convert thiols to their 
corresponding thioaldehydes.[9] GMC-type oxidases can thus be considered to be 
somewhat promiscuous. Yet, they seem to be specialized in catalyzing alcohols. The 
general mechanism by which GMC-type oxidases operate is by a direct hydride 
transfer from the substrate to the N5 of the flavin cofactor. This is made easier by 
proton abstraction by a conserved active-site histidine. The hydride transfer and 
proton abstraction either happen at the same time following a concerted mechanism 
or the hydride transfer occurs after proton abstraction following a stepwise 
mechanism.[10–12] A famous example of a GMC-type oxidase is glucose oxidase, 
which is perhaps the most widely applied redox enzyme. This fungal enzyme is 
efficient in oxidizing glucose into gluconic acid and has been extensively explored 
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and exploited as a biocatalyst. Glucose oxidase has become a popular biocatalyst as 
it was discovered already many decades ago, is easily produced, contains a tightly 
bound FAD cofactor, and it is quite stable and active. In the last few decades a large 
number of other GMC-type oxidases have been identified, including other 
carbohydrate-converting oxidases. An example is the pyranose oxidase which is also 
produced in fungi and also acts on D-glucose.[13,14] Yet, it displays a different 
regioselectivity by oxidizing the C2-OH. Another difference is the binding mode of 
the FAD cofactor: in pyranose oxidase the flavin cofactor is covalently bound to 
the protein. 

1.1.1.3 VAO-type oxidases 
The second type of oxidases we will discuss are the vanillyl alcohol oxidase or VAO-
type oxidases. VAO-type oxidases are named after the fungal oxidase VAO.[15–17] 
VAO was the first oxidase belonging to this class of enzymes for which the crystal 
structure was fully determined. In VAO-type oxidases, the FAD cofactor is often 
covalently linked to the protein via a histidyl flavin bond. In most of these covalent 
flavoproteins, 8α-methyl-N1-histidyl FAD is present while in VAO 8α-methyl-N3-
histidyl is present. Some VAO-type oxidases even possess a bicovalently bound 
FAD.[18,19] In fact, all known bicovalent flavoprotein oxidases belong to the VAO 
family. It has been hypothesized that the bicovalent tethering allows these enzymes 
to have a rather open active-site, allowing binding and oxidation of bulky 
substrates.[19] The bicovalently linked FAD cofactors are tethered at the 6 position 
to a cysteine in addition to the histidyl bond at position 8. This allows for a very 
open active site.  

In the last few decades, a large number of VAO-type oxidases were discovered. 
Examples of such oxidases include vanillyl alcohol oxidase[20], alditol oxidase[9], 
reticuline oxidase[21] and prosolanapyrone-II oxidase[22]. While alditol oxidase 
catalyzes the oxidation of various aliphatic alcohols, it also oxidizes thiols.[9] Vanillyl 
alcohol oxidase has been shown to catalyze alcohol oxidations, amine oxidations, 
hydroxylations of alkyl phenols and ether bond cleavage.[20] Some other VAO-type 
oxidases have been shown to be involved in even more challenging oxidation 
reactions. Reticuline oxidase (also known as berberine bridge enzyme) can form C-
C bonds[21] while prosolanapyrone-II oxidase can perform an intramolecular Diels-
Alder reaction.[22] The ability of VAO-type oxidases to catalyze rather demanding 
reactions can, for some part, be explained by the covalent FAD-protein linkage, 
resulting in a relatively high redox potential of the flavin cofactor.[23] 

1.1.1.4 Amine oxidase-type oxidases 
Amine oxidase-type oxidases are FAD-containing oxidases that are dedicated to 
amine oxidations. These oxidases perform catalysis through abstraction of a proton 
from the amine group by a histidine or histidine and tyrosine. Then, hydride transfer 
takes place to the N5 of the bound-FAD resulting in the formation of an imine 
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product. The formed imines can undergo hydration leading to formation of an 
aldehyde or ketone product.[24–26]   

Well-known amine oxidase examples are the human monoamine oxidases A and B 
located in the outer mitochondrial membrane. They catalyze the oxidation of 
primary, secondary, and tertiary amines into their corresponding imines. The 
oxidized products are then hydrolyzed to their respective aldehydes or ketones. The 
two enzymes share 70% sequence identity and both contain a covalently cysteinyl-
bound FAD cofactor. MAO A efficiently metabolizes serotonin, norepinephrine 
and dopamine. MAO B oxidizes benzylamine, dopamine and phenylethylamine.[27] 
They play an important role in metabolizing neurotransmitters and therefore 
represent interesting drug targets. A fungal MAO has been evolved for activity on 
a number of amine substrates to enable deracemization of the targeted amines.[28] 
This shows the potential of amine oxidases as biocatalysts. 

1.1.1.5 Sulfhydryl oxidases  
Sulfhydryl oxidases (SOXs) represent another group of flavoprotein oxidases. 
Sulfhydryl oxidases are capable of oxidizing the free sulfhydryl groups in proteins 
and thiol-containing small molecules using molecular oxygen as electron 
acceptor.[29] An equation showing the reaction can be seen below: 

2 R-SH + O2 → R-S-S-R + H2O2 

All known sulfhydryl oxidases contain FAD as non-covalently but tightly bound 
cofactor. Several SOXs have been studied in detail in order to elucidate their 
physiological role. The Erv-like SOXs were identified in yeast and named after the 
Erv1 protein that is essential for respiration and viability. Yeast Ero1 corrects for 
the high oxidation potential in the endoplasmic reticulum as opposed to the cytosol. 
Both Erv and Ero oxidases have an all alpha-fold which is totally different from 
other flavoprotein oxidase structures. SOXs do not form protein disulfide bonds 
directly. Ero oxidases achieve this by using protein disulfide isomerase (PDI). The 
sulfhydryl oxidation reaction is not performed directly by the FAD cofactor but by 
a set of conserved cysteines which form a pathway to transport the electrons to the 
core of the protein where the isoalloxazine is buried. 

1.1.1.6 Acyl-CoA oxidase-type oxidases 
Acyl-CoA oxidase-type oxidases form another distinct group of FAD-containing 
oxidases. They show a characteristic structure with an N-terminal domain of only 
α-helices, a middle domain made up of a β-barrel and a C-terminal domain of α-
helices. The FAD is located between the middle and the C-terminal domain and 
represents the only cofactor for this group of enzymes. Acyl CoA oxidases catalyze 
the Cα-Cβ oxidation of fatty acids. The Cα proton is abstracted by a glutamate located 
in the active site to trigger a hydride transfer from Cβ to N5 of the FAD cofactor. 

Chapter I 

14 
 

Nitroalkane oxidase also belongs to this flavoprotein oxidase class. This oxidase 
catalyzes the oxidation of primary and secondary nitroalkanes to their 
corresponding aldehydes and ketones with the release of nitrite.[7] 

1.1.1.7 2-hydroxyacid oxidases 
The last class of the flavoprotein oxidases are the 2-hydroxyacid oxidases. These 
oxidases contain FMN as its cofactor and act on aromatic or aliphatic 2-hydroxy 
acids to form the respective 2-oxoacids.[30] Known examples of this family are 
glycolate oxidase and L-lactate oxidase. These oxidases typically have an arginine in 
the active site to accommodate the carboxyl group of the substrate. The crystal 
structure of an FMN-containing nitroalkane oxidase was reported which revealed 
that it resembles a 2-hydroxyacid oxidase.[31] The active site was shown to have a 
histidine amino acid which was found to be essential for activity of the enzyme. 
This again shows that each flavoprotein oxidase fold can accomodate different 
oxidation activities. 

Except for the above-mentioned classes of flavoprotein oxidases, there are still a 
number of other flavin-dependent oxidases that do not fit in any of these classes. 
Some examples of these isolated cases are mentioned in Table 2.  

1.1.3 Copper-containing oxidases 
The second major class of oxidases of significant importance are the copper-
containing oxidases. Copper-containing oxidases act on a broad range of 
compounds, ranging from methane to complex aromatic molecules, through 
reduction of oxygen to hydrogen peroxide or water. There are several types of 
copper-containing oxidases and most of them can be grouped in one of the classes 
discussed below. 

1.1.3.1 Amine oxidases 
Copper-containing amine oxidases represent an interesting class of enzymes which 
can be grouped into two subclasses: EC 1.4.3.6 [amine: oxygen oxidoreductase 
(deaminating)(copper containing)] and EC 1.4.3.13 (lysyl oxidase). The history of 
these enzymes goes back to the discovery of histaminase and to the discovery of 
amine oxidases in mammalian blood plasma. 

The equation for the reactions catalyzed by EC 1.4.3.6 is: 

RCH2NH2 + O2 → RCHO + NH3 + H2O2 

Copper-containing amine oxidases are responsible for catalyzing the oxidative 
deamination of primary amines using dioxygen to give aldehydes, hydrogen 
peroxide and ammonia in the process. The redox site consists of a mononuclear 
Cu2+ ion and an organic cofactor namely a topa quinone or TPQ. A derivative of 
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RCH2NH2 + O2 → RCHO + NH3 + H2O2 

Copper-containing amine oxidases are responsible for catalyzing the oxidative 
deamination of primary amines using dioxygen to give aldehydes, hydrogen 
peroxide and ammonia in the process. The redox site consists of a mononuclear 
Cu2+ ion and an organic cofactor namely a topa quinone or TPQ. A derivative of 
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TPQ is LTQ (lysyltyrosyl quinone) and is a cofactor in reactions catalyzed by the 
lysyl oxidases.[32] 

Copper-containing amine oxidases play an important regulatory role in the 
polyamine biosynthesis pathway and polyamines have long been implicated in the 
process of cell proliferation.[33] Copper-containing amine oxidases have been found 
to be used in plants for programmed cell death and to produce hydrogen peroxide. 
This hydrogen peroxide is used for plant peroxidase mediated cross-linking of cell 
wall components.[34] On the other hand, membrane bound AOs have also been 
located in adipocytes where they were found to modulate lipid hydrolysis by 
metabolizing histamine. They are also found in endothelial cells where they function 
as lymphocyte adhesion receptors.[35] 

1.1.3.2 Galactose oxidases 
The prototype oxidase of another group of copper-containing oxidases is galactose 
oxidase. In this enzyme, a Cu2+ ion is ligated by His496, His581, Tyr272 and a 
solvent molecule. An axial Tyr495 distorts the square pyramidal geometry. Tyr272 
is cross-linked to Cys228 by a thioether bond in active galactose oxidase. Galactose 
oxidase follows a ping-pong mechanism of action where the substrate alcohol binds 
to copper replacing the solvent molecule. A tyrosine functions as an active site base 
where it accepts a proton from the bound alcohol. After the aldehyde is released, 
the oxygen binds to the Cu+ and is reduced to hydrogen peroxide returning the 
reduced form of GO to its oxidized state.[36–38] While the fungal galactose oxidase 
was for a long time the only representative of this class, in recent years several other 
sequence-related oxidases have been identified. These oxidases also rely on a bound 
copper cofactor and act on other carbohydrates or aliphatic alcohols.[39,40] 

1.1.3.3 Multinuclear copper oxidases 
Copper-containing oxidases exist also with multi-nuclear copper centers. Several 
examples of copper oxidases with multinuclear copper centers are introduced 
below. 

An example of an enzyme with a multinuclear copper center is tyrosinase. 
Tyrosinase catalyzes the ortho-hydroxylation of monophenols with the reduction 
of O2 to water and the oxidation of catechols to o-quinones. It is also considered 
the principal enzyme in melanin biosynthesis.[41] A homology model of the enzyme 
showed that tyrosinase contains a so-called T3 coupled dinuclear copper center 
where each of CuA and CuB are ligated by two or three histidine residues. 

Another enzyme with a T3 dinuclear copper center is catechol oxidase. It acts on 
ortho-diphenols converting them into their corresponding quinones with the 
reduction of oxygen to water. Upon studying the catechol oxidase crystal structures 
containing Cu2+-Cu2+, Cu+-Cu+ and the reduced form complexed with a substrate 
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inhibitor, it was found that the simultaneous binding of substrate and dioxygen in 
the reduced site is possible. It also shows that the substrate binds in a monodentate 
fashion to CuB.[42] 

Copper-containing oxidases with a trinuclear copper center have also been 
identified.[41] Ascorbate oxidase, ceruloplasmin and laccase are just a few examples 
of this type of enzyme. Laccases are widely distributed in nature. They are 
glycosylated polyphenol oxidases that contain 4 copper ions per molecule and carry 
out 1 electron oxidation of phenolic and its related compounds and reduce oxygen 
to water.[43] These enzymes are polymeric and generally contain 1 of each of type 1, 
type 2 and type 3 copper centers where the type 2 and type 3 are close together 
forming a trinuclear copper cluster.[44] Laccases have received attention due to their 
ability to oxidize both phenolic and non-phenolic lignin-related compounds as well 
as highly recalcitrant pollutants.[44]
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Most oxidases produce hydrogen peroxide when converting their organic substrate. 
While hydrogen peroxide is often regarded as side product, in case of some oxidases 
it has become clear that the hydrogen peroxide should be seen as the main product. 
For example, in the case of oxidases secreted by ligninolytic fungi, the hydrogen 
peroxide is required for fueling the lignin peroxidases and other peroxidases to 
initiate lignin depolymerization. In fact, there are many peroxidases and 
peroxygenases known which all strictly depend on a hydrogen peroxide supply, 
typically catalyzed by a flavin- or copper-containing oxidase. Below, features of 
peroxidases are discussed. 

1.1.4 Peroxidases 
Most peroxidases contain a heme as prosthetic group. These heme-containing 
enzymes use hydrogen peroxide as an electron acceptor to catalyze the oxidation of 
various substrates. The general catalytic mechanism for peroxidases can be seen in 
scheme 1. 

Resting peroxidase (Fe3+ state) + H2O2 → Compound I + H2O 

Compound I + AH2 → Compound II + AH• 

Compound II + AH2 → Resting peroxidase (Fe3+ state) + AH• + H2O 

Overall reaction: 

 2AH2 + H2O2 → 2H2O + 2AH• 

Scheme 1: The general catalytic mechanism for hemoprotein peroxidases. 

Peroxidases are widely distributed in nature and have found numerous 
biotechnological applications. For example, lignin peroxidase and manganese 
peroxidases are used for biopulping and biobleaching in the paper industry and can 
be used for the degradation of synthetic dyes. Peroxidases are also very suited for 
use in biosensors, and have been used for the determination of hydrogen peroxide, 
organic hydroperoxides, uric acid, glucose, cholesterol and lactose.[45] 

1.1.4.1 Peroxidase classification 
Several classification schemes have been proposed for the peroxidase family over 
the years. Heme peroxidases were first classified into two large groups namely 
animal and plant peroxidases. In 1992 Welinder proposed peroxidase classes (class 
I, II and III) based on structural homology.[46] Yet, after this proposed classification, 
peroxidases have been identified that do not fit in these classes. One group of 
peroxidase that was discovered quite recently are the so-called DyP peroxidases. 
The first DyP peroxidase was identified by Kim and Shoda in 1999[47] which 
originated from a fungus. Since then many more DyP peroxidases have been 
identified, mainly from bacteria. They can be considered as a distinct class as they 

Oxidases and peroxidases and their roles in biocatalysis 

15 
 

TPQ is LTQ (lysyltyrosyl quinone) and is a cofactor in reactions catalyzed by the 
lysyl oxidases.[32] 

Copper-containing amine oxidases play an important regulatory role in the 
polyamine biosynthesis pathway and polyamines have long been implicated in the 
process of cell proliferation.[33] Copper-containing amine oxidases have been found 
to be used in plants for programmed cell death and to produce hydrogen peroxide. 
This hydrogen peroxide is used for plant peroxidase mediated cross-linking of cell 
wall components.[34] On the other hand, membrane bound AOs have also been 
located in adipocytes where they were found to modulate lipid hydrolysis by 
metabolizing histamine. They are also found in endothelial cells where they function 
as lymphocyte adhesion receptors.[35] 

1.1.3.2 Galactose oxidases 
The prototype oxidase of another group of copper-containing oxidases is galactose 
oxidase. In this enzyme, a Cu2+ ion is ligated by His496, His581, Tyr272 and a 
solvent molecule. An axial Tyr495 distorts the square pyramidal geometry. Tyr272 
is cross-linked to Cys228 by a thioether bond in active galactose oxidase. Galactose 
oxidase follows a ping-pong mechanism of action where the substrate alcohol binds 
to copper replacing the solvent molecule. A tyrosine functions as an active site base 
where it accepts a proton from the bound alcohol. After the aldehyde is released, 
the oxygen binds to the Cu+ and is reduced to hydrogen peroxide returning the 
reduced form of GO to its oxidized state.[36–38] While the fungal galactose oxidase 
was for a long time the only representative of this class, in recent years several other 
sequence-related oxidases have been identified. These oxidases also rely on a bound 
copper cofactor and act on other carbohydrates or aliphatic alcohols.[39,40] 

1.1.3.3 Multinuclear copper oxidases 
Copper-containing oxidases exist also with multi-nuclear copper centers. Several 
examples of copper oxidases with multinuclear copper centers are introduced 
below. 

An example of an enzyme with a multinuclear copper center is tyrosinase. 
Tyrosinase catalyzes the ortho-hydroxylation of monophenols with the reduction 
of O2 to water and the oxidation of catechols to o-quinones. It is also considered 
the principal enzyme in melanin biosynthesis.[41] A homology model of the enzyme 
showed that tyrosinase contains a so-called T3 coupled dinuclear copper center 
where each of CuA and CuB are ligated by two or three histidine residues. 

Another enzyme with a T3 dinuclear copper center is catechol oxidase. It acts on 
ortho-diphenols converting them into their corresponding quinones with the 
reduction of oxygen to water. Upon studying the catechol oxidase crystal structures 
containing Cu2+-Cu2+, Cu+-Cu+ and the reduced form complexed with a substrate 
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show no sequence or structural relationship with any of the previously characterized 
peroxidases. The most recent classification of peroxidases proposed that peroxidase 
enzymes fall under one of four groups. These four heme peroxidase superfamilies 
are the peroxidase-catalase, peroxidase-cyclooxygenase, peroxidase-chlorite 
dismutase and peroxidase-peroxygenase superfamilies. These four superfamilies 
differ in overall fold, active site architecture and enzymatic activities. 

Probably the best characterized and most widely applied peroxidase is horseradish 
peroxidase. Horseradish peroxidase (HRP) is a plant enzyme for which considerable 
interest has been shown for the past centuries. The commonly used HRP is in fact 
a mixture of peroxidase isoforms isolated from horseradish. In 1966, seven distinct 
isoenzymes of horseradish were isolated.[48–51] In 1977, 42 HRP isoenzymes were 
isolated from three commercial preparations of horseradish by using isoelectric 
focusing.[52] In most preparations, however, HRP C1A is the most prominent 
isoform. 

HRP contains an iron protoporphyrin IX heme cofactor. The presence of the heme 
cofactor renders the enzyme a brownish color and makes it easy to evaluate its 
purity using the Reinheitszahl (Rz) value. The Rz value is defined by the ratio 
between the absorbances at 403 nm (Soret band) to that at 280 nm (protein band).  

It has been shown that HRP is very difficult to produce using heterologous hosts. 
When considering recombinant expression of HRP, several features should be 
taken into consideration. In HRP C1A, four disulfide bridges are formed between 
Cys41-121, Cys74-79, Cys127-331 and Cys207-239.[53] The protein production 
should be paralleled with production and incorporation of the heme cofactor, and 
incorporation of a calcium ion. Surface glycosylation of HRP tends to make its 
recombinant production difficult.[53] The production of recombinant HRP in 
Escherichia coli typically results in formation of inclusion bodies.[55] While there are 
reports that claim soluble expression in E. coli, these methods seem difficult to be 
reproduced or lead to minute amounts of soluble protein. Recently, the use of yeast, 
Pichia pastoris, has been shown to be more effective in producing soluble and active 
HRP.[56]  

As mentioned above, recently another peroxidase family has been discovered; the 
so-called DyP-type peroxidases. Due to the activity of the first described DyP 
peroxidase on dyes, the name Dye-decolorizing Peroxidase was coined: DyP. While 
the first reported DyP was isolated from a fungus, later studies revealed that DyPs 
are prevalent in bacterial genomes. Sequence analysis studies have led to proposing 
three, four or sometimes even five different DyP subclasses. According to the 
PeroxiBase database, DyPs fall into four groups (A to D) while in classifications 
having only three groups, the third and fourth groups form one group. Class A 
DyPs are recognized by the presence of a Tat-secretion motif in their protein 
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sequence known to be responsible for their periplasmic or extracellular expression 
in bacteria. Class B and C DyPs are predicted to be intracellular bacterial enzymes 
indicating that they could play a role in intracellular metabolism. Class D DyPs are 
fungal representatives. Recently, Yoshida and Sugano classified DyP peroxidases 
into three groups; the primitive (P), the Intermediate (I) and the Advanced (V).[57] 
The primitive group contained the Class B DyP peroxidases as their structures were 
the most compact. The advanced group has both Class C and D DyPs. Class A 
DyPs, form the Intermediate Group [57].  

DyP peroxidases are attractive targets for enzyme engineering and biocatalysis 
because they are often easy to produce in recombinant form. This may partly be 
explained by the fact that they are structurally simpler when compared with HRP: 
they do not have disulfide bonds, do not contain a calcium ion, and the bacterial 
DyPs are not glycosylated. Other features are similar to their plant and fungal 
counterparts: they contain an iron protoporphyrin IX heme cofactor and are active 
on aromatic compounds. For one DyP, already a biotechnological application has 
been developed: the degradation of β-carotene in food products. Also for the 
research reported in this thesis, DyPs were explored for their potential as 
biocatalysts. 

1.1.5 Oxidases and peroxidases in cascade reactions 
Oxidases and peroxidases in nature often form a couple. They work together in a 
linear cascade-like manner to produce various compounds. The hydrogen peroxide 
generated by the reaction of the oxidase with its substrate is consumed by the 
peroxidase. Biocatalytic cascade reactions involve the combination of several 
enzymatic conversions in one-pot processes. They save time and energy as 
compared to single step reactions and can keep the level of harmful or unstable 
compounds to a minimum.[58] In this thesis, work is described in which oxidases 
and peroxidases were explored to perform one-pot biocatalytic cascades that 
depended on an oxidase-peroxidase couple, leading to valuable compounds. 

1.2 Aim and outline of the thesis 
This thesis discusses the use of (per)oxidases as biocatalysts for the production of 
valuable aromatic compounds. It begins in chapter II with a review on bacterial 
enzymes and the roles they play in lignin degradation. The review gives an overview 
on different bacterial enzymes acting on lignin. The enzymes mentioned include 
DyP-type peroxidases, lignin-modifying laccases, glutathione-dependent β-
etherases, superoxide dismutases, catalases-peroxidases and dioxygenases. 

Then, in chapter III, a one-pot reaction involving an oxidase and a peroxidase using 
eugenol as a starting substrate is presented. The chapter discusses how, by using 
merely two enzymes and a single substrate (eugenol) in one-pot, one can produce 
lignin-like oligomers. The system is fully-coupled as the hydrogen peroxide 
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generated from the activity of the oxidase with the substrate is used by the 
peroxidase to generate free radicals needed for synthesizing the growing polymers. 
The product of the conversion was analyzed. Analysis of the soluble fraction 
revealed the presence of several dimers and a specific phenolic tetramer. The 
insoluble fraction contained polymers that resemble lignin to a large extent as the 
material was found to contain all the typical crosslinks that are found in natural 
lignin. 

In chapter IV, a reaction similar to the one mentioned in chapter III is explored. 
However, this time the 3,5-dimethoxy- analogue of eugenol is used with both the 
oxidase and the peroxidase in one pot. The conversion was improved by 
introducing a mutation at position Ile427 of the employed oxidase (eugenol oxidase) 
to facilitate binding of the substrate to the active site of the enzyme. The position 
of the methoxy- groups in the substrate was thought to steer the synthesis reaction 
towards formation of only specific linkages. As expected, the main product of this 
reaction was the formation of syringaresinol (having a β-β linkage) in high yield and 
with a high degree of purity. Syringaresinol has been reported to be an interesting 
bio-active compound while it can also serve as a building block for polymers. 

Chapter V discusses the characterization of a new class-A DyP peroxidase from 
Cellulomonas bogoriensis named CboDyP. The enzyme shows a distinctive feature over 
previously reported DyP peroxidases. The GXXDG motif found to be responsible 
for the peroxidase activity in previously reported DyP peroxidases is substituted 
with a GXXEG motif. This aspartate for glutamate mutation showed that the 
conserved aspartate is not essential for peroxidase activity. To explore the 
properties of this enzyme, the activity of the wild type enzyme is compared to a 
mutant where the glutamate is substituted for an aspartate. Activity is also compared 
to other DyP peroxidases. The optimum pH for CboDyP activity was determined 
and the enzyme’s activity was tested using several dyes as substrates. The enzyme 
was crystallized and its structure elucidated. 

Chapter VI discusses the ancestral sequence reconstruction (ASR) of a DyP 
peroxidase. A dataset of 14000 sequences was subjected to iterative processes of 
removing redundancies, realignment, building a phylogenetic tree and manual 
inspection until a representative dataset of 641 sequences was attained. ASR was 
done on the whole dataset and an ancestral sequence was chosen for biochemical 
studies (node 74). This node forms the ancestor for DyPs that are nowadays in 
basidiomycetes of which two representives have been characterized before. Two 
DyP74 variants were successfully expressed and were subjected to further 
characterization. The enzymes were used to test activity with several dyes. Both 
enzymes were found to bind the heme cofactor and to show activity with several 
dyes. Moreover, they were found to be rather robust peroxidases. 
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