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1.1 Introduction 
1.1.1 Background 
1.1.1.1 Redox enzymes 
In redox reactions, electron transfer takes place from one reactant to another. In 
synthetic chemistry, these reactions often require harsh conditions (e.g. elevated 
temperatures and high pressure) and proceed with low chemo-, regio- and 
enantioselectivity. A large number of enzymes on the other hand are capable of 
performing redox reactions with an astonishing high degree of selectivity. These 
biological catalysts typically require cofactors for catalysis because the building 
blocks of proteins, amino acids, are not well suited for redox chemistry. Only in 
some rare cases, redox enzymes perform catalysis without any cofactor [1,2]. Not 
only redox enzymes, but also many other enzymes rely on cofactors: it is estimated 
that about half of all enzymes depend on one or more cofactors. Cofactors come 
in many flavors, ranging from metal ions to highly complex molecules such as 
vitamin B12 and prenylated FMN (Figure 1). They enable enzymes to catalyze a 
plethora of reactions that would simply be impossible without a cofactor. The 
importance of cofactors in nature can also be deduced from the dedicated, complex 
and energy-consuming biosynthetic pathways of many cofactors. 

Cofactors can be classified into two cofactor types: prosthetic groups and 
coenzymes. Prosthetic groups are cofactors that are tightly, sometimes even 
covalently, bound. A well-known example is the heme cofactor bound in 
hemoglobin. Coenzymes are cofactors that are loosely bound to the target enzymes 
and which dissociate upon being converted, to be used by another coenzyme-
dependent enzyme. Well-known examples are the NAD(P)+-dependent alcohol 
dehydrogenases. When considering enzymes as biocatalysts, a dependency on 
coenzymes presents a challenge as it will require an approach that will recycle the 
coenzyme. This is not the case when dealing with enzymes that contain a prosthetic 
group which can be regarded as an integral part of the biocatalyst. 

Redox enzymes, also named oxidoreductases, typically use cofactors to facilitate the 
transfer of electrons. While there are numerous redox enzymes known, there is a 
limited set of redox cofactors available in nature used by these enzymes. Some redox 
cofactors are rather limited in the type of redox reaction that they can support. For 
example, nicotinamide cofactors (NAD+ or NADP+) solely enable oxidation and 
reduction reactions by the transfer of a hydride. There are also cofactors that are 
used for different types of redox reactions. For example, flavin cofactors (FAD or 
FMN) facilitate oxidation by hydride transfer but can also support electron transfer, 
oxygenations, halogenations and other types of reactions. All redox enzymes belong 
to the EC (Enzyme Commission) class I. According to the EC classification, 
oxidoreductases can be subclassified into 22 different subclasses, dependent on the 
type of reaction and substrate(s). A more general classification of the most common 
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redox enzymes is shown in Table 1. Redox enzymes have found numerous 
applications which include: textile and food processing, synthesis and modification 
of polymers, oxidative degradation of pollutants, (asymmetric) synthesis of fine 
chemicals and pharmaceuticals, and as part of biosensors for a variety of analytical 
and clinical applications.[3,4] 

 

 

Figure 1. Structural formulas of some cofactors: vitamin B12, prenylated 
FMN, FAD, and heme. 
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Table 1. Classification of the major redox enzyme classes. 

EC Subclass Function Typical cofactors 
1.1.X.X dehydrogenases/reductases nicotinamide 
1.X.3.X oxidases flavin, copper 
1.11.1.X peroxidases heme 
1.14.X.X oxygenases iron, heme, flavin 
1.11.2.X peroxygenases heme 
1.11.1.6 catalases heme 

 

1.1.2 Oxidases 
In this thesis, research is presented in which oxidases and peroxidases were studied 
as biocatalysts. Oxidases are enzymes that utilize molecular oxygen to catalyze 
oxidations and yield water or hydrogen peroxide as a by-product.[5,6] An equation 
showing how oxidases operate is shown below. 

Substrate + O2 → Product + H2O2 or H2O 

Some known examples of oxidases that are exploited as biocatalysts are: glucose 
oxidase, cholesterol oxidase, and NAD(P)H oxidase. Oxidases contain a prosthetic 
group that is required for catalysis which is typically a flavin or copper cofactor. 

The flavin-containing oxidases have been classified into six different classes: the 
Glucose Methanol Choline (GMC)-type oxidases, the Vanillyl Alcohol Oxidase 
(VAO)-type oxidases, the amine oxidases, the sulfhydryl oxidases, the acyl CoA 
oxidase-type oxidases and the 2-hydroxyacid oxidases.[7] These different classes are 
based on sequence and structural similarities. 

1.1.1.2 GMC-type oxidases 
The first type of flavin-containing oxidases we will discuss are the GMC-type 
oxidases. GMC-type oxidases can oxidize primary alcohols to their corresponding 
aldehydes. Their activity is not restricted to primary alcohols as (mutant) enzymes 
have also been reported to catalyze the conversion of secondary alcohols to 
ketones.[8] They have also been reported to be able to convert thiols to their 
corresponding thioaldehydes.[9] GMC-type oxidases can thus be considered to be 
somewhat promiscuous. Yet, they seem to be specialized in catalyzing alcohols. The 
general mechanism by which GMC-type oxidases operate is by a direct hydride 
transfer from the substrate to the N5 of the flavin cofactor. This is made easier by 
proton abstraction by a conserved active-site histidine. The hydride transfer and 
proton abstraction either happen at the same time following a concerted mechanism 
or the hydride transfer occurs after proton abstraction following a stepwise 
mechanism.[10–12] A famous example of a GMC-type oxidase is glucose oxidase, 
which is perhaps the most widely applied redox enzyme. This fungal enzyme is 
efficient in oxidizing glucose into gluconic acid and has been extensively explored 
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and exploited as a biocatalyst. Glucose oxidase has become a popular biocatalyst as 
it was discovered already many decades ago, is easily produced, contains a tightly 
bound FAD cofactor, and it is quite stable and active. In the last few decades a large 
number of other GMC-type oxidases have been identified, including other 
carbohydrate-converting oxidases. An example is the pyranose oxidase which is also 
produced in fungi and also acts on D-glucose.[13,14] Yet, it displays a different 
regioselectivity by oxidizing the C2-OH. Another difference is the binding mode of 
the FAD cofactor: in pyranose oxidase the flavin cofactor is covalently bound to 
the protein. 

1.1.1.3 VAO-type oxidases 
The second type of oxidases we will discuss are the vanillyl alcohol oxidase or VAO-
type oxidases. VAO-type oxidases are named after the fungal oxidase VAO.[15–17] 
VAO was the first oxidase belonging to this class of enzymes for which the crystal 
structure was fully determined. In VAO-type oxidases, the FAD cofactor is often 
covalently linked to the protein via a histidyl flavin bond. In most of these covalent 
flavoproteins, 8α-methyl-N1-histidyl FAD is present while in VAO 8α-methyl-N3-
histidyl is present. Some VAO-type oxidases even possess a bicovalently bound 
FAD.[18,19] In fact, all known bicovalent flavoprotein oxidases belong to the VAO 
family. It has been hypothesized that the bicovalent tethering allows these enzymes 
to have a rather open active-site, allowing binding and oxidation of bulky 
substrates.[19] The bicovalently linked FAD cofactors are tethered at the 6 position 
to a cysteine in addition to the histidyl bond at position 8. This allows for a very 
open active site.  

In the last few decades, a large number of VAO-type oxidases were discovered. 
Examples of such oxidases include vanillyl alcohol oxidase[20], alditol oxidase[9], 
reticuline oxidase[21] and prosolanapyrone-II oxidase[22]. While alditol oxidase 
catalyzes the oxidation of various aliphatic alcohols, it also oxidizes thiols.[9] Vanillyl 
alcohol oxidase has been shown to catalyze alcohol oxidations, amine oxidations, 
hydroxylations of alkyl phenols and ether bond cleavage.[20] Some other VAO-type 
oxidases have been shown to be involved in even more challenging oxidation 
reactions. Reticuline oxidase (also known as berberine bridge enzyme) can form C-
C bonds[21] while prosolanapyrone-II oxidase can perform an intramolecular Diels-
Alder reaction.[22] The ability of VAO-type oxidases to catalyze rather demanding 
reactions can, for some part, be explained by the covalent FAD-protein linkage, 
resulting in a relatively high redox potential of the flavin cofactor.[23] 

1.1.1.4 Amine oxidase-type oxidases 
Amine oxidase-type oxidases are FAD-containing oxidases that are dedicated to 
amine oxidations. These oxidases perform catalysis through abstraction of a proton 
from the amine group by a histidine or histidine and tyrosine. Then, hydride transfer 
takes place to the N5 of the bound-FAD resulting in the formation of an imine 
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product. The formed imines can undergo hydration leading to formation of an 
aldehyde or ketone product.[24–26]   

Well-known amine oxidase examples are the human monoamine oxidases A and B 
located in the outer mitochondrial membrane. They catalyze the oxidation of 
primary, secondary, and tertiary amines into their corresponding imines. The 
oxidized products are then hydrolyzed to their respective aldehydes or ketones. The 
two enzymes share 70% sequence identity and both contain a covalently cysteinyl-
bound FAD cofactor. MAO A efficiently metabolizes serotonin, norepinephrine 
and dopamine. MAO B oxidizes benzylamine, dopamine and phenylethylamine.[27] 
They play an important role in metabolizing neurotransmitters and therefore 
represent interesting drug targets. A fungal MAO has been evolved for activity on 
a number of amine substrates to enable deracemization of the targeted amines.[28] 
This shows the potential of amine oxidases as biocatalysts. 

1.1.1.5 Sulfhydryl oxidases  
Sulfhydryl oxidases (SOXs) represent another group of flavoprotein oxidases. 
Sulfhydryl oxidases are capable of oxidizing the free sulfhydryl groups in proteins 
and thiol-containing small molecules using molecular oxygen as electron 
acceptor.[29] An equation showing the reaction can be seen below: 

2 R-SH + O2 → R-S-S-R + H2O2 

All known sulfhydryl oxidases contain FAD as non-covalently but tightly bound 
cofactor. Several SOXs have been studied in detail in order to elucidate their 
physiological role. The Erv-like SOXs were identified in yeast and named after the 
Erv1 protein that is essential for respiration and viability. Yeast Ero1 corrects for 
the high oxidation potential in the endoplasmic reticulum as opposed to the cytosol. 
Both Erv and Ero oxidases have an all alpha-fold which is totally different from 
other flavoprotein oxidase structures. SOXs do not form protein disulfide bonds 
directly. Ero oxidases achieve this by using protein disulfide isomerase (PDI). The 
sulfhydryl oxidation reaction is not performed directly by the FAD cofactor but by 
a set of conserved cysteines which form a pathway to transport the electrons to the 
core of the protein where the isoalloxazine is buried. 

1.1.1.6 Acyl-CoA oxidase-type oxidases 
Acyl-CoA oxidase-type oxidases form another distinct group of FAD-containing 
oxidases. They show a characteristic structure with an N-terminal domain of only 
α-helices, a middle domain made up of a β-barrel and a C-terminal domain of α-
helices. The FAD is located between the middle and the C-terminal domain and 
represents the only cofactor for this group of enzymes. Acyl CoA oxidases catalyze 
the Cα-Cβ oxidation of fatty acids. The Cα proton is abstracted by a glutamate located 
in the active site to trigger a hydride transfer from Cβ to N5 of the FAD cofactor. 
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Nitroalkane oxidase also belongs to this flavoprotein oxidase class. This oxidase 
catalyzes the oxidation of primary and secondary nitroalkanes to their 
corresponding aldehydes and ketones with the release of nitrite.[7] 

1.1.1.7 2-hydroxyacid oxidases 
The last class of the flavoprotein oxidases are the 2-hydroxyacid oxidases. These 
oxidases contain FMN as its cofactor and act on aromatic or aliphatic 2-hydroxy 
acids to form the respective 2-oxoacids.[30] Known examples of this family are 
glycolate oxidase and L-lactate oxidase. These oxidases typically have an arginine in 
the active site to accommodate the carboxyl group of the substrate. The crystal 
structure of an FMN-containing nitroalkane oxidase was reported which revealed 
that it resembles a 2-hydroxyacid oxidase.[31] The active site was shown to have a 
histidine amino acid which was found to be essential for activity of the enzyme. 
This again shows that each flavoprotein oxidase fold can accomodate different 
oxidation activities. 

Except for the above-mentioned classes of flavoprotein oxidases, there are still a 
number of other flavin-dependent oxidases that do not fit in any of these classes. 
Some examples of these isolated cases are mentioned in Table 2.  

1.1.3 Copper-containing oxidases 
The second major class of oxidases of significant importance are the copper-
containing oxidases. Copper-containing oxidases act on a broad range of 
compounds, ranging from methane to complex aromatic molecules, through 
reduction of oxygen to hydrogen peroxide or water. There are several types of 
copper-containing oxidases and most of them can be grouped in one of the classes 
discussed below. 

1.1.3.1 Amine oxidases 
Copper-containing amine oxidases represent an interesting class of enzymes which 
can be grouped into two subclasses: EC 1.4.3.6 [amine: oxygen oxidoreductase 
(deaminating)(copper containing)] and EC 1.4.3.13 (lysyl oxidase). The history of 
these enzymes goes back to the discovery of histaminase and to the discovery of 
amine oxidases in mammalian blood plasma. 

The equation for the reactions catalyzed by EC 1.4.3.6 is: 

RCH2NH2 + O2 → RCHO + NH3 + H2O2 

Copper-containing amine oxidases are responsible for catalyzing the oxidative 
deamination of primary amines using dioxygen to give aldehydes, hydrogen 
peroxide and ammonia in the process. The redox site consists of a mononuclear 
Cu2+ ion and an organic cofactor namely a topa quinone or TPQ. A derivative of 
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Nitroalkane oxidase also belongs to this flavoprotein oxidase class. This oxidase 
catalyzes the oxidation of primary and secondary nitroalkanes to their 
corresponding aldehydes and ketones with the release of nitrite.[7] 
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these enzymes goes back to the discovery of histaminase and to the discovery of 
amine oxidases in mammalian blood plasma. 

The equation for the reactions catalyzed by EC 1.4.3.6 is: 

RCH2NH2 + O2 → RCHO + NH3 + H2O2 

Copper-containing amine oxidases are responsible for catalyzing the oxidative 
deamination of primary amines using dioxygen to give aldehydes, hydrogen 
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Cu2+ ion and an organic cofactor namely a topa quinone or TPQ. A derivative of 

13

1



Oxidases and peroxidases and their roles in biocatalysis 

15 
 

TPQ is LTQ (lysyltyrosyl quinone) and is a cofactor in reactions catalyzed by the 
lysyl oxidases.[32] 

Copper-containing amine oxidases play an important regulatory role in the 
polyamine biosynthesis pathway and polyamines have long been implicated in the 
process of cell proliferation.[33] Copper-containing amine oxidases have been found 
to be used in plants for programmed cell death and to produce hydrogen peroxide. 
This hydrogen peroxide is used for plant peroxidase mediated cross-linking of cell 
wall components.[34] On the other hand, membrane bound AOs have also been 
located in adipocytes where they were found to modulate lipid hydrolysis by 
metabolizing histamine. They are also found in endothelial cells where they function 
as lymphocyte adhesion receptors.[35] 

1.1.3.2 Galactose oxidases 
The prototype oxidase of another group of copper-containing oxidases is galactose 
oxidase. In this enzyme, a Cu2+ ion is ligated by His496, His581, Tyr272 and a 
solvent molecule. An axial Tyr495 distorts the square pyramidal geometry. Tyr272 
is cross-linked to Cys228 by a thioether bond in active galactose oxidase. Galactose 
oxidase follows a ping-pong mechanism of action where the substrate alcohol binds 
to copper replacing the solvent molecule. A tyrosine functions as an active site base 
where it accepts a proton from the bound alcohol. After the aldehyde is released, 
the oxygen binds to the Cu+ and is reduced to hydrogen peroxide returning the 
reduced form of GO to its oxidized state.[36–38] While the fungal galactose oxidase 
was for a long time the only representative of this class, in recent years several other 
sequence-related oxidases have been identified. These oxidases also rely on a bound 
copper cofactor and act on other carbohydrates or aliphatic alcohols.[39,40] 

1.1.3.3 Multinuclear copper oxidases 
Copper-containing oxidases exist also with multi-nuclear copper centers. Several 
examples of copper oxidases with multinuclear copper centers are introduced 
below. 

An example of an enzyme with a multinuclear copper center is tyrosinase. 
Tyrosinase catalyzes the ortho-hydroxylation of monophenols with the reduction 
of O2 to water and the oxidation of catechols to o-quinones. It is also considered 
the principal enzyme in melanin biosynthesis.[41] A homology model of the enzyme 
showed that tyrosinase contains a so-called T3 coupled dinuclear copper center 
where each of CuA and CuB are ligated by two or three histidine residues. 

Another enzyme with a T3 dinuclear copper center is catechol oxidase. It acts on 
ortho-diphenols converting them into their corresponding quinones with the 
reduction of oxygen to water. Upon studying the catechol oxidase crystal structures 
containing Cu2+-Cu2+, Cu+-Cu+ and the reduced form complexed with a substrate 
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inhibitor, it was found that the simultaneous binding of substrate and dioxygen in 
the reduced site is possible. It also shows that the substrate binds in a monodentate 
fashion to CuB.[42] 

Copper-containing oxidases with a trinuclear copper center have also been 
identified.[41] Ascorbate oxidase, ceruloplasmin and laccase are just a few examples 
of this type of enzyme. Laccases are widely distributed in nature. They are 
glycosylated polyphenol oxidases that contain 4 copper ions per molecule and carry 
out 1 electron oxidation of phenolic and its related compounds and reduce oxygen 
to water.[43] These enzymes are polymeric and generally contain 1 of each of type 1, 
type 2 and type 3 copper centers where the type 2 and type 3 are close together 
forming a trinuclear copper cluster.[44] Laccases have received attention due to their 
ability to oxidize both phenolic and non-phenolic lignin-related compounds as well 
as highly recalcitrant pollutants.[44]
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Most oxidases produce hydrogen peroxide when converting their organic substrate. 
While hydrogen peroxide is often regarded as side product, in case of some oxidases 
it has become clear that the hydrogen peroxide should be seen as the main product. 
For example, in the case of oxidases secreted by ligninolytic fungi, the hydrogen 
peroxide is required for fueling the lignin peroxidases and other peroxidases to 
initiate lignin depolymerization. In fact, there are many peroxidases and 
peroxygenases known which all strictly depend on a hydrogen peroxide supply, 
typically catalyzed by a flavin- or copper-containing oxidase. Below, features of 
peroxidases are discussed. 

1.1.4 Peroxidases 
Most peroxidases contain a heme as prosthetic group. These heme-containing 
enzymes use hydrogen peroxide as an electron acceptor to catalyze the oxidation of 
various substrates. The general catalytic mechanism for peroxidases can be seen in 
scheme 1. 

Resting peroxidase (Fe3+ state) + H2O2 → Compound I + H2O 

Compound I + AH2 → Compound II + AH• 

Compound II + AH2 → Resting peroxidase (Fe3+ state) + AH• + H2O 

Overall reaction: 

 2AH2 + H2O2 → 2H2O + 2AH• 

Scheme 1: The general catalytic mechanism for hemoprotein peroxidases. 

Peroxidases are widely distributed in nature and have found numerous 
biotechnological applications. For example, lignin peroxidase and manganese 
peroxidases are used for biopulping and biobleaching in the paper industry and can 
be used for the degradation of synthetic dyes. Peroxidases are also very suited for 
use in biosensors, and have been used for the determination of hydrogen peroxide, 
organic hydroperoxides, uric acid, glucose, cholesterol and lactose.[45] 

1.1.4.1 Peroxidase classification 
Several classification schemes have been proposed for the peroxidase family over 
the years. Heme peroxidases were first classified into two large groups namely 
animal and plant peroxidases. In 1992 Welinder proposed peroxidase classes (class 
I, II and III) based on structural homology.[46] Yet, after this proposed classification, 
peroxidases have been identified that do not fit in these classes. One group of 
peroxidase that was discovered quite recently are the so-called DyP peroxidases. 
The first DyP peroxidase was identified by Kim and Shoda in 1999[47] which 
originated from a fungus. Since then many more DyP peroxidases have been 
identified, mainly from bacteria. They can be considered as a distinct class as they 
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TPQ is LTQ (lysyltyrosyl quinone) and is a cofactor in reactions catalyzed by the 
lysyl oxidases.[32] 

Copper-containing amine oxidases play an important regulatory role in the 
polyamine biosynthesis pathway and polyamines have long been implicated in the 
process of cell proliferation.[33] Copper-containing amine oxidases have been found 
to be used in plants for programmed cell death and to produce hydrogen peroxide. 
This hydrogen peroxide is used for plant peroxidase mediated cross-linking of cell 
wall components.[34] On the other hand, membrane bound AOs have also been 
located in adipocytes where they were found to modulate lipid hydrolysis by 
metabolizing histamine. They are also found in endothelial cells where they function 
as lymphocyte adhesion receptors.[35] 

1.1.3.2 Galactose oxidases 
The prototype oxidase of another group of copper-containing oxidases is galactose 
oxidase. In this enzyme, a Cu2+ ion is ligated by His496, His581, Tyr272 and a 
solvent molecule. An axial Tyr495 distorts the square pyramidal geometry. Tyr272 
is cross-linked to Cys228 by a thioether bond in active galactose oxidase. Galactose 
oxidase follows a ping-pong mechanism of action where the substrate alcohol binds 
to copper replacing the solvent molecule. A tyrosine functions as an active site base 
where it accepts a proton from the bound alcohol. After the aldehyde is released, 
the oxygen binds to the Cu+ and is reduced to hydrogen peroxide returning the 
reduced form of GO to its oxidized state.[36–38] While the fungal galactose oxidase 
was for a long time the only representative of this class, in recent years several other 
sequence-related oxidases have been identified. These oxidases also rely on a bound 
copper cofactor and act on other carbohydrates or aliphatic alcohols.[39,40] 

1.1.3.3 Multinuclear copper oxidases 
Copper-containing oxidases exist also with multi-nuclear copper centers. Several 
examples of copper oxidases with multinuclear copper centers are introduced 
below. 

An example of an enzyme with a multinuclear copper center is tyrosinase. 
Tyrosinase catalyzes the ortho-hydroxylation of monophenols with the reduction 
of O2 to water and the oxidation of catechols to o-quinones. It is also considered 
the principal enzyme in melanin biosynthesis.[41] A homology model of the enzyme 
showed that tyrosinase contains a so-called T3 coupled dinuclear copper center 
where each of CuA and CuB are ligated by two or three histidine residues. 

Another enzyme with a T3 dinuclear copper center is catechol oxidase. It acts on 
ortho-diphenols converting them into their corresponding quinones with the 
reduction of oxygen to water. Upon studying the catechol oxidase crystal structures 
containing Cu2+-Cu2+, Cu+-Cu+ and the reduced form complexed with a substrate 
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where each of CuA and CuB are ligated by two or three histidine residues. 

Another enzyme with a T3 dinuclear copper center is catechol oxidase. It acts on 
ortho-diphenols converting them into their corresponding quinones with the 
reduction of oxygen to water. Upon studying the catechol oxidase crystal structures 
containing Cu2+-Cu2+, Cu+-Cu+ and the reduced form complexed with a substrate 
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show no sequence or structural relationship with any of the previously characterized 
peroxidases. The most recent classification of peroxidases proposed that peroxidase 
enzymes fall under one of four groups. These four heme peroxidase superfamilies 
are the peroxidase-catalase, peroxidase-cyclooxygenase, peroxidase-chlorite 
dismutase and peroxidase-peroxygenase superfamilies. These four superfamilies 
differ in overall fold, active site architecture and enzymatic activities. 

Probably the best characterized and most widely applied peroxidase is horseradish 
peroxidase. Horseradish peroxidase (HRP) is a plant enzyme for which considerable 
interest has been shown for the past centuries. The commonly used HRP is in fact 
a mixture of peroxidase isoforms isolated from horseradish. In 1966, seven distinct 
isoenzymes of horseradish were isolated.[48–51] In 1977, 42 HRP isoenzymes were 
isolated from three commercial preparations of horseradish by using isoelectric 
focusing.[52] In most preparations, however, HRP C1A is the most prominent 
isoform. 

HRP contains an iron protoporphyrin IX heme cofactor. The presence of the heme 
cofactor renders the enzyme a brownish color and makes it easy to evaluate its 
purity using the Reinheitszahl (Rz) value. The Rz value is defined by the ratio 
between the absorbances at 403 nm (Soret band) to that at 280 nm (protein band).  

It has been shown that HRP is very difficult to produce using heterologous hosts. 
When considering recombinant expression of HRP, several features should be 
taken into consideration. In HRP C1A, four disulfide bridges are formed between 
Cys41-121, Cys74-79, Cys127-331 and Cys207-239.[53] The protein production 
should be paralleled with production and incorporation of the heme cofactor, and 
incorporation of a calcium ion. Surface glycosylation of HRP tends to make its 
recombinant production difficult.[53] The production of recombinant HRP in 
Escherichia coli typically results in formation of inclusion bodies.[55] While there are 
reports that claim soluble expression in E. coli, these methods seem difficult to be 
reproduced or lead to minute amounts of soluble protein. Recently, the use of yeast, 
Pichia pastoris, has been shown to be more effective in producing soluble and active 
HRP.[56]  

As mentioned above, recently another peroxidase family has been discovered; the 
so-called DyP-type peroxidases. Due to the activity of the first described DyP 
peroxidase on dyes, the name Dye-decolorizing Peroxidase was coined: DyP. While 
the first reported DyP was isolated from a fungus, later studies revealed that DyPs 
are prevalent in bacterial genomes. Sequence analysis studies have led to proposing 
three, four or sometimes even five different DyP subclasses. According to the 
PeroxiBase database, DyPs fall into four groups (A to D) while in classifications 
having only three groups, the third and fourth groups form one group. Class A 
DyPs are recognized by the presence of a Tat-secretion motif in their protein 
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sequence known to be responsible for their periplasmic or extracellular expression 
in bacteria. Class B and C DyPs are predicted to be intracellular bacterial enzymes 
indicating that they could play a role in intracellular metabolism. Class D DyPs are 
fungal representatives. Recently, Yoshida and Sugano classified DyP peroxidases 
into three groups; the primitive (P), the Intermediate (I) and the Advanced (V).[57] 
The primitive group contained the Class B DyP peroxidases as their structures were 
the most compact. The advanced group has both Class C and D DyPs. Class A 
DyPs, form the Intermediate Group [57].  

DyP peroxidases are attractive targets for enzyme engineering and biocatalysis 
because they are often easy to produce in recombinant form. This may partly be 
explained by the fact that they are structurally simpler when compared with HRP: 
they do not have disulfide bonds, do not contain a calcium ion, and the bacterial 
DyPs are not glycosylated. Other features are similar to their plant and fungal 
counterparts: they contain an iron protoporphyrin IX heme cofactor and are active 
on aromatic compounds. For one DyP, already a biotechnological application has 
been developed: the degradation of β-carotene in food products. Also for the 
research reported in this thesis, DyPs were explored for their potential as 
biocatalysts. 

1.1.5 Oxidases and peroxidases in cascade reactions 
Oxidases and peroxidases in nature often form a couple. They work together in a 
linear cascade-like manner to produce various compounds. The hydrogen peroxide 
generated by the reaction of the oxidase with its substrate is consumed by the 
peroxidase. Biocatalytic cascade reactions involve the combination of several 
enzymatic conversions in one-pot processes. They save time and energy as 
compared to single step reactions and can keep the level of harmful or unstable 
compounds to a minimum.[58] In this thesis, work is described in which oxidases 
and peroxidases were explored to perform one-pot biocatalytic cascades that 
depended on an oxidase-peroxidase couple, leading to valuable compounds. 

1.2 Aim and outline of the thesis 
This thesis discusses the use of (per)oxidases as biocatalysts for the production of 
valuable aromatic compounds. It begins in chapter II with a review on bacterial 
enzymes and the roles they play in lignin degradation. The review gives an overview 
on different bacterial enzymes acting on lignin. The enzymes mentioned include 
DyP-type peroxidases, lignin-modifying laccases, glutathione-dependent β-
etherases, superoxide dismutases, catalases-peroxidases and dioxygenases. 

Then, in chapter III, a one-pot reaction involving an oxidase and a peroxidase using 
eugenol as a starting substrate is presented. The chapter discusses how, by using 
merely two enzymes and a single substrate (eugenol) in one-pot, one can produce 
lignin-like oligomers. The system is fully-coupled as the hydrogen peroxide 
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generated from the activity of the oxidase with the substrate is used by the 
peroxidase to generate free radicals needed for synthesizing the growing polymers. 
The product of the conversion was analyzed. Analysis of the soluble fraction 
revealed the presence of several dimers and a specific phenolic tetramer. The 
insoluble fraction contained polymers that resemble lignin to a large extent as the 
material was found to contain all the typical crosslinks that are found in natural 
lignin. 

In chapter IV, a reaction similar to the one mentioned in chapter III is explored. 
However, this time the 3,5-dimethoxy- analogue of eugenol is used with both the 
oxidase and the peroxidase in one pot. The conversion was improved by 
introducing a mutation at position Ile427 of the employed oxidase (eugenol oxidase) 
to facilitate binding of the substrate to the active site of the enzyme. The position 
of the methoxy- groups in the substrate was thought to steer the synthesis reaction 
towards formation of only specific linkages. As expected, the main product of this 
reaction was the formation of syringaresinol (having a β-β linkage) in high yield and 
with a high degree of purity. Syringaresinol has been reported to be an interesting 
bio-active compound while it can also serve as a building block for polymers. 

Chapter V discusses the characterization of a new class-A DyP peroxidase from 
Cellulomonas bogoriensis named CboDyP. The enzyme shows a distinctive feature over 
previously reported DyP peroxidases. The GXXDG motif found to be responsible 
for the peroxidase activity in previously reported DyP peroxidases is substituted 
with a GXXEG motif. This aspartate for glutamate mutation showed that the 
conserved aspartate is not essential for peroxidase activity. To explore the 
properties of this enzyme, the activity of the wild type enzyme is compared to a 
mutant where the glutamate is substituted for an aspartate. Activity is also compared 
to other DyP peroxidases. The optimum pH for CboDyP activity was determined 
and the enzyme’s activity was tested using several dyes as substrates. The enzyme 
was crystallized and its structure elucidated. 

Chapter VI discusses the ancestral sequence reconstruction (ASR) of a DyP 
peroxidase. A dataset of 14000 sequences was subjected to iterative processes of 
removing redundancies, realignment, building a phylogenetic tree and manual 
inspection until a representative dataset of 641 sequences was attained. ASR was 
done on the whole dataset and an ancestral sequence was chosen for biochemical 
studies (node 74). This node forms the ancestor for DyPs that are nowadays in 
basidiomycetes of which two representives have been characterized before. Two 
DyP74 variants were successfully expressed and were subjected to further 
characterization. The enzymes were used to test activity with several dyes. Both 
enzymes were found to bind the heme cofactor and to show activity with several 
dyes. Moreover, they were found to be rather robust peroxidases. 
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Abstract.  

Lignin forms a large part of plant biomass. It is a highly heterogeneous polymer of 
4-hydroxyphenylpropanoid units and is embedded within polysaccharide polymers 
forming lignocellulose. Lignin provides strength and rigidity to plants and is rather 
resilient towards degradation. To improve the (bio)processing of lignocellulosic 
feedstocks, more effective degradation methods of lignin are in demand. Nature has 
found ways to fully degrade lignin through the production of dedicated ligninolytic 
enzyme systems. While such enzymes have been well thoroughly studied for 
ligninolytic fungi, only in recent years biochemical studies on bacterial enzymes 
capable of lignin modification have intensified. This has revealed several types of 
enzymes available to bacteria that enable them to act on lignin. Two major classes 
of bacterial lignin-modifying enzymes are DyP-type peroxidases and laccases. Yet, 
recently also several other bacterial enzymes have been discovered that seem to play 
a role in lignin modifications. In the present review, we provide an overview of 
recent advances in the identification and use of bacterial enzymes acting on lignin 
or lignin-derived products. 
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2.1 Introduction 
 

Plant biomass is the most abundant renewable biomass on earth and is considered 
as an attractive source of bioenergy and biobased chemicals. It is mainly composed 
of lignin, cellulose and hemicellulose. The lignin percentage in lignocellulosic 
biomass is around 10–30% and is the second most abundant natural organic 
polymer. Lignin enables plants to generate rigid structures and provides protection 
against hydrolysis of cellulose and hemicellulose. The biotechnological conversion 
of lignocellulose into different carbohydrates, including glucose, is the basis for the 
production of ethanol, carbohydrates and aromatic products[1–3]. Such plant 
biomass derived products can be used as fuel, polymer precursors, food and flavor 
compounds, and pharmaceutical building blocks. For optimizing the use of plant 
biomass through biorefining, lignin degradation has become a key target in the last 
few years. Efficient and cost-effective methods for selective lignin degradation are 
in high demand. It is worth noting that, while the recent intensified efforts in 
complete valorization of plant biomass, lignin was already considered as a major 
industrial by-product in the first half of the previous century[4]. 

While cellulose and hemicellulose are built from carbohydrates, lignin is a highly 
cross-linked polymer formed by polymerization of 4-hydroxyphenylpropanoid 
monomers (monolignols) through various ether and carbon–carbon bonds. The 
phenolic moieties of the monomeric units are p-hydroxyphenyl (H), guaiacyl (G) 
and syringyl (S) groups and the percentage of each depends on the plant species and 
tissue. The formation of lignin is triggered by plant peroxidases and/or laccases. By 
oxidizing the phenolic monolignols into their respective phenolic radical, formation 
of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
promote polymerization. Monolignols can couple via various bonds with a 
preference of coupling through the β-carbon. The most occurring linkages involve 
β-β, β-O-4, and β-5 bonds[5], as shown in Figure 1. 
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Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 

 

Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
peroxidases (MnP), versatile peroxidases (VP), and dye-decolorizing peroxidases 
(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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synthesis in plants (peroxidases and laccases) are used by fungi to recycle the 
aromatic polymer. Genome sequence analysis of ligninolytic fungi has revealed that 
there is not one defined set of enzymes for lignin degradation[13]. The composition 
of the set of oxidative enzymes being produced depends on the fungus. 

While a wealth of biochemical knowledge has been obtained on fungal degradation 
of lignin, the ligninolytic capacity of bacteria has been less well studied. While it 
appears that white-rot fungi are very well equipped for lignin degradation, evidence 
is growing that also bacteria are capable of delignification. Already in 1930 Phillips 
et al. reported on a thorough study on lignin decomposition by “soil 
microorganisms”, which presumable were bacteria[14]. While many claims of 
bacterial lignin degradation have been reported since then, only in the last few 
decades some bacterial enzymes involved in delignification have been identified. 
With this review we aim at providing an overview of the bacterial enzymes that have 
been implicated to be involved in degrading lignin or the oxidation of lignin derived 
degradation products. 

2.2 Bacterial enzymes acting on lignin 
2.2.1 DyP-type peroxidases 
As described above, white-rot fungi produce several different kinds of heme-
containing peroxidases to trigger lignin decomposition. However, homologs of the 
most common fungal ligninolytic peroxidases, LiPs MnPs and VPs, have not been 
encountered in biochemical studies on ligninolytic bacteria. Also when analysing 
sequenced genomes[15] or proteomes[16] of ligninolytic bacteria, no homologs 
emerge. It seems that these lignin-degrading peroxidases, belonging to the 
superfamily of plant peroxidase (Class II) [17], are restricted to fungi. Yet, recently it 
has become clear that bacteria are relatively rich in another type of peroxidase, the 
so-called dye-decolorizing peroxidases (DyPs, EC 1.11.1.19)[18]. DyPs represent a 
newly discovered family of heme-containing peroxidases, which has recently 
received attention due their ability to degrade lignin and other compounds[19–22]. The 
first discovered member of this enzyme family, DyP from Bjerkandera adusta, was 
isolated and characterized in 1999[23]. Studies on the activity of this enzyme on 
synthetic anthraquinone and azo-dyes have served to name this family of 
peroxidases[24]. In recent years a large number of bacterial DyPs have been described 
in literature[8] which is in line with the observation that putative DyP-encoding genes 
are abundantly present in bacterial genomes (Table 1)[18]. In fact, already in 1988 a 
bacterial ‘lignin peroxidase’ was described from Streptomyces viridosporus. 
Unfortunately, no sequence has ever been deposited for this protein or the 
respective gene while several papers have appeared on cloning of the respective 
gene[25–27]. Yet, when analysing the recently sequenced genome of this Streptomyces 
isolate, a gene encoding a putative Tat-secreted DyP can be identified[15]. This may 
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well be the enzyme that was described long before the first fungal DyP was 
described. 

Table 1. Occurrence of DyPs in bacterial genomes. By performing a BLASTP 
analysis of the predicted proteomes, homologs of known DyPs were identified. 

Organism DyP type 
A B C 

Escherichia coli K-12 1 1  
Thermobifida fusca YX 1   
Rhodococcus jostii RHA1 1 1  
Streptomyces viridosporus strain T7A 1   
Streptomyces coelicolor A3(2) 2 1  
Amycolatopsis sp. 75iv2 1  2 
Pseudomonas sp. Strain YS-1p  2  

 

DyPs have a protomer weight of around 40–60 kDa and various oligomeric states 
have been observed[20]. They belong to the peroxidase-chlorite dismutase 
superfamily of proteins and contain a non-covalently bound heme b cofactor[28]. 
DyPs show a dimeric ferredoxin-like fold consisting of a four-stranded anti-parallel 
β-sheet surrounded by α-helices. DyP-type peroxidases contain a highly conserved 
GXXDG-motif and a conserved proximal histidine, which acts as the fifth ligand 
of the heme iron. Yet, while DyPs are structurally unrelated to the common fungal 
peroxidases, they exhibit similar catalytic properties with having similar redox 
potentials and reactivities[29]. Furthermore, some of the bacterial DyPs are secreted 
via the Tat secretion machinery which adds to the analogy with the secreted fungal 
peroxidases. 

Based on sequence characteristics, DyPs have been divided in four classes in the 
PeroxiBase database[30]. Proteins belonging to classes A–C are mainly found in 
bacteria, while class D DyPs are extracellular fungal representatives [22]. Class A 
DyPs typically have a Tat-signal sequence and are therefore secreted. In contrast, 
the DyP protein sequences of class B and C DyPs do not disclose any secretion 
signal peptides, suggesting that they are intracellular enzymes. The InterPro 
database currently contains 8318 DyP sequences. Approximately thirty of these 
enzymes have been isolated and characterized[20,22]. DyPs are mainly active at acidic 
pH and show a very broad substrate profile, including several classes of synthetic 
dyes, monophenolic compounds, veratryl alcohol, β-carotenes, Mn+2 and lignin 
model compounds, but their physiological substrates still remain unknown. DyP-
peroxidases can also catalyse interesting synthetic reactions such as enantioselective 
sulfoxidations[18], heme deferrochelatations[31] and even carbonyl olefination 
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of lignocellulose into different carbohydrates, including glucose, is the basis for the 
production of ethanol, carbohydrates and aromatic products[1–3]. Such plant 
biomass derived products can be used as fuel, polymer precursors, food and flavor 
compounds, and pharmaceutical building blocks. For optimizing the use of plant 
biomass through biorefining, lignin degradation has become a key target in the last 
few years. Efficient and cost-effective methods for selective lignin degradation are 
in high demand. It is worth noting that, while the recent intensified efforts in 
complete valorization of plant biomass, lignin was already considered as a major 
industrial by-product in the first half of the previous century[4]. 

While cellulose and hemicellulose are built from carbohydrates, lignin is a highly 
cross-linked polymer formed by polymerization of 4-hydroxyphenylpropanoid 
monomers (monolignols) through various ether and carbon–carbon bonds. The 
phenolic moieties of the monomeric units are p-hydroxyphenyl (H), guaiacyl (G) 
and syringyl (S) groups and the percentage of each depends on the plant species and 
tissue. The formation of lignin is triggered by plant peroxidases and/or laccases. By 
oxidizing the phenolic monolignols into their respective phenolic radical, formation 
of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
promote polymerization. Monolignols can couple via various bonds with a 
preference of coupling through the β-carbon. The most occurring linkages involve 
β-β, β-O-4, and β-5 bonds[5], as shown in Figure 1. 
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Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 

 

Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
peroxidases (MnP), versatile peroxidases (VP), and dye-decolorizing peroxidases 
(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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synthesis in plants (peroxidases and laccases) are used by fungi to recycle the 
aromatic polymer. Genome sequence analysis of ligninolytic fungi has revealed that 
there is not one defined set of enzymes for lignin degradation[13]. The composition 
of the set of oxidative enzymes being produced depends on the fungus. 

While a wealth of biochemical knowledge has been obtained on fungal degradation 
of lignin, the ligninolytic capacity of bacteria has been less well studied. While it 
appears that white-rot fungi are very well equipped for lignin degradation, evidence 
is growing that also bacteria are capable of delignification. Already in 1930 Phillips 
et al. reported on a thorough study on lignin decomposition by “soil 
microorganisms”, which presumable were bacteria[14]. While many claims of 
bacterial lignin degradation have been reported since then, only in the last few 
decades some bacterial enzymes involved in delignification have been identified. 
With this review we aim at providing an overview of the bacterial enzymes that have 
been implicated to be involved in degrading lignin or the oxidation of lignin derived 
degradation products. 

2.2 Bacterial enzymes acting on lignin 
2.2.1 DyP-type peroxidases 
As described above, white-rot fungi produce several different kinds of heme-
containing peroxidases to trigger lignin decomposition. However, homologs of the 
most common fungal ligninolytic peroxidases, LiPs MnPs and VPs, have not been 
encountered in biochemical studies on ligninolytic bacteria. Also when analysing 
sequenced genomes[15] or proteomes[16] of ligninolytic bacteria, no homologs 
emerge. It seems that these lignin-degrading peroxidases, belonging to the 
superfamily of plant peroxidase (Class II) [17], are restricted to fungi. Yet, recently it 
has become clear that bacteria are relatively rich in another type of peroxidase, the 
so-called dye-decolorizing peroxidases (DyPs, EC 1.11.1.19)[18]. DyPs represent a 
newly discovered family of heme-containing peroxidases, which has recently 
received attention due their ability to degrade lignin and other compounds[19–22]. The 
first discovered member of this enzyme family, DyP from Bjerkandera adusta, was 
isolated and characterized in 1999[23]. Studies on the activity of this enzyme on 
synthetic anthraquinone and azo-dyes have served to name this family of 
peroxidases[24]. In recent years a large number of bacterial DyPs have been described 
in literature[8] which is in line with the observation that putative DyP-encoding genes 
are abundantly present in bacterial genomes (Table 1)[18]. In fact, already in 1988 a 
bacterial ‘lignin peroxidase’ was described from Streptomyces viridosporus. 
Unfortunately, no sequence has ever been deposited for this protein or the 
respective gene while several papers have appeared on cloning of the respective 
gene[25–27]. Yet, when analysing the recently sequenced genome of this Streptomyces 
isolate, a gene encoding a putative Tat-secreted DyP can be identified[15]. This may 
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well be the enzyme that was described long before the first fungal DyP was 
described. 

Table 1. Occurrence of DyPs in bacterial genomes. By performing a BLASTP 
analysis of the predicted proteomes, homologs of known DyPs were identified. 

Organism DyP type 
A B C 

Escherichia coli K-12 1 1  
Thermobifida fusca YX 1   
Rhodococcus jostii RHA1 1 1  
Streptomyces viridosporus strain T7A 1   
Streptomyces coelicolor A3(2) 2 1  
Amycolatopsis sp. 75iv2 1  2 
Pseudomonas sp. Strain YS-1p  2  

 

DyPs have a protomer weight of around 40–60 kDa and various oligomeric states 
have been observed[20]. They belong to the peroxidase-chlorite dismutase 
superfamily of proteins and contain a non-covalently bound heme b cofactor[28]. 
DyPs show a dimeric ferredoxin-like fold consisting of a four-stranded anti-parallel 
β-sheet surrounded by α-helices. DyP-type peroxidases contain a highly conserved 
GXXDG-motif and a conserved proximal histidine, which acts as the fifth ligand 
of the heme iron. Yet, while DyPs are structurally unrelated to the common fungal 
peroxidases, they exhibit similar catalytic properties with having similar redox 
potentials and reactivities[29]. Furthermore, some of the bacterial DyPs are secreted 
via the Tat secretion machinery which adds to the analogy with the secreted fungal 
peroxidases. 

Based on sequence characteristics, DyPs have been divided in four classes in the 
PeroxiBase database[30]. Proteins belonging to classes A–C are mainly found in 
bacteria, while class D DyPs are extracellular fungal representatives [22]. Class A 
DyPs typically have a Tat-signal sequence and are therefore secreted. In contrast, 
the DyP protein sequences of class B and C DyPs do not disclose any secretion 
signal peptides, suggesting that they are intracellular enzymes. The InterPro 
database currently contains 8318 DyP sequences. Approximately thirty of these 
enzymes have been isolated and characterized[20,22]. DyPs are mainly active at acidic 
pH and show a very broad substrate profile, including several classes of synthetic 
dyes, monophenolic compounds, veratryl alcohol, β-carotenes, Mn+2 and lignin 
model compounds, but their physiological substrates still remain unknown. DyP-
peroxidases can also catalyse interesting synthetic reactions such as enantioselective 
sulfoxidations[18], heme deferrochelatations[31] and even carbonyl olefination 
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and syringyl (S) groups and the percentage of each depends on the plant species and 
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of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
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Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 
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(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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processes in the absence of hydrogen peroxide [32]. A fungal DyP has recently been 
found to enhance lignocellulose degradation [33]. 

In the last years, several bacterial DyP-type peroxidases have been implicated in the 
degradation of lignin and lignin model compounds. DyP-mediated oxidation of 
veratryl alcohol and the lignin model dimers guaiacylglycerol-β-guaiacol ether and 
veratrylglycerol-β-guaiacol ether has been reported. The bacterial DyPs investigated 
to date appear to have a lower oxidizing power than the fungal counterparts, and 
seem to be limited to the oxidation of less recalcitrant phenolic lignin models. DyP-
type peroxidases are generally active on monophenolic substrates, but several 
bacterial DyPs have shown significant activity towards the nonphenolic veratryl 
alcohol: BsDyP from Bacillus subtilis KCTC2023[34], PpDyP from Pseudomonas putida 
MET94[35], SviDyP from Saccharomonospora viridis DSM 43017[36] and TfuDyP from 
Thermobifida fusca[18]. Both SviDyP and TfuDyP are class A DyPs and are secreted via 
the Tat-system. This would be in line with extracellular degradation on lignin. The 
A-type TcDyP from Thermomonospora curvata, although showing a relaxed substrate 
specificity, was inactive towards veratryl alcohol. Nonetheless, it was able to 
decarboxylate the nonphenolic lignin-related substrate 4-methoxymandelic acid, 
yielding p-anisaldehyde as final product[37]. Interestingly, the C-type DyP2 from 
Amycolatopsis sp. 75iv2 was also able to decarboxylate 4-methoxymandelic acid in 
the presence of Mn2+ and O2, with no need of H2O2[38]. This hints to the ability of 
DyPs to act as oxidases.Several bacterial DyPs are able to oxidize the phenolic lignin 
dimer guaiacylglycerol-β-guaiacol ether. For instance, TfuDyP has been tested for 
the oxidation of this lignin-model compound. It was found that TfuDyP does not 
cleave the ether bond in the model compound but oxidizes the phenolic moiety 
resulting in oxidative coupling of the guaiacylglycerol-β-guaiacyl ether, mainly 
yielding in dimeric and trimeric products[39,40]. This is in line with the observation 
that TfuDyP efficiently dimerizes several monophenolic compounds (e.g vanillin, 
vanillin alcohol and vanillin ketone) (Figure 2a). This behaviour is different from 
TcDyP and DyPB, a B-type DyP from Rhodococcus jostii RHA1. The use of the latter 
two enzymes resulted in a more diverse product profile, which could be explained 
by the degradation of the Cα-Cβ linkages of the model substrate and subsequent 
radical coupling of the products formed[37,41]. The main oxidation products of 
DyPB-treated guaiacylglycerol-β-guaiacol ether were guaiacol, guaiacol trimers and 
vanillin [41](Figure 2b). Some of the compounds recovered after treatment of the 
lignin model substrate with TcDyP could be identified as hydroxylated guaiacol 
pentamers and cresol dimers, as shown in Figure 2c [37]. DyP2 has also shown 
activity on this phenolic lignin dimer, but the products formed have not been 
characterized, so its degradation pathway remains unclear[38]. 
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Figure 2. Some of the degradation reactions catalyzed by DyP-type peroxidases: (a) 
TfuDyP-catalyzed dimerization of vanillin; (b) oxidation of guaiacylglycerol-β-
guaiacol ether by DyPB leading to guaiacol, guaiacol trimers and vanillin; (c) TcDyP-
catalyzed degradation of guaiacylglycerol-β-guaiacol to hydroxylated guaiacol 
pentamers and cresol dimers, and (d) BsDyP-catalyzed degradation of 
veratrylglycerol-β-guaiacol ether. 

Veratrylglycerol-β-guaiacol ether has been also used as lignin model for 
investigating the oxidative potential of DyPs. This compound does not contain a 
phenolic moiety and is more recalcitrant to oxidation by DyP-type peroxidases. 
None of the enzymes mentioned above were able to oxidize this lignin model dimer. 
Remarkably, BsDyP, which was inactive towards the phenolic lignin dimer 
mentioned above, showed activity towards both veratryl alcohol and the 
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Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
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(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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processes in the absence of hydrogen peroxide [32]. A fungal DyP has recently been 
found to enhance lignocellulose degradation [33]. 

In the last years, several bacterial DyP-type peroxidases have been implicated in the 
degradation of lignin and lignin model compounds. DyP-mediated oxidation of 
veratryl alcohol and the lignin model dimers guaiacylglycerol-β-guaiacol ether and 
veratrylglycerol-β-guaiacol ether has been reported. The bacterial DyPs investigated 
to date appear to have a lower oxidizing power than the fungal counterparts, and 
seem to be limited to the oxidation of less recalcitrant phenolic lignin models. DyP-
type peroxidases are generally active on monophenolic substrates, but several 
bacterial DyPs have shown significant activity towards the nonphenolic veratryl 
alcohol: BsDyP from Bacillus subtilis KCTC2023[34], PpDyP from Pseudomonas putida 
MET94[35], SviDyP from Saccharomonospora viridis DSM 43017[36] and TfuDyP from 
Thermobifida fusca[18]. Both SviDyP and TfuDyP are class A DyPs and are secreted via 
the Tat-system. This would be in line with extracellular degradation on lignin. The 
A-type TcDyP from Thermomonospora curvata, although showing a relaxed substrate 
specificity, was inactive towards veratryl alcohol. Nonetheless, it was able to 
decarboxylate the nonphenolic lignin-related substrate 4-methoxymandelic acid, 
yielding p-anisaldehyde as final product[37]. Interestingly, the C-type DyP2 from 
Amycolatopsis sp. 75iv2 was also able to decarboxylate 4-methoxymandelic acid in 
the presence of Mn2+ and O2, with no need of H2O2[38]. This hints to the ability of 
DyPs to act as oxidases.Several bacterial DyPs are able to oxidize the phenolic lignin 
dimer guaiacylglycerol-β-guaiacol ether. For instance, TfuDyP has been tested for 
the oxidation of this lignin-model compound. It was found that TfuDyP does not 
cleave the ether bond in the model compound but oxidizes the phenolic moiety 
resulting in oxidative coupling of the guaiacylglycerol-β-guaiacyl ether, mainly 
yielding in dimeric and trimeric products[39,40]. This is in line with the observation 
that TfuDyP efficiently dimerizes several monophenolic compounds (e.g vanillin, 
vanillin alcohol and vanillin ketone) (Figure 2a). This behaviour is different from 
TcDyP and DyPB, a B-type DyP from Rhodococcus jostii RHA1. The use of the latter 
two enzymes resulted in a more diverse product profile, which could be explained 
by the degradation of the Cα-Cβ linkages of the model substrate and subsequent 
radical coupling of the products formed[37,41]. The main oxidation products of 
DyPB-treated guaiacylglycerol-β-guaiacol ether were guaiacol, guaiacol trimers and 
vanillin [41](Figure 2b). Some of the compounds recovered after treatment of the 
lignin model substrate with TcDyP could be identified as hydroxylated guaiacol 
pentamers and cresol dimers, as shown in Figure 2c [37]. DyP2 has also shown 
activity on this phenolic lignin dimer, but the products formed have not been 
characterized, so its degradation pathway remains unclear[38]. 
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Figure 2. Some of the degradation reactions catalyzed by DyP-type peroxidases: (a) 
TfuDyP-catalyzed dimerization of vanillin; (b) oxidation of guaiacylglycerol-β-
guaiacol ether by DyPB leading to guaiacol, guaiacol trimers and vanillin; (c) TcDyP-
catalyzed degradation of guaiacylglycerol-β-guaiacol to hydroxylated guaiacol 
pentamers and cresol dimers, and (d) BsDyP-catalyzed degradation of 
veratrylglycerol-β-guaiacol ether. 

Veratrylglycerol-β-guaiacol ether has been also used as lignin model for 
investigating the oxidative potential of DyPs. This compound does not contain a 
phenolic moiety and is more recalcitrant to oxidation by DyP-type peroxidases. 
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veratrylglycerol-β-guaiacol ether[34], as indicated in Figure 2d. The decomposition of 
the lignin dimer was measured based on the release of the product veratraldehyde, 
the same product formed when using LiP[42]. The degradation of the dimer occurred 
through the breakage of the Cα-Cβ bond. Thus, BsDyP is the first bacterial DyP 
showing activity towards this compound. This activity was also described for a few 
fungal DyP[29]. 

Several bacterial DyPs, including DyPB, TfuDyP and the two DyPs obtained from 
Pseudomonas fluorescence Pf-5: DyP1B and DyPA, have been shown to act on alkali 
Kraft lignin, a by-product of the paper industry[43]. SviDyP has shown interesting 
results in biobleaching processes, which makes it a promising candidate for further 
industrial applications. This thermostable bacterial peroxidase (60% remaining 
activity after incubating at 70 °C for 2 h) with a high alkali tolerance (>80% activity 
after incubation at pH 5–10 at 37 °C for 1 h) has been employed successfully as 
biocatalyst in the biobleaching of eucalyptus Kraft pulp[36]. 

Most DyP substrates are too big to enter the active site and are therefore unable to 
interact directly with the heme cofactor. Structural analysis of DyPs (DyP2, the 
N246A mutant of DyPB, and a fungal DyP) have revealed the presence of surface 
exposed substrate binding sites[38,44,45]. Besides these sites, a long-range electron 
transfer (LRET) pathway between the heme cofactor and a surface exposed tyrosine 
or tryptophan has been suggested, as previously described for LiPs and VPs[46,47]. In 
fact, similar to the typical fungal LiPs, MnPs and VPs, DyPs also seem to be able to 
promote lignin degradation by oxidizing redox mediators. Redox mediators as 
veratryl alcohol, monophenolic substrates and Mn2+ have been tested as DyP 
substrates. Some DyP-type peroxidases were shown to be active on veratryl alcohol, 
monophenolic substrates and Mn2+. Many DyPs are active on monophenolic 
substrates. It is also worth noting that AnaPX (a C-type DyP) from Anabaena sp. 
strain PCC 7120 showed a significantly enhanced activity towards several azo-dyes 
in the presence of the natural mediator syringaldehyde[48]. The activity towards Mn2+ 
and/or the use of Mn2+ as mediator in DyP-catalysed degradation of lignin has been 
widely studied for several bacterial DyPs. DyP2, DyP1B, DyPB, BsDyP and PpDyP 
from Pseudomonas putida MET94[35] have been tested for activity with Mn2+. DyP2 
from Amycolatopsis sp. 75iv2 showed the highest activity on this cation, with a kcat 
of 24 ± 1 s−1 and a kcat/KM value only one to two orders of magnitude lower than 
the activities from respectively VP (Pleurotus eryngii) and LiP (Phanerochaete 
chrysosporium)[38]. 

From the three DyP peroxidases obtained from Pseudomonas fluorescence Pf-5 and 
overexpressed in Escherichia coli, only DyP1B showed activity for the oxidation of 
Mn2+ and for the degradation of powdered wheat straw lignocellulose. Using Mn2+, 
formation of a lignin dimer from this lignin material could be boosted[43]. A more 
extensive study on the potential lignin degradation capacity by a bacterial DyP in 
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the presence of Mn2+ was performed using DyPB from Rhodococcus jostii RHA1[41]. 
DyPB cleaves the Cα-Cβ linkage of the phenolic lignin dimer guaiacylglycerol-β-
guaiacol ether (Figure 2b) and is also able to act on Kraft lignin. These activities 
were enhanced by 23 and 6.2 times, respectively, through the addition of 1.0–1.5 
mM MnCl2. DyPB also showed activity towards wheat straw lignocellulose and 
wheat straw milled wood lignin when incubated in the presence of 1.0 mM MnCl2 
and in absence of H2O2. The obtained products have not been characterized, but 
HPLC analysis has revealed various breakdown products. Lignin degradation did 
not occur in the absence of Mn+2. Using purified DyPB it could be confirmed that 
it catalyses the peroxide-dependent oxidation of Mn2+, albeit less efficiently than 
fungal manganese peroxidases. An engineered variant of DyPB, containing the 
N246A mutation, showed an 80-fold increased activity towards Mn2+ (kcat = 39 ± 3 
s−1)[45]. This mutant has been tested in the transformation of hard wood Kraft lignin 
and on its solvent extracted fractions. This resulted in recovery of syringaldehyde 
and 2,6-dimethoxybenzoquinone as major products. These results highlight the 
potential of bacterial enzymes as biocatalysts to transform lignin. 

In contrast to A-type DyPs, B- and C-type DyPs typically lack a secretion signal. 
This may not exclude a role as extracellular enzyme. The extracellular fraction of 
the ΔdypB mutant of Rhodococcus jostii RHA1 showed a highly reduced activity 
towards nitrated lignin, suggesting that the location of DyPB is extracellular. Thus, 
it has been proposed that this enzyme might be exported through another 
mechanism, potentially through encapsulation and subsequent secretion of DyPB. 
Approximately 14% of the genes of B-type DyPs are located in an operon together 
with an encapsulin gene. Sutter et al. have shown that these DyPs often contain a 
30–40 amino acid C-terminal extension. Enzymes containing this C-terminal 
extension, for instance DyPB, BlDyP and MtDyP, are targets for encapsulation by 
a protein-based cages, the so-called encapsulins[49,50]. Interestingly, DyPB, when 
being encapsulated, showed an eight-fold enhanced activity towards nitrated 
lignin[43], when compared with DyPB alone. This indicates that in some way 
encapsulation which enhances DyP-mediated lignin degradation. 

2.2.2 Lignin-modifying bacterial laccases 
Laccases (EC 1.10.3.2) are multi-copper oxidases able to perform the single electron 
oxidations of organic compounds to the corresponding radical species. Laccases 
employ a cluster of four copper ions for such oxidations which use dioxygen as 
electron acceptor, generating water as byproduct. The formed radical products can 
undergo further oxidation or undergo other reactions such as hydration, 
disproportionation or polymerization reactions. Laccases are ubiquitous in nature, 
being found in plants, fungi, bacteria and insects. They are often secreted as 
extracellular catalysts and typically perform polymerization or depolymerization 
reactions[51]. Laccases vary largely in their molecular weight, oligomeric state and 
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2.1 Introduction 
 

Plant biomass is the most abundant renewable biomass on earth and is considered 
as an attractive source of bioenergy and biobased chemicals. It is mainly composed 
of lignin, cellulose and hemicellulose. The lignin percentage in lignocellulosic 
biomass is around 10–30% and is the second most abundant natural organic 
polymer. Lignin enables plants to generate rigid structures and provides protection 
against hydrolysis of cellulose and hemicellulose. The biotechnological conversion 
of lignocellulose into different carbohydrates, including glucose, is the basis for the 
production of ethanol, carbohydrates and aromatic products[1–3]. Such plant 
biomass derived products can be used as fuel, polymer precursors, food and flavor 
compounds, and pharmaceutical building blocks. For optimizing the use of plant 
biomass through biorefining, lignin degradation has become a key target in the last 
few years. Efficient and cost-effective methods for selective lignin degradation are 
in high demand. It is worth noting that, while the recent intensified efforts in 
complete valorization of plant biomass, lignin was already considered as a major 
industrial by-product in the first half of the previous century[4]. 

While cellulose and hemicellulose are built from carbohydrates, lignin is a highly 
cross-linked polymer formed by polymerization of 4-hydroxyphenylpropanoid 
monomers (monolignols) through various ether and carbon–carbon bonds. The 
phenolic moieties of the monomeric units are p-hydroxyphenyl (H), guaiacyl (G) 
and syringyl (S) groups and the percentage of each depends on the plant species and 
tissue. The formation of lignin is triggered by plant peroxidases and/or laccases. By 
oxidizing the phenolic monolignols into their respective phenolic radical, formation 
of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
promote polymerization. Monolignols can couple via various bonds with a 
preference of coupling through the β-carbon. The most occurring linkages involve 
β-β, β-O-4, and β-5 bonds[5], as shown in Figure 1. 
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Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 

 

Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
peroxidases (MnP), versatile peroxidases (VP), and dye-decolorizing peroxidases 
(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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veratrylglycerol-β-guaiacol ether[34], as indicated in Figure 2d. The decomposition of 
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substrates. Some DyP-type peroxidases were shown to be active on veratryl alcohol, 
monophenolic substrates and Mn2+. Many DyPs are active on monophenolic 
substrates. It is also worth noting that AnaPX (a C-type DyP) from Anabaena sp. 
strain PCC 7120 showed a significantly enhanced activity towards several azo-dyes 
in the presence of the natural mediator syringaldehyde[48]. The activity towards Mn2+ 
and/or the use of Mn2+ as mediator in DyP-catalysed degradation of lignin has been 
widely studied for several bacterial DyPs. DyP2, DyP1B, DyPB, BsDyP and PpDyP 
from Pseudomonas putida MET94[35] have been tested for activity with Mn2+. DyP2 
from Amycolatopsis sp. 75iv2 showed the highest activity on this cation, with a kcat 
of 24 ± 1 s−1 and a kcat/KM value only one to two orders of magnitude lower than 
the activities from respectively VP (Pleurotus eryngii) and LiP (Phanerochaete 
chrysosporium)[38]. 

From the three DyP peroxidases obtained from Pseudomonas fluorescence Pf-5 and 
overexpressed in Escherichia coli, only DyP1B showed activity for the oxidation of 
Mn2+ and for the degradation of powdered wheat straw lignocellulose. Using Mn2+, 
formation of a lignin dimer from this lignin material could be boosted[43]. A more 
extensive study on the potential lignin degradation capacity by a bacterial DyP in 
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the presence of Mn2+ was performed using DyPB from Rhodococcus jostii RHA1[41]. 
DyPB cleaves the Cα-Cβ linkage of the phenolic lignin dimer guaiacylglycerol-β-
guaiacol ether (Figure 2b) and is also able to act on Kraft lignin. These activities 
were enhanced by 23 and 6.2 times, respectively, through the addition of 1.0–1.5 
mM MnCl2. DyPB also showed activity towards wheat straw lignocellulose and 
wheat straw milled wood lignin when incubated in the presence of 1.0 mM MnCl2 
and in absence of H2O2. The obtained products have not been characterized, but 
HPLC analysis has revealed various breakdown products. Lignin degradation did 
not occur in the absence of Mn+2. Using purified DyPB it could be confirmed that 
it catalyses the peroxide-dependent oxidation of Mn2+, albeit less efficiently than 
fungal manganese peroxidases. An engineered variant of DyPB, containing the 
N246A mutation, showed an 80-fold increased activity towards Mn2+ (kcat = 39 ± 3 
s−1)[45]. This mutant has been tested in the transformation of hard wood Kraft lignin 
and on its solvent extracted fractions. This resulted in recovery of syringaldehyde 
and 2,6-dimethoxybenzoquinone as major products. These results highlight the 
potential of bacterial enzymes as biocatalysts to transform lignin. 

In contrast to A-type DyPs, B- and C-type DyPs typically lack a secretion signal. 
This may not exclude a role as extracellular enzyme. The extracellular fraction of 
the ΔdypB mutant of Rhodococcus jostii RHA1 showed a highly reduced activity 
towards nitrated lignin, suggesting that the location of DyPB is extracellular. Thus, 
it has been proposed that this enzyme might be exported through another 
mechanism, potentially through encapsulation and subsequent secretion of DyPB. 
Approximately 14% of the genes of B-type DyPs are located in an operon together 
with an encapsulin gene. Sutter et al. have shown that these DyPs often contain a 
30–40 amino acid C-terminal extension. Enzymes containing this C-terminal 
extension, for instance DyPB, BlDyP and MtDyP, are targets for encapsulation by 
a protein-based cages, the so-called encapsulins[49,50]. Interestingly, DyPB, when 
being encapsulated, showed an eight-fold enhanced activity towards nitrated 
lignin[43], when compared with DyPB alone. This indicates that in some way 
encapsulation which enhances DyP-mediated lignin degradation. 

2.2.2 Lignin-modifying bacterial laccases 
Laccases (EC 1.10.3.2) are multi-copper oxidases able to perform the single electron 
oxidations of organic compounds to the corresponding radical species. Laccases 
employ a cluster of four copper ions for such oxidations which use dioxygen as 
electron acceptor, generating water as byproduct. The formed radical products can 
undergo further oxidation or undergo other reactions such as hydration, 
disproportionation or polymerization reactions. Laccases are ubiquitous in nature, 
being found in plants, fungi, bacteria and insects. They are often secreted as 
extracellular catalysts and typically perform polymerization or depolymerization 
reactions[51]. Laccases vary largely in their molecular weight, oligomeric state and 
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Plant biomass is the most abundant renewable biomass on earth and is considered 
as an attractive source of bioenergy and biobased chemicals. It is mainly composed 
of lignin, cellulose and hemicellulose. The lignin percentage in lignocellulosic 
biomass is around 10–30% and is the second most abundant natural organic 
polymer. Lignin enables plants to generate rigid structures and provides protection 
against hydrolysis of cellulose and hemicellulose. The biotechnological conversion 
of lignocellulose into different carbohydrates, including glucose, is the basis for the 
production of ethanol, carbohydrates and aromatic products[1–3]. Such plant 
biomass derived products can be used as fuel, polymer precursors, food and flavor 
compounds, and pharmaceutical building blocks. For optimizing the use of plant 
biomass through biorefining, lignin degradation has become a key target in the last 
few years. Efficient and cost-effective methods for selective lignin degradation are 
in high demand. It is worth noting that, while the recent intensified efforts in 
complete valorization of plant biomass, lignin was already considered as a major 
industrial by-product in the first half of the previous century[4]. 

While cellulose and hemicellulose are built from carbohydrates, lignin is a highly 
cross-linked polymer formed by polymerization of 4-hydroxyphenylpropanoid 
monomers (monolignols) through various ether and carbon–carbon bonds. The 
phenolic moieties of the monomeric units are p-hydroxyphenyl (H), guaiacyl (G) 
and syringyl (S) groups and the percentage of each depends on the plant species and 
tissue. The formation of lignin is triggered by plant peroxidases and/or laccases. By 
oxidizing the phenolic monolignols into their respective phenolic radical, formation 
of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
promote polymerization. Monolignols can couple via various bonds with a 
preference of coupling through the β-carbon. The most occurring linkages involve 
β-β, β-O-4, and β-5 bonds[5], as shown in Figure 1. 
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Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 

 

Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
peroxidases (MnP), versatile peroxidases (VP), and dye-decolorizing peroxidases 
(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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structure[52]. While most laccases consist of three structural domains, also laccases 
that lack one of these three domains exist. Similar to fungal laccases, many bacterial 
laccases are secreted. For the export of bacterial laccases the Tat secretion system 
is used, which facilitates the export of folded and holoproteins across the cell 
membrane. 

Laccases are industrially attractive biocatalysts, as unlike many oxidoreductases, they 
do not require the addition of cofactors. Additionally, different from most oxidases, 
they do not produce toxic hydrogen peroxide as byproduct. Laccases have been 
employed in bioremediation processes to decontaminate industrial wastewaters, in 
food industry for the stabilization of beverages and improvement of the 
organoleptic properties of food, in the synthesis of pharmaceuticals and other fine 
chemicals, in textile dye transformation, and in the delignification of wood, 
especially during the bleaching process[53]. Laccases can be also employed in the 
pretreatment of softwood samples with the aim of improving the subsequent 
hydrolysis treatment[54]. 

Most of the laccases known, studied and applied to date are from fungal origin. 
From these studies it has become clear that laccases play a role in lignin degradation. 
Only in recent years bacterial laccases have gained considerable interest concerning 
their possible role in lignin degradation and other biotechnological applications. The 
first laccase was described in 1995 [55]. Recent advances in genome analysis and other 
approaches have allowed the identification of numerous laccases in bacteria[52,56,57]. 
The role and efficacy of bacterial laccases in lignin degradation is nowadays heavily 
studied[58]. 

In order to perform the degradation and depolymerization of lignin, laccases require 
the presence of small molecules, the so-called mediators, which act as redox shuttles 
between the laccase active site and the lignin structure (Figure 3). Several 
compounds have been identified as effective mediators. The first one was ABTS 
(2,2′-azino-bis(3-ethylbenozthiazoline-6-sulfonic acid) which is used in pulp 
degradation[59]. The most effective mediator in lignin transformation are N-
heterocycles bearing NOH groups, for instance, N-hydroxybenzotriazole (HBT). 

Bacterial enzymes involved in lignin degradation 

 

37 
 

Figure 3. Laccase-catalyzed redox cycle for lignin degradation in the presence of 
different chemical mediators (left) and the structures of the most employed 
mediators N-hydroxybenzotriazole (HBT), (2,2,6,6-tetramethylpiperidin-1-yl)oxyl 
(TEMPO) and 2,2′-azino-bis(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS). 

Similar to DyPs, the most studied bacterial laccases in lignin degradation are from 
actinomycetes, particularly from Streptomyces species[60]. Most of the laccases 
present in this genus belong to the group of two-domain laccases. The ability of 
these so-called small laccases to assist on lignin modification was confirmed by 
studying knock-out strains. Furthermore, crystal structures with lignin model 
compounds bound to laccases have been elucidated [61]. Recently, a PCR primer was 
developed in order to identify the two domains [62] of Streptomyces genes during 
composting of agricultural waste. Gene libraries obtained were clustered with S. 
coelicolor, S. violaceusniger and S. griseus. The observed increase in the Streptomyces 
small laccase genes during the initial stages of composting was due to the presence 
of relatively high amounts of degradable organic compounds. A clear correlation 
was found between the abundance of laccase-encoding genes and the lignocellulose 
degradation rates. 

In 2009, a halotolerant laccase (SilA) from Streptomyces ipomoea CECT 3341 was 
isolated and analyzed [63]. Depending on the substrate, this enzyme showed an 
optimal activity at acid or basic conditions. SilA was highly active at alkaline pH for 
the oxidation of the phenolic compound 2,6-dimethoxyphenol, which has only been 
described for a few laccases. SilA was able to work at high saline concentrations 
(100% of activity retained at 1.0 M NaCl, pH 8.0), which makes the enzyme really 
attractive for industrial purposes. Thus, recombinant SilA obtained from cultures 
of E. coli BL21 has been applied in biobleaching processes on Eucalyptus globulus 
Kraft pulps using acetosyringone as mediator[64]. In order to evaluate the enzymatic 
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and syringyl (S) groups and the percentage of each depends on the plant species and 
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oxidizing the phenolic monolignols into their respective phenolic radical, formation 
of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
promote polymerization. Monolignols can couple via various bonds with a 
preference of coupling through the β-carbon. The most occurring linkages involve 
β-β, β-O-4, and β-5 bonds[5], as shown in Figure 1. 
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Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 

 

Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
peroxidases (MnP), versatile peroxidases (VP), and dye-decolorizing peroxidases 
(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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structure[52]. While most laccases consist of three structural domains, also laccases 
that lack one of these three domains exist. Similar to fungal laccases, many bacterial 
laccases are secreted. For the export of bacterial laccases the Tat secretion system 
is used, which facilitates the export of folded and holoproteins across the cell 
membrane. 

Laccases are industrially attractive biocatalysts, as unlike many oxidoreductases, they 
do not require the addition of cofactors. Additionally, different from most oxidases, 
they do not produce toxic hydrogen peroxide as byproduct. Laccases have been 
employed in bioremediation processes to decontaminate industrial wastewaters, in 
food industry for the stabilization of beverages and improvement of the 
organoleptic properties of food, in the synthesis of pharmaceuticals and other fine 
chemicals, in textile dye transformation, and in the delignification of wood, 
especially during the bleaching process[53]. Laccases can be also employed in the 
pretreatment of softwood samples with the aim of improving the subsequent 
hydrolysis treatment[54]. 

Most of the laccases known, studied and applied to date are from fungal origin. 
From these studies it has become clear that laccases play a role in lignin degradation. 
Only in recent years bacterial laccases have gained considerable interest concerning 
their possible role in lignin degradation and other biotechnological applications. The 
first laccase was described in 1995 [55]. Recent advances in genome analysis and other 
approaches have allowed the identification of numerous laccases in bacteria[52,56,57]. 
The role and efficacy of bacterial laccases in lignin degradation is nowadays heavily 
studied[58]. 

In order to perform the degradation and depolymerization of lignin, laccases require 
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between the laccase active site and the lignin structure (Figure 3). Several 
compounds have been identified as effective mediators. The first one was ABTS 
(2,2′-azino-bis(3-ethylbenozthiazoline-6-sulfonic acid) which is used in pulp 
degradation[59]. The most effective mediator in lignin transformation are N-
heterocycles bearing NOH groups, for instance, N-hydroxybenzotriazole (HBT). 
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Figure 3. Laccase-catalyzed redox cycle for lignin degradation in the presence of 
different chemical mediators (left) and the structures of the most employed 
mediators N-hydroxybenzotriazole (HBT), (2,2,6,6-tetramethylpiperidin-1-yl)oxyl 
(TEMPO) and 2,2′-azino-bis(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS). 

Similar to DyPs, the most studied bacterial laccases in lignin degradation are from 
actinomycetes, particularly from Streptomyces species[60]. Most of the laccases 
present in this genus belong to the group of two-domain laccases. The ability of 
these so-called small laccases to assist on lignin modification was confirmed by 
studying knock-out strains. Furthermore, crystal structures with lignin model 
compounds bound to laccases have been elucidated [61]. Recently, a PCR primer was 
developed in order to identify the two domains [62] of Streptomyces genes during 
composting of agricultural waste. Gene libraries obtained were clustered with S. 
coelicolor, S. violaceusniger and S. griseus. The observed increase in the Streptomyces 
small laccase genes during the initial stages of composting was due to the presence 
of relatively high amounts of degradable organic compounds. A clear correlation 
was found between the abundance of laccase-encoding genes and the lignocellulose 
degradation rates. 

In 2009, a halotolerant laccase (SilA) from Streptomyces ipomoea CECT 3341 was 
isolated and analyzed [63]. Depending on the substrate, this enzyme showed an 
optimal activity at acid or basic conditions. SilA was highly active at alkaline pH for 
the oxidation of the phenolic compound 2,6-dimethoxyphenol, which has only been 
described for a few laccases. SilA was able to work at high saline concentrations 
(100% of activity retained at 1.0 M NaCl, pH 8.0), which makes the enzyme really 
attractive for industrial purposes. Thus, recombinant SilA obtained from cultures 
of E. coli BL21 has been applied in biobleaching processes on Eucalyptus globulus 
Kraft pulps using acetosyringone as mediator[64]. In order to evaluate the enzymatic 
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biomass is around 10–30% and is the second most abundant natural organic 
polymer. Lignin enables plants to generate rigid structures and provides protection 
against hydrolysis of cellulose and hemicellulose. The biotechnological conversion 
of lignocellulose into different carbohydrates, including glucose, is the basis for the 
production of ethanol, carbohydrates and aromatic products[1–3]. Such plant 
biomass derived products can be used as fuel, polymer precursors, food and flavor 
compounds, and pharmaceutical building blocks. For optimizing the use of plant 
biomass through biorefining, lignin degradation has become a key target in the last 
few years. Efficient and cost-effective methods for selective lignin degradation are 
in high demand. It is worth noting that, while the recent intensified efforts in 
complete valorization of plant biomass, lignin was already considered as a major 
industrial by-product in the first half of the previous century[4]. 

While cellulose and hemicellulose are built from carbohydrates, lignin is a highly 
cross-linked polymer formed by polymerization of 4-hydroxyphenylpropanoid 
monomers (monolignols) through various ether and carbon–carbon bonds. The 
phenolic moieties of the monomeric units are p-hydroxyphenyl (H), guaiacyl (G) 
and syringyl (S) groups and the percentage of each depends on the plant species and 
tissue. The formation of lignin is triggered by plant peroxidases and/or laccases. By 
oxidizing the phenolic monolignols into their respective phenolic radical, formation 
of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
promote polymerization. Monolignols can couple via various bonds with a 
preference of coupling through the β-carbon. The most occurring linkages involve 
β-β, β-O-4, and β-5 bonds[5], as shown in Figure 1. 
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Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 

 

Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
peroxidases (MnP), versatile peroxidases (VP), and dye-decolorizing peroxidases 
(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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system, a further alkaline extraction of the Kraft pulp followed by hydrogen 
peroxide treatment was developed. The enzymatically treated biobleached pulps 
resulted in a significant reduction in the kappa number (41.5%) due to the 
degradation of both lignin and the hexenuronic acids present in the eucalyptus pulp. 
Addition of oxygen during the delignification processes was required in order to 
obtain slightly improved results. The laccase-mediator system has also an 
advantageous effect on the pulp treatment, as it was observed that less hydrogen 
peroxide was required for the treatment after the enzymatic procedure, which leads 
to lower amounts of pollutants effluents. Laccase-mediator degradation led to a 
decrease in the pulp viscosity as well as affording a high decrease in pulp brightness. 
SilA was recovered from the biobleaching treatments with only a slight deactivation 
(36%) when compared with the remaining activity of other laccases after this 
process. 

Four small-laccases from Streptomyces (S. coelicolor A3(2), S. lividans TK24, S. 
viridosporus T7A) and Amycolatopsis sp. 75iv2 were expressed in E. coli and purified 
with high yields (15–20 mg/L culture). The enzymes were found to be very stable 
and active over a wide pH range (3–10), which makes them interesting candidates 
for industrial applications[61]. The four laccases were able to degrade a phenolic 
model compound into a mixture of different products including vanillin, but most 
of the other compounds obtained were not fully characterized. Conversion of a 
nonphenolic lignin model compound was only observed in the presence of 
mediators such as ABTS and HBT while these were not needed for oxidizing a 
phenolic derivative. It was suggested that the observed activities can explain the role 
of bacterial laccases in lignocellulosic degradation by modifying the lignin properties 
in order to allow the access of other enzymatic systems to cellulose and 
hemicellulose. 

Purified laccase from S. coelicolor A3(2) was tested in the in vitro degradation of 
ethanolsolv lignin. This lignin derivative is obtained from the treatment of lignin 
with ethanol and sulfuric acid, presenting a lower molecular weight and a higher 
water-solubility. After a 16 h treatment at 37 °C, chromatography studies showed a 
loss in material solubility, due to the polymerization of small lignin units. This 
process can be explained by the laccase oxidation of lignocellulosic substrates to 
produce aryl cation radicals that can rearrange and promote repolymerization, 
which will be in competition with the enzymatic depolymeration of the starting 
material. Under in vivo conditions, the degradation of lignin by depolymerization 
can be explained by the presence of cooperative enzymes that prevent the formation 
of radical species, thereby acting as quenchers. 

In addition to the “small” two-domain laccases, some other laccases presenting 
three-domains have been used for the degradation of lignin derivatives. The 
endophytic bacterial strain Pantoea ananatis Sd-1 was isolated from rice seeds using a 
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surface sterilization method[65]. This gram-negative bacterium was able to degrade 
lignin and rice straw. The sequenced Pantoea ananatis Sd-1 genome revealed that this 
microorganism has the potential to produce intra- and extracellular laccases[66]. Four 
putative laccase-encoding genes were discovered and studied. From sequence 
analyses it was concluded that Lac4 had the highest homology to typical bacterial 
laccases. Thus, recombinant Lac4 was characterized as being a dimeric enzyme with 
high activity at low pH values and a moderate thermostability. In vitro lignin 
degradation by Lac4 in the presence of ABTS as mediator resulted in 38% 
conversion after 12 h. The formed products contained several low molecular weight 
aromatic compounds such as 1,4-benzedicarboxaldehyde, benzenepropanoic acid 
and phenol. 

Laccases from Bacillus species are in general tolerant to high temperatures and 
alkaline conditions, which makes them suitable for lignin degradation. 
Unfortunately, most of these laccases are intracellular which complicates large scale 
production. Recently, an extracellular laccase was obtained from Bacillus tequilensis 
SN4[67], an bacterium isolated from a paper mill effluent. The optimum temperature 
for this laccase was 80–90 °C, while it even retains part of its activity at 100 °C. The 
SN4 laccase showed an optimal activity at pH 8.0. Besides being an extracellular 
enzyme, its stability make SN4 laccase a useful biocatalyst to be exploited on 
industrial scale. Laccase production was optimized by using a medium containing 
Mn+2 and Fe+2 sulfates as well as 3.5% v v−1 ethanol. SN4 laccase was employed in 
the biobleaching of softwood pulp resulting in a reduction of 28% in the kappa 
number and a 7.6% increase in brightness. Addition of N-hydroxybenzotriazole 
(HBT) as mediator at low concentration (2.0 mM) led to a further improvement in 
its performance. 

Several bacterial strains obtained from soils of a biodiversity-rich rainforest in Peru 
have been tested in the oxidation of ABTS[68]. This resulted in the isolation of two 
Bacillus strains: Bacillus atrophaeus (strain B7) and Bacillus pumilus (strain C6). Both 
microorganisms exhibit intracellular and extracellular laccase activities. 
Furthermore, Kraft lignin and the lignin model compound guaiacylglycerol-β-
guaiacyl ether were successfully degraded by both strains. This suggests that these 
strains harbor interesting laccases. 

A laccase from Bacillus pumilus (CotA) discovered by genome mining has been 
successfully cloned and overexpressed in E. coli[69]. This enzyme showed a high 
thermostability with a maximum activity at 70 °C. CotA was capable of oxidizing 
several phenolic compounds showing optimal values at pH neutral to alkaline, 
which makes it an interesting biocatalyst for further biotechnological applications. 

Thermus thermophilius HB27 is a thermophilic bacteria which produces an intracellular 
laccase: Tth-laccase[70]. This bacterial laccase was successfully expressed in E. coli. 
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polymer. Lignin enables plants to generate rigid structures and provides protection 
against hydrolysis of cellulose and hemicellulose. The biotechnological conversion 
of lignocellulose into different carbohydrates, including glucose, is the basis for the 
production of ethanol, carbohydrates and aromatic products[1–3]. Such plant 
biomass derived products can be used as fuel, polymer precursors, food and flavor 
compounds, and pharmaceutical building blocks. For optimizing the use of plant 
biomass through biorefining, lignin degradation has become a key target in the last 
few years. Efficient and cost-effective methods for selective lignin degradation are 
in high demand. It is worth noting that, while the recent intensified efforts in 
complete valorization of plant biomass, lignin was already considered as a major 
industrial by-product in the first half of the previous century[4]. 

While cellulose and hemicellulose are built from carbohydrates, lignin is a highly 
cross-linked polymer formed by polymerization of 4-hydroxyphenylpropanoid 
monomers (monolignols) through various ether and carbon–carbon bonds. The 
phenolic moieties of the monomeric units are p-hydroxyphenyl (H), guaiacyl (G) 
and syringyl (S) groups and the percentage of each depends on the plant species and 
tissue. The formation of lignin is triggered by plant peroxidases and/or laccases. By 
oxidizing the phenolic monolignols into their respective phenolic radical, formation 
of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
promote polymerization. Monolignols can couple via various bonds with a 
preference of coupling through the β-carbon. The most occurring linkages involve 
β-β, β-O-4, and β-5 bonds[5], as shown in Figure 1. 
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Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 

 

Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
peroxidases (MnP), versatile peroxidases (VP), and dye-decolorizing peroxidases 
(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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system, a further alkaline extraction of the Kraft pulp followed by hydrogen 
peroxide treatment was developed. The enzymatically treated biobleached pulps 
resulted in a significant reduction in the kappa number (41.5%) due to the 
degradation of both lignin and the hexenuronic acids present in the eucalyptus pulp. 
Addition of oxygen during the delignification processes was required in order to 
obtain slightly improved results. The laccase-mediator system has also an 
advantageous effect on the pulp treatment, as it was observed that less hydrogen 
peroxide was required for the treatment after the enzymatic procedure, which leads 
to lower amounts of pollutants effluents. Laccase-mediator degradation led to a 
decrease in the pulp viscosity as well as affording a high decrease in pulp brightness. 
SilA was recovered from the biobleaching treatments with only a slight deactivation 
(36%) when compared with the remaining activity of other laccases after this 
process. 

Four small-laccases from Streptomyces (S. coelicolor A3(2), S. lividans TK24, S. 
viridosporus T7A) and Amycolatopsis sp. 75iv2 were expressed in E. coli and purified 
with high yields (15–20 mg/L culture). The enzymes were found to be very stable 
and active over a wide pH range (3–10), which makes them interesting candidates 
for industrial applications[61]. The four laccases were able to degrade a phenolic 
model compound into a mixture of different products including vanillin, but most 
of the other compounds obtained were not fully characterized. Conversion of a 
nonphenolic lignin model compound was only observed in the presence of 
mediators such as ABTS and HBT while these were not needed for oxidizing a 
phenolic derivative. It was suggested that the observed activities can explain the role 
of bacterial laccases in lignocellulosic degradation by modifying the lignin properties 
in order to allow the access of other enzymatic systems to cellulose and 
hemicellulose. 

Purified laccase from S. coelicolor A3(2) was tested in the in vitro degradation of 
ethanolsolv lignin. This lignin derivative is obtained from the treatment of lignin 
with ethanol and sulfuric acid, presenting a lower molecular weight and a higher 
water-solubility. After a 16 h treatment at 37 °C, chromatography studies showed a 
loss in material solubility, due to the polymerization of small lignin units. This 
process can be explained by the laccase oxidation of lignocellulosic substrates to 
produce aryl cation radicals that can rearrange and promote repolymerization, 
which will be in competition with the enzymatic depolymeration of the starting 
material. Under in vivo conditions, the degradation of lignin by depolymerization 
can be explained by the presence of cooperative enzymes that prevent the formation 
of radical species, thereby acting as quenchers. 

In addition to the “small” two-domain laccases, some other laccases presenting 
three-domains have been used for the degradation of lignin derivatives. The 
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surface sterilization method[65]. This gram-negative bacterium was able to degrade 
lignin and rice straw. The sequenced Pantoea ananatis Sd-1 genome revealed that this 
microorganism has the potential to produce intra- and extracellular laccases[66]. Four 
putative laccase-encoding genes were discovered and studied. From sequence 
analyses it was concluded that Lac4 had the highest homology to typical bacterial 
laccases. Thus, recombinant Lac4 was characterized as being a dimeric enzyme with 
high activity at low pH values and a moderate thermostability. In vitro lignin 
degradation by Lac4 in the presence of ABTS as mediator resulted in 38% 
conversion after 12 h. The formed products contained several low molecular weight 
aromatic compounds such as 1,4-benzedicarboxaldehyde, benzenepropanoic acid 
and phenol. 

Laccases from Bacillus species are in general tolerant to high temperatures and 
alkaline conditions, which makes them suitable for lignin degradation. 
Unfortunately, most of these laccases are intracellular which complicates large scale 
production. Recently, an extracellular laccase was obtained from Bacillus tequilensis 
SN4[67], an bacterium isolated from a paper mill effluent. The optimum temperature 
for this laccase was 80–90 °C, while it even retains part of its activity at 100 °C. The 
SN4 laccase showed an optimal activity at pH 8.0. Besides being an extracellular 
enzyme, its stability make SN4 laccase a useful biocatalyst to be exploited on 
industrial scale. Laccase production was optimized by using a medium containing 
Mn+2 and Fe+2 sulfates as well as 3.5% v v−1 ethanol. SN4 laccase was employed in 
the biobleaching of softwood pulp resulting in a reduction of 28% in the kappa 
number and a 7.6% increase in brightness. Addition of N-hydroxybenzotriazole 
(HBT) as mediator at low concentration (2.0 mM) led to a further improvement in 
its performance. 

Several bacterial strains obtained from soils of a biodiversity-rich rainforest in Peru 
have been tested in the oxidation of ABTS[68]. This resulted in the isolation of two 
Bacillus strains: Bacillus atrophaeus (strain B7) and Bacillus pumilus (strain C6). Both 
microorganisms exhibit intracellular and extracellular laccase activities. 
Furthermore, Kraft lignin and the lignin model compound guaiacylglycerol-β-
guaiacyl ether were successfully degraded by both strains. This suggests that these 
strains harbor interesting laccases. 

A laccase from Bacillus pumilus (CotA) discovered by genome mining has been 
successfully cloned and overexpressed in E. coli[69]. This enzyme showed a high 
thermostability with a maximum activity at 70 °C. CotA was capable of oxidizing 
several phenolic compounds showing optimal values at pH neutral to alkaline, 
which makes it an interesting biocatalyst for further biotechnological applications. 

Thermus thermophilius HB27 is a thermophilic bacteria which produces an intracellular 
laccase: Tth-laccase[70]. This bacterial laccase was successfully expressed in E. coli. 
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of lignocellulose into different carbohydrates, including glucose, is the basis for the 
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compounds, and pharmaceutical building blocks. For optimizing the use of plant 
biomass through biorefining, lignin degradation has become a key target in the last 
few years. Efficient and cost-effective methods for selective lignin degradation are 
in high demand. It is worth noting that, while the recent intensified efforts in 
complete valorization of plant biomass, lignin was already considered as a major 
industrial by-product in the first half of the previous century[4]. 

While cellulose and hemicellulose are built from carbohydrates, lignin is a highly 
cross-linked polymer formed by polymerization of 4-hydroxyphenylpropanoid 
monomers (monolignols) through various ether and carbon–carbon bonds. The 
phenolic moieties of the monomeric units are p-hydroxyphenyl (H), guaiacyl (G) 
and syringyl (S) groups and the percentage of each depends on the plant species and 
tissue. The formation of lignin is triggered by plant peroxidases and/or laccases. By 
oxidizing the phenolic monolignols into their respective phenolic radical, formation 
of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
promote polymerization. Monolignols can couple via various bonds with a 
preference of coupling through the β-carbon. The most occurring linkages involve 
β-β, β-O-4, and β-5 bonds[5], as shown in Figure 1. 
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Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 

 

Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
peroxidases (MnP), versatile peroxidases (VP), and dye-decolorizing peroxidases 
(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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Treatment of wheat straw pulp with this laccase was studied[71]. Using optimized 
conditions, the pulp brightness was increased while the kappa number was reduced. 
These beneficial effects of laccase activity can be further improved when the 
enzymatic bleaching is combined with some other chlorine-free chemical bleaching 
process. The used of the laccase-treated wheat pulp affords a 25% save in the use 
of hydrogen peroxide in subsequent pulp treatments. The use of ABTS or guaiacol 
as Tth-laccase mediator (5 mM) improved the delignification process with an 
increase in the delignification degree of 9% and 5.6%, respectively. Opposite, HBT 
has no effect on this process, probably due to the differences between the redox 
potential of the mediators. 

Wheat straw-rich soda pulp has recently been treated with an alkalophilic laccase 
isolated from γ-proteabacterium JB[72]. This microorganism was only able to 
produce the laccase, but no other lignin degrading enzymes. Three parameters 
(laccase units, pH and ABTS concentration) were optimized using response surface 
methodology based on central composite design in order to achieve the best 
degradation process. This led to an increase in pulp brightness of around 6.0%, 
while the kappa number was reduced in a 21% extent[73]. When a fresh chemically 
bleached pulp sample was subjected to laccase treatment, the final pulp properties 
were significantly improved in terms of chromophores, reducing sugars and 
hydrophobic compounds. The application of this laccase can reduce the use of 
hypochlorite by 10% in the pulp bleaching procedure. 

Recently, a biosensor for the detection of aromatic lignin degradation products has 
been developed[74]. This biosensor identified a novel multicopper oxidase by 
screening the metagenome of coal bed bacteria. This enzyme has a high similarity 
to CopA from Pseudomonas stutzeri ATCC14405 and Pseudomonas putida, two strains 
that able to degrade a wide range of aromatic compounds. The discovered oxidases 
were employed in the degradation of a lignin substrate, leading to 2,6-
dimethybenzene-1,4-diol as the major identified product after 3 h. 

2.2.3 Glutathione-dependent β-etherases acting on lignin degradation products 
In the ‘80 s the first glutathione-dependent β-etherases were discovered capable of 
catalyzing the reductive cleavage of β-ether bonds in lignin-related compounds[75]. 
The first detailed studies were reported for the βO4 aryl-ether cleaving enzyme 
system from the α-proteobacterium Sphingobium sp. SYK-6. This system is 
composed of three separate proteins; LigD (aCα-dehydrogenase), LigF (a β-
etherase) and LigG (a glutathione lyase), which have been successfully expressed in 
E. coli. The multi-enzyme system cleaves the β-aryl ethers of a model lignin dimer: 
guaiacylglycerol-β-guaiacyl. The role of each of the three enzymes in the lignin 
degradation is the following: (1) LigD catalyzed the NAD+-dependent oxidation of 
the Cα of lignin substrate from the alcohol to the corresponding ketone; (2) LigF 
cleaves the intermediate with the attachment of glutathione at the Cβ position, and 
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finally (3) LigG oxidizes glutathione and releases the final product (Figure 4)[76]. 
Two other glutathione reductases from Sphingobium sp. strain SYK-6 (LigE and 
LigP) are also able to catalyze the same reaction as LigF, but these enzymes are 
active on the opposite enantiomer of the carbonyl compound formed by the 
oxidation of guaiacylglycerol-β-guaiacyl with LigD[77]. Recently, the 
stereopreference of LigG has been studied together with two novel glutathione 
lyases (LigG-NS from Novosphingobium sp. PP1Y and LigTD from Thiobacillus 
denitrificans ATC 25259) in the enzymatic degradation of a lignin model substrate 
employing an enzymatic cascade of β-etherases and glutathione lyases. The tested 
enzymes showed β-(R)-enantiopreference. This enantiopreference can be increased 
or even reversed by mutagenesis [78]. As these enzyme systems are inherent 
intracellular (as NAD+ is an intracellular metabolite), they are not involved in the 
initial degradation of lignin. Yet, they may play a role in the degradation of the small 
lignin oligomers formed in the first steps of lignin degradation and may develop as 
useful biocatalysts in the field of lignocellulose utilization. 

Figure 4. Degradation of guaiacylglycerol-β-guaiacyl by Sphingobium sp. SYK-6: (1) 
LigD catalyzes the alcohol oxidation of the lignin substrate Cα; (2) LigF catalyzes 
the incorporation of glutathione at the Cβ position, and finally (3) LigG oxidizes 
glutathione, leading to the final product. 

Figure 5. Multienzymatic degradation of the biphenyl lignin derivative 2,2′-
dihydroxy-3,3′-dimethoxy-5,5′-dicarboxybiphenyl by Sphingomonas paucimobilis 
SYK-6. Four enzymes are involved: (1) LigX catalyzes the demethylation of the 
methoxy group; (2) ring fission is catalyzed by the dioxygenase LigZ; (3) CC 
hydrolysis is catalyzed by LigY, and (4) conversion of 5-carboxyvanillic acid into 
vanillic acid is performed by two decarboxylases (LigW and LigW2). 

2.2.4 The role of superoxide dismutases in bacterial lignin modification 
Recently two bacterial manganese-dependent superoxide dismutases (MnSODs) 
were discovered to have lignin degrading activity[79]. Superoxide dismutases typically 
catalyze the disproportionation of superoxide anion radical into molecular oxygen 
and hydrogen peroxide and play a key role in cellular protection against oxidative 
stress. Superoxide dismutases are in general intracellular enzymes, but some 
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of lignin, cellulose and hemicellulose. The lignin percentage in lignocellulosic 
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production of ethanol, carbohydrates and aromatic products[1–3]. Such plant 
biomass derived products can be used as fuel, polymer precursors, food and flavor 
compounds, and pharmaceutical building blocks. For optimizing the use of plant 
biomass through biorefining, lignin degradation has become a key target in the last 
few years. Efficient and cost-effective methods for selective lignin degradation are 
in high demand. It is worth noting that, while the recent intensified efforts in 
complete valorization of plant biomass, lignin was already considered as a major 
industrial by-product in the first half of the previous century[4]. 

While cellulose and hemicellulose are built from carbohydrates, lignin is a highly 
cross-linked polymer formed by polymerization of 4-hydroxyphenylpropanoid 
monomers (monolignols) through various ether and carbon–carbon bonds. The 
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of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
promote polymerization. Monolignols can couple via various bonds with a 
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β-β, β-O-4, and β-5 bonds[5], as shown in Figure 1. 

 

 

 

 

 

Bacterial enzymes involved in lignin degradation 

 

29 
 

 

 

Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 

 

Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
peroxidases (MnP), versatile peroxidases (VP), and dye-decolorizing peroxidases 
(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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Treatment of wheat straw pulp with this laccase was studied[71]. Using optimized 
conditions, the pulp brightness was increased while the kappa number was reduced. 
These beneficial effects of laccase activity can be further improved when the 
enzymatic bleaching is combined with some other chlorine-free chemical bleaching 
process. The used of the laccase-treated wheat pulp affords a 25% save in the use 
of hydrogen peroxide in subsequent pulp treatments. The use of ABTS or guaiacol 
as Tth-laccase mediator (5 mM) improved the delignification process with an 
increase in the delignification degree of 9% and 5.6%, respectively. Opposite, HBT 
has no effect on this process, probably due to the differences between the redox 
potential of the mediators. 

Wheat straw-rich soda pulp has recently been treated with an alkalophilic laccase 
isolated from γ-proteabacterium JB[72]. This microorganism was only able to 
produce the laccase, but no other lignin degrading enzymes. Three parameters 
(laccase units, pH and ABTS concentration) were optimized using response surface 
methodology based on central composite design in order to achieve the best 
degradation process. This led to an increase in pulp brightness of around 6.0%, 
while the kappa number was reduced in a 21% extent[73]. When a fresh chemically 
bleached pulp sample was subjected to laccase treatment, the final pulp properties 
were significantly improved in terms of chromophores, reducing sugars and 
hydrophobic compounds. The application of this laccase can reduce the use of 
hypochlorite by 10% in the pulp bleaching procedure. 

Recently, a biosensor for the detection of aromatic lignin degradation products has 
been developed[74]. This biosensor identified a novel multicopper oxidase by 
screening the metagenome of coal bed bacteria. This enzyme has a high similarity 
to CopA from Pseudomonas stutzeri ATCC14405 and Pseudomonas putida, two strains 
that able to degrade a wide range of aromatic compounds. The discovered oxidases 
were employed in the degradation of a lignin substrate, leading to 2,6-
dimethybenzene-1,4-diol as the major identified product after 3 h. 

2.2.3 Glutathione-dependent β-etherases acting on lignin degradation products 
In the ‘80 s the first glutathione-dependent β-etherases were discovered capable of 
catalyzing the reductive cleavage of β-ether bonds in lignin-related compounds[75]. 
The first detailed studies were reported for the βO4 aryl-ether cleaving enzyme 
system from the α-proteobacterium Sphingobium sp. SYK-6. This system is 
composed of three separate proteins; LigD (aCα-dehydrogenase), LigF (a β-
etherase) and LigG (a glutathione lyase), which have been successfully expressed in 
E. coli. The multi-enzyme system cleaves the β-aryl ethers of a model lignin dimer: 
guaiacylglycerol-β-guaiacyl. The role of each of the three enzymes in the lignin 
degradation is the following: (1) LigD catalyzed the NAD+-dependent oxidation of 
the Cα of lignin substrate from the alcohol to the corresponding ketone; (2) LigF 
cleaves the intermediate with the attachment of glutathione at the Cβ position, and 
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finally (3) LigG oxidizes glutathione and releases the final product (Figure 4)[76]. 
Two other glutathione reductases from Sphingobium sp. strain SYK-6 (LigE and 
LigP) are also able to catalyze the same reaction as LigF, but these enzymes are 
active on the opposite enantiomer of the carbonyl compound formed by the 
oxidation of guaiacylglycerol-β-guaiacyl with LigD[77]. Recently, the 
stereopreference of LigG has been studied together with two novel glutathione 
lyases (LigG-NS from Novosphingobium sp. PP1Y and LigTD from Thiobacillus 
denitrificans ATC 25259) in the enzymatic degradation of a lignin model substrate 
employing an enzymatic cascade of β-etherases and glutathione lyases. The tested 
enzymes showed β-(R)-enantiopreference. This enantiopreference can be increased 
or even reversed by mutagenesis [78]. As these enzyme systems are inherent 
intracellular (as NAD+ is an intracellular metabolite), they are not involved in the 
initial degradation of lignin. Yet, they may play a role in the degradation of the small 
lignin oligomers formed in the first steps of lignin degradation and may develop as 
useful biocatalysts in the field of lignocellulose utilization. 

Figure 4. Degradation of guaiacylglycerol-β-guaiacyl by Sphingobium sp. SYK-6: (1) 
LigD catalyzes the alcohol oxidation of the lignin substrate Cα; (2) LigF catalyzes 
the incorporation of glutathione at the Cβ position, and finally (3) LigG oxidizes 
glutathione, leading to the final product. 

Figure 5. Multienzymatic degradation of the biphenyl lignin derivative 2,2′-
dihydroxy-3,3′-dimethoxy-5,5′-dicarboxybiphenyl by Sphingomonas paucimobilis 
SYK-6. Four enzymes are involved: (1) LigX catalyzes the demethylation of the 
methoxy group; (2) ring fission is catalyzed by the dioxygenase LigZ; (3) CC 
hydrolysis is catalyzed by LigY, and (4) conversion of 5-carboxyvanillic acid into 
vanillic acid is performed by two decarboxylases (LigW and LigW2). 

2.2.4 The role of superoxide dismutases in bacterial lignin modification 
Recently two bacterial manganese-dependent superoxide dismutases (MnSODs) 
were discovered to have lignin degrading activity[79]. Superoxide dismutases typically 
catalyze the disproportionation of superoxide anion radical into molecular oxygen 
and hydrogen peroxide and play a key role in cellular protection against oxidative 
stress. Superoxide dismutases are in general intracellular enzymes, but some 
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2.1 Introduction 
 

Plant biomass is the most abundant renewable biomass on earth and is considered 
as an attractive source of bioenergy and biobased chemicals. It is mainly composed 
of lignin, cellulose and hemicellulose. The lignin percentage in lignocellulosic 
biomass is around 10–30% and is the second most abundant natural organic 
polymer. Lignin enables plants to generate rigid structures and provides protection 
against hydrolysis of cellulose and hemicellulose. The biotechnological conversion 
of lignocellulose into different carbohydrates, including glucose, is the basis for the 
production of ethanol, carbohydrates and aromatic products[1–3]. Such plant 
biomass derived products can be used as fuel, polymer precursors, food and flavor 
compounds, and pharmaceutical building blocks. For optimizing the use of plant 
biomass through biorefining, lignin degradation has become a key target in the last 
few years. Efficient and cost-effective methods for selective lignin degradation are 
in high demand. It is worth noting that, while the recent intensified efforts in 
complete valorization of plant biomass, lignin was already considered as a major 
industrial by-product in the first half of the previous century[4]. 

While cellulose and hemicellulose are built from carbohydrates, lignin is a highly 
cross-linked polymer formed by polymerization of 4-hydroxyphenylpropanoid 
monomers (monolignols) through various ether and carbon–carbon bonds. The 
phenolic moieties of the monomeric units are p-hydroxyphenyl (H), guaiacyl (G) 
and syringyl (S) groups and the percentage of each depends on the plant species and 
tissue. The formation of lignin is triggered by plant peroxidases and/or laccases. By 
oxidizing the phenolic monolignols into their respective phenolic radical, formation 
of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
promote polymerization. Monolignols can couple via various bonds with a 
preference of coupling through the β-carbon. The most occurring linkages involve 
β-β, β-O-4, and β-5 bonds[5], as shown in Figure 1. 
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Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 

 

Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
peroxidases (MnP), versatile peroxidases (VP), and dye-decolorizing peroxidases 
(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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examples of extracellular activity have been reported. Recently two extracellular 
MnSODs from Sphingobacterium sp. T2 (MnSOD1 and MnSOD2) were identified 
and partially purified[79]. Interestingly, both enzymes are able to perform the 
degradation of Organosolv and Kraft lignin, as well as different lignin model 
substrates, into several compounds. All the products formed resulted from aryl-Cα 
and Cα-Cβ bond oxidative cleavage reactions as well as from O-demethylation 
activity. The lignin oxidation reactivity of these MnSODs can be assigned to the 
formation of a hydroxyl radical, with a high oxidant efficiency. It remains to be 
established whether such superoxide dismutases are promising candidates for 
biotechnological application in the area of lignocellulose degradation and whether 
they are typical bacterial ligninolytic enzymes. 

2.2.5 Catalase-peroxidases are associated with lignocellulose degradation 
Recently, by a proteomic approach, a catalase-peroxidase (Amyco1) was identified 
as a heme-containing enzyme secreted by Amycolatopsis sp. 75iv2 when incubated 
with lignocellulosic material[16]. To provide further evidence for its involvement in 
lignin degradation, the enzyme was recombinantly produced and purified. Amyco1 
was found to be able to convert a phenolic lignin model compound, while a 
methylated derivative was not a substrate. With experimental confirmation that this 
catalase-peroxidase acts on a lignin-like compound, a role of Amyco1 in lignin 
modification seem feasible. Future research will tell whether such extracellular 
bacterial catalase-peroxidases are frequently used by bacteria to modify lignin. 

2.2.6 Bacterial dioxygenases may play a role in lignin degradation 
In 2013 a peculiar bacterial enzyme was described that is composed of a dioxygenase 
domain and a lignin-binding domain[80]. Again, this enzyme was isolated from a 
Streptomyces isolate and was found to be associated with a woodwasp which lays its 
eggs in wood. Therefore, it was anticipated that the isolated bacterium would exhibit 
plant biomass degradation capabilities. Indeed, a detailed characterization revealed 
a suite of secreted enzymes involved in hydrolytic and oxidative attack of 
lignocellulose. As part of the identification of secreted proteins, the SACTE_2871 
protein emerged. Based on the protein sequence, it appeared to be the result of a 
fusion of a intradiol dioxygenase and a carbohydrate binding module. The protein 
also contains an N-terminal Tat-translocation signal peptide which confirms its 
extracellular location. Recombinant expression of the enzyme in E. coli was 
successful and allowed the elucidation of the crystal structure of the dioxygenase 
domain. Furthermore, it could be confirmed that the enzyme was active as 
dioxygenase with several catechol derivatives. Intriguingly, it was discovered that 
the carbohydrate binding module displayed affinity towards synthetic lignin 
polymers. 

The involvement of a dioxygenase in a bacterial degradation pathway of lignin-
related compound is not unprecedented. One of the bacteria from which a β-
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etherase was identified, Sphingomonas paucimobilis SYK-6, was found to harbor 
another interesting degradation pathway related to lignin degradation, which 
includes a dioxygenase. A biphenyl compound (2,2′-dihydroxy-3,3′-dimethoxy-5,5′-
dicarboxybiphenyl) was identified as a growth substrate for Sphingomonas paucimobilis 
SYK-6[81]. Four different types of enzymes are involved in the initial steps of 
degrading this biphenyl: LigW/LigW2 (decarboxylases), LigY (a CC hydrolase), 
LigX (an iron-dependent demethylase) and LigZ (an extradiol dioxygenase) (Figure 
5). The demethylation of the methoxy group takes place by LigX. The product from 
this cleavage step is the substrate for the dioxygenase LigZ, which leads to a ring 
fission product yielding 5-carboxyvanillic acid and 4-carboxy-2-
hydroxypentadienoic acid. The product 5-carboxyvanillic acid is converted into 
vanillic acid in a process catalyzed by two decarboxylase enzymes (LigW and 
LigW2). These findings suggest that dioxygenases represents another tool used by 
bacteria to assist in lignin degradation. 

2.3 Outlook 
Bacteria do not possess the regular peroxidases that fungi employ for lignin 
degradation. This may be due to intrinsic difficulties in expressing these rather 
complex proteins that are typically glycosylated, contain several disulphide bonds, 
and incorporate several calcium ions and a heme cofactor. Folding and processing 
may require special conditions that are not compatible with the bacterial machinery 
for protein production. In line with this, it is worth noting that most of the attempts 
to produce peroxidases from the plant peroxidase superfamily failed. Yet, the DyP-
type peroxidases are somewhat less complex concerning their protein structure (no 
calcium binding sites, glycosylation or disulphide bonds needed) and are wide 
spread among bacteria. Recombinant expression of various DyPs in E. coli typically 
yielded high levels of expression which is in sharp contrast with the expression of 
fungal peroxidases[8]. This makes these bacterial peroxidases interesting targets for 
enzyme development. The bacterial laccases also seem to be suited for large scale 
recombinant enzyme production. A recent detailed study revealed that by 
optimizing expression conditions, various bacterial laccases can be produced in E. 
coli[82]. 

While the number of known bacterial peroxidases and laccases that may be involved 
in lignin degradation has grown remarkably in the last two decades, there may still 
be undiscovered enzyme types around that play a role in bacterial lignin degradation. 
Several new candidates have surfaced in the last few years, vide supra. Furthermore, 
one class of enzymes that has been overlooked are the enzymes that need to provide 
the bacterial peroxidases the required hydrogen peroxide. Such oxidases have been 
identified for the fungal peroxidases, and similarly it is expected that bacteria secrete 
oxidases. Yet, what type of oxidases and their respective substrates have still to be 
established. 
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Plant biomass is the most abundant renewable biomass on earth and is considered 
as an attractive source of bioenergy and biobased chemicals. It is mainly composed 
of lignin, cellulose and hemicellulose. The lignin percentage in lignocellulosic 
biomass is around 10–30% and is the second most abundant natural organic 
polymer. Lignin enables plants to generate rigid structures and provides protection 
against hydrolysis of cellulose and hemicellulose. The biotechnological conversion 
of lignocellulose into different carbohydrates, including glucose, is the basis for the 
production of ethanol, carbohydrates and aromatic products[1–3]. Such plant 
biomass derived products can be used as fuel, polymer precursors, food and flavor 
compounds, and pharmaceutical building blocks. For optimizing the use of plant 
biomass through biorefining, lignin degradation has become a key target in the last 
few years. Efficient and cost-effective methods for selective lignin degradation are 
in high demand. It is worth noting that, while the recent intensified efforts in 
complete valorization of plant biomass, lignin was already considered as a major 
industrial by-product in the first half of the previous century[4]. 

While cellulose and hemicellulose are built from carbohydrates, lignin is a highly 
cross-linked polymer formed by polymerization of 4-hydroxyphenylpropanoid 
monomers (monolignols) through various ether and carbon–carbon bonds. The 
phenolic moieties of the monomeric units are p-hydroxyphenyl (H), guaiacyl (G) 
and syringyl (S) groups and the percentage of each depends on the plant species and 
tissue. The formation of lignin is triggered by plant peroxidases and/or laccases. By 
oxidizing the phenolic monolignols into their respective phenolic radical, formation 
of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
promote polymerization. Monolignols can couple via various bonds with a 
preference of coupling through the β-carbon. The most occurring linkages involve 
β-β, β-O-4, and β-5 bonds[5], as shown in Figure 1. 
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Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 

 

Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
peroxidases (MnP), versatile peroxidases (VP), and dye-decolorizing peroxidases 
(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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examples of extracellular activity have been reported. Recently two extracellular 
MnSODs from Sphingobacterium sp. T2 (MnSOD1 and MnSOD2) were identified 
and partially purified[79]. Interestingly, both enzymes are able to perform the 
degradation of Organosolv and Kraft lignin, as well as different lignin model 
substrates, into several compounds. All the products formed resulted from aryl-Cα 
and Cα-Cβ bond oxidative cleavage reactions as well as from O-demethylation 
activity. The lignin oxidation reactivity of these MnSODs can be assigned to the 
formation of a hydroxyl radical, with a high oxidant efficiency. It remains to be 
established whether such superoxide dismutases are promising candidates for 
biotechnological application in the area of lignocellulose degradation and whether 
they are typical bacterial ligninolytic enzymes. 

2.2.5 Catalase-peroxidases are associated with lignocellulose degradation 
Recently, by a proteomic approach, a catalase-peroxidase (Amyco1) was identified 
as a heme-containing enzyme secreted by Amycolatopsis sp. 75iv2 when incubated 
with lignocellulosic material[16]. To provide further evidence for its involvement in 
lignin degradation, the enzyme was recombinantly produced and purified. Amyco1 
was found to be able to convert a phenolic lignin model compound, while a 
methylated derivative was not a substrate. With experimental confirmation that this 
catalase-peroxidase acts on a lignin-like compound, a role of Amyco1 in lignin 
modification seem feasible. Future research will tell whether such extracellular 
bacterial catalase-peroxidases are frequently used by bacteria to modify lignin. 

2.2.6 Bacterial dioxygenases may play a role in lignin degradation 
In 2013 a peculiar bacterial enzyme was described that is composed of a dioxygenase 
domain and a lignin-binding domain[80]. Again, this enzyme was isolated from a 
Streptomyces isolate and was found to be associated with a woodwasp which lays its 
eggs in wood. Therefore, it was anticipated that the isolated bacterium would exhibit 
plant biomass degradation capabilities. Indeed, a detailed characterization revealed 
a suite of secreted enzymes involved in hydrolytic and oxidative attack of 
lignocellulose. As part of the identification of secreted proteins, the SACTE_2871 
protein emerged. Based on the protein sequence, it appeared to be the result of a 
fusion of a intradiol dioxygenase and a carbohydrate binding module. The protein 
also contains an N-terminal Tat-translocation signal peptide which confirms its 
extracellular location. Recombinant expression of the enzyme in E. coli was 
successful and allowed the elucidation of the crystal structure of the dioxygenase 
domain. Furthermore, it could be confirmed that the enzyme was active as 
dioxygenase with several catechol derivatives. Intriguingly, it was discovered that 
the carbohydrate binding module displayed affinity towards synthetic lignin 
polymers. 

The involvement of a dioxygenase in a bacterial degradation pathway of lignin-
related compound is not unprecedented. One of the bacteria from which a β-
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etherase was identified, Sphingomonas paucimobilis SYK-6, was found to harbor 
another interesting degradation pathway related to lignin degradation, which 
includes a dioxygenase. A biphenyl compound (2,2′-dihydroxy-3,3′-dimethoxy-5,5′-
dicarboxybiphenyl) was identified as a growth substrate for Sphingomonas paucimobilis 
SYK-6[81]. Four different types of enzymes are involved in the initial steps of 
degrading this biphenyl: LigW/LigW2 (decarboxylases), LigY (a CC hydrolase), 
LigX (an iron-dependent demethylase) and LigZ (an extradiol dioxygenase) (Figure 
5). The demethylation of the methoxy group takes place by LigX. The product from 
this cleavage step is the substrate for the dioxygenase LigZ, which leads to a ring 
fission product yielding 5-carboxyvanillic acid and 4-carboxy-2-
hydroxypentadienoic acid. The product 5-carboxyvanillic acid is converted into 
vanillic acid in a process catalyzed by two decarboxylase enzymes (LigW and 
LigW2). These findings suggest that dioxygenases represents another tool used by 
bacteria to assist in lignin degradation. 

2.3 Outlook 
Bacteria do not possess the regular peroxidases that fungi employ for lignin 
degradation. This may be due to intrinsic difficulties in expressing these rather 
complex proteins that are typically glycosylated, contain several disulphide bonds, 
and incorporate several calcium ions and a heme cofactor. Folding and processing 
may require special conditions that are not compatible with the bacterial machinery 
for protein production. In line with this, it is worth noting that most of the attempts 
to produce peroxidases from the plant peroxidase superfamily failed. Yet, the DyP-
type peroxidases are somewhat less complex concerning their protein structure (no 
calcium binding sites, glycosylation or disulphide bonds needed) and are wide 
spread among bacteria. Recombinant expression of various DyPs in E. coli typically 
yielded high levels of expression which is in sharp contrast with the expression of 
fungal peroxidases[8]. This makes these bacterial peroxidases interesting targets for 
enzyme development. The bacterial laccases also seem to be suited for large scale 
recombinant enzyme production. A recent detailed study revealed that by 
optimizing expression conditions, various bacterial laccases can be produced in E. 
coli[82]. 

While the number of known bacterial peroxidases and laccases that may be involved 
in lignin degradation has grown remarkably in the last two decades, there may still 
be undiscovered enzyme types around that play a role in bacterial lignin degradation. 
Several new candidates have surfaced in the last few years, vide supra. Furthermore, 
one class of enzymes that has been overlooked are the enzymes that need to provide 
the bacterial peroxidases the required hydrogen peroxide. Such oxidases have been 
identified for the fungal peroxidases, and similarly it is expected that bacteria secrete 
oxidases. Yet, what type of oxidases and their respective substrates have still to be 
established. 
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production of ethanol, carbohydrates and aromatic products[1–3]. Such plant 
biomass derived products can be used as fuel, polymer precursors, food and flavor 
compounds, and pharmaceutical building blocks. For optimizing the use of plant 
biomass through biorefining, lignin degradation has become a key target in the last 
few years. Efficient and cost-effective methods for selective lignin degradation are 
in high demand. It is worth noting that, while the recent intensified efforts in 
complete valorization of plant biomass, lignin was already considered as a major 
industrial by-product in the first half of the previous century[4]. 

While cellulose and hemicellulose are built from carbohydrates, lignin is a highly 
cross-linked polymer formed by polymerization of 4-hydroxyphenylpropanoid 
monomers (monolignols) through various ether and carbon–carbon bonds. The 
phenolic moieties of the monomeric units are p-hydroxyphenyl (H), guaiacyl (G) 
and syringyl (S) groups and the percentage of each depends on the plant species and 
tissue. The formation of lignin is triggered by plant peroxidases and/or laccases. By 
oxidizing the phenolic monolignols into their respective phenolic radical, formation 
of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
promote polymerization. Monolignols can couple via various bonds with a 
preference of coupling through the β-carbon. The most occurring linkages involve 
β-β, β-O-4, and β-5 bonds[5], as shown in Figure 1. 
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Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 

 

Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
peroxidases (MnP), versatile peroxidases (VP), and dye-decolorizing peroxidases 
(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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It is interesting to note that only recently, also for the degradation of the cellulose 
part of plant biomass oxidative enzymes are recognized as major players in the 
degradation process. The copper-containing so-called lytic polysaccharide 
monooxygenases (LPMOs) have been found to be essential in the attack of the 
rather inert parts of cellulose and other polysaccharides. The recent finding of the 
Eijsink group that the LPMOs sequestered the required electrons from the lignin 
part of plant biomass suggests a strong link between the degradation of the different 
biomass moieties[83]. It will be interesting to see whether bacterial LPMOs can be 
linked to other redox enzymes secreted by bacteria and whether bacterial lignin 
degradation is intertwined with plant polysaccharide degradation. 

With the realization of the bacterial ability to modify the lignin part of plant 
biomass, biochemical studies on bacterial lignin degradation pathways and their 
respective enzymes has been revitalised. With new approaches to identify new 
lignin-degrading bacteria[74,84] in combination with detailed genomic, proteomic and 
biochemical studies, the identities and roles of bacterial ligninolytic enzymes will be 
uncovered in the coming years. 
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2.1 Introduction 
 

Plant biomass is the most abundant renewable biomass on earth and is considered 
as an attractive source of bioenergy and biobased chemicals. It is mainly composed 
of lignin, cellulose and hemicellulose. The lignin percentage in lignocellulosic 
biomass is around 10–30% and is the second most abundant natural organic 
polymer. Lignin enables plants to generate rigid structures and provides protection 
against hydrolysis of cellulose and hemicellulose. The biotechnological conversion 
of lignocellulose into different carbohydrates, including glucose, is the basis for the 
production of ethanol, carbohydrates and aromatic products[1–3]. Such plant 
biomass derived products can be used as fuel, polymer precursors, food and flavor 
compounds, and pharmaceutical building blocks. For optimizing the use of plant 
biomass through biorefining, lignin degradation has become a key target in the last 
few years. Efficient and cost-effective methods for selective lignin degradation are 
in high demand. It is worth noting that, while the recent intensified efforts in 
complete valorization of plant biomass, lignin was already considered as a major 
industrial by-product in the first half of the previous century[4]. 

While cellulose and hemicellulose are built from carbohydrates, lignin is a highly 
cross-linked polymer formed by polymerization of 4-hydroxyphenylpropanoid 
monomers (monolignols) through various ether and carbon–carbon bonds. The 
phenolic moieties of the monomeric units are p-hydroxyphenyl (H), guaiacyl (G) 
and syringyl (S) groups and the percentage of each depends on the plant species and 
tissue. The formation of lignin is triggered by plant peroxidases and/or laccases. By 
oxidizing the phenolic monolignols into their respective phenolic radical, formation 
of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
promote polymerization. Monolignols can couple via various bonds with a 
preference of coupling through the β-carbon. The most occurring linkages involve 
β-β, β-O-4, and β-5 bonds[5], as shown in Figure 1. 
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Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 

 

Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
peroxidases (MnP), versatile peroxidases (VP), and dye-decolorizing peroxidases 
(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 

42

2



Chapter II 

44 
 

It is interesting to note that only recently, also for the degradation of the cellulose 
part of plant biomass oxidative enzymes are recognized as major players in the 
degradation process. The copper-containing so-called lytic polysaccharide 
monooxygenases (LPMOs) have been found to be essential in the attack of the 
rather inert parts of cellulose and other polysaccharides. The recent finding of the 
Eijsink group that the LPMOs sequestered the required electrons from the lignin 
part of plant biomass suggests a strong link between the degradation of the different 
biomass moieties[83]. It will be interesting to see whether bacterial LPMOs can be 
linked to other redox enzymes secreted by bacteria and whether bacterial lignin 
degradation is intertwined with plant polysaccharide degradation. 

With the realization of the bacterial ability to modify the lignin part of plant 
biomass, biochemical studies on bacterial lignin degradation pathways and their 
respective enzymes has been revitalised. With new approaches to identify new 
lignin-degrading bacteria[74,84] in combination with detailed genomic, proteomic and 
biochemical studies, the identities and roles of bacterial ligninolytic enzymes will be 
uncovered in the coming years. 
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2.1 Introduction 
 

Plant biomass is the most abundant renewable biomass on earth and is considered 
as an attractive source of bioenergy and biobased chemicals. It is mainly composed 
of lignin, cellulose and hemicellulose. The lignin percentage in lignocellulosic 
biomass is around 10–30% and is the second most abundant natural organic 
polymer. Lignin enables plants to generate rigid structures and provides protection 
against hydrolysis of cellulose and hemicellulose. The biotechnological conversion 
of lignocellulose into different carbohydrates, including glucose, is the basis for the 
production of ethanol, carbohydrates and aromatic products[1–3]. Such plant 
biomass derived products can be used as fuel, polymer precursors, food and flavor 
compounds, and pharmaceutical building blocks. For optimizing the use of plant 
biomass through biorefining, lignin degradation has become a key target in the last 
few years. Efficient and cost-effective methods for selective lignin degradation are 
in high demand. It is worth noting that, while the recent intensified efforts in 
complete valorization of plant biomass, lignin was already considered as a major 
industrial by-product in the first half of the previous century[4]. 

While cellulose and hemicellulose are built from carbohydrates, lignin is a highly 
cross-linked polymer formed by polymerization of 4-hydroxyphenylpropanoid 
monomers (monolignols) through various ether and carbon–carbon bonds. The 
phenolic moieties of the monomeric units are p-hydroxyphenyl (H), guaiacyl (G) 
and syringyl (S) groups and the percentage of each depends on the plant species and 
tissue. The formation of lignin is triggered by plant peroxidases and/or laccases. By 
oxidizing the phenolic monolignols into their respective phenolic radical, formation 
of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
promote polymerization. Monolignols can couple via various bonds with a 
preference of coupling through the β-carbon. The most occurring linkages involve 
β-β, β-O-4, and β-5 bonds[5], as shown in Figure 1. 
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Domínguez de María, ACS Sustain. Chem. Eng. 2016, 4, 651–655. 

 

Chapter II 

28 
 

2.1 Introduction 
 

Plant biomass is the most abundant renewable biomass on earth and is considered 
as an attractive source of bioenergy and biobased chemicals. It is mainly composed 
of lignin, cellulose and hemicellulose. The lignin percentage in lignocellulosic 
biomass is around 10–30% and is the second most abundant natural organic 
polymer. Lignin enables plants to generate rigid structures and provides protection 
against hydrolysis of cellulose and hemicellulose. The biotechnological conversion 
of lignocellulose into different carbohydrates, including glucose, is the basis for the 
production of ethanol, carbohydrates and aromatic products[1–3]. Such plant 
biomass derived products can be used as fuel, polymer precursors, food and flavor 
compounds, and pharmaceutical building blocks. For optimizing the use of plant 
biomass through biorefining, lignin degradation has become a key target in the last 
few years. Efficient and cost-effective methods for selective lignin degradation are 
in high demand. It is worth noting that, while the recent intensified efforts in 
complete valorization of plant biomass, lignin was already considered as a major 
industrial by-product in the first half of the previous century[4]. 

While cellulose and hemicellulose are built from carbohydrates, lignin is a highly 
cross-linked polymer formed by polymerization of 4-hydroxyphenylpropanoid 
monomers (monolignols) through various ether and carbon–carbon bonds. The 
phenolic moieties of the monomeric units are p-hydroxyphenyl (H), guaiacyl (G) 
and syringyl (S) groups and the percentage of each depends on the plant species and 
tissue. The formation of lignin is triggered by plant peroxidases and/or laccases. By 
oxidizing the phenolic monolignols into their respective phenolic radical, formation 
of dimers is catalyzed. Subsequent enzyme-catalyzed single electron oxidations 
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Figure 1. Example of a lignin structure containing the most frequent bonds as well 
as the corresponding monomers that take part of its structure: 4-hydroxyphenyl (H), 
guaiacyl (G) and syringyl (S). 

 

Due to its aromatic nature and highly branched polymer network, lignin is rather 
inert towards degradation[6]. Yet, to complete global carbon cycling, nature has 
evolved catabolic pathways since the time that plants started to produce lignin[7]. 
White-rot fungi have developed a rich collection of extracellular oxidative enzymes 
to attack and degrade lignin. They employ different types of heme-containing 
peroxidases, which include the so-called lignin peroxidases (LiP), manganese 
peroxidases (MnP), versatile peroxidases (VP), and dye-decolorizing peroxidases 
(DyP)[8]. While some of these peroxidases are capable of attacking lignin or lignin 
fragments, peroxidases also attack lignin from a distance. By oxidizing mediators, 
small oxidizing agents are generated that can penetrate the branched lignin polymer 
to trigger depolymerization via radical chemistry[9–11]. Known mediators are lignin 
derived aromatic compounds (e.g. formation of veratryl alcohol cation radical) and 
manganese ions[12]. For effective peroxidase-based lignin degradation, also various 
fungal oxidases are secreted to produce the required hydrogen peroxide. Candidates 
for the extracellular production of hydrogen peroxide are aryl alcohol oxidases, 
glyoxal oxidases, and various carbohydrate oxidases. Except for peroxidases, fungi 
also secrete various copper-containing oxidative laccases that assist in lignin 
degradation. Intriguingly, it seems that the same types of enzymes used for lignin 
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Synthetic lignin was prepared biocatalytically in a one‐pot, two‐step reaction using 
an oxidase/peroxidase cascade enzyme system. Using eugenol in combination with 
eugenol oxidase and a peroxidase, lignin‐like material was produced. The cascade 
reaction takes advantage of the ability of the oxidase to produce coniferyl alcohol 
and hydrogen peroxide from eugenol and molecular oxygen. The hydrogen 
peroxide is used by the peroxidase for the formation of crosslinks that typify lignin. 
As eugenol oxidase has a broad substrate acceptance profile, also 4‐allylphenol 
(chavicol) and 4‐allyl‐2,6‐dimethoxyphenol could be used as precursors of the 
synthetic lignin. As a result, all three naturally occurring monolignols could be 
prepared and incorporated in the synthetic lignin. The reaction was optimized in 
order to achieve the highest possible yield of insoluble lignin oligomers and scaled 
up to 1 gram. Analysis of the water‐insoluble product by gel permeation 
chromatography revealed the formation of relatively small lignin oligomers (≈1000 
dalton). By using two‐dimensional heteronuclear single quantum coherence nuclear 
magnetic resonance spectroscopy (2D HSQC NMR) analysis it could be 
demonstrated that the material contained α‐O‐4/β‐O‐4, β‐O‐4, β‐β, β‐5 linkages 
and dibenzodioxocin units. All these features indicate that the biocatalytically 
produced material closely resembles natural lignin. While 54% of eugenol was 
converted into water‐insoluble oligomers, the remaining substrate was converted 
into water‐soluble dimers and tetramers which are important lignin model 
compounds. Therefore, the presented method represents a valuable and facile 
biocatalytic approach for the preparation of lignin‐like material and potentially 
valuable chemicals. 
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3.1 Introduction 
The demand for renewable energy is continuing to grow as more petroleum fuel is 
consumed and environment‐related problems continue to emerge. One potent 
renewable resource is lignin, the second most abundant natural polymer after 
cellulose.[1] Lignin is an aromatic hetero‐polymer composed of three classical 
monolignols: coniferyl, p‐coumaryl and sinapyl alcohols. These three monomers 
form the p‐hydroxyphenyl, guaiacyl and syringyl units in lignin. These units are 
linked via among others, β‐O‐4, β‐5, β‐β, β‐1, α‐O‐4, 4‐O‐5 and 5‐5′ linkages, of 
which β‐O‐4 generally constitutes up to 50% of total bonds in lignin (see Figure 
1).[2–6] The relative amount of the three lignols and the types and ratios of linkages 
in lignin are plant dependent. 

 

Figure 1. The most common linkages found in lignin.[2] 

Due to its complex chemical structure, processing lignin into simpler compounds 
is still a challenge.[6,7] Various approaches have been reported for its valorization via 
depolymerization into smaller fragments.[6–9] However, there is still a need for 
effective processes by which lignin can be used as a starting material for high‐value 
products. 
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Lignin model compounds are often used for studying (bio)chemical processes by 
which natural lignin can be depolymerized.[7–10] Such synthetic lignin molecules 
typically are short and defined oligomers (dimers, trimers, tetramers and even 
hexamers), in which the monolignols are linked via up to three different linkage 
types.[4,11–17] Synthetic lignin compounds have been used to screen for 
microorganisms capable of producing lignin‐degrading enzymes.[18] Still, these 
molecules do not fully resemble natural lignin as they are highly defined molecules 
lacking the complexity of natural lignin. Therefore, new methodology for the 
production of native‐like lignin model compounds is of great value for studying 
lignin reactivity. 

The main aim of this study was to synthesize lignin starting from cheap and 
renewable material by a facile biocatalytic approach. Such a lignin would be a close 
mimic of natural lignin, harbouring various linkage types that also occur in natural 
lignin while containing all natural monolignols. The key biocatalyst for this study is 
the bacterial eugenol oxidase (EUGO) that we recently identified.[19] This oxidase is 
unique in its ability to produce all three natural monolignols from the corresponding 
4‐allylphenols. These oxidation reactions merely require molecular oxygen as an 
electron acceptor (reduced into hydrogen peroxide) and water for the hydration of 
the quinone methide reaction intermediate to form the final monolignols. The 
EUGO‐catalyzed conversion of 4‐allylphenols (eugenol, 4‐allyl‐2,6‐
dimethoxyphenol, and chavicol, respectively) yields all three monolignols (coniferyl, 
sinapyl, and coumaryl alcohols, respectively) and hydrogen peroxide.[20] These 
products, the monolignols and hydrogen peroxide, are precisely the requirements 
for a peroxidase‐catalyzed reaction that will lead to lignin formation. Similar 
conversions using an oxidase‐laccase system starting from eugenol have resulted in 
the production of pinoresinol.[21] Peroxidases are known to oxidize monolignols 
into phenolic radicals which, through spontaneous free radical polymerization, form 
polymers (see Scheme 1).[22]  
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Scheme 1. Conversion of eugenol (1) into coniferyl alcohol (2) using EUGO.[19,20] 
The formed coniferyl alcohol (2) is oxidized by a peroxidase into lignin oligomers. 

3.2 Results and Discussion 
3.2.1 Synthesis of Coniferyl Alcohol (2) from Eugenol (1) using Eugenol Oxidase 

(EUGO) 
To establish whether EUGO can be used for the preparation of the monolignol 
coniferyl alcohol (2), we first explored the efficiency of EUGO‐catalyzed eugenol 
conversions. Coniferyl alcohol (2) is an expensive compound while its precursor 
eugenol (1) is very cheap and can be isolated from clove oil. To find optimal 
conditions for the production of coniferyl alcohol (2), various enzyme 
concentrations (50, 500 and 5000 nM) were tested for the conversion of 10 mM 
eugenol at pH 7.5, 30 °C. After 20 h incubation, conversions of respectively 7.7, 
37.5 and 82% were observed. The observation that the conversion was not 
complete, even when using a high enzyme loading, can be explained by the fact that 
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coniferyl alcohol (2) is a competitive inhibitor. The formed coniferyl alcohol was 
extracted and compared with commercially available coniferyl alcohol using 
analytical HPLC revealing a high degree of purity (Supporting Information, Figure 
S3). 

3.2.2 Synthesis of Lignin‐Like Oligomers from 4‐Allylphenols using EUGO in 
Combination with Peroxidases 

The second step in the synthesis of lignin‐like material from eugenol (1) is the 
formation of monolignol free radicals by the action of a peroxidase. We tested two 
sequence‐unrelated peroxidases for this: (i) peroxidase from horseradish (HRP),[23] 
and (ii) a DyP‐type peroxidase from bacterial origin (SviDyP).[24] Although the 
polymerisation of lignin monomers (i.e. coniferyl, coumaryl and sinapyl alcohols) 
using HRP has been reported previously, attempts for this conversion from eugenol 
using a recombinant oxidase (EUGO) coupled with a peroxidase has not been 
reported to the best of our knowledge.[18,25,26] Coniferyl alcohol is a relatively 
expensive and labile compound while eugenol is a natural and abundant natural 
compound which makes it an attractive starting material for the production of 
lignin‐like material. The use of a recombinant peroxidase (SviDyP) for synthesizing 
lignin from eugenol opens new applications for the use of this newly discovered 
class of peroxidases. DyP peroxidases are emerging as promising alternatives for 
commonly known plant and fungal peroxidases due to their robustness, higher 
temperature stability and ease of production.[27] When incubating eugenol (1) as a 
substrate in the presence of EUGO and HRP or SviDyP, the solution quickly turned 
turbid which was not observed when no peroxidase was added. The insoluble 
material could be isolated by centrifugation and displayed a white colour and did 
not contain protein. Subsequently, we optimized conditions for the two enzyme 
combinations by monitoring the formation of turbidity through measuring the 
absorbance (due to light scattering) at 600 nm. This revealed that most turbidity was 
formed when using a temperature of 30 °C, an agitation rate of 50 rpm, a ratio of 
reaction volume to air headspace of 1:10, 10 mM eugenol (1) and a pH of 7 when 
using HRP and pH 6 when using SviDyP. The latter finding is in line with that fact 
that DyP peroxidases tend to have a relatively low pH optimum compared to 
HRP.[27] Using these conditions, eugenol (1) conversion was monitored by HPLC 
in order to follow substrate (eugenol 1) depletion while also measuring absorbance 
at 600 nm (Figure 2). This revealed that virtually all eugenol (1) was converted in 
this one‐pot cascade reaction. 
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Figure 2. Biocatalytic conversion of eugenol (1) (10 mM) by EUGO (50 nM) and 
HRP (650 nM) in one‐pot, monitored by HPLC and absorbance at 600 nm. 

EUGO accepts numerous phenolic substrates.[20] Interestingly, it also oxidizes 4‐
allyl‐2,6‐dimethoxyphenol and chavicol into their respective monolignols. 
Therefore, we also tested EUGO/HRP and EUGO/SviDyP couples with these 
allylphenols. The use of EUGO/SviDyP with 4‐allyl‐2,6‐dimethoxyphenol or 
chavicol resulted in only a very slight increase at 600 nm after an incubation of 98 
h. EUGO/HRP gave better results when taking the absorbance at 600 nm as a 
measure for the formation of lignin‐like insoluble material. These data indicate that 
the EUGO/HRP couple can be used for the formation of lignin‐like polymers that 
contain all three monolignols as found in natural lignin. Therefore, an experiment 
was performed in which a substrate mixture of all three 4‐allylphenols was used. 
This resulted in appearance of turbidity for both enzyme cascades. In line with the 
results with the separate allylphenols, EUGO/HRP resulted in formation of more 
turbidity when compared with EUGO/SviDyP. While the lignin‐like product 
obtained from the reaction with eugenol (1) could be characterized (vide infra), the 
product from the reactions using all three 4‐allylphenols was significantly more 
complex to analyze. This hints to the formation of a more complex polymer that 
contains other monomers apart from coniferyl alcohol (2) and also indicates that 
with this biocatalytic cascade it should be possible to tune the amount of methoxy 
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groups in the synthetic lignin‐like material. This would allow us to mimic the 
different lignin types that are observed depending on the plant source. 

3.2.3 Analysis of the Soluble Fraction by LC‐MS and NMR 
Lignin synthesis using the oxidase‐peroxidase system is expected to proceed via the 
sequential formation of dimers, tetramers and even higher molecular weight 
oligomers. Depending on the size of such oligomers, they either remain in solution 
or precipitate. For a better view on the types of products formed during incubation 
of eugenol (1) with EUGO/HRP, we performed an extensive chemical analysis of 
the formed products. Analysis of the solution at 2, 24, and 98 h was done using 
analytical HPLC to follow the formation and disappearance of various compounds 
corresponding to substrate (eugenol, 1), intermediate (coniferyl alcohol, 2) or 
products (various oligomers). This confirmed full conversion of eugenol (1) after 
98 h, while coniferyl alcohol (2) could only be observed after 2 h. Mass balance 
analysis showed that, although eugenol (1) was completely converted, only about 
50% is converted into water‐insoluble product. The remainder of the eugenol (1) is 
converted into water‐soluble products. After 24 h, formation of some pinoresinol 
was observed (Supporting Information, Figure S4). Analysis of the soluble fraction 
formed after 98 h incubation revealed that the most abundant product was a 
tetramer. By COSY, HMBC 2D NMR and HSQC 2D NMR measurements (see the 
Supporting Information, Figure S6) it could be identified as a tetramer that has two 
coniferyl alcohol (2) units in the core connected by a 5‐5 linkage and each of the 
two coniferyl alcohol (2) units are connected to an eugenol (1) unit through a β‐O‐
4 linkage (3). LC‐MS also confirmed a mass of 719 in positive mode and 717 in 
negative mode, corresponding to the calculated tetramer mass (MW=718) (see the 
Supporting Information, Figures S7a and S7b). The second most dominant peak in 
the soluble fraction was confirmed to be phenylcoumaran (4), a dimer known to be 
produced by the reaction of coniferyl alcohol (2) with HRP.[28] Analysis by LC‐MS 
confirmed a mass of 357 in negative mode (calculated MW=358) (see the Supporting 
Information, Figure S8). A third soluble product was confirmed to be a dimer of 
eugenol (1), dieugenol (5) (Figure 3). Analysis by LC‐MS revealed a mass of 327 in 
positive mode and 325 in negative mode (calculated MW=326) (see the Supporting 
Information, Figures S9a and S9b). Figures S10–S12 in the Supporting Information 
show the 1H NMR and 13C NMR spectra for each of the three identified soluble 
oligomers. For comparison, we also performed a conversion of coniferyl alcohol to 
lignin using HRP and subsequent HPLC analysis (Supporting Information, Figure 
S13). This revealed the absence of peaks corresponding to those of the tetramer 
and dieugenol seen when using eugenol as the starting substrate. Only peaks 
corresponding to retention times of phenylcoumaran and pinoresinol could be seen. 
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Figure 3. The identified structures for the major soluble products formed upon 
conversion of eugenol using an EUGO‐HRP enzyme mixture; (3) tetramer, (4) 
phenylcoumaran, (5) dieugenol. 

 

3.2.4 Characterization of the Lignin‐Like Oligomers in the Water‐Insoluble 
Fraction 

The formed insoluble lignin product was analyzed by GPC and 2D‐NMR to 
investigate the size of the formed oligomers as well as their chemical structure. GPC 
revealed the presence of oligomers in the range of 300–1100 Da relative to a 
polystyrene standard (Mn 690, MW 810, d 1.2, see Figure 4). By considering the 
average mass of a monomer in the lignin structure, this mass would relate to dimeric 
to pentameric oligomers. 
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Figure 4. GPC analysis of lignin obtained from the biocatalytic cascade reaction 
with eugenol (1). 

To confirm the presence of structural motifs that are also in natural lignin, 2D 
HSQC NMR analysis was performed (see Figure 5). From the obtained spectrum, 
clearly signals belonging to lignin α‐O‐4,[29] β‐O‐4, β‐β, β‐5 and 5‐5′ could be 
observed. Also a dibenzodioxocin fragment was identified and confirmed based on 
previous findings.[30] Additionally, it was found that in a conversion starting with 
≈33 mg eugenol (1), α‐O‐4/β‐O‐4, β‐O‐4, β‐5, β‐β linkages and dibenzodioxocin 
units were formed in a ratio of 35.8 : 12.9 : 13.4 : 13.2 : 11.4, respectively. The 
synthesized lignin has 48.7% α‐O‐4/β‐O‐4 and β‐O‐4 linkages as compared to 45–
50%, 60–62% and 74–84% in softwood, hardwood and grasses, respectively.[6] The 
β‐5 linkages form 13.4% of the total linkages found in the synthetic lignin. This is 
comparable to the amount found in natural lignin (ranging from 3 up to 12%).[6] 
The amount of β‐β linkages reaches 13.2% in the synthetic lignin oligomers. This is 
close to the range found in natural lignin (between 1 and 12%). This is likely to 
originate from the preference of the enzyme mixture to produce pinoresinol‐type 
structures. The dibenzodioxocin units represent a large fraction of the linkages 
found in the synthesized lignin covering 11.4% of the total linkages produced. 
Softwood and hardwood lignin do not exceed 7%.[6] The material analyzed is based 
on a reaction using eugenol (1) as a starting point, resulting in in situ formation of 
only one monolignol, coniferyl alcohol (2). A different starting substrate (e.g. sinapyl 
or coumaryl alcohol) or a mixture of substrates may give different results. 
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By comparing the polymers formed in the soluble and insoluble fractions, it was 
found that only β‐O‐4, 5‐5′ and β‐5 linkages were found in the soluble fraction (as 
shown in Figure 3). The insoluble lignin fraction showed, in addition to the 
aforementioned linkages, α‐O‐4, β‐β linkages and a dibenzodioxocin unit (see 
Figure 5). 

 

Figure 5. HSQC 2D NMR spectrum showing the different types of linkages formed 
upon biocatalytic synthesis of lignin‐like material from eugenol (1). The method for 
calculating the percentage of linkages involved in the different lignin oligomers is 
explained in the Supporting Information under Method S2. 
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3.2.5 One Gram Conversion of Eugenol (1) into Lignin‐Like Material 
Lignin‐like oligomer production was scaled‐up by using 1 g of eugenol (1) in a 1 L 
reaction. This resulted in the production and isolation of 536 mg of insoluble lignin‐
like material (yield of 53.6%). The turnover number of EUGO for the reaction is 
equal to 120,000 [mol eugenol (1)/mol EUGO) and 824 (mol lignin product/mol 
HRP]. To check the robustness of the enzyme mixture, a second conversion was 
carried out by adding 1 g of eugenol (1) to the same reaction mixture after removal 
of the insoluble oligomers. The amount of insoluble lignin formed in the second 
cycle was ≈290 mg. As the total reaction time was 6 days, it is a clear indication that 
both biocatalysts are rather robust. Furthermore, downstream processing of the 
soluble oligomers formed from the successive conversions gave isolated yields of: 
105 mg lignin tetramer, 36 mg phenylcoumaran and 2 mg dieugenol. 

3.3 Conclusions 
This study has successfully produced low molecular weight lignin‐like oligomers 
using merely two enzymes and eugenol (1) as a substrate in a one‐pot approach. It 
was also shown that 4‐allyl‐2,6‐dimethoxyphenol and chavicol can be used as 
substrates which allows us to prepare nature‐like lignin material. The products 
formed have been analyzed and validated using HPLC, GPC, 1H NMR, 13C NMR 
and 2D NMR. The ability to generate lignin in vitro could serve as a strong basis 
for future applications. Research focusing on lignin degradation may benefit from 
the use of defined but complex synthetic lignin that can be prepared in a facile and 
cheap manner. 

3.4 Experimental Section 
3.4.1 Chemicals and Reagents 
Eugenol (1), 4‐allyl‐2,6‐dimethoxyphenol, coniferyl alcohol (2), pinoresinol, 
DMSO‐d6, Tris, oligonucleotide primers, and peroxidase from horseradish (HRP) 
were purchased from Sigma–Aldrich (St Louis, MO, USA). All media components 
and ampicillin antibiotic were from Fischer Scientific chemicals (Pittsburgh, PA, 
USA). Solvents were purchased from JT Baker (Pittsburgh, PA, USA), Lab Scan 
Analytical Sciences (Gliwice, Poland) and Macron Fine Chemicals (Center Valley, 
PA, USA). Complete Ultra tablets (protease inhibitor cocktail) were purchased from 
Roche (Basel, Switzerland). 

3.4.2 Enzyme Expression, Purification and Storage 
E. coli strains were grown in 5 mL LB broth medium at 37 °C overnight to 
saturation. The cultures were diluted 100 times in terrific broth (TB) medium and 
grown at 37 °C/135 rpm until the OD600 reached 0.6. Induction was performed by 
adding 0.02% (w/v) l‐arabinose and the cells were incubated at 30 °C/135 rpm 
overnight. SviDyP and EUGO were both expressed from NEB‐10β cells in 500 mL 
TB broth medium placed in 2.5 L flasks. SviDyP and EUGO were produced using 
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pBAD‐SviDyP and pBAD‐EUGO expression vectors, respectively obtained from 
GECCO (Groningen, The Netherlands). 

Cells were harvested by centrifugation at 6000 × g (Beckman Coulter, Avanti JE 
centrifuge, JLA 14 rotor or Beckman Coulter, Avanti J20 XP, JLA 9.1000 rotor) for 
20 min at 4 °C. The pellets containing the pBAD‐SviDyP were washed in Buffer A 
containing one tablet of protease inhibitor cocktail. They were then disrupted by 
sonication (10 min total time with cycles of 10 s on and 10 s off at 70% amplitude) 
using a Sonics Vibra‐Cell VCX130 probe sonicator (Newtown, CT, USA). The cell‐
free extract was obtained by centrifugation at 16000 × g for 30 min at 4 °C. The 
extracts were filtered using Whatman FP 30/0.45 CA‐S membrane syringe filters 
(GE Healthcare Lifesciences, Uppsala, Sweden) to remove remaining cell debris. 

Enzymes were purified by using an ÄKTApurifier (GE Healthcare Lifesciences). 
SviDyP was purified from cell‐free extract using a 5 mL His‐Trap HP column (GE 
Healthcare Lifesciences) and EUGO was purified using a 5 mL Q HP HiTrap 
column (GE Healthcare Lifesciences). The column was pre‐equilibrated using 
Buffer A followed by loading of the cell‐free extract. Buffer A was then used to 
wash unbound components from the column. Enzymes were eluted in a gradient 
using buffer B starting from 0 to 500 mM imidazole and 0 to 1 M KCl for each of 
SviDyP and EUGO, respectively. After purification was complete, the protein was 
desalted using the HiPrep 26/10 Desalting column (GE Healthcare Lifesciences) 
or Econo‐Pac® 10DG Desalting Prepacked Gravity Flow Columns – BioRad 
(Hercules, CA, USA) using Buffer C. All enzymes were frozen using liquid nitrogen 
and stored at −20 °C until further use. Buffer compositions are mentioned in the 
Supporting Information, Table S2. 

3.4.3 Determination of Enzyme Concentration 
EUGO and SviDyP enzyme concentrations were determined based on their 
absorbance at 441 and 280 nm, respectively. The molar extinction coefficient (ϵ) of 
EUGO at 441 nm = 14.2 mM−1 cm−1.[19] SviDyP concentration was determined 
based on the predicted molecular extinction coefficient using the ProtParam tool;[31] 
ϵSviDyP at 280 nm = 48.6 mM−1 cm−1. An HRP stock solution of 68 μM in 20 mM 
KPi, pH 7 was prepared based on its molecular weight (MW ≈ 44,000 Da). 

3.4.4 Biocatalytic Synthesis of Coniferyl Alcohol (2) from Eugenol (1) using 
EUGO 

Coniferyl alcohol (2) was synthesized in a 2 mL reaction volume containing 20 mM 
KPi buffer pH 7.5, 50 nM EUGO, 5% (v/v) DMSO, 10 mM eugenol (1) and 50 
nM catalase. The experiment was conducted at 30 °C/50 rpm in an Infors HT 
Multitron Standard incubator (Bottmingen, Switzerland). The conversion was 
repeated using three different concentrations of EUGO; 50, 500 and 5000 nM. 
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Another run was done in 25 mL volume using 20 mM eugenol (1) and 5000 nM of 
EUGO and catalase. This reaction was performed for extraction of coniferyl 
alcohol (2) using ethyl acetate to quantify the yield and purity of coniferyl alcohol 
(2) formed. For quantification of coniferyl alcohol (2), samples were taken and 
diluted 20‐fold in 50 mM Tris/HCl, pH 11. The coniferyl alcohol (2) concentration 
was determined by measuring the absorbance at 313 nm using a JASCO V‐660 
UV/Vis spectrophotometer at different intervals using an extinction coefficient at 
313 nm of 13.9 mM−1 cm−1 (see the Supporting Information for details). 

3.4.5 Analysis of Coniferyl Alcohol by HPLC 
Coniferyl alcohol (2) was obtained by extracting three times with an equal volume 
of ethyl acetate. Then, the extraction liquids were combined and the ethyl acetate 
was removed under vacuum using a IKA® Distilling Rotary Evaporator (Staufen 
im Breisgau, Germany). A sample of the liquid remaining after evaporation was 
taken and diluted 20‐fold using MilliQ water. It was analyzed by reverse phase 
HPLC using a JASCO HPLC system. A 10 μL volume of the diluted sample was 
injected into a Grace Altima HP C18 column (3 μm, 4.6×100 mm, with a 
precolumn of the same material). As references, pinoresinol, coniferyl alcohol (2) 
and eugenol (1) (1.0 mM stock solutions) were also injected. The solvents used for 
the system were: a) water with 0.1% v/v formic acid and b) acetonitrile. The HPLC 
method was: 2 min 10% B, 30 min on a gradient of 10–100% B, 5 min 100% B 
followed by a 3 min decreased gradient of 100–10% B and finally re‐equilibration 
for 7 min. Detection was done using a UV detector at 254 nm and the flow rate was 
maintained at 0.5 mL min−1. 

3.4.6 Biocatalytic Synthesis of Lignin‐Like Oligomers from Eugenol (1), 4‐Allyl‐
2,6‐dimethoxyphenol and Chavicol 

Lignin product was synthesized using the same mixture as for the synthesis of 
coniferyl alcohol (2) from eugenol (1) (see above) with some modifications. The 20 
mM KPi buffer was at pH 7 for experiments done using HRP and pH 6 when 
SviDyP was used. EUGO was added as the oxidase enzyme component at 50 nM 
concentration. HRP or SviDyP were added in 680 nM concentrations. Eugenol (1), 
chavicol or 4‐allyl‐2,6‐dimethoxyphenol were used as a substrate in 10 mM 
concentrations. The ratio of reaction volume to air headspace was always 
maintained at a ratio of 1:10. To compare the compounds produced when using 
eugenol as a starting substrate to those formed when using coniferyl alcohol as a 
starting substrate, a reaction was performed starting with 10 mM coniferyl alcohol. 
The hydrogen peroxide needed for the conversion was supplied by adding 10 mM 
glucose and 50 nM glucose oxidase. HRP was used as the peroxidase component 
and was added at a concentration equal to 650 nM. All other conditions are as 
mentioned above. For more details on the experimental conditions, see Table S1 in 
the Supporting Information. 
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3.4.7 Analysis of Lignin Formation 
At regular intervals, samples of the lignin conversions were taken, and optical 
density was measured using a Thermoscientific Nanodrop 1000 (Waltham, MA, 
USA) at 600 nm. A conversion catalyzed by 50 nM EUGO and 650 nM HRP 
containing 10 mM eugenol (1) in a 20 mL reaction was analyzed by HPLC. The 
conversion was maintained in 20 mM KPi buffer pH 7 in the presence of 5% (v/v) 
DMSO. Samples were taken at regular intervals over 98 h and heated to 90 °C for 
5 min. They were then centrifuged for 2 min and the supernatant injected into a 
reverse phase HPLC. The conditions were similar to those mentioned for coniferyl 
alcohol (2) analysis with some modifications. The method was: 2 min 10% B, 18 
min on a gradient of 10–70% B, 3 min 70% B followed by a 10 sec decreased 
gradient of 70–10% B and re‐equilibration for 7 min. Detection was done at 280 
nm. Standard concentrations of eugenol (1) and coniferyl alcohol (2) were mixed 
together in 10% acetonitrile to construct a calibration curve. The concentrations 
used were 0.5, 1, 2, 3 and 4 mM. Pinoresinol was also injected to analyze any 
significant peaks being formed. 

3.4.8 One Gram Conversion of Eugenol (1) 
In a 2.5 L flask, 1.0 L of KPi 20 mM pH 7, EUGO 50 nM, HRP 650 nM, in DMSO 
1.5% (v/v) was prepared to which 1.0 g eugenol (1) was added as a final component. 
The flask was placed at 30 °C/50 rpm and samples were routinely taken to analyze 
when the eugenol (1) was fully consumed. The solution was filtered using a pre‐
weighed 47 mm, 0.45 μm solvent filter from Waters (Milford, MA, USA) under 
vacuum. The filter paper carrying the lignin‐like oligomers was then dried at 80 °C 
until constant weight and then reweighed. The difference in weight corresponds to 
the yield of lignin from the conversion. To test for turnover capacity of the enzymes 
in the conversion, the reaction was repeated using the flow‐through from the first 
cycle. To this solution, 1.0 g eugenol (1) and 1.5% DMSO was added and the 
eugenol (1) consumption monitored for another 5 days. Then, 200 mL of the 
conversion were filtered, and the residue dried in the oven at 80 °C until constant 
weight. 

3.4.9 Analysis of Soluble Fraction 
Acetonitrile was added to the flow-through after the two 1.0 g eugenol (1) 
conversions were completed to make 10% (v/v) and acidified with formic acid 
(0.1% [v/v]). The final mixture was fractionated on a 12 g (equivalent to 18 mL) 40 
μm Reveleris C‐18 cartridge (Grace, IL, USA). After sample application, the column 
was washed with 4 column volumes of 10% acetonitrile and eluted using a gradient 
of 25 column volumes to reach 80% acetonitrile. Fractions were collected and 
analyzed for purity using analytical HPLC as described in the LC section. Further 
identification of obtained products was done by LC‐MS with LCQ Fleet 
(ThermoFisher Scientific, MA, USA) using a previously described procedure.[32] 
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Pure fractions for NMR analysis were extracted 3 times with ethyl acetate, dried 
over anhydrous MgSO4, filtered and concentrated by rotavap. 

3.4.10 Analysis of Insoluble Fraction 
A conversion containing 20 mM KPi pH 7, 50 nM EUGO, 650 nM HRP, 33 mg 
eugenol (1) and 5% (v/v) DMSO was done in 20 mL reaction volume. The 
conversion was done for 72 h at 30 °C/50 rpm. 5 mL of the reaction was 
centrifuged for 3 min in two 5 mL Eppendorf tubes. The supernatant was discarded 
and 5 mL of the conversion was added again to both Eppendorf tubes. 
Centrifugation was repeated. The pellet was washed once with 20 mM KPi pH 7 
buffer and once with demineralized water. It was then flash frozen using liquid 
nitrogen and freeze dried using a Christ Alpha 2–4 LDplus freeze drier (Osterode 
am Harz, Germany) overnight. 

The freeze‐dried sample was suspended in a 1:100 toluene (GPC internal standard): 
THF mixture to make a final concentration of 10 mg mL−1. It was then sonicated 
at 40% amplitude until complete dissolution. Subsequently, the solution was filtered 
(0.2 μm syringe filter) and used for GPC analysis on a Hewlett Packard 1100 system 
equipped with three PL‐gel 3 μm MIXED‐E columns in series. The liquid phase 
was THF operated at 42 °C at a flow‐rate of 1 mL min−1. Detection was 
accomplished at 35 °C using a GBC LC 1240 RI detector. The molecular weight 
was calibrated using polystyrene standards of known molecular weight distribution. 

The freeze‐dried lignin sample was suspended in DMSO‐d6 and sonicated for 5 
min at 40% amplitude until complete dissolution. An HSQC 2D NMR spectrum 
was recorded on an Agilent Technologies 400/54 Premium shielded spectrometer. 
Mestrenova 9.1 was used for data processing. 
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Abstract 

Syringaresinol was synthesized in a one-pot conversion containing eugenol oxidase 
(EUGO) and horseradish peroxidase (HRP) using the relatively cheap 2,6-
dimethoxy-4-allylphenol as a substrate. This conversion is fully coupled as the 
hydrogen peroxide generated from the reaction of EUGO with the substrate is 
utilized by the HRP to convert the formed sinapyl alcohol into syringaresinol. To 
improve the performance of EUGO on 2,6-dimethoxy-4-allylphenol, structure-
inspired enzyme engineering was performed. This yielded the I427A EUGO mutant 
that is significantly more efficient with 2,6-dimethoxy-4-allylphenol. The I427A 
EUGO mutant together with HRP were capable of efficiently producing 
syringaresinol as a major product. After optimization and upscaling, the conversion 
to a semipreparative scale (1 gr), syringaresinol was obtained in 81% yield. 
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4.1 Introduction 
One-pot enzymatic cascades have received an increasing attention over recent 
years[1,2] Such approaches are attractive as they save time, money, and energy needed 
to make or isolate compounds with a high degree of purity and quality.[3] These 
cascades also allow conversions in which labile intermediates can be used. One-pot 
cascades have involved a wide range of enzymes ranging from but not exclusive to 
dehydrogenases, transaminases, Baeyer–Villiger monooxygenases, and oxidases.[2–5] 
Recently, we published a one-pot two-enzyme cascade conversion utilizing an 
oxidase and a peroxidase to convert eugenol into lignin-like oligomers.[6] The 
diversity of enzymes used in one-pot reactions has added to the value of this 
approach to synthesize various chiral compounds and other compounds which are 
difficult to be produced by conventional chemical means. 

In this paper, the synthesis of syringaresinol (3) in a one-pot two-enzyme 
conversion is described (see Scheme 1). Syringaresinol (3) is a lignan formed from 
two sinapyl alcohol (2) units linked via a β–β linkage. The lignan is known to display 
various interesting bioactivity properties. It inhibits the motility of Helicobacter pylori 
in the stomach thus playing a role in protection from gastric cancer.[7] It has also 
been found to help in the healing of wounds when present as a glucoside. [8,9] Chung 
and co-workers displayed the effect of syringaresinol (3) in increasing the 
production of nitric oxide from nitric oxide synthase and its complementary effect 
on vasorelaxation of blood vessels.[10] Syringaresinol is a very rigid compound due 
to the presence of a cis-fused bis-furanic moiety in its structure. This makes it an 
attractive candidate for use as a substitute for bisphenol A in industrial resins.[11,12] 

 

Scheme 1. Conversion of 2,6-Dimethoxy-4-allylphenol (1) to Sinapyl Alcohol (2) 
Using EUGO and Sinapyl Alcohol to Syringaresinol (3) Using HRP 

Despite being available naturally in plants, syringaresinol is isolated from natural 
sources in a very low yield.[8] Chemical synthesis of syringaresinol has achieved 
yields reaching 67% through copper catalysis. However, these methods are 
problematic with regard to the toxicity of the chemicals used and the costs of the 
various purification steps involved.[10] The biocatalytic synthesis of syringaresinol 
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from sinapyl alcohol has been described recently using a laccase from Trametes 
versicolor producing the lignan in a yield of 93% in one step. [8] This method is very 
efficient in a multigram scale, yet, concern should be taken to the price of the 
starting material, sinapyl alcohol. 

Inspired by the approach in which sinapyl alcohol is converted into syringaresinol, 
we designed a two-step one-pot conversion starting from the relatively cheap 2,6-
dimethoxy-4-allylphenol. This allylphenol was shown to be a substrate for eugenol 
oxidase (EUGO) by which it is converted into sinapyl alcohol. Except for sinapyl 
alcohol, hydrogen peroxide is also formed upon conversion by EUGO. This 
prompted us to choose a peroxidase to perform the oxidative coupling of the 
formed sinapyl alcohol. The advantage of this system is that the hydrogen peroxide 
generated by EUGO is utilized directly by the peroxidase. While EUGO is the only 
known oxidase capable to convert 2,6-dimethoxy-4-allylphenol into sinapyl alcohol, 
the activity is relatively low when compared with other substrates, such as eugenol, 
vanillyl alcohol and 4-(hydroxy-1-ethyl)-2-methoxyphenol.[13,14] Analysis of the 
structure of EUGO suggests that the active site of the enzyme has limited space for 
accommodating the two methoxy groups in the substrate. 

In order to optimize the efficiency of the cascade conversion, the activity of EUGO 
on 2,6-dimethoxy-4-allylphenol was optimized by performing structure-inspired 
mutagenesis to create a larger active site. The generated mutant EUGO was used 
with horseradish peroxidase (HRP) for the efficient conversion of 2,6-dimethoxy-
4-allylphenol into syringaresinol in high yield. 

EUGO was previously shown to exhibit activity with dimethoxy-substituted 
phenolic substrates as opposed to other enzymes having a similar structure.[13] The 
main reason for this unique property seems to come from the fact that EUGO has 
a glycine at position 392, making sufficient room for a second methoxy moiety on 
the phenolic substrate. Still, EUGO displays a higher activity on phenolic substrates 
that carry only one or no methoxy substituent. Inspection of the isoeugenol-
complexed crystal structure of EUGO (PDB: 5FXD) suggested several residues 
that may hamper binding of the second methoxy moiety: Ile427 and Val166. Other 
residues that are in the same area (Tyr91, Tyr471, and Arg472) were not considered 
as targets for mutagenesis because they have a role in arranging a proper interaction 
with the 4-hydroxy group of the substrate. In fact, these latter three amino acids are 
involved in the stabilization of the phenolate form of the substrate and therefore 
play a role in forming the quinone methide intermediate (see Figure 1).[13] In order 
to accommodate two methoxy groups in the substrate binding pocket, several 
Ile427 and Val166 mutants were prepared: I427V, I427A, I427G, and V166A. By 
introducing relatively small residues, more efficient binding of the target substrate 
may be achieved. 
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production of nitric oxide from nitric oxide synthase and its complementary effect 
on vasorelaxation of blood vessels.[10] Syringaresinol is a very rigid compound due 
to the presence of a cis-fused bis-furanic moiety in its structure. This makes it an 
attractive candidate for use as a substitute for bisphenol A in industrial resins.[11,12] 
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Despite being available naturally in plants, syringaresinol is isolated from natural 
sources in a very low yield.[8] Chemical synthesis of syringaresinol has achieved 
yields reaching 67% through copper catalysis. However, these methods are 
problematic with regard to the toxicity of the chemicals used and the costs of the 
various purification steps involved.[10] The biocatalytic synthesis of syringaresinol 
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from sinapyl alcohol has been described recently using a laccase from Trametes 
versicolor producing the lignan in a yield of 93% in one step. [8] This method is very 
efficient in a multigram scale, yet, concern should be taken to the price of the 
starting material, sinapyl alcohol. 

Inspired by the approach in which sinapyl alcohol is converted into syringaresinol, 
we designed a two-step one-pot conversion starting from the relatively cheap 2,6-
dimethoxy-4-allylphenol. This allylphenol was shown to be a substrate for eugenol 
oxidase (EUGO) by which it is converted into sinapyl alcohol. Except for sinapyl 
alcohol, hydrogen peroxide is also formed upon conversion by EUGO. This 
prompted us to choose a peroxidase to perform the oxidative coupling of the 
formed sinapyl alcohol. The advantage of this system is that the hydrogen peroxide 
generated by EUGO is utilized directly by the peroxidase. While EUGO is the only 
known oxidase capable to convert 2,6-dimethoxy-4-allylphenol into sinapyl alcohol, 
the activity is relatively low when compared with other substrates, such as eugenol, 
vanillyl alcohol and 4-(hydroxy-1-ethyl)-2-methoxyphenol.[13,14] Analysis of the 
structure of EUGO suggests that the active site of the enzyme has limited space for 
accommodating the two methoxy groups in the substrate. 

In order to optimize the efficiency of the cascade conversion, the activity of EUGO 
on 2,6-dimethoxy-4-allylphenol was optimized by performing structure-inspired 
mutagenesis to create a larger active site. The generated mutant EUGO was used 
with horseradish peroxidase (HRP) for the efficient conversion of 2,6-dimethoxy-
4-allylphenol into syringaresinol in high yield. 

EUGO was previously shown to exhibit activity with dimethoxy-substituted 
phenolic substrates as opposed to other enzymes having a similar structure.[13] The 
main reason for this unique property seems to come from the fact that EUGO has 
a glycine at position 392, making sufficient room for a second methoxy moiety on 
the phenolic substrate. Still, EUGO displays a higher activity on phenolic substrates 
that carry only one or no methoxy substituent. Inspection of the isoeugenol-
complexed crystal structure of EUGO (PDB: 5FXD) suggested several residues 
that may hamper binding of the second methoxy moiety: Ile427 and Val166. Other 
residues that are in the same area (Tyr91, Tyr471, and Arg472) were not considered 
as targets for mutagenesis because they have a role in arranging a proper interaction 
with the 4-hydroxy group of the substrate. In fact, these latter three amino acids are 
involved in the stabilization of the phenolate form of the substrate and therefore 
play a role in forming the quinone methide intermediate (see Figure 1).[13] In order 
to accommodate two methoxy groups in the substrate binding pocket, several 
Ile427 and Val166 mutants were prepared: I427V, I427A, I427G, and V166A. By 
introducing relatively small residues, more efficient binding of the target substrate 
may be achieved. 
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oxidase and a peroxidase to convert eugenol into lignin-like oligomers.[6] The 
diversity of enzymes used in one-pot reactions has added to the value of this 
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main reason for this unique property seems to come from the fact that EUGO has 
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the phenolic substrate. Still, EUGO displays a higher activity on phenolic substrates 
that carry only one or no methoxy substituent. Inspection of the isoeugenol-
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that may hamper binding of the second methoxy moiety: Ile427 and Val166. Other 
residues that are in the same area (Tyr91, Tyr471, and Arg472) were not considered 
as targets for mutagenesis because they have a role in arranging a proper interaction 
with the 4-hydroxy group of the substrate. In fact, these latter three amino acids are 
involved in the stabilization of the phenolate form of the substrate and therefore 
play a role in forming the quinone methide intermediate (see Figure 1).[13] In order 
to accommodate two methoxy groups in the substrate binding pocket, several 
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Figure 1. Active site of EUGO with the flavin cofactor (yellow), a docked 2,6-
dimethoxy-4-allylphenol (green) and highlighting residues (cyan): Tyr91, Tyr471, 
and Arg472, essential for stabilization of the phenolate form of the bound substrate, 
and Ile427 and Val166 that were mutated to improve the activity with 2,6-
dimethoxy-4-allylphenol. 

The steady state kinetics for the conversion of 2,6-dimethoxy-4-allylphenol (1) for 
each of the three different Ile427 mutants revealed that the most active mutant was 
the I427A (kcat = 0.72 s–1, KM = 0.46 μM). This mutant enzyme displays a more than 
2-fold higher kcat when compared with the wild type enzyme while also the apparent 
affinity (KM) decreased (wt-EUGO: kcat = 0.37 s–1, KM = 0.77 μM). The other two 
mutants also displayed improved kinetic parameters (I427V: kcat = 0.59 s–1, KM = 
0.34 μM, I427G: kcat = 0.59 s–1, KM = 0.39 μM). Yet, the I427G mutant suffered 
from substrate inhibition at elevated substrate concentrations. The V166A mutant 
displayed a somewhat lower KM but also a reduced activity when compared with 
wild type EUGO (V166A: kcat = 0.124 s–1, KM = 0.39 μM). The steady-state kinetic 
data for all above-mentioned enzymes are shown in Figure S1. Due to its superior 
kinetic properties, EUGO I427A was used to explore its use as biocatalyst for 
producing sinapyl alcohol. 

Sinapyl alcohol is a relatively expensive compound, whereas 2,6-dimethoxy-4-
allylphenol (1), its precursor in this study, is several orders of magnitude cheaper. 
This is probably due to the fact that (1) and other 4-allylphenols can be readily 
isolated from herbs and spices. This makes it attractive to explore the use of 2,6-
dimethoxy-4-allylphenol as a starting material to prepare high-value compounds, 
such as sinapyl alcohol. We first studied the conversion of 2,6-dimethoxy-4-
allylphenol into sinapyl alcohol using EUGO I427A. When 0.5 μM of EUGO 
I427A was used in the conversion, incomplete conversion of 2,6-dimethoxy-4-
allylphenol to sinapyl alcohol was seen (data not shown). It was found that EUGO 
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I427A was capable of completely converting 2,6-dimethoxy-4-allylphenol into 
sinapyl alcohol within 22 h when 5 μM of the enzyme was added to a solution 
containing 10 mM of the substrate. No other products could be detected (see Figure 
S2). 

After having established that EUGO I427A can be used to produce sinapyl alcohol, 
a cascade reaction that included the oxidase and HRP was investigated. Incubation 
of 2,6-dimethoxy-4-allylphenol with EUGO I427A and HRP in one-pot resulted in 
formation of one major soluble product: syringaresinol, a dimer of two sinapyl 
alcohol monomers linked to each other through a β–β linkage. When EUGO I427A 
(5 μM) and HRP (0.65 μM) were added to a reaction containing 10 mM 2,6-
dimethoxy-4-allylphenol, complete conversion of 2,6-dimethoxy-4-allylphenol to 
racemic syringaresinol as a major product was achieved after 25 h (see Figure S3). 
The reaction proceeds through the formation of sinapyl alcohol by oxidation of 2,6-
dimethoxy-4-allylphenol by EUGO, whereas, in a second step, HRP utilizes the 
hydrogen peroxide that is generated to form a free radical from the formed sinapyl 
alcohol. Through dimerization of the formed radicals, syringaresinol is formed. 
Though it is known that HRP can be inactivated by hydrogen peroxide, the in situ 
production of the co-substrate prevented accumulation of excessive hydrogen 
peroxide limiting this inactivation effect. 2,6-Dimethoxy-4-allylphenol is a unique 
substrate as both the 2- and 6-positions are blocked by methoxy-groups for 
alternative coupling reactions. This hinders the ability to form other linkages that 
are characteristic of lignin polymers, as found when using eugenol as a precursor in 
a EUGO/HRP-catalyzed reaction. [8] The two methoxy moieties direct the reaction 
toward formation of the dimerized oxidation product from sinapyl alcohol. 

Some insoluble product was also formed in the reaction above, which was isolated 
and analyzed separately. GPC analysis of the material showed that the insoluble 
product consisted of higher molecular weight material, in the range of oligomers 
with a length of 2–10 aromatic units (see Figure S4, Mn = 600, MW = 750, d = 1.24). 
Analysis by 2D HSQC and 2D HMBC nuclear magnetic resonance (NMR) revealed 
major signals that can be ascribed to syringaresinol as well as to 2,6-dimethoxy-4-
allylphenol units (Figures S5 and S6). Unlike our previously reported work on 
eugenol, no clear lignin type linkages were detected using 2,6-dimethoxy-4-
allylphenol as a substrate apart from the β–β linkages from syringaresinol. A signal 
for a β-O-4 linkage that has been modified on the α-position could be observed; 
however, the exact nature of this β-O-4 type linkage or other connectivity of the 
aromatic units remains unclear. Overall, it seems that the conversion of 2,6-
dimethoxy-4-allylphenol by this enzyme cascade has a high preference for the 
formation of β–β dimers over typical β-O-4 type linkages. 

After testing the conversion of 2,6-dimethoxy-4-alllylphenol to syringaresinol on a 
small scale, a one gram conversion was performed. The conversion was done in a 
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on vasorelaxation of blood vessels.[10] Syringaresinol is a very rigid compound due 
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attractive candidate for use as a substitute for bisphenol A in industrial resins.[11,12] 
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Using EUGO and Sinapyl Alcohol to Syringaresinol (3) Using HRP 

Despite being available naturally in plants, syringaresinol is isolated from natural 
sources in a very low yield.[8] Chemical synthesis of syringaresinol has achieved 
yields reaching 67% through copper catalysis. However, these methods are 
problematic with regard to the toxicity of the chemicals used and the costs of the 
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from sinapyl alcohol has been described recently using a laccase from Trametes 
versicolor producing the lignan in a yield of 93% in one step. [8] This method is very 
efficient in a multigram scale, yet, concern should be taken to the price of the 
starting material, sinapyl alcohol. 

Inspired by the approach in which sinapyl alcohol is converted into syringaresinol, 
we designed a two-step one-pot conversion starting from the relatively cheap 2,6-
dimethoxy-4-allylphenol. This allylphenol was shown to be a substrate for eugenol 
oxidase (EUGO) by which it is converted into sinapyl alcohol. Except for sinapyl 
alcohol, hydrogen peroxide is also formed upon conversion by EUGO. This 
prompted us to choose a peroxidase to perform the oxidative coupling of the 
formed sinapyl alcohol. The advantage of this system is that the hydrogen peroxide 
generated by EUGO is utilized directly by the peroxidase. While EUGO is the only 
known oxidase capable to convert 2,6-dimethoxy-4-allylphenol into sinapyl alcohol, 
the activity is relatively low when compared with other substrates, such as eugenol, 
vanillyl alcohol and 4-(hydroxy-1-ethyl)-2-methoxyphenol.[13,14] Analysis of the 
structure of EUGO suggests that the active site of the enzyme has limited space for 
accommodating the two methoxy groups in the substrate. 

In order to optimize the efficiency of the cascade conversion, the activity of EUGO 
on 2,6-dimethoxy-4-allylphenol was optimized by performing structure-inspired 
mutagenesis to create a larger active site. The generated mutant EUGO was used 
with horseradish peroxidase (HRP) for the efficient conversion of 2,6-dimethoxy-
4-allylphenol into syringaresinol in high yield. 

EUGO was previously shown to exhibit activity with dimethoxy-substituted 
phenolic substrates as opposed to other enzymes having a similar structure.[13] The 
main reason for this unique property seems to come from the fact that EUGO has 
a glycine at position 392, making sufficient room for a second methoxy moiety on 
the phenolic substrate. Still, EUGO displays a higher activity on phenolic substrates 
that carry only one or no methoxy substituent. Inspection of the isoeugenol-
complexed crystal structure of EUGO (PDB: 5FXD) suggested several residues 
that may hamper binding of the second methoxy moiety: Ile427 and Val166. Other 
residues that are in the same area (Tyr91, Tyr471, and Arg472) were not considered 
as targets for mutagenesis because they have a role in arranging a proper interaction 
with the 4-hydroxy group of the substrate. In fact, these latter three amino acids are 
involved in the stabilization of the phenolate form of the substrate and therefore 
play a role in forming the quinone methide intermediate (see Figure 1).[13] In order 
to accommodate two methoxy groups in the substrate binding pocket, several 
Ile427 and Val166 mutants were prepared: I427V, I427A, I427G, and V166A. By 
introducing relatively small residues, more efficient binding of the target substrate 
may be achieved. 
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dimethoxy-4-allylphenol (green) and highlighting residues (cyan): Tyr91, Tyr471, 
and Arg472, essential for stabilization of the phenolate form of the bound substrate, 
and Ile427 and Val166 that were mutated to improve the activity with 2,6-
dimethoxy-4-allylphenol. 
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each of the three different Ile427 mutants revealed that the most active mutant was 
the I427A (kcat = 0.72 s–1, KM = 0.46 μM). This mutant enzyme displays a more than 
2-fold higher kcat when compared with the wild type enzyme while also the apparent 
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displayed a somewhat lower KM but also a reduced activity when compared with 
wild type EUGO (V166A: kcat = 0.124 s–1, KM = 0.39 μM). The steady-state kinetic 
data for all above-mentioned enzymes are shown in Figure S1. Due to its superior 
kinetic properties, EUGO I427A was used to explore its use as biocatalyst for 
producing sinapyl alcohol. 

Sinapyl alcohol is a relatively expensive compound, whereas 2,6-dimethoxy-4-
allylphenol (1), its precursor in this study, is several orders of magnitude cheaper. 
This is probably due to the fact that (1) and other 4-allylphenols can be readily 
isolated from herbs and spices. This makes it attractive to explore the use of 2,6-
dimethoxy-4-allylphenol as a starting material to prepare high-value compounds, 
such as sinapyl alcohol. We first studied the conversion of 2,6-dimethoxy-4-
allylphenol into sinapyl alcohol using EUGO I427A. When 0.5 μM of EUGO 
I427A was used in the conversion, incomplete conversion of 2,6-dimethoxy-4-
allylphenol to sinapyl alcohol was seen (data not shown). It was found that EUGO 
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I427A was capable of completely converting 2,6-dimethoxy-4-allylphenol into 
sinapyl alcohol within 22 h when 5 μM of the enzyme was added to a solution 
containing 10 mM of the substrate. No other products could be detected (see Figure 
S2). 

After having established that EUGO I427A can be used to produce sinapyl alcohol, 
a cascade reaction that included the oxidase and HRP was investigated. Incubation 
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alternative coupling reactions. This hinders the ability to form other linkages that 
are characteristic of lignin polymers, as found when using eugenol as a precursor in 
a EUGO/HRP-catalyzed reaction. [8] The two methoxy moieties direct the reaction 
toward formation of the dimerized oxidation product from sinapyl alcohol. 

Some insoluble product was also formed in the reaction above, which was isolated 
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4.1 Introduction 
One-pot enzymatic cascades have received an increasing attention over recent 
years[1,2] Such approaches are attractive as they save time, money, and energy needed 
to make or isolate compounds with a high degree of purity and quality.[3] These 
cascades also allow conversions in which labile intermediates can be used. One-pot 
cascades have involved a wide range of enzymes ranging from but not exclusive to 
dehydrogenases, transaminases, Baeyer–Villiger monooxygenases, and oxidases.[2–5] 
Recently, we published a one-pot two-enzyme cascade conversion utilizing an 
oxidase and a peroxidase to convert eugenol into lignin-like oligomers.[6] The 
diversity of enzymes used in one-pot reactions has added to the value of this 
approach to synthesize various chiral compounds and other compounds which are 
difficult to be produced by conventional chemical means. 

In this paper, the synthesis of syringaresinol (3) in a one-pot two-enzyme 
conversion is described (see Scheme 1). Syringaresinol (3) is a lignan formed from 
two sinapyl alcohol (2) units linked via a β–β linkage. The lignan is known to display 
various interesting bioactivity properties. It inhibits the motility of Helicobacter pylori 
in the stomach thus playing a role in protection from gastric cancer.[7] It has also 
been found to help in the healing of wounds when present as a glucoside. [8,9] Chung 
and co-workers displayed the effect of syringaresinol (3) in increasing the 
production of nitric oxide from nitric oxide synthase and its complementary effect 
on vasorelaxation of blood vessels.[10] Syringaresinol is a very rigid compound due 
to the presence of a cis-fused bis-furanic moiety in its structure. This makes it an 
attractive candidate for use as a substitute for bisphenol A in industrial resins.[11,12] 

 

Scheme 1. Conversion of 2,6-Dimethoxy-4-allylphenol (1) to Sinapyl Alcohol (2) 
Using EUGO and Sinapyl Alcohol to Syringaresinol (3) Using HRP 

Despite being available naturally in plants, syringaresinol is isolated from natural 
sources in a very low yield.[8] Chemical synthesis of syringaresinol has achieved 
yields reaching 67% through copper catalysis. However, these methods are 
problematic with regard to the toxicity of the chemicals used and the costs of the 
various purification steps involved.[10] The biocatalytic synthesis of syringaresinol 
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from sinapyl alcohol has been described recently using a laccase from Trametes 
versicolor producing the lignan in a yield of 93% in one step. [8] This method is very 
efficient in a multigram scale, yet, concern should be taken to the price of the 
starting material, sinapyl alcohol. 

Inspired by the approach in which sinapyl alcohol is converted into syringaresinol, 
we designed a two-step one-pot conversion starting from the relatively cheap 2,6-
dimethoxy-4-allylphenol. This allylphenol was shown to be a substrate for eugenol 
oxidase (EUGO) by which it is converted into sinapyl alcohol. Except for sinapyl 
alcohol, hydrogen peroxide is also formed upon conversion by EUGO. This 
prompted us to choose a peroxidase to perform the oxidative coupling of the 
formed sinapyl alcohol. The advantage of this system is that the hydrogen peroxide 
generated by EUGO is utilized directly by the peroxidase. While EUGO is the only 
known oxidase capable to convert 2,6-dimethoxy-4-allylphenol into sinapyl alcohol, 
the activity is relatively low when compared with other substrates, such as eugenol, 
vanillyl alcohol and 4-(hydroxy-1-ethyl)-2-methoxyphenol.[13,14] Analysis of the 
structure of EUGO suggests that the active site of the enzyme has limited space for 
accommodating the two methoxy groups in the substrate. 

In order to optimize the efficiency of the cascade conversion, the activity of EUGO 
on 2,6-dimethoxy-4-allylphenol was optimized by performing structure-inspired 
mutagenesis to create a larger active site. The generated mutant EUGO was used 
with horseradish peroxidase (HRP) for the efficient conversion of 2,6-dimethoxy-
4-allylphenol into syringaresinol in high yield. 

EUGO was previously shown to exhibit activity with dimethoxy-substituted 
phenolic substrates as opposed to other enzymes having a similar structure.[13] The 
main reason for this unique property seems to come from the fact that EUGO has 
a glycine at position 392, making sufficient room for a second methoxy moiety on 
the phenolic substrate. Still, EUGO displays a higher activity on phenolic substrates 
that carry only one or no methoxy substituent. Inspection of the isoeugenol-
complexed crystal structure of EUGO (PDB: 5FXD) suggested several residues 
that may hamper binding of the second methoxy moiety: Ile427 and Val166. Other 
residues that are in the same area (Tyr91, Tyr471, and Arg472) were not considered 
as targets for mutagenesis because they have a role in arranging a proper interaction 
with the 4-hydroxy group of the substrate. In fact, these latter three amino acids are 
involved in the stabilization of the phenolate form of the substrate and therefore 
play a role in forming the quinone methide intermediate (see Figure 1).[13] In order 
to accommodate two methoxy groups in the substrate binding pocket, several 
Ile427 and Val166 mutants were prepared: I427V, I427A, I427G, and V166A. By 
introducing relatively small residues, more efficient binding of the target substrate 
may be achieved. 
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250 mL reaction volume using 5% dimethylsulfoxide (DMSO, v/v) as a cosolvent. 
After high-performance liquid chromatography (HPLC) analysis confirmed 
complete conversion of the starting material, the product was isolated from the 
solution by ethyl acetate extraction and purified by column chromatography. The 
whole conversion was completed in 22 h and resulted in a yield of 870 mg (81%) 
syringaresinol from 1 g of the starting material. The isolated syringaresinol appeared 
as pale yellow crystals. Figure S7 shows the 1H NMR and 13C NMR spectra for the 
isolated lignan. In addition to the syringaresinol, ≈80 mg of insoluble product was 
formed. 

We have successfully been able to produce syringaresinol in a high yield from a 
relatively cheap precursor in a facile one-pot two-enzyme conversion. For this, first 
the performance of the required oxidase was successfully optimized through site-
directed mutagenesis of EUGO to improve its acceptance of 2,6-dimethoxy-4-
allylphenol as a substrate. The combined use of EUGO I427A and HRP resulted 
in full conversion of 2,6-dimethoxy-4-allylphenol and formation of syringaresinol 
as major product. The lignan was purified (81% yield) after a 1 g scale conversion 
and analyzed using both 1H NMR and 13C NMR to confirm its purity. This newly 
developed biocatalytic system for synthesis of syringaresinol could serve as a good 
source for producing this medically and industrially important compound on a large 
scale. 

4.2 Experimental 
4.2.1 Chemicals and Reagents  
2,6-dimethoxy-4-allylphenol, sinapyl alcohol, DMSO-d6, oligonucleotide primers, 
Tris, peroxidase from horseradish (HRP) were purchased from Sigma Aldrich (St 
Louis, MO, USA). All media components and ampicillin antibiotic were from 
Fischer Scientific chemicals (Pittsburgh, PA, USA). Solvents were purchased from 
JT Baker (Pittsburgh, PA, USA), Lab Scan Analytical Sciences (Gilwice, Poland) 
and Macron Fine Chemicals (Center Valley, PA, USA). Pfu Ultra II Hotstart PCR 
Master Mix was purchased from Agilent (Santa Clara, CA, USA). The Qiaprep Spin 
Miniprep Kit was purchased from Qiagen (Hilden, Germany). DpnI was purchased 
from New England Biolabs (Ipswich, MA, United States).  

4.2.2 Site-directed mutagenesis of EUGO 
Mutagenesis was performed by using the Quickchange mutagenesis kit from 
Thermo Fischer Scientific (MA, USA). Ile427 was substituted for valine, alanine and 
glycine and Val166 was replaced by alanine using the primers shown in Table S1. 
The recipe and conditions for each of the three mutations are shown in Methods 
S1. 
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4.2.3 Enzyme expression, purification and storage 
E.coli NEB 10-β cells were grown in 5 mL Luria-Bertani (LB) medium at 37 °C 
overnight to saturation. The pre-cultures were then diluted 100 times in terrific 
broth (TB) medium and grown at 37 °C until the optical density measurement 
reached 0.6. Induction was performed by adding an amount corresponding to 0.02 
% (w/v) L-arabinose to the cells and transferring the culture to 30 °C for 18 h. 
Expression of each of the EUGO mutants and the wild type was done in 500 mL 
of culture in a 2 L flask. The pBADEUGO-His plasmid was provided by GECCO-
Biotech (Groningen, The Netherlands).  

Cells were harvested by centrifugation at 6000 X g (Beckman Coulter, Avanti JE 
centrifuge, JLA 14 rotor) for 20 min at 4 °C. The pellets containing a mutant or the 
wild type enzyme were washed with Buffer A. They were then disrupted by 
sonication (10 min total time with cycles of 10 s on and 10 s off at 70 % amplitude) 
using a Sonics Vibra-Cell VCX130 probe sonicator (Newtown, CT, USA). The cell-
free extract was obtained by centrifugation at 12,000 x g for 45 min at 4 °C. The 
extracts were filtered using Whatman FP 30/0.45 CA-S membrane syringes (GE 
Healthcare Lifesciences, Uppsala, Sweden) to remove remaining cell debris.  

EUGO wild type and mutant enzymes were purified by an ÄKTA purifier (GE 
Healthcare Lifesciences) using a 5 mL HisTrap HP column (GE Healthcare 
Lifesciences). The column was first equilibrated using Buffer A followed by loading 
of the cell-free extract. Buffer B was then used to wash off any nonspecific proteins 
from the column. The enzymes were then eluted from the column by using a 
gradient of Buffer C starting from 0 to 500 mM imidazole within 30 min. After 
purification, the proteins were S4 desalted by using the HiPrep 26/10 Desalting 
column (GE Healthcare Lifesciences) using Buffer D. All enzymes were frozen 
using liquid nitrogen and stored at -20 °C until further use. Buffer compositions are 
mentioned in the Supporting information, Table S2. 

4.2.4 Enzyme characterization 
Wild type EUGO and mutant concentrations were determined based on the 
absorbance of the covalently bound flavin cofactor at 441 nm using the molar 
extinction coefficient of EUGO at 441 nm = 14.2 mM-1 cm-1 . HRP was added 
from a 65 µM stock solution in 20 mM potassium phosphate buffer (KPi), pH 7 
unless otherwise stated. The concentration of HRP was determined based on its 
molecular weight (MW ≈ 44,000 Da). For determination of steady state kinetic 
parameters of wild type EUGO versus I427A, I427V, I427G and V166A mutants 
for 2,6-dimethoxy-4-allylphenol, the reaction was monitored by following the 
increase in absorbance at 270 nm due to product formation (ɛ = 14.1 mM-1 cm-1 at 
pH 7.5) using 50 mM Tris HCl at 25 °C. 
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In this paper, the synthesis of syringaresinol (3) in a one-pot two-enzyme 
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Despite being available naturally in plants, syringaresinol is isolated from natural 
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from sinapyl alcohol has been described recently using a laccase from Trametes 
versicolor producing the lignan in a yield of 93% in one step. [8] This method is very 
efficient in a multigram scale, yet, concern should be taken to the price of the 
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Inspired by the approach in which sinapyl alcohol is converted into syringaresinol, 
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formed sinapyl alcohol. The advantage of this system is that the hydrogen peroxide 
generated by EUGO is utilized directly by the peroxidase. While EUGO is the only 
known oxidase capable to convert 2,6-dimethoxy-4-allylphenol into sinapyl alcohol, 
the activity is relatively low when compared with other substrates, such as eugenol, 
vanillyl alcohol and 4-(hydroxy-1-ethyl)-2-methoxyphenol.[13,14] Analysis of the 
structure of EUGO suggests that the active site of the enzyme has limited space for 
accommodating the two methoxy groups in the substrate. 
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phenolic substrates as opposed to other enzymes having a similar structure.[13] The 
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the phenolic substrate. Still, EUGO displays a higher activity on phenolic substrates 
that carry only one or no methoxy substituent. Inspection of the isoeugenol-
complexed crystal structure of EUGO (PDB: 5FXD) suggested several residues 
that may hamper binding of the second methoxy moiety: Ile427 and Val166. Other 
residues that are in the same area (Tyr91, Tyr471, and Arg472) were not considered 
as targets for mutagenesis because they have a role in arranging a proper interaction 
with the 4-hydroxy group of the substrate. In fact, these latter three amino acids are 
involved in the stabilization of the phenolate form of the substrate and therefore 
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to accommodate two methoxy groups in the substrate binding pocket, several 
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Mutagenesis was performed by using the Quickchange mutagenesis kit from 
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column (GE Healthcare Lifesciences) using Buffer D. All enzymes were frozen 
using liquid nitrogen and stored at -20 °C until further use. Buffer compositions are 
mentioned in the Supporting information, Table S2. 

4.2.4 Enzyme characterization 
Wild type EUGO and mutant concentrations were determined based on the 
absorbance of the covalently bound flavin cofactor at 441 nm using the molar 
extinction coefficient of EUGO at 441 nm = 14.2 mM-1 cm-1 . HRP was added 
from a 65 µM stock solution in 20 mM potassium phosphate buffer (KPi), pH 7 
unless otherwise stated. The concentration of HRP was determined based on its 
molecular weight (MW ≈ 44,000 Da). For determination of steady state kinetic 
parameters of wild type EUGO versus I427A, I427V, I427G and V166A mutants 
for 2,6-dimethoxy-4-allylphenol, the reaction was monitored by following the 
increase in absorbance at 270 nm due to product formation (ɛ = 14.1 mM-1 cm-1 at 
pH 7.5) using 50 mM Tris HCl at 25 °C. 

Chapter IV 

72 
 

4.1 Introduction 
One-pot enzymatic cascades have received an increasing attention over recent 
years[1,2] Such approaches are attractive as they save time, money, and energy needed 
to make or isolate compounds with a high degree of purity and quality.[3] These 
cascades also allow conversions in which labile intermediates can be used. One-pot 
cascades have involved a wide range of enzymes ranging from but not exclusive to 
dehydrogenases, transaminases, Baeyer–Villiger monooxygenases, and oxidases.[2–5] 
Recently, we published a one-pot two-enzyme cascade conversion utilizing an 
oxidase and a peroxidase to convert eugenol into lignin-like oligomers.[6] The 
diversity of enzymes used in one-pot reactions has added to the value of this 
approach to synthesize various chiral compounds and other compounds which are 
difficult to be produced by conventional chemical means. 

In this paper, the synthesis of syringaresinol (3) in a one-pot two-enzyme 
conversion is described (see Scheme 1). Syringaresinol (3) is a lignan formed from 
two sinapyl alcohol (2) units linked via a β–β linkage. The lignan is known to display 
various interesting bioactivity properties. It inhibits the motility of Helicobacter pylori 
in the stomach thus playing a role in protection from gastric cancer.[7] It has also 
been found to help in the healing of wounds when present as a glucoside. [8,9] Chung 
and co-workers displayed the effect of syringaresinol (3) in increasing the 
production of nitric oxide from nitric oxide synthase and its complementary effect 
on vasorelaxation of blood vessels.[10] Syringaresinol is a very rigid compound due 
to the presence of a cis-fused bis-furanic moiety in its structure. This makes it an 
attractive candidate for use as a substitute for bisphenol A in industrial resins.[11,12] 

 

Scheme 1. Conversion of 2,6-Dimethoxy-4-allylphenol (1) to Sinapyl Alcohol (2) 
Using EUGO and Sinapyl Alcohol to Syringaresinol (3) Using HRP 

Despite being available naturally in plants, syringaresinol is isolated from natural 
sources in a very low yield.[8] Chemical synthesis of syringaresinol has achieved 
yields reaching 67% through copper catalysis. However, these methods are 
problematic with regard to the toxicity of the chemicals used and the costs of the 
various purification steps involved.[10] The biocatalytic synthesis of syringaresinol 

The biocatalytic synthesis of syringaresinol using an oxidase/peroxidase system 

73 
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4.2.5 Biocatalytic synthesis of sinapyl alcohol  
Sinapyl alcohol was synthesized in a 2 mL reaction volume in 15 mL screw-cap 
pyrex tubes containing 20 mM KPi pH 7, 0.5 and 5 µM EUGO I427A, 5 % (v/v) 
DMSO and 10 mM 2,6-dimethoxy-4- allylphenol. The experiment was conducted 
at 30 °C/50 rpm in an INNOVA 40 New Brunswick Incubator Shaker (Edison, 
NJ, USA). The experiment was also repeated using 500 nM of EUGO mutants.  

4.2.6 Analysis of sinapyl alcohol formation using analytical HPLC  
Samples from the synthesis of sinapyl alcohol using EUGO I427A were taken at 
various time intervals. The samples were centrifuged at 14,000 rpm for 10 min. The 
supernatant was then filtered using a Millex-FH, PTFE filter (0.45 µm pore size) 
(Kenilworth, NJ, USA) to remove remaining debris and then injected for analysis 
on a JASCO HPLC system (Easton, MD, USA). A 10 µL volume of the sample was 
injected into a Grace Alltima HP C18 column (3 µm, 2.1 x 100 mm, with a 
precolumn of the same material). As references, sinapyl alcohol and 2,6-dimethoxy-
4-allylphenol (4 mM stock solutions) were also injected. The solvents used for the 
system were: a) water with 0.1 % v/v formic acid and b) acetonitrile with 0.08 % 
formic acid. The HPLC method was: 2 min 10 % B, 18 min on a gradient of 10-70 
% B, 3 min 70 % B followed by a 6 s decreased gradient of 70 – 10 % B and re-
equilibration for 7 min. Detection was done at a wavelength of 280 nm. 

4.2.7 Biocatalytic synthesis of syringaresinol from 2,6-dimethoxy-4-allylphenol 
using EUGO I427A and HRP 

Syringaresinol was synthesized from 2,6-dimethoxy-4-allylphenol using the same 
conditions as mentioned for the synthesis of sinapyl alcohol (see above) with the 
addition of an amount equivalent to 0.65 µM HRP to the reaction medium. The 
experiment was done using 5 µM EUGO I427A.  

4.2.8 Analysis of syringaresinol formation using analytical HPLC and analysis of 
insoluble product using GPC and NMR  

Syringaresinol production was analyzed using the same procedure as mentioned for 
the synthesis of sinapyl alcohol (see above). In addition to a soluble product, also 
some precipitate was formed which was isolated and analyzed after washing with 
water by GPC and NMR. For GPC analysis, a 10 mg/mL sample of the dried solid 
in THF (containing 1% toluene as internal standard) was prepared. Subsequently, 
the solution was filtered (0.2 µm syringe filter) and applied on a Hewlett Packard 
1100 GPC system equipped with three PL-gel 3 µm MIXED-E columns in series, 
a GBC LC 1240 RI detector operated at 35 °C, using THF (1 mL min-1) as a mobile 
phase at 42 °C, calibrated on known polystyrene standards. NMR analysis was 
performed using a DMSO-d6 on a Bruker Ascend 600.  
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4.2.9 One gram conversion of 2,6-dimethoxy-4-allylphenol using EUGO I427A 
and HRP  

In a 2 L flask, 250 mL reaction volume containing KPi 20 mM pH 7, EUGO I427A 
3 µM, HRP 0.65 µM, DMSO 5 % (v/v) and a volume equivalent to one gram 2,6-
dimethoxy-4-allylphenol was added. The flask was placed at 30 °C/ 50 rpm and 
samples were routinely taken to analyze when the substrate was fully consumed. 
The samples were analyzed by analytical HPLC as mentioned before. The solution 
was filtered using a pre-weighed 47 mm glass fiber filter from PALL (Ann Arbour, 
MI, USA) under vacuum. The reaction mixture was extracted three times with ethyl 
acetate (3 x 250 mL), and then the combined organic extracts were washed with 
brine, dried over anhydrous MgSO4, filtered and concentrated by rotavap. The 
residue was purified by flash chromatography (SiO2, dichloromethane/methanol = 
99:1). 

Supporting Information 
The supporting information can be found connected to the publication online: 
10.1021/acscatal.8b01235. 
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4.1 Introduction 
One-pot enzymatic cascades have received an increasing attention over recent 
years[1,2] Such approaches are attractive as they save time, money, and energy needed 
to make or isolate compounds with a high degree of purity and quality.[3] These 
cascades also allow conversions in which labile intermediates can be used. One-pot 
cascades have involved a wide range of enzymes ranging from but not exclusive to 
dehydrogenases, transaminases, Baeyer–Villiger monooxygenases, and oxidases.[2–5] 
Recently, we published a one-pot two-enzyme cascade conversion utilizing an 
oxidase and a peroxidase to convert eugenol into lignin-like oligomers.[6] The 
diversity of enzymes used in one-pot reactions has added to the value of this 
approach to synthesize various chiral compounds and other compounds which are 
difficult to be produced by conventional chemical means. 

In this paper, the synthesis of syringaresinol (3) in a one-pot two-enzyme 
conversion is described (see Scheme 1). Syringaresinol (3) is a lignan formed from 
two sinapyl alcohol (2) units linked via a β–β linkage. The lignan is known to display 
various interesting bioactivity properties. It inhibits the motility of Helicobacter pylori 
in the stomach thus playing a role in protection from gastric cancer.[7] It has also 
been found to help in the healing of wounds when present as a glucoside. [8,9] Chung 
and co-workers displayed the effect of syringaresinol (3) in increasing the 
production of nitric oxide from nitric oxide synthase and its complementary effect 
on vasorelaxation of blood vessels.[10] Syringaresinol is a very rigid compound due 
to the presence of a cis-fused bis-furanic moiety in its structure. This makes it an 
attractive candidate for use as a substitute for bisphenol A in industrial resins.[11,12] 

 

Scheme 1. Conversion of 2,6-Dimethoxy-4-allylphenol (1) to Sinapyl Alcohol (2) 
Using EUGO and Sinapyl Alcohol to Syringaresinol (3) Using HRP 

Despite being available naturally in plants, syringaresinol is isolated from natural 
sources in a very low yield.[8] Chemical synthesis of syringaresinol has achieved 
yields reaching 67% through copper catalysis. However, these methods are 
problematic with regard to the toxicity of the chemicals used and the costs of the 
various purification steps involved.[10] The biocatalytic synthesis of syringaresinol 
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from sinapyl alcohol has been described recently using a laccase from Trametes 
versicolor producing the lignan in a yield of 93% in one step. [8] This method is very 
efficient in a multigram scale, yet, concern should be taken to the price of the 
starting material, sinapyl alcohol. 

Inspired by the approach in which sinapyl alcohol is converted into syringaresinol, 
we designed a two-step one-pot conversion starting from the relatively cheap 2,6-
dimethoxy-4-allylphenol. This allylphenol was shown to be a substrate for eugenol 
oxidase (EUGO) by which it is converted into sinapyl alcohol. Except for sinapyl 
alcohol, hydrogen peroxide is also formed upon conversion by EUGO. This 
prompted us to choose a peroxidase to perform the oxidative coupling of the 
formed sinapyl alcohol. The advantage of this system is that the hydrogen peroxide 
generated by EUGO is utilized directly by the peroxidase. While EUGO is the only 
known oxidase capable to convert 2,6-dimethoxy-4-allylphenol into sinapyl alcohol, 
the activity is relatively low when compared with other substrates, such as eugenol, 
vanillyl alcohol and 4-(hydroxy-1-ethyl)-2-methoxyphenol.[13,14] Analysis of the 
structure of EUGO suggests that the active site of the enzyme has limited space for 
accommodating the two methoxy groups in the substrate. 

In order to optimize the efficiency of the cascade conversion, the activity of EUGO 
on 2,6-dimethoxy-4-allylphenol was optimized by performing structure-inspired 
mutagenesis to create a larger active site. The generated mutant EUGO was used 
with horseradish peroxidase (HRP) for the efficient conversion of 2,6-dimethoxy-
4-allylphenol into syringaresinol in high yield. 

EUGO was previously shown to exhibit activity with dimethoxy-substituted 
phenolic substrates as opposed to other enzymes having a similar structure.[13] The 
main reason for this unique property seems to come from the fact that EUGO has 
a glycine at position 392, making sufficient room for a second methoxy moiety on 
the phenolic substrate. Still, EUGO displays a higher activity on phenolic substrates 
that carry only one or no methoxy substituent. Inspection of the isoeugenol-
complexed crystal structure of EUGO (PDB: 5FXD) suggested several residues 
that may hamper binding of the second methoxy moiety: Ile427 and Val166. Other 
residues that are in the same area (Tyr91, Tyr471, and Arg472) were not considered 
as targets for mutagenesis because they have a role in arranging a proper interaction 
with the 4-hydroxy group of the substrate. In fact, these latter three amino acids are 
involved in the stabilization of the phenolate form of the substrate and therefore 
play a role in forming the quinone methide intermediate (see Figure 1).[13] In order 
to accommodate two methoxy groups in the substrate binding pocket, several 
Ile427 and Val166 mutants were prepared: I427V, I427A, I427G, and V166A. By 
introducing relatively small residues, more efficient binding of the target substrate 
may be achieved. 
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4.2.5 Biocatalytic synthesis of sinapyl alcohol  
Sinapyl alcohol was synthesized in a 2 mL reaction volume in 15 mL screw-cap 
pyrex tubes containing 20 mM KPi pH 7, 0.5 and 5 µM EUGO I427A, 5 % (v/v) 
DMSO and 10 mM 2,6-dimethoxy-4- allylphenol. The experiment was conducted 
at 30 °C/50 rpm in an INNOVA 40 New Brunswick Incubator Shaker (Edison, 
NJ, USA). The experiment was also repeated using 500 nM of EUGO mutants.  

4.2.6 Analysis of sinapyl alcohol formation using analytical HPLC  
Samples from the synthesis of sinapyl alcohol using EUGO I427A were taken at 
various time intervals. The samples were centrifuged at 14,000 rpm for 10 min. The 
supernatant was then filtered using a Millex-FH, PTFE filter (0.45 µm pore size) 
(Kenilworth, NJ, USA) to remove remaining debris and then injected for analysis 
on a JASCO HPLC system (Easton, MD, USA). A 10 µL volume of the sample was 
injected into a Grace Alltima HP C18 column (3 µm, 2.1 x 100 mm, with a 
precolumn of the same material). As references, sinapyl alcohol and 2,6-dimethoxy-
4-allylphenol (4 mM stock solutions) were also injected. The solvents used for the 
system were: a) water with 0.1 % v/v formic acid and b) acetonitrile with 0.08 % 
formic acid. The HPLC method was: 2 min 10 % B, 18 min on a gradient of 10-70 
% B, 3 min 70 % B followed by a 6 s decreased gradient of 70 – 10 % B and re-
equilibration for 7 min. Detection was done at a wavelength of 280 nm. 

4.2.7 Biocatalytic synthesis of syringaresinol from 2,6-dimethoxy-4-allylphenol 
using EUGO I427A and HRP 

Syringaresinol was synthesized from 2,6-dimethoxy-4-allylphenol using the same 
conditions as mentioned for the synthesis of sinapyl alcohol (see above) with the 
addition of an amount equivalent to 0.65 µM HRP to the reaction medium. The 
experiment was done using 5 µM EUGO I427A.  

4.2.8 Analysis of syringaresinol formation using analytical HPLC and analysis of 
insoluble product using GPC and NMR  

Syringaresinol production was analyzed using the same procedure as mentioned for 
the synthesis of sinapyl alcohol (see above). In addition to a soluble product, also 
some precipitate was formed which was isolated and analyzed after washing with 
water by GPC and NMR. For GPC analysis, a 10 mg/mL sample of the dried solid 
in THF (containing 1% toluene as internal standard) was prepared. Subsequently, 
the solution was filtered (0.2 µm syringe filter) and applied on a Hewlett Packard 
1100 GPC system equipped with three PL-gel 3 µm MIXED-E columns in series, 
a GBC LC 1240 RI detector operated at 35 °C, using THF (1 mL min-1) as a mobile 
phase at 42 °C, calibrated on known polystyrene standards. NMR analysis was 
performed using a DMSO-d6 on a Bruker Ascend 600.  
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4.2.9 One gram conversion of 2,6-dimethoxy-4-allylphenol using EUGO I427A 
and HRP  

In a 2 L flask, 250 mL reaction volume containing KPi 20 mM pH 7, EUGO I427A 
3 µM, HRP 0.65 µM, DMSO 5 % (v/v) and a volume equivalent to one gram 2,6-
dimethoxy-4-allylphenol was added. The flask was placed at 30 °C/ 50 rpm and 
samples were routinely taken to analyze when the substrate was fully consumed. 
The samples were analyzed by analytical HPLC as mentioned before. The solution 
was filtered using a pre-weighed 47 mm glass fiber filter from PALL (Ann Arbour, 
MI, USA) under vacuum. The reaction mixture was extracted three times with ethyl 
acetate (3 x 250 mL), and then the combined organic extracts were washed with 
brine, dried over anhydrous MgSO4, filtered and concentrated by rotavap. The 
residue was purified by flash chromatography (SiO2, dichloromethane/methanol = 
99:1). 

Supporting Information 
The supporting information can be found connected to the publication online: 
10.1021/acscatal.8b01235. 
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4.1 Introduction 
One-pot enzymatic cascades have received an increasing attention over recent 
years[1,2] Such approaches are attractive as they save time, money, and energy needed 
to make or isolate compounds with a high degree of purity and quality.[3] These 
cascades also allow conversions in which labile intermediates can be used. One-pot 
cascades have involved a wide range of enzymes ranging from but not exclusive to 
dehydrogenases, transaminases, Baeyer–Villiger monooxygenases, and oxidases.[2–5] 
Recently, we published a one-pot two-enzyme cascade conversion utilizing an 
oxidase and a peroxidase to convert eugenol into lignin-like oligomers.[6] The 
diversity of enzymes used in one-pot reactions has added to the value of this 
approach to synthesize various chiral compounds and other compounds which are 
difficult to be produced by conventional chemical means. 

In this paper, the synthesis of syringaresinol (3) in a one-pot two-enzyme 
conversion is described (see Scheme 1). Syringaresinol (3) is a lignan formed from 
two sinapyl alcohol (2) units linked via a β–β linkage. The lignan is known to display 
various interesting bioactivity properties. It inhibits the motility of Helicobacter pylori 
in the stomach thus playing a role in protection from gastric cancer.[7] It has also 
been found to help in the healing of wounds when present as a glucoside. [8,9] Chung 
and co-workers displayed the effect of syringaresinol (3) in increasing the 
production of nitric oxide from nitric oxide synthase and its complementary effect 
on vasorelaxation of blood vessels.[10] Syringaresinol is a very rigid compound due 
to the presence of a cis-fused bis-furanic moiety in its structure. This makes it an 
attractive candidate for use as a substitute for bisphenol A in industrial resins.[11,12] 

 

Scheme 1. Conversion of 2,6-Dimethoxy-4-allylphenol (1) to Sinapyl Alcohol (2) 
Using EUGO and Sinapyl Alcohol to Syringaresinol (3) Using HRP 

Despite being available naturally in plants, syringaresinol is isolated from natural 
sources in a very low yield.[8] Chemical synthesis of syringaresinol has achieved 
yields reaching 67% through copper catalysis. However, these methods are 
problematic with regard to the toxicity of the chemicals used and the costs of the 
various purification steps involved.[10] The biocatalytic synthesis of syringaresinol 
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from sinapyl alcohol has been described recently using a laccase from Trametes 
versicolor producing the lignan in a yield of 93% in one step. [8] This method is very 
efficient in a multigram scale, yet, concern should be taken to the price of the 
starting material, sinapyl alcohol. 

Inspired by the approach in which sinapyl alcohol is converted into syringaresinol, 
we designed a two-step one-pot conversion starting from the relatively cheap 2,6-
dimethoxy-4-allylphenol. This allylphenol was shown to be a substrate for eugenol 
oxidase (EUGO) by which it is converted into sinapyl alcohol. Except for sinapyl 
alcohol, hydrogen peroxide is also formed upon conversion by EUGO. This 
prompted us to choose a peroxidase to perform the oxidative coupling of the 
formed sinapyl alcohol. The advantage of this system is that the hydrogen peroxide 
generated by EUGO is utilized directly by the peroxidase. While EUGO is the only 
known oxidase capable to convert 2,6-dimethoxy-4-allylphenol into sinapyl alcohol, 
the activity is relatively low when compared with other substrates, such as eugenol, 
vanillyl alcohol and 4-(hydroxy-1-ethyl)-2-methoxyphenol.[13,14] Analysis of the 
structure of EUGO suggests that the active site of the enzyme has limited space for 
accommodating the two methoxy groups in the substrate. 

In order to optimize the efficiency of the cascade conversion, the activity of EUGO 
on 2,6-dimethoxy-4-allylphenol was optimized by performing structure-inspired 
mutagenesis to create a larger active site. The generated mutant EUGO was used 
with horseradish peroxidase (HRP) for the efficient conversion of 2,6-dimethoxy-
4-allylphenol into syringaresinol in high yield. 

EUGO was previously shown to exhibit activity with dimethoxy-substituted 
phenolic substrates as opposed to other enzymes having a similar structure.[13] The 
main reason for this unique property seems to come from the fact that EUGO has 
a glycine at position 392, making sufficient room for a second methoxy moiety on 
the phenolic substrate. Still, EUGO displays a higher activity on phenolic substrates 
that carry only one or no methoxy substituent. Inspection of the isoeugenol-
complexed crystal structure of EUGO (PDB: 5FXD) suggested several residues 
that may hamper binding of the second methoxy moiety: Ile427 and Val166. Other 
residues that are in the same area (Tyr91, Tyr471, and Arg472) were not considered 
as targets for mutagenesis because they have a role in arranging a proper interaction 
with the 4-hydroxy group of the substrate. In fact, these latter three amino acids are 
involved in the stabilization of the phenolate form of the substrate and therefore 
play a role in forming the quinone methide intermediate (see Figure 1).[13] In order 
to accommodate two methoxy groups in the substrate binding pocket, several 
Ile427 and Val166 mutants were prepared: I427V, I427A, I427G, and V166A. By 
introducing relatively small residues, more efficient binding of the target substrate 
may be achieved. 
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from sinapyl alcohol has been described recently using a laccase from Trametes 
versicolor producing the lignan in a yield of 93% in one step. [8] This method is very 
efficient in a multigram scale, yet, concern should be taken to the price of the 
starting material, sinapyl alcohol. 

Inspired by the approach in which sinapyl alcohol is converted into syringaresinol, 
we designed a two-step one-pot conversion starting from the relatively cheap 2,6-
dimethoxy-4-allylphenol. This allylphenol was shown to be a substrate for eugenol 
oxidase (EUGO) by which it is converted into sinapyl alcohol. Except for sinapyl 
alcohol, hydrogen peroxide is also formed upon conversion by EUGO. This 
prompted us to choose a peroxidase to perform the oxidative coupling of the 
formed sinapyl alcohol. The advantage of this system is that the hydrogen peroxide 
generated by EUGO is utilized directly by the peroxidase. While EUGO is the only 
known oxidase capable to convert 2,6-dimethoxy-4-allylphenol into sinapyl alcohol, 
the activity is relatively low when compared with other substrates, such as eugenol, 
vanillyl alcohol and 4-(hydroxy-1-ethyl)-2-methoxyphenol.[13,14] Analysis of the 
structure of EUGO suggests that the active site of the enzyme has limited space for 
accommodating the two methoxy groups in the substrate. 

In order to optimize the efficiency of the cascade conversion, the activity of EUGO 
on 2,6-dimethoxy-4-allylphenol was optimized by performing structure-inspired 
mutagenesis to create a larger active site. The generated mutant EUGO was used 
with horseradish peroxidase (HRP) for the efficient conversion of 2,6-dimethoxy-
4-allylphenol into syringaresinol in high yield. 

EUGO was previously shown to exhibit activity with dimethoxy-substituted 
phenolic substrates as opposed to other enzymes having a similar structure.[13] The 
main reason for this unique property seems to come from the fact that EUGO has 
a glycine at position 392, making sufficient room for a second methoxy moiety on 
the phenolic substrate. Still, EUGO displays a higher activity on phenolic substrates 
that carry only one or no methoxy substituent. Inspection of the isoeugenol-
complexed crystal structure of EUGO (PDB: 5FXD) suggested several residues 
that may hamper binding of the second methoxy moiety: Ile427 and Val166. Other 
residues that are in the same area (Tyr91, Tyr471, and Arg472) were not considered 
as targets for mutagenesis because they have a role in arranging a proper interaction 
with the 4-hydroxy group of the substrate. In fact, these latter three amino acids are 
involved in the stabilization of the phenolate form of the substrate and therefore 
play a role in forming the quinone methide intermediate (see Figure 1).[13] In order 
to accommodate two methoxy groups in the substrate binding pocket, several 
Ile427 and Val166 mutants were prepared: I427V, I427A, I427G, and V166A. By 
introducing relatively small residues, more efficient binding of the target substrate 
may be achieved. 
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versicolor producing the lignan in a yield of 93% in one step. [8] This method is very 
efficient in a multigram scale, yet, concern should be taken to the price of the 
starting material, sinapyl alcohol. 

Inspired by the approach in which sinapyl alcohol is converted into syringaresinol, 
we designed a two-step one-pot conversion starting from the relatively cheap 2,6-
dimethoxy-4-allylphenol. This allylphenol was shown to be a substrate for eugenol 
oxidase (EUGO) by which it is converted into sinapyl alcohol. Except for sinapyl 
alcohol, hydrogen peroxide is also formed upon conversion by EUGO. This 
prompted us to choose a peroxidase to perform the oxidative coupling of the 
formed sinapyl alcohol. The advantage of this system is that the hydrogen peroxide 
generated by EUGO is utilized directly by the peroxidase. While EUGO is the only 
known oxidase capable to convert 2,6-dimethoxy-4-allylphenol into sinapyl alcohol, 
the activity is relatively low when compared with other substrates, such as eugenol, 
vanillyl alcohol and 4-(hydroxy-1-ethyl)-2-methoxyphenol.[13,14] Analysis of the 
structure of EUGO suggests that the active site of the enzyme has limited space for 
accommodating the two methoxy groups in the substrate. 

In order to optimize the efficiency of the cascade conversion, the activity of EUGO 
on 2,6-dimethoxy-4-allylphenol was optimized by performing structure-inspired 
mutagenesis to create a larger active site. The generated mutant EUGO was used 
with horseradish peroxidase (HRP) for the efficient conversion of 2,6-dimethoxy-
4-allylphenol into syringaresinol in high yield. 

EUGO was previously shown to exhibit activity with dimethoxy-substituted 
phenolic substrates as opposed to other enzymes having a similar structure.[13] The 
main reason for this unique property seems to come from the fact that EUGO has 
a glycine at position 392, making sufficient room for a second methoxy moiety on 
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play a role in forming the quinone methide intermediate (see Figure 1).[13] In order 
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DyP-type peroxidases are heme-containing enzymes that have received increasing 
attention over recent years with regards to their potential as biocatalysts. A novel 
DyP-type peroxidase (CboDyP) was discovered from the alkaliphilic cellulomonad, 
Cellulomonas bogoriensis, which could be overexpressed in Escherichia coli. The 
biochemical characterization of the recombinant enzyme showed that it is a heme-
containing enzyme capable to act as a peroxidase on several dyes. With the tested 
substrates, the enzyme is most active at acidic pH values and is quite tolerant 
towards solvents. The crystal structure of CboDyP was solved which revealed 
atomic details of the dimeric heme-containing enzyme. A peculiar feature of 
CboDyP is the presence of a glutamate in the active site which in most other DyPs 
is an aspartate, being part of the DyP-typifying sequence motif GXXDG. The 
E201D CboDyP mutant was prepared and analyzed which revealed that the mutant 
enzyme shows a significantly higher activity on several dyes when compared with 
the wild-type enzyme. 
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5.1 Introduction 
DyP-type peroxidases (DyPs) are heme-containing enzymes known for their ability 
to degrade dyes through their peroxidase activity. Recent studies have shown that 
DyPs are also involved in lignin degradation and can be used for oxidation of 
various compounds such as carotenoids, phenols, and aromatic sulfides. The 
observation that they also catalyze enantioselective oxygenation of aromatic sulfides 
indicates that they can even act as peroxygenases. Based on sequence features, the 
family of DyPs can be dissected into four subfamilies (class A, B, C, and D DyPs), 
according to the Peroxibase classification. Class D DyPs contain predominantly 
fungal peroxidases whereas the other classes mainly contain bacterial peroxidases. 
Members of class A typically have a Tat-signal sequence that facilitates its secretion. 
An example of a type A DyP is the peroxidase from Thermobifida fusca also known 
as TfuDyP [1]. While this was the first reported bacterial DyP, several other DyPs 
have been reported in the last decade. 
In this paper we identify another type A DyP from the alkaliphilic cellulomonad, 
Cellulomonas bogoriensis (CboDyP). C. bogoriensis was isolated from the alkaline Lake 
Bogoria in Kenya [2]. The predicted protein was identified by performing a sequence 
homology search using TfuDyP. Except for typical class A sequence features such 
as a Tat-signal sequence and the presence of a conserved His to interact with the 
iron in the heme cofactor, the CboDyP sequence has an aberrant sequence in the 
region where normally a GXXDG motif is found. In CboDyP, the conserved 
aspartate is replaced by a glutamate. While this seems a mild variation, this 
difference from most DyPs is striking as the aspartate has been shown to be a crucial 
active site residue. It has been reported to play a role as a proton acceptor during 
the heterolytic cleavage of hydrogen peroxide. It forms a hydrogen bond with the 
distal solvent species and was shown to be essential for catalysis.[1,3,4] In this paper, 
we present a full characterization of CboDyP concerning its peroxidase activity on 
several dyes and its thermostability using different solvents. Furthermore, we also 
elucidated its crystal structure, and probed the role of the aberrant glutamate in its 
active site. 
 
5.2 Results and Discussion 
5.2.1 Novel DyP Enzyme Identification from C. bogoriensis 
A putative DyP-encoding gene was found in the sequence genome of C. bogoriensis 
(CboDyP) after performing a BLAST search with the TfuDyP sequence as a query 
in the NCBI (National Center for Biotechnology Information) protein database. It 
displays 39% sequence identity with TfuDyP and also includes a Tat-signal sequence 
indicating that it is a class A DyP. Yet, the predicted protein sequence has an unusual 
sequence in the region that contains the typical DyP GXXDG motif: GXXEG. In 
order to study the DyP from C. bogoriensis, a CboDyP-encoding gene was synthesized 
and cloned into a pBAD-His-SUMO vector. CboDyP could be overexpressed in E. 
coli at 17 and 24 °C. The expression at both temperatures resulted in expression of 
soluble protein and purification yielded 84 mg L-1 at 17 °C and 164 mg L−1 at 24 
°C. The CboDyP E201D mutant was also expressed in a soluble form with a yield 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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Figure 1. (a) The spectrum of wild-type CboDyP (20 μM) in KPi 50 mM, pH 7 
showing a Soret band at 407 nm (blue line). The effect of the addition of sodium 
dithionite (green line) and the addition of hydrogen peroxide (red line) on the 
position and amplitude of the Soret band can be observed. (b) The spectrum of 
E201D CboDyP (20 μM) in KPi 50 mM, pH 7 showing spectral changes when 
adding hydrogen peroxide (red line) or dithionite (green line). 

Characterization of a New DyP-Peroxidase from Cellulomonas bogoriensis 

87 
 

5.2.3 Activity of Wild-Type (wt) and E201D CboDyP with Different Dyes 
The activity of wt CboDyP and E201D CboDyP was tested in the presence of 
different dyes. Interestingly, as shown in Table 1, the activities of the mutant 
enzyme were greater for most of the dyes than the wild-type enzyme. For the 
anthraquinone dye Reactive Blue 19, E201D CboDyP shows the highest activity and 
is even more active when compared with the previously reported TfuDyP [6]. Activity 
of both CboDyP variants with the azo dye Acid Red 14 was not very high. Also 
curcumin was tested but neither wild-type nor E201D CboDyP showed any activity 
on it. When comparing the observed activities with TfuDyP, both CboDyP variants 
show a similar trend in activities towards different dye types, with the anthraquinone 
dyes being the best substrates. It is worth noting that E201D CboDyP outperforms 
TfuDyP on most of the tested dyes. Only in one case, Disperse Blue 1, the wild-
type CboDyP had the highest activity. For all other tested dyes, E201D CboDyP 
performed the best. The observed differences may reflect the differences in 
accessibility of the active site of the peroxidases. 

 
Table 1. The activities of wt CboDyP, E201D CboDyP, TfuDyP [6] and hemin as a 
control with different dyes at pH 4. 

Dye Type Dye max 

(nm) 
Conc. 
(µM) 

kobs at pH 4 (s−1)  

wt CboDyP E201D 
CboDyP 

TfuDyP 
b Hemin 

Anthraquinone Reactive Blue 19 595 50 0.22 a 2.88 a 1.7 N.D. c 
Anthraquinone Disperse Blue 1 577 50 2.26 ± 0.20 2.13 ± 0.02 10 N.D. 

Azo dye Acid Red 14 516 25 0.029 ± 0.001 0.34 ± 0.01 0.047 0.027 ± 
0.038 

Indigoid dye Indigotetrasulfo
nate 590 50 0.051 ± 0.02 0.129 ± 0.004 0.023 0.040 ± 

0.015 

Phthalocyanine 
dye 

Copper 
phthalocyanine- 

3,4’,4’’,4’’’-
tetrasulfonic acid 

616 25 - 0.137 ± 0.022 0.85 0.008 ± 
0.002 

a These activities were measured at a pH of 5 and values represent kcat. b The 
activities for TfuDyP are as reported in [6]. c Not determined. 
 
5.2.4 pH Profile Determination for wt and E201D CboDyP 
Reactive Blue 19 (RB19) was found to be one of the better substrates for wild-type 
CboDyP and used for further experiments. To establish the pH optimum of wild-
type CboDyP and E201D CboDyP, this dye was used as test substrate. This revealed 
that the optimal pH for enzyme activity for the wild-type enzyme is at pH 5 while 
the mutant CboDyP is most active at pH 4. This may hint to a role of E201 in tuning 
the pH optimum to relatively high pH as would be required for an alkaliphilic 
bacterium. It has been observed that the pH optimum for DyPs can be substrate 
dependent and it is expected that CboDyP should act at a relatively high pH value. 
No enzyme activity for the wild-type was recorded at pH 3 and no enzyme activity 
for either variant was recorded at pH 7. A very interesting observation is that the 
activity of the mutant enzyme was almost 10-fold greater than the wild-type at a pH 
of 4 (see Figure S4). This could possibly be explained by the fact that the glutamate 
amino acid is slightly larger (extra carbon atom in the side chain) than the aspartate 
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5.1 Introduction 
DyP-type peroxidases (DyPs) are heme-containing enzymes known for their ability 
to degrade dyes through their peroxidase activity. Recent studies have shown that 
DyPs are also involved in lignin degradation and can be used for oxidation of 
various compounds such as carotenoids, phenols, and aromatic sulfides. The 
observation that they also catalyze enantioselective oxygenation of aromatic sulfides 
indicates that they can even act as peroxygenases. Based on sequence features, the 
family of DyPs can be dissected into four subfamilies (class A, B, C, and D DyPs), 
according to the Peroxibase classification. Class D DyPs contain predominantly 
fungal peroxidases whereas the other classes mainly contain bacterial peroxidases. 
Members of class A typically have a Tat-signal sequence that facilitates its secretion. 
An example of a type A DyP is the peroxidase from Thermobifida fusca also known 
as TfuDyP [1]. While this was the first reported bacterial DyP, several other DyPs 
have been reported in the last decade. 
In this paper we identify another type A DyP from the alkaliphilic cellulomonad, 
Cellulomonas bogoriensis (CboDyP). C. bogoriensis was isolated from the alkaline Lake 
Bogoria in Kenya [2]. The predicted protein was identified by performing a sequence 
homology search using TfuDyP. Except for typical class A sequence features such 
as a Tat-signal sequence and the presence of a conserved His to interact with the 
iron in the heme cofactor, the CboDyP sequence has an aberrant sequence in the 
region where normally a GXXDG motif is found. In CboDyP, the conserved 
aspartate is replaced by a glutamate. While this seems a mild variation, this 
difference from most DyPs is striking as the aspartate has been shown to be a crucial 
active site residue. It has been reported to play a role as a proton acceptor during 
the heterolytic cleavage of hydrogen peroxide. It forms a hydrogen bond with the 
distal solvent species and was shown to be essential for catalysis.[1,3,4] In this paper, 
we present a full characterization of CboDyP concerning its peroxidase activity on 
several dyes and its thermostability using different solvents. Furthermore, we also 
elucidated its crystal structure, and probed the role of the aberrant glutamate in its 
active site. 
 
5.2 Results and Discussion 
5.2.1 Novel DyP Enzyme Identification from C. bogoriensis 
A putative DyP-encoding gene was found in the sequence genome of C. bogoriensis 
(CboDyP) after performing a BLAST search with the TfuDyP sequence as a query 
in the NCBI (National Center for Biotechnology Information) protein database. It 
displays 39% sequence identity with TfuDyP and also includes a Tat-signal sequence 
indicating that it is a class A DyP. Yet, the predicted protein sequence has an unusual 
sequence in the region that contains the typical DyP GXXDG motif: GXXEG. In 
order to study the DyP from C. bogoriensis, a CboDyP-encoding gene was synthesized 
and cloned into a pBAD-His-SUMO vector. CboDyP could be overexpressed in E. 
coli at 17 and 24 °C. The expression at both temperatures resulted in expression of 
soluble protein and purification yielded 84 mg L-1 at 17 °C and 164 mg L−1 at 24 
°C. The CboDyP E201D mutant was also expressed in a soluble form with a yield 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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Figure 1. (a) The spectrum of wild-type CboDyP (20 μM) in KPi 50 mM, pH 7 
showing a Soret band at 407 nm (blue line). The effect of the addition of sodium 
dithionite (green line) and the addition of hydrogen peroxide (red line) on the 
position and amplitude of the Soret band can be observed. (b) The spectrum of 
E201D CboDyP (20 μM) in KPi 50 mM, pH 7 showing spectral changes when 
adding hydrogen peroxide (red line) or dithionite (green line). 
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5.2.3 Activity of Wild-Type (wt) and E201D CboDyP with Different Dyes 
The activity of wt CboDyP and E201D CboDyP was tested in the presence of 
different dyes. Interestingly, as shown in Table 1, the activities of the mutant 
enzyme were greater for most of the dyes than the wild-type enzyme. For the 
anthraquinone dye Reactive Blue 19, E201D CboDyP shows the highest activity and 
is even more active when compared with the previously reported TfuDyP [6]. Activity 
of both CboDyP variants with the azo dye Acid Red 14 was not very high. Also 
curcumin was tested but neither wild-type nor E201D CboDyP showed any activity 
on it. When comparing the observed activities with TfuDyP, both CboDyP variants 
show a similar trend in activities towards different dye types, with the anthraquinone 
dyes being the best substrates. It is worth noting that E201D CboDyP outperforms 
TfuDyP on most of the tested dyes. Only in one case, Disperse Blue 1, the wild-
type CboDyP had the highest activity. For all other tested dyes, E201D CboDyP 
performed the best. The observed differences may reflect the differences in 
accessibility of the active site of the peroxidases. 

 
Table 1. The activities of wt CboDyP, E201D CboDyP, TfuDyP [6] and hemin as a 
control with different dyes at pH 4. 

Dye Type Dye max 

(nm) 
Conc. 
(µM) 

kobs at pH 4 (s−1)  

wt CboDyP E201D 
CboDyP 

TfuDyP 
b Hemin 

Anthraquinone Reactive Blue 19 595 50 0.22 a 2.88 a 1.7 N.D. c 
Anthraquinone Disperse Blue 1 577 50 2.26 ± 0.20 2.13 ± 0.02 10 N.D. 

Azo dye Acid Red 14 516 25 0.029 ± 0.001 0.34 ± 0.01 0.047 0.027 ± 
0.038 

Indigoid dye Indigotetrasulfo
nate 590 50 0.051 ± 0.02 0.129 ± 0.004 0.023 0.040 ± 

0.015 

Phthalocyanine 
dye 

Copper 
phthalocyanine- 

3,4’,4’’,4’’’-
tetrasulfonic acid 

616 25 - 0.137 ± 0.022 0.85 0.008 ± 
0.002 

a These activities were measured at a pH of 5 and values represent kcat. b The 
activities for TfuDyP are as reported in [6]. c Not determined. 
 
5.2.4 pH Profile Determination for wt and E201D CboDyP 
Reactive Blue 19 (RB19) was found to be one of the better substrates for wild-type 
CboDyP and used for further experiments. To establish the pH optimum of wild-
type CboDyP and E201D CboDyP, this dye was used as test substrate. This revealed 
that the optimal pH for enzyme activity for the wild-type enzyme is at pH 5 while 
the mutant CboDyP is most active at pH 4. This may hint to a role of E201 in tuning 
the pH optimum to relatively high pH as would be required for an alkaliphilic 
bacterium. It has been observed that the pH optimum for DyPs can be substrate 
dependent and it is expected that CboDyP should act at a relatively high pH value. 
No enzyme activity for the wild-type was recorded at pH 3 and no enzyme activity 
for either variant was recorded at pH 7. A very interesting observation is that the 
activity of the mutant enzyme was almost 10-fold greater than the wild-type at a pH 
of 4 (see Figure S4). This could possibly be explained by the fact that the glutamate 
amino acid is slightly larger (extra carbon atom in the side chain) than the aspartate 
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5.1 Introduction 
DyP-type peroxidases (DyPs) are heme-containing enzymes known for their ability 
to degrade dyes through their peroxidase activity. Recent studies have shown that 
DyPs are also involved in lignin degradation and can be used for oxidation of 
various compounds such as carotenoids, phenols, and aromatic sulfides. The 
observation that they also catalyze enantioselective oxygenation of aromatic sulfides 
indicates that they can even act as peroxygenases. Based on sequence features, the 
family of DyPs can be dissected into four subfamilies (class A, B, C, and D DyPs), 
according to the Peroxibase classification. Class D DyPs contain predominantly 
fungal peroxidases whereas the other classes mainly contain bacterial peroxidases. 
Members of class A typically have a Tat-signal sequence that facilitates its secretion. 
An example of a type A DyP is the peroxidase from Thermobifida fusca also known 
as TfuDyP [1]. While this was the first reported bacterial DyP, several other DyPs 
have been reported in the last decade. 
In this paper we identify another type A DyP from the alkaliphilic cellulomonad, 
Cellulomonas bogoriensis (CboDyP). C. bogoriensis was isolated from the alkaline Lake 
Bogoria in Kenya [2]. The predicted protein was identified by performing a sequence 
homology search using TfuDyP. Except for typical class A sequence features such 
as a Tat-signal sequence and the presence of a conserved His to interact with the 
iron in the heme cofactor, the CboDyP sequence has an aberrant sequence in the 
region where normally a GXXDG motif is found. In CboDyP, the conserved 
aspartate is replaced by a glutamate. While this seems a mild variation, this 
difference from most DyPs is striking as the aspartate has been shown to be a crucial 
active site residue. It has been reported to play a role as a proton acceptor during 
the heterolytic cleavage of hydrogen peroxide. It forms a hydrogen bond with the 
distal solvent species and was shown to be essential for catalysis.[1,3,4] In this paper, 
we present a full characterization of CboDyP concerning its peroxidase activity on 
several dyes and its thermostability using different solvents. Furthermore, we also 
elucidated its crystal structure, and probed the role of the aberrant glutamate in its 
active site. 
 
5.2 Results and Discussion 
5.2.1 Novel DyP Enzyme Identification from C. bogoriensis 
A putative DyP-encoding gene was found in the sequence genome of C. bogoriensis 
(CboDyP) after performing a BLAST search with the TfuDyP sequence as a query 
in the NCBI (National Center for Biotechnology Information) protein database. It 
displays 39% sequence identity with TfuDyP and also includes a Tat-signal sequence 
indicating that it is a class A DyP. Yet, the predicted protein sequence has an unusual 
sequence in the region that contains the typical DyP GXXDG motif: GXXEG. In 
order to study the DyP from C. bogoriensis, a CboDyP-encoding gene was synthesized 
and cloned into a pBAD-His-SUMO vector. CboDyP could be overexpressed in E. 
coli at 17 and 24 °C. The expression at both temperatures resulted in expression of 
soluble protein and purification yielded 84 mg L-1 at 17 °C and 164 mg L−1 at 24 
°C. The CboDyP E201D mutant was also expressed in a soluble form with a yield 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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amino acid and therefore blocks the entrance of the active site (vide infra) thus 
lowering activity. 

 
5.2.5 Steady State Kinetic Measurements for Peroxidase Activity Determination 
The steady state kinetic measurements for peroxidase activity were measured for 
the two CboDyP variants at pH 5 using RB19 as a substrate (Figure S5). The results 
show that wild-type CboDyP shows less activity (kcat) than its corresponding mutant 
(0.22 s−1 vs 2.88 s−1). The KM values for RB19 for both enzymes are in the same 
range (17 μM for wild-type CboDyP and 36 μM for the E201D mutant). The kcat/KM 
values are 1.3 × 104 M−1s−1 for the wild type enzyme and 8 × 104 M−1s−1 for the 
E201D mutant. Using 100 μM RB19, the KM values for hydrogen peroxidase were 
also determined: 33 μM (wild-type CboDyP) and 11 μM (E201D CboDyP), 
respectively (Figure S6). This again shows that the mutant enzyme is a more efficient 
biocatalyst. To study the effect of the analogous mutation in other DyPs, an enzyme 
kinetic analysis of two other previously characterized DyPs (DyP from 
Saccharomonospora viridis [SviDyP] [7] and TfuDyP [1, 6, 8]) was performed. For both 
DyPs, the wild-type and the corresponding D > E mutants were prepared. Wild-
type SviDyP, D199E SviDyP, wild-type TfuDyP, and D242E TfuDyP were 
overexpressed at a temperature of 30 °C and subsequently purified. Activities for 
all six enzyme variants were measured at a single substrate concentration (50 μM 
RB19). It was found that the D > E mutants of TfuDyP and SviDyP displayed a 2–
5 fold lower activity when compared with their respective wild-type variants (Figure 
S7). This confirms that the aspartate is the optimal residue for DyPs. Yet, 
replacement with a glutamate retains significant activity of all tested DyPs, 
indicating that the DyP-identifying sequence motif can be better defined by a 
GXX[D/E]G motif. In fact, when we searched the sequence database with 
GXXEG as motif, several dozen other putative DyP sequences could be retrieved. 

 
5.2.6 Structural Characterization of CboDyP 
Dynamic light scattering analysis of the purified CboDyP indicated that the 
peroxidase has a hydrodynamic radius of 4.18 nm with an apparent molecular 
weight of 96 kDa (39% polydispersity) (Figure S9). 
The crystal structure of C. bogoriensis dye-decolorizing peroxidase (CboDyp) was 
determined to 2.4 Å resolution. The model contains eight protein molecules in the 
asymmetric unit (molecules A–H). The first 22 N-terminal residues of CboDyp are 
not visible in electron density. Indeed, CboDyp was predicted to contain a signal 
sequence for export into the periplasm encompassing the first 22 residues. 
Probably, the N-terminus is not ordered in the obtained crystals. 
The enzyme is 54% identical to Thermomonospora curvata heme-containing DyP-type 
peroxidase [9,10] (TcuDyp, PDB code:5JXU), 43% to DtpA from Streptomyces lividans 
[11] (5MJH, 5MAP), 41% to DyP-type peroxidase (SCO3963) from Streptomyces 
coelicolor (not published) (4GT2), 39% to TfuDyP [1] (5FW4), 39% to DyP-type 
peroxidase from Thermobifida cellulosilytica (not published) (4GS1), 39% to DyP-type 
peroxidase (SCO2276) from S. coelicolor (not published) (4GRC), 38% to EfeB from 
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E. coli O157 [12] (3O72), and 37% to EfeB-YcdB from E. coli K12 (not published) 
(2Y4F). The enzyme has the highest homology to SviDyP [7] (60% identity). 
Like other enzymes of this class, CboDyp is a homodimer (Figure 2a). The monomer 
has a characteristic Dyp-type peroxidase fold containing two domains with both a 
ferredoxin-like fold, consisting of two four-stranded antiparallel β-sheets packed 
against each other [12]. The β-barrel is surrounded by 16 α-helices. The buried surface 
area upon dimerization of an AB-dimer is 2132 Å2 per monomer (Pisa server). The 
dimer interface is a mixture of hydrophobic and polar (1 salt bridge) interactions.  
Crystal contacts are via interactions between monomers B and C (and E-H). The 
interactions are mainly in the loops (residues 268–281 and 294–302) (buried surface 
area is 460 Å2 per monomer). Monomers A and H (and B-G, C-F, D-E) interact via 
salt bridges (buried surface area is 670 Å2 per monomer). The crystal packing shows 
the presence of large solvent channels along the c-axis of the P62 cell. The diameter 
of the pore is ~80 Å. The N-termini of all subunits are located in this channel. 
Dimer pairs E-F and G-H are separated by a translation of 128.1 Å along the 6-fold 
axis (i.e. tNCS). 
The porphyrin ring of the heme cofactor is buried in a hydrophobic pocket packed 
between the β-strands of the N-terminal domain and two α-helices. The 2nd α-helix 
(residues 248–255 and 291–296) contains an excursion of 36 residues. This loop 
shields part of the cofactor from the solvent. The ring makes extensive interactions 
with predominantly hydrophobic residues; Met197, Gln199, Ala204, Ile236, 
Met238, Ile255, Ile293, Ala296, Phe305, Leu326, Phe328, Phe339, Val342, Leu346, 
Leu352, and Thr356. 
The heme cofactor is ligated by the strictly conserved proximal His292 with a 
distance of 2.1 Å between Nε of the imidazole ring and the heme iron. The Nδ 
atom is hydrogen bonded to the hydroxyl of the carboxyl group of Asp350. The 
Asp350-carbonyl is hydrogen bonded to the backbone amides of Leu351 and 
Leu352. The residues on the proximal side of the porphyrin ring are well conserved 
in the A-class of DyP-type peroxidases. 
The distal face of the porphyrin ring is ligated by Glu201 and Arg307 (Figure 2b). 
A glutamate residue at that position is different from all other DyP peroxidases so 
far known which all contain an aspartate. The extra methyl group positions the 
oxygens of the carboxylate group at 4.5 and 4.8 Å from the Fe of the cofactor. In 
5JXU, these distances are 5.4 and 5.8 Å. The carboxylate group and the guanidine 
group of the arginine are also closer, 3.1 Å compared to 3.3 Å in 5JXU. The 
conserved Phe328 is also located on the distal face of the heme cofactor and has 
moved about 0.8 Å toward Glu201 by the “bulkier” Thr330, instead of Cys, Ser or 
Ala in the other structures. The distance between Glu201-OE2 and Phe328-CE1 
has been reduced to 4.0 Å. Hence the dimensions of the distal cavity near the 
heme-Fe have been reduced. 
The accessibility of the heme cofactor in three DyP structures (CboDyp, TcuDyp, 
and DtpA) was analyzed. The Caver 3.0 analysis (see Figure S8) shows that the most 
important access tunnel (blue) is present at the same position in the three structures 
while they also all contain another access tunnel (green) which differs in each 
structure. The access to the internal cavity near the heme is limited by the radius of 
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5.1 Introduction 
DyP-type peroxidases (DyPs) are heme-containing enzymes known for their ability 
to degrade dyes through their peroxidase activity. Recent studies have shown that 
DyPs are also involved in lignin degradation and can be used for oxidation of 
various compounds such as carotenoids, phenols, and aromatic sulfides. The 
observation that they also catalyze enantioselective oxygenation of aromatic sulfides 
indicates that they can even act as peroxygenases. Based on sequence features, the 
family of DyPs can be dissected into four subfamilies (class A, B, C, and D DyPs), 
according to the Peroxibase classification. Class D DyPs contain predominantly 
fungal peroxidases whereas the other classes mainly contain bacterial peroxidases. 
Members of class A typically have a Tat-signal sequence that facilitates its secretion. 
An example of a type A DyP is the peroxidase from Thermobifida fusca also known 
as TfuDyP [1]. While this was the first reported bacterial DyP, several other DyPs 
have been reported in the last decade. 
In this paper we identify another type A DyP from the alkaliphilic cellulomonad, 
Cellulomonas bogoriensis (CboDyP). C. bogoriensis was isolated from the alkaline Lake 
Bogoria in Kenya [2]. The predicted protein was identified by performing a sequence 
homology search using TfuDyP. Except for typical class A sequence features such 
as a Tat-signal sequence and the presence of a conserved His to interact with the 
iron in the heme cofactor, the CboDyP sequence has an aberrant sequence in the 
region where normally a GXXDG motif is found. In CboDyP, the conserved 
aspartate is replaced by a glutamate. While this seems a mild variation, this 
difference from most DyPs is striking as the aspartate has been shown to be a crucial 
active site residue. It has been reported to play a role as a proton acceptor during 
the heterolytic cleavage of hydrogen peroxide. It forms a hydrogen bond with the 
distal solvent species and was shown to be essential for catalysis.[1,3,4] In this paper, 
we present a full characterization of CboDyP concerning its peroxidase activity on 
several dyes and its thermostability using different solvents. Furthermore, we also 
elucidated its crystal structure, and probed the role of the aberrant glutamate in its 
active site. 
 
5.2 Results and Discussion 
5.2.1 Novel DyP Enzyme Identification from C. bogoriensis 
A putative DyP-encoding gene was found in the sequence genome of C. bogoriensis 
(CboDyP) after performing a BLAST search with the TfuDyP sequence as a query 
in the NCBI (National Center for Biotechnology Information) protein database. It 
displays 39% sequence identity with TfuDyP and also includes a Tat-signal sequence 
indicating that it is a class A DyP. Yet, the predicted protein sequence has an unusual 
sequence in the region that contains the typical DyP GXXDG motif: GXXEG. In 
order to study the DyP from C. bogoriensis, a CboDyP-encoding gene was synthesized 
and cloned into a pBAD-His-SUMO vector. CboDyP could be overexpressed in E. 
coli at 17 and 24 °C. The expression at both temperatures resulted in expression of 
soluble protein and purification yielded 84 mg L-1 at 17 °C and 164 mg L−1 at 24 
°C. The CboDyP E201D mutant was also expressed in a soluble form with a yield 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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amino acid and therefore blocks the entrance of the active site (vide infra) thus 
lowering activity. 

 
5.2.5 Steady State Kinetic Measurements for Peroxidase Activity Determination 
The steady state kinetic measurements for peroxidase activity were measured for 
the two CboDyP variants at pH 5 using RB19 as a substrate (Figure S5). The results 
show that wild-type CboDyP shows less activity (kcat) than its corresponding mutant 
(0.22 s−1 vs 2.88 s−1). The KM values for RB19 for both enzymes are in the same 
range (17 μM for wild-type CboDyP and 36 μM for the E201D mutant). The kcat/KM 
values are 1.3 × 104 M−1s−1 for the wild type enzyme and 8 × 104 M−1s−1 for the 
E201D mutant. Using 100 μM RB19, the KM values for hydrogen peroxidase were 
also determined: 33 μM (wild-type CboDyP) and 11 μM (E201D CboDyP), 
respectively (Figure S6). This again shows that the mutant enzyme is a more efficient 
biocatalyst. To study the effect of the analogous mutation in other DyPs, an enzyme 
kinetic analysis of two other previously characterized DyPs (DyP from 
Saccharomonospora viridis [SviDyP] [7] and TfuDyP [1, 6, 8]) was performed. For both 
DyPs, the wild-type and the corresponding D > E mutants were prepared. Wild-
type SviDyP, D199E SviDyP, wild-type TfuDyP, and D242E TfuDyP were 
overexpressed at a temperature of 30 °C and subsequently purified. Activities for 
all six enzyme variants were measured at a single substrate concentration (50 μM 
RB19). It was found that the D > E mutants of TfuDyP and SviDyP displayed a 2–
5 fold lower activity when compared with their respective wild-type variants (Figure 
S7). This confirms that the aspartate is the optimal residue for DyPs. Yet, 
replacement with a glutamate retains significant activity of all tested DyPs, 
indicating that the DyP-identifying sequence motif can be better defined by a 
GXX[D/E]G motif. In fact, when we searched the sequence database with 
GXXEG as motif, several dozen other putative DyP sequences could be retrieved. 

 
5.2.6 Structural Characterization of CboDyP 
Dynamic light scattering analysis of the purified CboDyP indicated that the 
peroxidase has a hydrodynamic radius of 4.18 nm with an apparent molecular 
weight of 96 kDa (39% polydispersity) (Figure S9). 
The crystal structure of C. bogoriensis dye-decolorizing peroxidase (CboDyp) was 
determined to 2.4 Å resolution. The model contains eight protein molecules in the 
asymmetric unit (molecules A–H). The first 22 N-terminal residues of CboDyp are 
not visible in electron density. Indeed, CboDyp was predicted to contain a signal 
sequence for export into the periplasm encompassing the first 22 residues. 
Probably, the N-terminus is not ordered in the obtained crystals. 
The enzyme is 54% identical to Thermomonospora curvata heme-containing DyP-type 
peroxidase [9,10] (TcuDyp, PDB code:5JXU), 43% to DtpA from Streptomyces lividans 
[11] (5MJH, 5MAP), 41% to DyP-type peroxidase (SCO3963) from Streptomyces 
coelicolor (not published) (4GT2), 39% to TfuDyP [1] (5FW4), 39% to DyP-type 
peroxidase from Thermobifida cellulosilytica (not published) (4GS1), 39% to DyP-type 
peroxidase (SCO2276) from S. coelicolor (not published) (4GRC), 38% to EfeB from 
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E. coli O157 [12] (3O72), and 37% to EfeB-YcdB from E. coli K12 (not published) 
(2Y4F). The enzyme has the highest homology to SviDyP [7] (60% identity). 
Like other enzymes of this class, CboDyp is a homodimer (Figure 2a). The monomer 
has a characteristic Dyp-type peroxidase fold containing two domains with both a 
ferredoxin-like fold, consisting of two four-stranded antiparallel β-sheets packed 
against each other [12]. The β-barrel is surrounded by 16 α-helices. The buried surface 
area upon dimerization of an AB-dimer is 2132 Å2 per monomer (Pisa server). The 
dimer interface is a mixture of hydrophobic and polar (1 salt bridge) interactions.  
Crystal contacts are via interactions between monomers B and C (and E-H). The 
interactions are mainly in the loops (residues 268–281 and 294–302) (buried surface 
area is 460 Å2 per monomer). Monomers A and H (and B-G, C-F, D-E) interact via 
salt bridges (buried surface area is 670 Å2 per monomer). The crystal packing shows 
the presence of large solvent channels along the c-axis of the P62 cell. The diameter 
of the pore is ~80 Å. The N-termini of all subunits are located in this channel. 
Dimer pairs E-F and G-H are separated by a translation of 128.1 Å along the 6-fold 
axis (i.e. tNCS). 
The porphyrin ring of the heme cofactor is buried in a hydrophobic pocket packed 
between the β-strands of the N-terminal domain and two α-helices. The 2nd α-helix 
(residues 248–255 and 291–296) contains an excursion of 36 residues. This loop 
shields part of the cofactor from the solvent. The ring makes extensive interactions 
with predominantly hydrophobic residues; Met197, Gln199, Ala204, Ile236, 
Met238, Ile255, Ile293, Ala296, Phe305, Leu326, Phe328, Phe339, Val342, Leu346, 
Leu352, and Thr356. 
The heme cofactor is ligated by the strictly conserved proximal His292 with a 
distance of 2.1 Å between Nε of the imidazole ring and the heme iron. The Nδ 
atom is hydrogen bonded to the hydroxyl of the carboxyl group of Asp350. The 
Asp350-carbonyl is hydrogen bonded to the backbone amides of Leu351 and 
Leu352. The residues on the proximal side of the porphyrin ring are well conserved 
in the A-class of DyP-type peroxidases. 
The distal face of the porphyrin ring is ligated by Glu201 and Arg307 (Figure 2b). 
A glutamate residue at that position is different from all other DyP peroxidases so 
far known which all contain an aspartate. The extra methyl group positions the 
oxygens of the carboxylate group at 4.5 and 4.8 Å from the Fe of the cofactor. In 
5JXU, these distances are 5.4 and 5.8 Å. The carboxylate group and the guanidine 
group of the arginine are also closer, 3.1 Å compared to 3.3 Å in 5JXU. The 
conserved Phe328 is also located on the distal face of the heme cofactor and has 
moved about 0.8 Å toward Glu201 by the “bulkier” Thr330, instead of Cys, Ser or 
Ala in the other structures. The distance between Glu201-OE2 and Phe328-CE1 
has been reduced to 4.0 Å. Hence the dimensions of the distal cavity near the 
heme-Fe have been reduced. 
The accessibility of the heme cofactor in three DyP structures (CboDyp, TcuDyp, 
and DtpA) was analyzed. The Caver 3.0 analysis (see Figure S8) shows that the most 
important access tunnel (blue) is present at the same position in the three structures 
while they also all contain another access tunnel (green) which differs in each 
structure. The access to the internal cavity near the heme is limited by the radius of 
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5.1 Introduction 
DyP-type peroxidases (DyPs) are heme-containing enzymes known for their ability 
to degrade dyes through their peroxidase activity. Recent studies have shown that 
DyPs are also involved in lignin degradation and can be used for oxidation of 
various compounds such as carotenoids, phenols, and aromatic sulfides. The 
observation that they also catalyze enantioselective oxygenation of aromatic sulfides 
indicates that they can even act as peroxygenases. Based on sequence features, the 
family of DyPs can be dissected into four subfamilies (class A, B, C, and D DyPs), 
according to the Peroxibase classification. Class D DyPs contain predominantly 
fungal peroxidases whereas the other classes mainly contain bacterial peroxidases. 
Members of class A typically have a Tat-signal sequence that facilitates its secretion. 
An example of a type A DyP is the peroxidase from Thermobifida fusca also known 
as TfuDyP [1]. While this was the first reported bacterial DyP, several other DyPs 
have been reported in the last decade. 
In this paper we identify another type A DyP from the alkaliphilic cellulomonad, 
Cellulomonas bogoriensis (CboDyP). C. bogoriensis was isolated from the alkaline Lake 
Bogoria in Kenya [2]. The predicted protein was identified by performing a sequence 
homology search using TfuDyP. Except for typical class A sequence features such 
as a Tat-signal sequence and the presence of a conserved His to interact with the 
iron in the heme cofactor, the CboDyP sequence has an aberrant sequence in the 
region where normally a GXXDG motif is found. In CboDyP, the conserved 
aspartate is replaced by a glutamate. While this seems a mild variation, this 
difference from most DyPs is striking as the aspartate has been shown to be a crucial 
active site residue. It has been reported to play a role as a proton acceptor during 
the heterolytic cleavage of hydrogen peroxide. It forms a hydrogen bond with the 
distal solvent species and was shown to be essential for catalysis.[1,3,4] In this paper, 
we present a full characterization of CboDyP concerning its peroxidase activity on 
several dyes and its thermostability using different solvents. Furthermore, we also 
elucidated its crystal structure, and probed the role of the aberrant glutamate in its 
active site. 
 
5.2 Results and Discussion 
5.2.1 Novel DyP Enzyme Identification from C. bogoriensis 
A putative DyP-encoding gene was found in the sequence genome of C. bogoriensis 
(CboDyP) after performing a BLAST search with the TfuDyP sequence as a query 
in the NCBI (National Center for Biotechnology Information) protein database. It 
displays 39% sequence identity with TfuDyP and also includes a Tat-signal sequence 
indicating that it is a class A DyP. Yet, the predicted protein sequence has an unusual 
sequence in the region that contains the typical DyP GXXDG motif: GXXEG. In 
order to study the DyP from C. bogoriensis, a CboDyP-encoding gene was synthesized 
and cloned into a pBAD-His-SUMO vector. CboDyP could be overexpressed in E. 
coli at 17 and 24 °C. The expression at both temperatures resulted in expression of 
soluble protein and purification yielded 84 mg L-1 at 17 °C and 164 mg L−1 at 24 
°C. The CboDyP E201D mutant was also expressed in a soluble form with a yield 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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the tunnel gorge which is narrower in CboDyP (0.85 Å) compared to TcuDyp and 
DtpA (both 1.0 Å). This channel provides access of the hydrogen peroxide to the 
heme [13]. 

 
Figure 2. (a) The CboDyP dimer showing the heme and iron (brown) in the active 
site buried in between the alpha helices and the beta sheets and (b) the active site 
of CboDyP showing the heme and iron (brown) and the E201 residue hindering the 
accessibility to the active site (c) the σ-weighted 2mFo-DFc electron density using 
phases from the final model is contoured at 1.5 σ level. Contours more than 2.2 Å 
from any of the displayed atoms have been removed for clarity. No water or other 
ligands are observed near the heme cofactor. 
 
5.2.7 Thermal Stability of CboDyP 
CboDyP was found to melt at a temperature of 44.75 (±0.25) °C as determined by 
the Thermofluor technique in 10 mM potassium phosphate buffer, pH 7. No 
increase in melting temperature of the enzyme was recorded for all the different 
solvents tested at 5% (v/v). The melting temperature dropped for all the solvents 
tested when shifting from 5% to 20% (v/v) concentration. The most significant 
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finding was for acetonitrile and butanone where no melting temperature was 
recorded at 20% (v/v) solvent concentration as the enzyme must have already been 
denatured upon adding the solvent before the experiment commenced. The melting 
temperatures of the enzyme with and without the solvent can be seen in Figure S11. 
 
5.3 Materials and Methods 
 
5.3.1 Chemicals and Reagents 
RB19 was supplied from Acros Organics (Pittsburgh, PA, USA). BsaI restriction 
enzyme was supplied from New England Biolabs (Ipswich, MA, USA). T4 DNA 
ligase and T4 DNA ligase buffer were supplied from Thermofisher Scientific 
(Waltham, MA, USA). All media components and ampicillin antibiotic were from 
Fischer Scientific chemicals (Pittsburgh, PA, USA). SUMO protease enzyme was 
provided by GECCO (Groningen, The Netherlands). InstantBlueTM protein stain 
was purchased from Expedeon (San Diego, CA, USA). The QiaPrep Spin Miniprep 
kit was purchased from Qiagen (Hilden, Germany). 
 
5.3.2 Enzyme Cloning 
CboDyP was codon optimized for cloning in E. coli and ordered with BsaI overhangs 
from Thermofisher Scientific as GeneArtTM StringsTM. The enzyme was then cloned 
using the NEB® Goldengate Assembly Mix Protocol into a pBAD vector 
harboring a histag at the N-terminus followed by a SUMO protein. The pBAD-
histag-SUMO-CboDyP vector was then transformed into NEB (New England 
Biolabs) 10β competent cells and grown overnight at 37 °C on luria bertani (LB) 
plates supplied with 50 μg mL−1 ampicillin. The CboDyP E201D mutant, TfuDyP 
D242E mutant and SviDyP D199E mutant were constructed using the primers 
mentioned in Table S1 using the Quikchange mutagenesis technique.The reaction 
mixture contained Pfu Ultra II Hotstart PCR Master Mix 1X, 5 ng plasmid template, 
0.66 μM of the primer mixture and completed to 30 μL using MilliQ water. The 
protocol for the PCR was: 95 °C for 4 min (initial denaturation), 33 cycles of 95 °C 
denaturation for 30 s, 61 °C annealing for CboDyP and 55 °C annealing for TfuDyP 
and SviDyP for 30 s, and an extension time of 3 min at 72 °C. The final extension 
time was 15 min at 72 °C. After the PCR was completed, DpnI was added to each 
of the PCR reactions to remove the non-mutated methylated plasmid and leave only 
the mutated clones. The samples were then treated by heating at 80 °C for 10 min 
to denature the DpnI. Finally, the PCR reaction products were transformed into E. 
coli NEB 10β cells and incubated on LB plates containing 50 μg mL−1 ampicillin, at 
37 °C overnight. Colonies were then picked and used to inoculate 5 mL LB broth 
containing 50 μg mL−1 ampicillin, overnight. The overnight culture was then 
purified for the necessary plasmids using the Qiagen QIAprep Spin Miniprep kit 
adopting the manufacturer’s protocol. Finally, the purified plasmid was sent to 
GATC (Ebersberg, Germany) for sequencing. 
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5.1 Introduction 
DyP-type peroxidases (DyPs) are heme-containing enzymes known for their ability 
to degrade dyes through their peroxidase activity. Recent studies have shown that 
DyPs are also involved in lignin degradation and can be used for oxidation of 
various compounds such as carotenoids, phenols, and aromatic sulfides. The 
observation that they also catalyze enantioselective oxygenation of aromatic sulfides 
indicates that they can even act as peroxygenases. Based on sequence features, the 
family of DyPs can be dissected into four subfamilies (class A, B, C, and D DyPs), 
according to the Peroxibase classification. Class D DyPs contain predominantly 
fungal peroxidases whereas the other classes mainly contain bacterial peroxidases. 
Members of class A typically have a Tat-signal sequence that facilitates its secretion. 
An example of a type A DyP is the peroxidase from Thermobifida fusca also known 
as TfuDyP [1]. While this was the first reported bacterial DyP, several other DyPs 
have been reported in the last decade. 
In this paper we identify another type A DyP from the alkaliphilic cellulomonad, 
Cellulomonas bogoriensis (CboDyP). C. bogoriensis was isolated from the alkaline Lake 
Bogoria in Kenya [2]. The predicted protein was identified by performing a sequence 
homology search using TfuDyP. Except for typical class A sequence features such 
as a Tat-signal sequence and the presence of a conserved His to interact with the 
iron in the heme cofactor, the CboDyP sequence has an aberrant sequence in the 
region where normally a GXXDG motif is found. In CboDyP, the conserved 
aspartate is replaced by a glutamate. While this seems a mild variation, this 
difference from most DyPs is striking as the aspartate has been shown to be a crucial 
active site residue. It has been reported to play a role as a proton acceptor during 
the heterolytic cleavage of hydrogen peroxide. It forms a hydrogen bond with the 
distal solvent species and was shown to be essential for catalysis.[1,3,4] In this paper, 
we present a full characterization of CboDyP concerning its peroxidase activity on 
several dyes and its thermostability using different solvents. Furthermore, we also 
elucidated its crystal structure, and probed the role of the aberrant glutamate in its 
active site. 
 
5.2 Results and Discussion 
5.2.1 Novel DyP Enzyme Identification from C. bogoriensis 
A putative DyP-encoding gene was found in the sequence genome of C. bogoriensis 
(CboDyP) after performing a BLAST search with the TfuDyP sequence as a query 
in the NCBI (National Center for Biotechnology Information) protein database. It 
displays 39% sequence identity with TfuDyP and also includes a Tat-signal sequence 
indicating that it is a class A DyP. Yet, the predicted protein sequence has an unusual 
sequence in the region that contains the typical DyP GXXDG motif: GXXEG. In 
order to study the DyP from C. bogoriensis, a CboDyP-encoding gene was synthesized 
and cloned into a pBAD-His-SUMO vector. CboDyP could be overexpressed in E. 
coli at 17 and 24 °C. The expression at both temperatures resulted in expression of 
soluble protein and purification yielded 84 mg L-1 at 17 °C and 164 mg L−1 at 24 
°C. The CboDyP E201D mutant was also expressed in a soluble form with a yield 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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the tunnel gorge which is narrower in CboDyP (0.85 Å) compared to TcuDyp and 
DtpA (both 1.0 Å). This channel provides access of the hydrogen peroxide to the 
heme [13]. 

 
Figure 2. (a) The CboDyP dimer showing the heme and iron (brown) in the active 
site buried in between the alpha helices and the beta sheets and (b) the active site 
of CboDyP showing the heme and iron (brown) and the E201 residue hindering the 
accessibility to the active site (c) the σ-weighted 2mFo-DFc electron density using 
phases from the final model is contoured at 1.5 σ level. Contours more than 2.2 Å 
from any of the displayed atoms have been removed for clarity. No water or other 
ligands are observed near the heme cofactor. 
 
5.2.7 Thermal Stability of CboDyP 
CboDyP was found to melt at a temperature of 44.75 (±0.25) °C as determined by 
the Thermofluor technique in 10 mM potassium phosphate buffer, pH 7. No 
increase in melting temperature of the enzyme was recorded for all the different 
solvents tested at 5% (v/v). The melting temperature dropped for all the solvents 
tested when shifting from 5% to 20% (v/v) concentration. The most significant 
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finding was for acetonitrile and butanone where no melting temperature was 
recorded at 20% (v/v) solvent concentration as the enzyme must have already been 
denatured upon adding the solvent before the experiment commenced. The melting 
temperatures of the enzyme with and without the solvent can be seen in Figure S11. 
 
5.3 Materials and Methods 
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was purchased from Expedeon (San Diego, CA, USA). The QiaPrep Spin Miniprep 
kit was purchased from Qiagen (Hilden, Germany). 
 
5.3.2 Enzyme Cloning 
CboDyP was codon optimized for cloning in E. coli and ordered with BsaI overhangs 
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Biolabs) 10β competent cells and grown overnight at 37 °C on luria bertani (LB) 
plates supplied with 50 μg mL−1 ampicillin. The CboDyP E201D mutant, TfuDyP 
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of the PCR reactions to remove the non-mutated methylated plasmid and leave only 
the mutated clones. The samples were then treated by heating at 80 °C for 10 min 
to denature the DpnI. Finally, the PCR reaction products were transformed into E. 
coli NEB 10β cells and incubated on LB plates containing 50 μg mL−1 ampicillin, at 
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purified for the necessary plasmids using the Qiagen QIAprep Spin Miniprep kit 
adopting the manufacturer’s protocol. Finally, the purified plasmid was sent to 
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DyPs are also involved in lignin degradation and can be used for oxidation of 
various compounds such as carotenoids, phenols, and aromatic sulfides. The 
observation that they also catalyze enantioselective oxygenation of aromatic sulfides 
indicates that they can even act as peroxygenases. Based on sequence features, the 
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fungal peroxidases whereas the other classes mainly contain bacterial peroxidases. 
Members of class A typically have a Tat-signal sequence that facilitates its secretion. 
An example of a type A DyP is the peroxidase from Thermobifida fusca also known 
as TfuDyP [1]. While this was the first reported bacterial DyP, several other DyPs 
have been reported in the last decade. 
In this paper we identify another type A DyP from the alkaliphilic cellulomonad, 
Cellulomonas bogoriensis (CboDyP). C. bogoriensis was isolated from the alkaline Lake 
Bogoria in Kenya [2]. The predicted protein was identified by performing a sequence 
homology search using TfuDyP. Except for typical class A sequence features such 
as a Tat-signal sequence and the presence of a conserved His to interact with the 
iron in the heme cofactor, the CboDyP sequence has an aberrant sequence in the 
region where normally a GXXDG motif is found. In CboDyP, the conserved 
aspartate is replaced by a glutamate. While this seems a mild variation, this 
difference from most DyPs is striking as the aspartate has been shown to be a crucial 
active site residue. It has been reported to play a role as a proton acceptor during 
the heterolytic cleavage of hydrogen peroxide. It forms a hydrogen bond with the 
distal solvent species and was shown to be essential for catalysis.[1,3,4] In this paper, 
we present a full characterization of CboDyP concerning its peroxidase activity on 
several dyes and its thermostability using different solvents. Furthermore, we also 
elucidated its crystal structure, and probed the role of the aberrant glutamate in its 
active site. 
 
5.2 Results and Discussion 
5.2.1 Novel DyP Enzyme Identification from C. bogoriensis 
A putative DyP-encoding gene was found in the sequence genome of C. bogoriensis 
(CboDyP) after performing a BLAST search with the TfuDyP sequence as a query 
in the NCBI (National Center for Biotechnology Information) protein database. It 
displays 39% sequence identity with TfuDyP and also includes a Tat-signal sequence 
indicating that it is a class A DyP. Yet, the predicted protein sequence has an unusual 
sequence in the region that contains the typical DyP GXXDG motif: GXXEG. In 
order to study the DyP from C. bogoriensis, a CboDyP-encoding gene was synthesized 
and cloned into a pBAD-His-SUMO vector. CboDyP could be overexpressed in E. 
coli at 17 and 24 °C. The expression at both temperatures resulted in expression of 
soluble protein and purification yielded 84 mg L-1 at 17 °C and 164 mg L−1 at 24 
°C. The CboDyP E201D mutant was also expressed in a soluble form with a yield 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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5.3.3 Enzyme Expression and Purification 
Plasmids from each of the three wild-type enzymes and three mutant enzymes were 
transformed into NEB 10β cells and inoculated onto LB agar plates containing 50 
μg mL−1 ampicillin. An overnight pre-culture (5 mL) in LB broth was inoculated 
using one of the isolated colonies from each type of clone and the medium 
supplemented with 50 μg mL−1 ampicillin. The pre-culture was used to inoculate a 
500 mL terrific broth (TB) medium and ampicillin was added to give 50 μg mL−1 as 
a final concentration in the medium. The culture was grown at 37 °C until an OD 
(optical density) of 0.6 was reached at which an amount equivalent to give a 
concentration of 0.02% (v/v) L-arabinose was added to induce protein expression. 
The flask was then transferred to an incubator operating at 24 °C and 100 rpm. 
After 16 h, the cultures were harvested by centrifugation at 6000 × g for 20 min at 
4 °C (Beckman Coulter, Avanti JE centrifuge, JLA 10.5 rotor). The pellet was 
disrupted by sonication (10 s on, 10 s off for 10 min at 70% amplitude) using a 
Sonics Vibra-Cell VCX130 probe sonicator. The sonicated cells were centrifuged 
for 30 min at 12,000 rpm to separate the cell debris from the cell-free extract. The 
cell free extract was filtered using Whatman FP 30/0.45 CA-S membrane syringe 
filters to remove remaining debris.  
The cell free extract was added to gravity flow columns packed with 5 mL Ni 
sepharoseTM 6 Fast flow resin after first equilibrating the resin using 5 column 
volumes of Buffer A. The bound protein was washed using 5 column volumes of 
Buffer A followed by 5 column volumes of Buffer C. The protein was finally eluted 
using Buffer B until all the protein was removed from the column. The protein was 
then desalted using an Econo-Pac® 10DG Desalting Prepacked Gravity Flow 
Column (BioRad) using Buffer D. The compositions of Buffers A–D are found in 
Supplementary Materials, Table S1. The desalted fraction was visualized by running 
an SDS-PAGE gel followed by staining using InstantBlueTM Protein Stain to assess 
purity and size of the eluted protein. 
 
5.3.4 Determination of Enzyme Concentration 
The enzyme concentration of each of the six variants was determined based on the 
predicted molar extinction coefficient at 280 nm using the Protparam tool [14]; the 
extinction coefficients at 280 nm are: CboDyP = 62.575 mM−1 cm−1, SviDyP = 
48.595 mM−1 cm−1, and for TfuDyP = 45.950 mM−1 cm−1. 
 
5.3.5 Determination of the Activity of CboDyP with Different Dyes 
A spectrum scan was done for each of Reactive Blue 19, Disperse Blue 1, and 
Indigotetrasulfonate using 50 μM of dye concentration to calculate the extinction 
coefficient at the wavelength that gave the highest absorbance. This was repeated 
for Acid Red 14 and copper phthalocyanine dyes but at 25 μM. Then to a plastic 
cuvette, 700 μL of citrate buffer was added followed by hydrogen peroxide to give 
a final concentration of 100 μM. The dye was then added to a final concentration 
of 50 μM or 25 μM depending on the dye used (see Table 1). The enzyme was finally 
added to give a concentration of 50 nM and the reaction followed over 90 s at the 
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wavelength of maximum absorbance for each dye (Table 1) to determine the rate 
of the reaction. 
 
5.3.6 pH Profile for CboDyP wt and CboDyP E201D Mutant 
The pH profile for both the wild-type and mutant enzymes was done over a pH 
range starting from pH 3 to 7. To a plastic cuvette, 700 μL of citrate buffer was 
added followed by hydrogen peroxide to give a final concentration of 100 μM. RB19 
was used as a substrate and added to a final concentration of 50 μM. Finally, the 
enzyme (wild-type or E201D mutant) was added to give a final concentration of 50 
nM. The reaction was followed for 90 seconds at 595 nm and then the rates for 
both enzymes were calculated. The extinction coefficient of RB19 at 595 nm was 
determined by performing a spectrum scan at different wavelengths. 
 
5.3.7 Steady-State Kinetics Measurements 
The steady-state kinetic measurements for all six variants were done at pH 5 for 
determination of peroxidase activity. A series of increasing RB19 concentrations 
was prepared to be used for peroxidase activity measurement. To a plastic cuvette, 
700 μL of 100 mM citrate buffer (pH 5) was added followed by hydrogen peroxide 
to give a final concentration of 100 μM. RB19 was used as a substrate. Finally the 
enzyme (six variants) was added to give a final concentration of 50 nM. The reaction 
was then followed for 90 s at 595 nm and then the rates for the enzymes were 
calculated. The extinction coefficient of RB19 at 595 nm was calculated to be equal 
to 10.2 mM−1 cm−1 at pH 5. The activity of CboDyP wild-type was compared to that 
of CboDyP E201D, SviDyP wild-type, SviDyP D199E, TfuDyP wild-type and 
TfuDyP D242E. This was done by measuring the decrease in absorbance at 595 nm 
when 50 nM of enzyme was added to a cuvette containing 50 μM of RB19, 100 μM 
of H2O2 and completed to volume with KPi pH 7, 100 mM buffer. 
 
5.3.8 Spectral Properties of CboDyP Wild-Type and E201D Mutant 
CboDyP wild-type and E201D mutant were analyzed to see how their spectrum scan 
behaved under different redox conditions. A spectrum scan of both enzymes was 
done in potassium phosphate buffer 50 mM at pH 7 with no additive, a second 
spectrum scan in the presence of 1 mM sodium dithionite, and a third spectrum 
scan in the presence of 1 mM hydrogen peroxide. 
 
5.3.9 Preparation of CboDyP for X-Ray Crystallography 
The SUMO protein was cleaved from the purified protein using a SUMO protease. 
An amount of 20 mg of protein was mixed together with 300 μL SUMO protease 
buffer (500 mM Tris HCl pH 8, 1.5 M NaCl, 10 mM dithiothreitol), 10 μL SUMO 
protease enzyme and completed to 3000 μL with milliQ water in a 5 mL Eppendorf 
tube. It was placed on a nutating mixer (VWR) overnight at 4 °C. The SUMO 
protease-protein mixture was added to 2 mL Ni-resin which was pre-equilibrated 
with 5 column volumes buffer A in a gravity-flow column and incubated at 4 °C on 
a nutating mixer for 1 h. The flow-through together with the wash using buffer B 
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5.1 Introduction 
DyP-type peroxidases (DyPs) are heme-containing enzymes known for their ability 
to degrade dyes through their peroxidase activity. Recent studies have shown that 
DyPs are also involved in lignin degradation and can be used for oxidation of 
various compounds such as carotenoids, phenols, and aromatic sulfides. The 
observation that they also catalyze enantioselective oxygenation of aromatic sulfides 
indicates that they can even act as peroxygenases. Based on sequence features, the 
family of DyPs can be dissected into four subfamilies (class A, B, C, and D DyPs), 
according to the Peroxibase classification. Class D DyPs contain predominantly 
fungal peroxidases whereas the other classes mainly contain bacterial peroxidases. 
Members of class A typically have a Tat-signal sequence that facilitates its secretion. 
An example of a type A DyP is the peroxidase from Thermobifida fusca also known 
as TfuDyP [1]. While this was the first reported bacterial DyP, several other DyPs 
have been reported in the last decade. 
In this paper we identify another type A DyP from the alkaliphilic cellulomonad, 
Cellulomonas bogoriensis (CboDyP). C. bogoriensis was isolated from the alkaline Lake 
Bogoria in Kenya [2]. The predicted protein was identified by performing a sequence 
homology search using TfuDyP. Except for typical class A sequence features such 
as a Tat-signal sequence and the presence of a conserved His to interact with the 
iron in the heme cofactor, the CboDyP sequence has an aberrant sequence in the 
region where normally a GXXDG motif is found. In CboDyP, the conserved 
aspartate is replaced by a glutamate. While this seems a mild variation, this 
difference from most DyPs is striking as the aspartate has been shown to be a crucial 
active site residue. It has been reported to play a role as a proton acceptor during 
the heterolytic cleavage of hydrogen peroxide. It forms a hydrogen bond with the 
distal solvent species and was shown to be essential for catalysis.[1,3,4] In this paper, 
we present a full characterization of CboDyP concerning its peroxidase activity on 
several dyes and its thermostability using different solvents. Furthermore, we also 
elucidated its crystal structure, and probed the role of the aberrant glutamate in its 
active site. 
 
5.2 Results and Discussion 
5.2.1 Novel DyP Enzyme Identification from C. bogoriensis 
A putative DyP-encoding gene was found in the sequence genome of C. bogoriensis 
(CboDyP) after performing a BLAST search with the TfuDyP sequence as a query 
in the NCBI (National Center for Biotechnology Information) protein database. It 
displays 39% sequence identity with TfuDyP and also includes a Tat-signal sequence 
indicating that it is a class A DyP. Yet, the predicted protein sequence has an unusual 
sequence in the region that contains the typical DyP GXXDG motif: GXXEG. In 
order to study the DyP from C. bogoriensis, a CboDyP-encoding gene was synthesized 
and cloned into a pBAD-His-SUMO vector. CboDyP could be overexpressed in E. 
coli at 17 and 24 °C. The expression at both temperatures resulted in expression of 
soluble protein and purification yielded 84 mg L-1 at 17 °C and 164 mg L−1 at 24 
°C. The CboDyP E201D mutant was also expressed in a soluble form with a yield 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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5.3.3 Enzyme Expression and Purification 
Plasmids from each of the three wild-type enzymes and three mutant enzymes were 
transformed into NEB 10β cells and inoculated onto LB agar plates containing 50 
μg mL−1 ampicillin. An overnight pre-culture (5 mL) in LB broth was inoculated 
using one of the isolated colonies from each type of clone and the medium 
supplemented with 50 μg mL−1 ampicillin. The pre-culture was used to inoculate a 
500 mL terrific broth (TB) medium and ampicillin was added to give 50 μg mL−1 as 
a final concentration in the medium. The culture was grown at 37 °C until an OD 
(optical density) of 0.6 was reached at which an amount equivalent to give a 
concentration of 0.02% (v/v) L-arabinose was added to induce protein expression. 
The flask was then transferred to an incubator operating at 24 °C and 100 rpm. 
After 16 h, the cultures were harvested by centrifugation at 6000 × g for 20 min at 
4 °C (Beckman Coulter, Avanti JE centrifuge, JLA 10.5 rotor). The pellet was 
disrupted by sonication (10 s on, 10 s off for 10 min at 70% amplitude) using a 
Sonics Vibra-Cell VCX130 probe sonicator. The sonicated cells were centrifuged 
for 30 min at 12,000 rpm to separate the cell debris from the cell-free extract. The 
cell free extract was filtered using Whatman FP 30/0.45 CA-S membrane syringe 
filters to remove remaining debris.  
The cell free extract was added to gravity flow columns packed with 5 mL Ni 
sepharoseTM 6 Fast flow resin after first equilibrating the resin using 5 column 
volumes of Buffer A. The bound protein was washed using 5 column volumes of 
Buffer A followed by 5 column volumes of Buffer C. The protein was finally eluted 
using Buffer B until all the protein was removed from the column. The protein was 
then desalted using an Econo-Pac® 10DG Desalting Prepacked Gravity Flow 
Column (BioRad) using Buffer D. The compositions of Buffers A–D are found in 
Supplementary Materials, Table S1. The desalted fraction was visualized by running 
an SDS-PAGE gel followed by staining using InstantBlueTM Protein Stain to assess 
purity and size of the eluted protein. 
 
5.3.4 Determination of Enzyme Concentration 
The enzyme concentration of each of the six variants was determined based on the 
predicted molar extinction coefficient at 280 nm using the Protparam tool [14]; the 
extinction coefficients at 280 nm are: CboDyP = 62.575 mM−1 cm−1, SviDyP = 
48.595 mM−1 cm−1, and for TfuDyP = 45.950 mM−1 cm−1. 
 
5.3.5 Determination of the Activity of CboDyP with Different Dyes 
A spectrum scan was done for each of Reactive Blue 19, Disperse Blue 1, and 
Indigotetrasulfonate using 50 μM of dye concentration to calculate the extinction 
coefficient at the wavelength that gave the highest absorbance. This was repeated 
for Acid Red 14 and copper phthalocyanine dyes but at 25 μM. Then to a plastic 
cuvette, 700 μL of citrate buffer was added followed by hydrogen peroxide to give 
a final concentration of 100 μM. The dye was then added to a final concentration 
of 50 μM or 25 μM depending on the dye used (see Table 1). The enzyme was finally 
added to give a concentration of 50 nM and the reaction followed over 90 s at the 
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wavelength of maximum absorbance for each dye (Table 1) to determine the rate 
of the reaction. 
 
5.3.6 pH Profile for CboDyP wt and CboDyP E201D Mutant 
The pH profile for both the wild-type and mutant enzymes was done over a pH 
range starting from pH 3 to 7. To a plastic cuvette, 700 μL of citrate buffer was 
added followed by hydrogen peroxide to give a final concentration of 100 μM. RB19 
was used as a substrate and added to a final concentration of 50 μM. Finally, the 
enzyme (wild-type or E201D mutant) was added to give a final concentration of 50 
nM. The reaction was followed for 90 seconds at 595 nm and then the rates for 
both enzymes were calculated. The extinction coefficient of RB19 at 595 nm was 
determined by performing a spectrum scan at different wavelengths. 
 
5.3.7 Steady-State Kinetics Measurements 
The steady-state kinetic measurements for all six variants were done at pH 5 for 
determination of peroxidase activity. A series of increasing RB19 concentrations 
was prepared to be used for peroxidase activity measurement. To a plastic cuvette, 
700 μL of 100 mM citrate buffer (pH 5) was added followed by hydrogen peroxide 
to give a final concentration of 100 μM. RB19 was used as a substrate. Finally the 
enzyme (six variants) was added to give a final concentration of 50 nM. The reaction 
was then followed for 90 s at 595 nm and then the rates for the enzymes were 
calculated. The extinction coefficient of RB19 at 595 nm was calculated to be equal 
to 10.2 mM−1 cm−1 at pH 5. The activity of CboDyP wild-type was compared to that 
of CboDyP E201D, SviDyP wild-type, SviDyP D199E, TfuDyP wild-type and 
TfuDyP D242E. This was done by measuring the decrease in absorbance at 595 nm 
when 50 nM of enzyme was added to a cuvette containing 50 μM of RB19, 100 μM 
of H2O2 and completed to volume with KPi pH 7, 100 mM buffer. 
 
5.3.8 Spectral Properties of CboDyP Wild-Type and E201D Mutant 
CboDyP wild-type and E201D mutant were analyzed to see how their spectrum scan 
behaved under different redox conditions. A spectrum scan of both enzymes was 
done in potassium phosphate buffer 50 mM at pH 7 with no additive, a second 
spectrum scan in the presence of 1 mM sodium dithionite, and a third spectrum 
scan in the presence of 1 mM hydrogen peroxide. 
 
5.3.9 Preparation of CboDyP for X-Ray Crystallography 
The SUMO protein was cleaved from the purified protein using a SUMO protease. 
An amount of 20 mg of protein was mixed together with 300 μL SUMO protease 
buffer (500 mM Tris HCl pH 8, 1.5 M NaCl, 10 mM dithiothreitol), 10 μL SUMO 
protease enzyme and completed to 3000 μL with milliQ water in a 5 mL Eppendorf 
tube. It was placed on a nutating mixer (VWR) overnight at 4 °C. The SUMO 
protease-protein mixture was added to 2 mL Ni-resin which was pre-equilibrated 
with 5 column volumes buffer A in a gravity-flow column and incubated at 4 °C on 
a nutating mixer for 1 h. The flow-through together with the wash using buffer B 
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5.1 Introduction 
DyP-type peroxidases (DyPs) are heme-containing enzymes known for their ability 
to degrade dyes through their peroxidase activity. Recent studies have shown that 
DyPs are also involved in lignin degradation and can be used for oxidation of 
various compounds such as carotenoids, phenols, and aromatic sulfides. The 
observation that they also catalyze enantioselective oxygenation of aromatic sulfides 
indicates that they can even act as peroxygenases. Based on sequence features, the 
family of DyPs can be dissected into four subfamilies (class A, B, C, and D DyPs), 
according to the Peroxibase classification. Class D DyPs contain predominantly 
fungal peroxidases whereas the other classes mainly contain bacterial peroxidases. 
Members of class A typically have a Tat-signal sequence that facilitates its secretion. 
An example of a type A DyP is the peroxidase from Thermobifida fusca also known 
as TfuDyP [1]. While this was the first reported bacterial DyP, several other DyPs 
have been reported in the last decade. 
In this paper we identify another type A DyP from the alkaliphilic cellulomonad, 
Cellulomonas bogoriensis (CboDyP). C. bogoriensis was isolated from the alkaline Lake 
Bogoria in Kenya [2]. The predicted protein was identified by performing a sequence 
homology search using TfuDyP. Except for typical class A sequence features such 
as a Tat-signal sequence and the presence of a conserved His to interact with the 
iron in the heme cofactor, the CboDyP sequence has an aberrant sequence in the 
region where normally a GXXDG motif is found. In CboDyP, the conserved 
aspartate is replaced by a glutamate. While this seems a mild variation, this 
difference from most DyPs is striking as the aspartate has been shown to be a crucial 
active site residue. It has been reported to play a role as a proton acceptor during 
the heterolytic cleavage of hydrogen peroxide. It forms a hydrogen bond with the 
distal solvent species and was shown to be essential for catalysis.[1,3,4] In this paper, 
we present a full characterization of CboDyP concerning its peroxidase activity on 
several dyes and its thermostability using different solvents. Furthermore, we also 
elucidated its crystal structure, and probed the role of the aberrant glutamate in its 
active site. 
 
5.2 Results and Discussion 
5.2.1 Novel DyP Enzyme Identification from C. bogoriensis 
A putative DyP-encoding gene was found in the sequence genome of C. bogoriensis 
(CboDyP) after performing a BLAST search with the TfuDyP sequence as a query 
in the NCBI (National Center for Biotechnology Information) protein database. It 
displays 39% sequence identity with TfuDyP and also includes a Tat-signal sequence 
indicating that it is a class A DyP. Yet, the predicted protein sequence has an unusual 
sequence in the region that contains the typical DyP GXXDG motif: GXXEG. In 
order to study the DyP from C. bogoriensis, a CboDyP-encoding gene was synthesized 
and cloned into a pBAD-His-SUMO vector. CboDyP could be overexpressed in E. 
coli at 17 and 24 °C. The expression at both temperatures resulted in expression of 
soluble protein and purification yielded 84 mg L-1 at 17 °C and 164 mg L−1 at 24 
°C. The CboDyP E201D mutant was also expressed in a soluble form with a yield 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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was collected. The sample was then run on an SDS-PAGE gel and protein bands 
were visualized by staining the gel using InstantBlueTM Protein Stain (see Figure S2). 
The composition of buffers A and B are mentioned in Supplementary Materials, 
Table S2. The fraction containing the cut SUMO together with the purified protein 
was purified by gel filtration chromatography at 280 K using a Superdex75 10/300 
GL column (GE Healthcare, Pittsburgh, PA, USA). The column was first 
equilibrated with 20 mM Hepes buffer, pH 7.3 and containing 150 mM NaCl. The 
fractions containing the enzyme were pooled and concentrated (Figure S10). 
Dynamic light scattering (DLS) analysis (DynaPro Nanostar, Wyatt technology, 
Santa Barbara, CA, USA) was carried out on the concentrated enzyme. 
 
5.3.10 Crystallization, Data Collection, Structure Determination and Refinement 
Initial sitting-drop crystallization screening was performed using a Mosquito 
crystallization robot (TTP Labtech) in a 96-well MRC2 plate (Molecular 
Dimensions) with a protein concentration of 10.6 mg mL−1. The screening solutions 
used for the experiments were PACT, Morpheus, BCS and JCSG+ (Molecular 
Dimensions) and Wizard Cryo (Rigaku). X-ray diffraction data were collected using 
an in-house MarDTB Goniostat System using Cu-Kα radiation from a Bruker 
MicrostarH rotating-anode generator equipped with HeliosMX mirrors. Intensity 
data was processed using iMosflm [15]. Several softwares were used to assess the 
crystal structure including constructing a Patterson map, using Phaser, Molrep, 
iMosflm, REFMAC5, Coot, PDB REDO, and MolProbity softwares.  
After initial sitting-drop crystallization experiments were performed, hexagonal 
bipyramidal crystals appeared at 294 K in a solution containing 20% v/v PEG300, 
0.1 M Tris buffer pH 8.5, 5% PEG8000 and 10% (v/v) glycerol (D9 in Wizard Cryo 
Screen). The crystals did not require supplementary cryo-protection. The CboDyP 
crystals belongs to the hexagonal space group P6x22 with a = b = 174.0 Å and c = 
283.0 Å and has reasonable scaling statistics to 2.4 Å. Aimless suggested the 
presence of partial twinning (α = 0.26–0.30). Unfortunately, no reflections of the 6-
fold axis were measured, therefore the space-group assignment was not possible. 
The presence of translational non-crystallographic symmetry (tNCS) was detected 
in a Patterson map [16]. A strong off-origin peak was found at a height of 41% of 
the origin peak. The same peak was found by Phaser [17] and Molrep [18] at fractional 
coordinates 0, 0, 0.453 (orthogonal coordinates 0, 0, 128, 1). The c-axis was 
originally determined to be 128.1 Å by iMosflm. The self-rotation function 
calculated by Molrep showed several extra peaks at chi = 180 °C. The space group 
and structure of CboDyP was determined by the molecular replacement method 
(MR) using Phaser [17] with a dimer of mixed model coordinates of T. curvata heme-
containing DyP-type peroxidase [9] (PDB code: 5JXU) as a search model. Phaser did 
not find a solution for space group P6x22. However, a solution with 4 dimers in 
space group P62 could be determined. With 8 monomers of 41.5 kDa in the 
asymmetric unit, the VM is 3.7 Å3/Da [19] with a solvent content of 67%. Data 
collections are listed in Table S3.  
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The model was refined with REFMAC5 (with intensity based twin refinement) [20] 
and Coot [21] was used for manual rebuilding and map inspection. The twin domains 
H, K, L, and -K, -H, -L were refined to 0.51 and to 0.49, respectively. One TLS 
group per monomer was used in the last rounds of refinement. The quality of the 
models was analyzed with PDB-REDO [22] and MolProbity [23]. Atomic coordinates 
and experimental structure factor amplitudes were deposited in the Protein Data 
Bank (PDB) with accession code 6QZO (see Table S3).  
 
5.3.11 Substrate Channel Calculation 
The CAVER plugin for Pymol [24] was used to detect putative channels to the heme 
binding site of CboDyp, TcuDyp (5JXU), and DtpA (5MJH). For calculation of the 
characteristics of the channels, the heme was set as a starting point for all three 
proteins, which were structurally aligned. Channels were calculated with the 
following settings: minimum probe radius: 0.8 Å; shell depth: 10 Å; shell radius: 9 
Å; clustering threshold: 3.5; number of approximating balls: 12; input atoms: 20 
amino acids and the hemes. 
 
5.3.12 Thermal Stability of CboDyP 
The melting temperature of CboDyP wild-type was determined using the 
Thermofluor technique [25]. The enzyme was diluted in potassium phosphate pH 7, 
50 mM buffer to a final concentration of 1 mg mL−1. The fluorescence produced 
due to the binding of SYPRO orange dye to the exposed hydrophobic residues 
upon thermal protein unfolding was followed using an RT-PCR machine (CFX-
Touch, BioRad). The temperature was increased from 10 °C to 99 °C using 0.5 °C 
increments. The temperature at the maximum of the first derivative of the observed 
fluorescence was taken as the apparent melting temperature. The experiment was 
repeated using the same concentration of enzyme and the same buffer but adding 
different solvents. The following solvents were tested at both 5% and 20% (v/v) 
concentrations: isopropanol, ethanol, methanol, acetone, acetonitrile, and 
butanone. Tween 80 was also tested as a solvent for the enzyme but only at 1% 
(v/v) final concentration. 
 
Acknowledgements 
We would like to thank Dana I. Colpa and Nikola Lončar for fruitful discussions. 
Mohamed Habib received funding from the Cultural Affairs and Missions Sector, 
Ministry of Higher Education, Egypt. 
 
Supporting Information 
The supporting information is found connected to the publication online: 
https://doi.org/10.3390/molecules24071208 
 
References 
[1]  E. van Bloois, D.E. Torres Pazmiño, R.T. Winter, M.W. Fraaije. A Robust 

and Extracellular Heme-Containing Peroxidase from Thermobifida fusca as 

Chapter V 

84 
 

5.1 Introduction 
DyP-type peroxidases (DyPs) are heme-containing enzymes known for their ability 
to degrade dyes through their peroxidase activity. Recent studies have shown that 
DyPs are also involved in lignin degradation and can be used for oxidation of 
various compounds such as carotenoids, phenols, and aromatic sulfides. The 
observation that they also catalyze enantioselective oxygenation of aromatic sulfides 
indicates that they can even act as peroxygenases. Based on sequence features, the 
family of DyPs can be dissected into four subfamilies (class A, B, C, and D DyPs), 
according to the Peroxibase classification. Class D DyPs contain predominantly 
fungal peroxidases whereas the other classes mainly contain bacterial peroxidases. 
Members of class A typically have a Tat-signal sequence that facilitates its secretion. 
An example of a type A DyP is the peroxidase from Thermobifida fusca also known 
as TfuDyP [1]. While this was the first reported bacterial DyP, several other DyPs 
have been reported in the last decade. 
In this paper we identify another type A DyP from the alkaliphilic cellulomonad, 
Cellulomonas bogoriensis (CboDyP). C. bogoriensis was isolated from the alkaline Lake 
Bogoria in Kenya [2]. The predicted protein was identified by performing a sequence 
homology search using TfuDyP. Except for typical class A sequence features such 
as a Tat-signal sequence and the presence of a conserved His to interact with the 
iron in the heme cofactor, the CboDyP sequence has an aberrant sequence in the 
region where normally a GXXDG motif is found. In CboDyP, the conserved 
aspartate is replaced by a glutamate. While this seems a mild variation, this 
difference from most DyPs is striking as the aspartate has been shown to be a crucial 
active site residue. It has been reported to play a role as a proton acceptor during 
the heterolytic cleavage of hydrogen peroxide. It forms a hydrogen bond with the 
distal solvent species and was shown to be essential for catalysis.[1,3,4] In this paper, 
we present a full characterization of CboDyP concerning its peroxidase activity on 
several dyes and its thermostability using different solvents. Furthermore, we also 
elucidated its crystal structure, and probed the role of the aberrant glutamate in its 
active site. 
 
5.2 Results and Discussion 
5.2.1 Novel DyP Enzyme Identification from C. bogoriensis 
A putative DyP-encoding gene was found in the sequence genome of C. bogoriensis 
(CboDyP) after performing a BLAST search with the TfuDyP sequence as a query 
in the NCBI (National Center for Biotechnology Information) protein database. It 
displays 39% sequence identity with TfuDyP and also includes a Tat-signal sequence 
indicating that it is a class A DyP. Yet, the predicted protein sequence has an unusual 
sequence in the region that contains the typical DyP GXXDG motif: GXXEG. In 
order to study the DyP from C. bogoriensis, a CboDyP-encoding gene was synthesized 
and cloned into a pBAD-His-SUMO vector. CboDyP could be overexpressed in E. 
coli at 17 and 24 °C. The expression at both temperatures resulted in expression of 
soluble protein and purification yielded 84 mg L-1 at 17 °C and 164 mg L−1 at 24 
°C. The CboDyP E201D mutant was also expressed in a soluble form with a yield 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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was collected. The sample was then run on an SDS-PAGE gel and protein bands 
were visualized by staining the gel using InstantBlueTM Protein Stain (see Figure S2). 
The composition of buffers A and B are mentioned in Supplementary Materials, 
Table S2. The fraction containing the cut SUMO together with the purified protein 
was purified by gel filtration chromatography at 280 K using a Superdex75 10/300 
GL column (GE Healthcare, Pittsburgh, PA, USA). The column was first 
equilibrated with 20 mM Hepes buffer, pH 7.3 and containing 150 mM NaCl. The 
fractions containing the enzyme were pooled and concentrated (Figure S10). 
Dynamic light scattering (DLS) analysis (DynaPro Nanostar, Wyatt technology, 
Santa Barbara, CA, USA) was carried out on the concentrated enzyme. 
 
5.3.10 Crystallization, Data Collection, Structure Determination and Refinement 
Initial sitting-drop crystallization screening was performed using a Mosquito 
crystallization robot (TTP Labtech) in a 96-well MRC2 plate (Molecular 
Dimensions) with a protein concentration of 10.6 mg mL−1. The screening solutions 
used for the experiments were PACT, Morpheus, BCS and JCSG+ (Molecular 
Dimensions) and Wizard Cryo (Rigaku). X-ray diffraction data were collected using 
an in-house MarDTB Goniostat System using Cu-Kα radiation from a Bruker 
MicrostarH rotating-anode generator equipped with HeliosMX mirrors. Intensity 
data was processed using iMosflm [15]. Several softwares were used to assess the 
crystal structure including constructing a Patterson map, using Phaser, Molrep, 
iMosflm, REFMAC5, Coot, PDB REDO, and MolProbity softwares.  
After initial sitting-drop crystallization experiments were performed, hexagonal 
bipyramidal crystals appeared at 294 K in a solution containing 20% v/v PEG300, 
0.1 M Tris buffer pH 8.5, 5% PEG8000 and 10% (v/v) glycerol (D9 in Wizard Cryo 
Screen). The crystals did not require supplementary cryo-protection. The CboDyP 
crystals belongs to the hexagonal space group P6x22 with a = b = 174.0 Å and c = 
283.0 Å and has reasonable scaling statistics to 2.4 Å. Aimless suggested the 
presence of partial twinning (α = 0.26–0.30). Unfortunately, no reflections of the 6-
fold axis were measured, therefore the space-group assignment was not possible. 
The presence of translational non-crystallographic symmetry (tNCS) was detected 
in a Patterson map [16]. A strong off-origin peak was found at a height of 41% of 
the origin peak. The same peak was found by Phaser [17] and Molrep [18] at fractional 
coordinates 0, 0, 0.453 (orthogonal coordinates 0, 0, 128, 1). The c-axis was 
originally determined to be 128.1 Å by iMosflm. The self-rotation function 
calculated by Molrep showed several extra peaks at chi = 180 °C. The space group 
and structure of CboDyP was determined by the molecular replacement method 
(MR) using Phaser [17] with a dimer of mixed model coordinates of T. curvata heme-
containing DyP-type peroxidase [9] (PDB code: 5JXU) as a search model. Phaser did 
not find a solution for space group P6x22. However, a solution with 4 dimers in 
space group P62 could be determined. With 8 monomers of 41.5 kDa in the 
asymmetric unit, the VM is 3.7 Å3/Da [19] with a solvent content of 67%. Data 
collections are listed in Table S3.  
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The model was refined with REFMAC5 (with intensity based twin refinement) [20] 
and Coot [21] was used for manual rebuilding and map inspection. The twin domains 
H, K, L, and -K, -H, -L were refined to 0.51 and to 0.49, respectively. One TLS 
group per monomer was used in the last rounds of refinement. The quality of the 
models was analyzed with PDB-REDO [22] and MolProbity [23]. Atomic coordinates 
and experimental structure factor amplitudes were deposited in the Protein Data 
Bank (PDB) with accession code 6QZO (see Table S3).  
 
5.3.11 Substrate Channel Calculation 
The CAVER plugin for Pymol [24] was used to detect putative channels to the heme 
binding site of CboDyp, TcuDyp (5JXU), and DtpA (5MJH). For calculation of the 
characteristics of the channels, the heme was set as a starting point for all three 
proteins, which were structurally aligned. Channels were calculated with the 
following settings: minimum probe radius: 0.8 Å; shell depth: 10 Å; shell radius: 9 
Å; clustering threshold: 3.5; number of approximating balls: 12; input atoms: 20 
amino acids and the hemes. 
 
5.3.12 Thermal Stability of CboDyP 
The melting temperature of CboDyP wild-type was determined using the 
Thermofluor technique [25]. The enzyme was diluted in potassium phosphate pH 7, 
50 mM buffer to a final concentration of 1 mg mL−1. The fluorescence produced 
due to the binding of SYPRO orange dye to the exposed hydrophobic residues 
upon thermal protein unfolding was followed using an RT-PCR machine (CFX-
Touch, BioRad). The temperature was increased from 10 °C to 99 °C using 0.5 °C 
increments. The temperature at the maximum of the first derivative of the observed 
fluorescence was taken as the apparent melting temperature. The experiment was 
repeated using the same concentration of enzyme and the same buffer but adding 
different solvents. The following solvents were tested at both 5% and 20% (v/v) 
concentrations: isopropanol, ethanol, methanol, acetone, acetonitrile, and 
butanone. Tween 80 was also tested as a solvent for the enzyme but only at 1% 
(v/v) final concentration. 
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5.1 Introduction 
DyP-type peroxidases (DyPs) are heme-containing enzymes known for their ability 
to degrade dyes through their peroxidase activity. Recent studies have shown that 
DyPs are also involved in lignin degradation and can be used for oxidation of 
various compounds such as carotenoids, phenols, and aromatic sulfides. The 
observation that they also catalyze enantioselective oxygenation of aromatic sulfides 
indicates that they can even act as peroxygenases. Based on sequence features, the 
family of DyPs can be dissected into four subfamilies (class A, B, C, and D DyPs), 
according to the Peroxibase classification. Class D DyPs contain predominantly 
fungal peroxidases whereas the other classes mainly contain bacterial peroxidases. 
Members of class A typically have a Tat-signal sequence that facilitates its secretion. 
An example of a type A DyP is the peroxidase from Thermobifida fusca also known 
as TfuDyP [1]. While this was the first reported bacterial DyP, several other DyPs 
have been reported in the last decade. 
In this paper we identify another type A DyP from the alkaliphilic cellulomonad, 
Cellulomonas bogoriensis (CboDyP). C. bogoriensis was isolated from the alkaline Lake 
Bogoria in Kenya [2]. The predicted protein was identified by performing a sequence 
homology search using TfuDyP. Except for typical class A sequence features such 
as a Tat-signal sequence and the presence of a conserved His to interact with the 
iron in the heme cofactor, the CboDyP sequence has an aberrant sequence in the 
region where normally a GXXDG motif is found. In CboDyP, the conserved 
aspartate is replaced by a glutamate. While this seems a mild variation, this 
difference from most DyPs is striking as the aspartate has been shown to be a crucial 
active site residue. It has been reported to play a role as a proton acceptor during 
the heterolytic cleavage of hydrogen peroxide. It forms a hydrogen bond with the 
distal solvent species and was shown to be essential for catalysis.[1,3,4] In this paper, 
we present a full characterization of CboDyP concerning its peroxidase activity on 
several dyes and its thermostability using different solvents. Furthermore, we also 
elucidated its crystal structure, and probed the role of the aberrant glutamate in its 
active site. 
 
5.2 Results and Discussion 
5.2.1 Novel DyP Enzyme Identification from C. bogoriensis 
A putative DyP-encoding gene was found in the sequence genome of C. bogoriensis 
(CboDyP) after performing a BLAST search with the TfuDyP sequence as a query 
in the NCBI (National Center for Biotechnology Information) protein database. It 
displays 39% sequence identity with TfuDyP and also includes a Tat-signal sequence 
indicating that it is a class A DyP. Yet, the predicted protein sequence has an unusual 
sequence in the region that contains the typical DyP GXXDG motif: GXXEG. In 
order to study the DyP from C. bogoriensis, a CboDyP-encoding gene was synthesized 
and cloned into a pBAD-His-SUMO vector. CboDyP could be overexpressed in E. 
coli at 17 and 24 °C. The expression at both temperatures resulted in expression of 
soluble protein and purification yielded 84 mg L-1 at 17 °C and 164 mg L−1 at 24 
°C. The CboDyP E201D mutant was also expressed in a soluble form with a yield 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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5.1 Introduction 
DyP-type peroxidases (DyPs) are heme-containing enzymes known for their ability 
to degrade dyes through their peroxidase activity. Recent studies have shown that 
DyPs are also involved in lignin degradation and can be used for oxidation of 
various compounds such as carotenoids, phenols, and aromatic sulfides. The 
observation that they also catalyze enantioselective oxygenation of aromatic sulfides 
indicates that they can even act as peroxygenases. Based on sequence features, the 
family of DyPs can be dissected into four subfamilies (class A, B, C, and D DyPs), 
according to the Peroxibase classification. Class D DyPs contain predominantly 
fungal peroxidases whereas the other classes mainly contain bacterial peroxidases. 
Members of class A typically have a Tat-signal sequence that facilitates its secretion. 
An example of a type A DyP is the peroxidase from Thermobifida fusca also known 
as TfuDyP [1]. While this was the first reported bacterial DyP, several other DyPs 
have been reported in the last decade. 
In this paper we identify another type A DyP from the alkaliphilic cellulomonad, 
Cellulomonas bogoriensis (CboDyP). C. bogoriensis was isolated from the alkaline Lake 
Bogoria in Kenya [2]. The predicted protein was identified by performing a sequence 
homology search using TfuDyP. Except for typical class A sequence features such 
as a Tat-signal sequence and the presence of a conserved His to interact with the 
iron in the heme cofactor, the CboDyP sequence has an aberrant sequence in the 
region where normally a GXXDG motif is found. In CboDyP, the conserved 
aspartate is replaced by a glutamate. While this seems a mild variation, this 
difference from most DyPs is striking as the aspartate has been shown to be a crucial 
active site residue. It has been reported to play a role as a proton acceptor during 
the heterolytic cleavage of hydrogen peroxide. It forms a hydrogen bond with the 
distal solvent species and was shown to be essential for catalysis.[1,3,4] In this paper, 
we present a full characterization of CboDyP concerning its peroxidase activity on 
several dyes and its thermostability using different solvents. Furthermore, we also 
elucidated its crystal structure, and probed the role of the aberrant glutamate in its 
active site. 
 
5.2 Results and Discussion 
5.2.1 Novel DyP Enzyme Identification from C. bogoriensis 
A putative DyP-encoding gene was found in the sequence genome of C. bogoriensis 
(CboDyP) after performing a BLAST search with the TfuDyP sequence as a query 
in the NCBI (National Center for Biotechnology Information) protein database. It 
displays 39% sequence identity with TfuDyP and also includes a Tat-signal sequence 
indicating that it is a class A DyP. Yet, the predicted protein sequence has an unusual 
sequence in the region that contains the typical DyP GXXDG motif: GXXEG. In 
order to study the DyP from C. bogoriensis, a CboDyP-encoding gene was synthesized 
and cloned into a pBAD-His-SUMO vector. CboDyP could be overexpressed in E. 
coli at 17 and 24 °C. The expression at both temperatures resulted in expression of 
soluble protein and purification yielded 84 mg L-1 at 17 °C and 164 mg L−1 at 24 
°C. The CboDyP E201D mutant was also expressed in a soluble form with a yield 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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5.1 Introduction 
DyP-type peroxidases (DyPs) are heme-containing enzymes known for their ability 
to degrade dyes through their peroxidase activity. Recent studies have shown that 
DyPs are also involved in lignin degradation and can be used for oxidation of 
various compounds such as carotenoids, phenols, and aromatic sulfides. The 
observation that they also catalyze enantioselective oxygenation of aromatic sulfides 
indicates that they can even act as peroxygenases. Based on sequence features, the 
family of DyPs can be dissected into four subfamilies (class A, B, C, and D DyPs), 
according to the Peroxibase classification. Class D DyPs contain predominantly 
fungal peroxidases whereas the other classes mainly contain bacterial peroxidases. 
Members of class A typically have a Tat-signal sequence that facilitates its secretion. 
An example of a type A DyP is the peroxidase from Thermobifida fusca also known 
as TfuDyP [1]. While this was the first reported bacterial DyP, several other DyPs 
have been reported in the last decade. 
In this paper we identify another type A DyP from the alkaliphilic cellulomonad, 
Cellulomonas bogoriensis (CboDyP). C. bogoriensis was isolated from the alkaline Lake 
Bogoria in Kenya [2]. The predicted protein was identified by performing a sequence 
homology search using TfuDyP. Except for typical class A sequence features such 
as a Tat-signal sequence and the presence of a conserved His to interact with the 
iron in the heme cofactor, the CboDyP sequence has an aberrant sequence in the 
region where normally a GXXDG motif is found. In CboDyP, the conserved 
aspartate is replaced by a glutamate. While this seems a mild variation, this 
difference from most DyPs is striking as the aspartate has been shown to be a crucial 
active site residue. It has been reported to play a role as a proton acceptor during 
the heterolytic cleavage of hydrogen peroxide. It forms a hydrogen bond with the 
distal solvent species and was shown to be essential for catalysis.[1,3,4] In this paper, 
we present a full characterization of CboDyP concerning its peroxidase activity on 
several dyes and its thermostability using different solvents. Furthermore, we also 
elucidated its crystal structure, and probed the role of the aberrant glutamate in its 
active site. 
 
5.2 Results and Discussion 
5.2.1 Novel DyP Enzyme Identification from C. bogoriensis 
A putative DyP-encoding gene was found in the sequence genome of C. bogoriensis 
(CboDyP) after performing a BLAST search with the TfuDyP sequence as a query 
in the NCBI (National Center for Biotechnology Information) protein database. It 
displays 39% sequence identity with TfuDyP and also includes a Tat-signal sequence 
indicating that it is a class A DyP. Yet, the predicted protein sequence has an unusual 
sequence in the region that contains the typical DyP GXXDG motif: GXXEG. In 
order to study the DyP from C. bogoriensis, a CboDyP-encoding gene was synthesized 
and cloned into a pBAD-His-SUMO vector. CboDyP could be overexpressed in E. 
coli at 17 and 24 °C. The expression at both temperatures resulted in expression of 
soluble protein and purification yielded 84 mg L-1 at 17 °C and 164 mg L−1 at 24 
°C. The CboDyP E201D mutant was also expressed in a soluble form with a yield 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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of 68 mg L-1 of purified enzyme when expressed at 24 °C. To establish whether the 
His-tagged SUMO as fusion protein has an effect on enzyme properties, non-tagged 
wild-type CboDyP was prepared by using SUMO (small ubiquitin-like modifier 
protein) protease. Upon cleavage of the fusion protein, the peroxidase activity was 
found to be the same when compared with the fused version. All biochemical data 
reported below, except for the crystal structures, were generated using the SUMO-
fused versions of both enzyme variants. 

 
5.2.2 Spectral Properties of CboDyP 
The spectrum of CboDyP shows a Soret band at 407 nm together with two less 
intense absorbance maxima at 503 and 631 nm (Figure 1a). The Reinheitzahl value 
(ratio of A407/A280) for the purified enzyme is 1.17 which is close to other values 
reported before for DyP peroxidases [1]. The absorbance spectrum clearly confirms 
that wild-type CboDyP contains a heme cofactor in the oxidized state. After having 
established that CboDyP is a hemoprotein, we tested the response of the enzyme to 
reduction using dithionite and hydrogen peroxide. Upon addition of 1 mM 
dithionite, the Soret band shifted to 432 nm with a reduction in the amplitude of 
the peak as well. The absorbance maxima at 503 shifted to 558 nm (see Figure S3a). 
Upon addition of 1 mM hydrogen peroxide, the Soret band shifted to 426 nm with 
a reduction in the amplitude of the peak. The higher wavelength peaks shifted closer 
together. The drastic changes in the Soret band confirm that CboDyP is a redox-
active heme-containing enzyme. The absorbance spectrum of E201D CboDyP was 
rather similar to that of the wild-type enzyme. However, the ratio of A407/A280 is 
significantly lower (0.75), indicating that the enzyme may not be fully loaded with 
heme. Again, addition of 1 mM hydrogen peroxide or dithionite reduced the 
amplitude of the Soret band and had an effect on the absorbance peaks at high 
wavelengths (Figure 1b and Figure S3b). This indicates that the E201D mutant is 
also redox active. Furthermore, the spectral responses of both CboDyP variants to 
both redox agents confirmed that the heme had been loaded with iron. Previous 
work had shown that in the case of sequence-related DyPs, a high overexpression 
can lead to incorporation of iron deficient heme (protoporphyrin IX), resulting in 
inactive enzyme species [5]. 
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Abstract 

Ancestral sequence reconstruction is an approach to resurrect extinct enzymes 
based on phylogenetic analysis of enzyme families. In this study, a dataset 
containing 14000 DyP sequences was collected and subjected to an iterative process 
of removing redundancy, realignment, building a phylogenetic tree and manual 
inspection. This resulted in a robust and representative dataset of 641 DyP 
sequences. A phylogenetic tree was constructed which confirmed the existence of 
several distinct DyP subfamilies. The DyP ancestor of a group of extant fungal 
DyPs (node 74) was resurrected as well as its alternative state: AncDyP74 and 
AncAltDyP74. The two proteins were overexpressed as SUMO-tagged enzymes 
and purified. Both DyPs were purified as soluble, heme-containing, and active 
enzymes. The peroxidase activities of the enzymes using different substrates was 
examined, confirming their activity on various dyes. The ancestral DyPs were found 
to be moderately thermostable. 
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6.1 Introduction 
Enzymes are capable of catalyzing conversions with a high degree of selectivity. 
This makes them attractive as biocatalysts for use in synthetic chemistry or other 
applications. However, enzymes often are not sufficiently stable to be used at higher 
temperatures or other non-physiological conditions and usually have a narrow 
substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
enzymes by using an approach known as ancestral sequence reconstruction (ASR). 
ASR can give us hints about ancient protein functions and the underlying 
evolutionary events. The resurrection of ancient proteins in the laboratory facilitates 
the analysis of the properties of these enzymes and may confirm or disprove 
evolutionary hypotheses. The power of this technique has presented itself through 
the resurrection of truly ancient and functional proteins from the Precambrian 
period as well as in the explanation of how enzymes evolved to acquire the 
mechanisms and functions that they have today.[1] 

In biochemistry, the comparison of extant sequences in pursue of disclosing the 
determinants of enzyme function is referred to as “horizontal approach”. A vertical 
approach however takes into consideration the evolutionary history of proteins and 
provides valuable input to identify crucial amino acid differences. This approach 
takes into consideration the internal nodes of a phylogenetic tree and considers the 
chronology of mutations.[2,3] Thus, ASR is an in-silico approach to deduce the 
sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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6.1 Introduction 
Enzymes are capable of catalyzing conversions with a high degree of selectivity. 
This makes them attractive as biocatalysts for use in synthetic chemistry or other 
applications. However, enzymes often are not sufficiently stable to be used at higher 
temperatures or other non-physiological conditions and usually have a narrow 
substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
enzymes by using an approach known as ancestral sequence reconstruction (ASR). 
ASR can give us hints about ancient protein functions and the underlying 
evolutionary events. The resurrection of ancient proteins in the laboratory facilitates 
the analysis of the properties of these enzymes and may confirm or disprove 
evolutionary hypotheses. The power of this technique has presented itself through 
the resurrection of truly ancient and functional proteins from the Precambrian 
period as well as in the explanation of how enzymes evolved to acquire the 
mechanisms and functions that they have today.[1] 

In biochemistry, the comparison of extant sequences in pursue of disclosing the 
determinants of enzyme function is referred to as “horizontal approach”. A vertical 
approach however takes into consideration the evolutionary history of proteins and 
provides valuable input to identify crucial amino acid differences. This approach 
takes into consideration the internal nodes of a phylogenetic tree and considers the 
chronology of mutations.[2,3] Thus, ASR is an in-silico approach to deduce the 
sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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shows how difficult it is to have fungal DyPs expressed using bacterial hosts.[25] It 
has been suggested that DyPs play a role in lignin degradation, including some of 
the bacterial representatives.[26] Qin and co-workers showed that DyP-type 
peroxidases isolated from the fungus Irpex lacteus could act on lignin model 
compounds.[27] The degradation of lignin-like compounds by DyP-type peroxidases 
has been reported on several occasions[28,29]. DyPs may also develop as industrial 
biocatalysts for other processes, such as dye degradation. In fact, one DyP has 
already been marketed for its ability to degrade the food colorant β-carotene.[30] 

In this study we performed ASR on the family of DyPs in order to resurrect the 
fungal ancestors from the family. Two ancestral DyPs, AncDyP74 and 
AncAltDyP74 could be produced using E. coli as host and purified. Both DyPs were 
found to be active as peroxidase and appear as relatively robust enzymes. 

6.2 Experimental 
6.2.1 Phylogenetic analysis and Ancestral Sequence Reconstruction 
The Interpro family IPR006314 corresponding to DyPs (≈14000 sequences) plus 
the dataset gathered by Colpa[31] were used initially. To refine and get a 
representative and robust group of sequences, the following steps were performed 
successively: (i) remove redundancy by CD-HIT (initial sequence identity cut-off 
0.9), (ii) multiple sequence alignment in MAFFT v7, (iii) inferring phylogeny by 
Neighbor Joining (NJ) method and, (iv) manual inspection. After performing this 
process five times, a dataset of 641 sequences was obtained. This was employed to 
infer the phylogeny by Maximum Likelihood (in PhyML v3.0, 100/500 bootstraps) 
and Bayesian (in Mr. Bayes 3.2.6, until convergence <0.2) inference methods. Best-
fit model parameters were obtained by the Akaike information criterion in ProtTest 
v3.4. 

Ancestral sequence reconstruction was performed using the Maximum Likelihood 
inference method in PAMLX v.4.9. Sequences were analyzed using an empirical 
amino acid substitution model (model = 2), 4 gamma categories and Jones 
substitution matrix. The posterior probability distribution of ancestral states at each 
site was analyzed at targeted nodes. Sites were considered ambiguously 
reconstructed if alternative states displayed PP >0.2. 

6.2.2 Chemicals 
All chemicals were purchased from Sigma-Aldrich unless otherwise stated. 

6.2.3 Enzyme expression and purification 

Genes for expression of AncDyP74, AncAltDyP74 and AncDyP62 were ordered 
as codon optimized genes for expression in E. coli and ordered with BsaI overhangs 
from Thermofisher Scientific as GeneArtTMStringsTM. The genes were cloned using 
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the NEB® Golden Gate assembly method into a pBAD vector resulting in 
expression of the target protein with a His-tag at the N-terminus followed by a 
SUMO fusion protein. The pBAD-Histag-SUMO-AncDyP74, AncAltDyP74 or 
AncDyP62 vector was then transformed into E. coli NEB 10β competent cells (New 
England Biolabs) and grown overnight at 37 °C on Luria Bertani (LB) plates 
supplied with 50 µg.mL-1 ampicillin. For each clone, a single colony was picked from 
the plate and used to inoculate a 5 mL preculture of LB medium supplemented with 
ampicillin at a final concentration of 50 µg.mL-1. The preculture was then used to 
inoculate 500 mL terrific broth medium in a 2 L Erlenmeyer flask. The 500 mL 
culture was supplemented with ampicillin to reach a final concentration of 50 
µg.mL-1. The 500 mL culture was grown at 37 °C until the OD reached a value of 
0.6. Arabinose was added for induction to attain a final concentration of 0.02 % 
w/v. The culture was then transferred to a working temperature of 24 °C for 18 h. 
After 18 h, the cells were harvested by centrifuging the culture at 6000 x g for 20 
minutes. The cells were then resuspended in 15 mL of buffer A (50 mM potassium 
phosphate buffer [KPi], 0.5 M NaCl, 5% [v/v] glycerol, pH 8) and then the cells 
were lysed by sonication for 10 minutes with cycles of 10 s ON and 10 s OFF at 
70% amplitude. The lysate was then centrifuged at 12,000 rpm for 30 minutes at 4 
°C and the cell-free extract filtered through a Whatman FP 30/0.45 µm CA-S 
membrane syringe filter. 

The cell-free extract was then loaded using an AKTA Pure system (Chicago, IL, 
USA) onto a 5 mL Ni-NTA prepacked column which was previously equilibrated 
using 5 column volumes (CV) of buffer A. The bound protein was then washed 
using 5 CV buffer A followed by 5 CV buffer B (50 mM potassium phosphate 
buffer [KPi], 0.5 M NaCl, 5% [v/v] glycerol, 5 mM imidazole, pH 8). The protein 
was finally eluted using buffer C (50 mM potassium phosphate buffer [KPi], 0.5 M 
NaCl, 5% [v/v] glycerol, 500 mM imidazole, pH 8) until all the protein was washed 
off the column. The protein was desalted using an Econo-Pac® 10DG Desalting 
Prepacked Gravity Flow Column (BioRad) using buffer D (50 mM potassium 
phosphate buffer [KPi], 150 mM NaCl, 5% [v/v] glycerol, pH 8). The desalted 
protein fractions were analyzed by performing SDS-PAGE followed by staining 
using InstantBlueTM Protein Stain, to assess purity and size of the purified proteins. 

6.2.4 Determination of enzyme concentration 

The enzyme concentrations of AncDyP74 and AncAltDyP74 were determined 
based on the predicted molar extinction coefficient at 280 nm using the Protparam 
tool. The extinction coefficient of AncDyP74 and AncAltDyP74 is 29.575 mM-1cm-

1. UV/vis absorbance spectra were collected using 10 µM enzyme in potassium 
phosphate buffer 50 mM, pH 7.0. 
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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shows how difficult it is to have fungal DyPs expressed using bacterial hosts.[25] It 
has been suggested that DyPs play a role in lignin degradation, including some of 
the bacterial representatives.[26] Qin and co-workers showed that DyP-type 
peroxidases isolated from the fungus Irpex lacteus could act on lignin model 
compounds.[27] The degradation of lignin-like compounds by DyP-type peroxidases 
has been reported on several occasions[28,29]. DyPs may also develop as industrial 
biocatalysts for other processes, such as dye degradation. In fact, one DyP has 
already been marketed for its ability to degrade the food colorant β-carotene.[30] 

In this study we performed ASR on the family of DyPs in order to resurrect the 
fungal ancestors from the family. Two ancestral DyPs, AncDyP74 and 
AncAltDyP74 could be produced using E. coli as host and purified. Both DyPs were 
found to be active as peroxidase and appear as relatively robust enzymes. 

6.2 Experimental 
6.2.1 Phylogenetic analysis and Ancestral Sequence Reconstruction 
The Interpro family IPR006314 corresponding to DyPs (≈14000 sequences) plus 
the dataset gathered by Colpa[31] were used initially. To refine and get a 
representative and robust group of sequences, the following steps were performed 
successively: (i) remove redundancy by CD-HIT (initial sequence identity cut-off 
0.9), (ii) multiple sequence alignment in MAFFT v7, (iii) inferring phylogeny by 
Neighbor Joining (NJ) method and, (iv) manual inspection. After performing this 
process five times, a dataset of 641 sequences was obtained. This was employed to 
infer the phylogeny by Maximum Likelihood (in PhyML v3.0, 100/500 bootstraps) 
and Bayesian (in Mr. Bayes 3.2.6, until convergence <0.2) inference methods. Best-
fit model parameters were obtained by the Akaike information criterion in ProtTest 
v3.4. 

Ancestral sequence reconstruction was performed using the Maximum Likelihood 
inference method in PAMLX v.4.9. Sequences were analyzed using an empirical 
amino acid substitution model (model = 2), 4 gamma categories and Jones 
substitution matrix. The posterior probability distribution of ancestral states at each 
site was analyzed at targeted nodes. Sites were considered ambiguously 
reconstructed if alternative states displayed PP >0.2. 

6.2.2 Chemicals 
All chemicals were purchased from Sigma-Aldrich unless otherwise stated. 

6.2.3 Enzyme expression and purification 

Genes for expression of AncDyP74, AncAltDyP74 and AncDyP62 were ordered 
as codon optimized genes for expression in E. coli and ordered with BsaI overhangs 
from Thermofisher Scientific as GeneArtTMStringsTM. The genes were cloned using 
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the NEB® Golden Gate assembly method into a pBAD vector resulting in 
expression of the target protein with a His-tag at the N-terminus followed by a 
SUMO fusion protein. The pBAD-Histag-SUMO-AncDyP74, AncAltDyP74 or 
AncDyP62 vector was then transformed into E. coli NEB 10β competent cells (New 
England Biolabs) and grown overnight at 37 °C on Luria Bertani (LB) plates 
supplied with 50 µg.mL-1 ampicillin. For each clone, a single colony was picked from 
the plate and used to inoculate a 5 mL preculture of LB medium supplemented with 
ampicillin at a final concentration of 50 µg.mL-1. The preculture was then used to 
inoculate 500 mL terrific broth medium in a 2 L Erlenmeyer flask. The 500 mL 
culture was supplemented with ampicillin to reach a final concentration of 50 
µg.mL-1. The 500 mL culture was grown at 37 °C until the OD reached a value of 
0.6. Arabinose was added for induction to attain a final concentration of 0.02 % 
w/v. The culture was then transferred to a working temperature of 24 °C for 18 h. 
After 18 h, the cells were harvested by centrifuging the culture at 6000 x g for 20 
minutes. The cells were then resuspended in 15 mL of buffer A (50 mM potassium 
phosphate buffer [KPi], 0.5 M NaCl, 5% [v/v] glycerol, pH 8) and then the cells 
were lysed by sonication for 10 minutes with cycles of 10 s ON and 10 s OFF at 
70% amplitude. The lysate was then centrifuged at 12,000 rpm for 30 minutes at 4 
°C and the cell-free extract filtered through a Whatman FP 30/0.45 µm CA-S 
membrane syringe filter. 

The cell-free extract was then loaded using an AKTA Pure system (Chicago, IL, 
USA) onto a 5 mL Ni-NTA prepacked column which was previously equilibrated 
using 5 column volumes (CV) of buffer A. The bound protein was then washed 
using 5 CV buffer A followed by 5 CV buffer B (50 mM potassium phosphate 
buffer [KPi], 0.5 M NaCl, 5% [v/v] glycerol, 5 mM imidazole, pH 8). The protein 
was finally eluted using buffer C (50 mM potassium phosphate buffer [KPi], 0.5 M 
NaCl, 5% [v/v] glycerol, 500 mM imidazole, pH 8) until all the protein was washed 
off the column. The protein was desalted using an Econo-Pac® 10DG Desalting 
Prepacked Gravity Flow Column (BioRad) using buffer D (50 mM potassium 
phosphate buffer [KPi], 150 mM NaCl, 5% [v/v] glycerol, pH 8). The desalted 
protein fractions were analyzed by performing SDS-PAGE followed by staining 
using InstantBlueTM Protein Stain, to assess purity and size of the purified proteins. 

6.2.4 Determination of enzyme concentration 

The enzyme concentrations of AncDyP74 and AncAltDyP74 were determined 
based on the predicted molar extinction coefficient at 280 nm using the Protparam 
tool. The extinction coefficient of AncDyP74 and AncAltDyP74 is 29.575 mM-1cm-

1. UV/vis absorbance spectra were collected using 10 µM enzyme in potassium 
phosphate buffer 50 mM, pH 7.0. 
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6.1 Introduction 
Enzymes are capable of catalyzing conversions with a high degree of selectivity. 
This makes them attractive as biocatalysts for use in synthetic chemistry or other 
applications. However, enzymes often are not sufficiently stable to be used at higher 
temperatures or other non-physiological conditions and usually have a narrow 
substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
enzymes by using an approach known as ancestral sequence reconstruction (ASR). 
ASR can give us hints about ancient protein functions and the underlying 
evolutionary events. The resurrection of ancient proteins in the laboratory facilitates 
the analysis of the properties of these enzymes and may confirm or disprove 
evolutionary hypotheses. The power of this technique has presented itself through 
the resurrection of truly ancient and functional proteins from the Precambrian 
period as well as in the explanation of how enzymes evolved to acquire the 
mechanisms and functions that they have today.[1] 

In biochemistry, the comparison of extant sequences in pursue of disclosing the 
determinants of enzyme function is referred to as “horizontal approach”. A vertical 
approach however takes into consideration the evolutionary history of proteins and 
provides valuable input to identify crucial amino acid differences. This approach 
takes into consideration the internal nodes of a phylogenetic tree and considers the 
chronology of mutations.[2,3] Thus, ASR is an in-silico approach to deduce the 
sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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6.2.5 Protein modeling 

The structural model of AncDyP74 was constructed using the Swiss-Model 
automated protein homology modeling server[32] using its protein sequence as the 
input sequence. Each of the amino acids that were ambiguously reconstructed in 
AncAltDyP74 were highlighted using red spheres in PyMOL Molecular Graphics 
System version 2.0.7. 

6.2.6 Enzyme activity measurements 

The extinction coefficient of various dyes was determined using a fixed 
concentration of the dye. Then, a spectrum scan was collected to identify the 
wavelength showing the highest absorbance of the dye. Using the known 
concentration and the absorbance, the extinction coefficient was determined. The 
activity measurements were done in citrate buffer 50 mM at pH 4.0 and using 
hydrogen peroxide to a final concentration of 100 µM in the cuvette unless 
otherwise stated. Enzyme, AncDyP74 or AncAltDyP74, was added to a final 
concentration of 50 nM to start the reaction. For Reactive Black 5 (RB5), 
AncDyP74 and AncAltDyP74 was added to a final concentration of 500 nM to start 
the reaction. The dyes were tested at varying concentrations to determine the KM 
and kcat of the enzyme with each of the various dyes. The dyes tested include: ABTS, 
Reactive Blue 19 (RB19), Reactive Blue 4 (RB4), Reactive Black 5 (RB5) and Direct 
Blue 71 (DB71). The activity in the presence of H2O2 as a substrate was determined 
using ABTS at a concentration of 100 µM in the reaction cuvette. Activity with 
ABTS was tested using 50 mM citrate buffer, pH 3.0. In order to establish the pH 
optimal for activity, kobs values were determined for AncDyP74 and AncAltDyP74 
using ABTS as substrate at various pH values, at room temperature. The pH values 
selected ranged from pH 3.0 to pH 8.0. Mn2+ was also tested as substrate by 
monitoring the Mn3+ malonate formation at 270 nm (ε270= 11.6 mM-1cm-1). The 
assay was performed using a series of dilutions of MnSO4 in 0.1 M sodium malonate 
buffer of pH 4.5 at room temperature and the reaction was started by the addition 
of 100 µM hydrogen peroxide. A control was performed without the addition of 
enzyme. 

6.2.7 Effect of changing the expression host on the activity of AncDyP74  

The pBAD-His-SUMO-AncDyP74 vector was transformed into four different 
bacterial strains: E. coli BL21 DE3, E. coli BL21 DE3*, E. coli BL21 AI and E. coli 
C41. The cells were grown in TB medium (50 mL) and once the OD reached a 
value of 0.6, expression of the AncDyP74 was induced by adding an amount 
equivalent to 0.02% w/v arabinose as a final concentration. The cells were then 
harvested and sonicated. The enzyme was purified by using a gravity-flow column 
containing 0.5 mL volume of Ni-NTA resin. The resin was washed with 5 CV buffer 
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A and 5 CV buffer B before eluting with buffer C. The purified enzyme was loaded 
onto an Econo-Pac® 10DG Desalting Prepacked Gravity Flow Column (BioRad) 
pre-equilibrated with buffer D. Then the enzyme was eluted using buffer D. 

6.2.8 Effect of temperature on enzyme activity 

The effect of temperature on the activity of AncDyP74 and AncAltDyP74 was 
determined by monitoring enzyme activities in time, while incubating the enzyme 
at a fixed temperature. The enzyme activity was measured using ABTS as a substrate 
(100 µM) in the presence of H2O2 (100 µM) and citrate buffer 50 mM at pH 3. The 
temperatures used for incubating the enzyme were 30, 40 and 50 °C and incubation 
was done in a water bath. 

6.3 Results and Discussion 
6.3.1 Sequence analysis of the DyP family 

Employing the refined dataset of 641 sequences, a phylogeny was obtained 
recovering the already reported DyPs group A, B, C and D. Interestingly, while the 
A- and B-type DyPs form distinct phylogenetic groups, the C- and D- type DyPs 
are closely related (Figure 1). In this latter group, sequences from fungi cluster 
together forming exclusively the so-called class D. 
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alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
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peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
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found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
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6.2.5 Protein modeling 

The structural model of AncDyP74 was constructed using the Swiss-Model 
automated protein homology modeling server[32] using its protein sequence as the 
input sequence. Each of the amino acids that were ambiguously reconstructed in 
AncAltDyP74 were highlighted using red spheres in PyMOL Molecular Graphics 
System version 2.0.7. 

6.2.6 Enzyme activity measurements 

The extinction coefficient of various dyes was determined using a fixed 
concentration of the dye. Then, a spectrum scan was collected to identify the 
wavelength showing the highest absorbance of the dye. Using the known 
concentration and the absorbance, the extinction coefficient was determined. The 
activity measurements were done in citrate buffer 50 mM at pH 4.0 and using 
hydrogen peroxide to a final concentration of 100 µM in the cuvette unless 
otherwise stated. Enzyme, AncDyP74 or AncAltDyP74, was added to a final 
concentration of 50 nM to start the reaction. For Reactive Black 5 (RB5), 
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the reaction. The dyes were tested at varying concentrations to determine the KM 
and kcat of the enzyme with each of the various dyes. The dyes tested include: ABTS, 
Reactive Blue 19 (RB19), Reactive Blue 4 (RB4), Reactive Black 5 (RB5) and Direct 
Blue 71 (DB71). The activity in the presence of H2O2 as a substrate was determined 
using ABTS at a concentration of 100 µM in the reaction cuvette. Activity with 
ABTS was tested using 50 mM citrate buffer, pH 3.0. In order to establish the pH 
optimal for activity, kobs values were determined for AncDyP74 and AncAltDyP74 
using ABTS as substrate at various pH values, at room temperature. The pH values 
selected ranged from pH 3.0 to pH 8.0. Mn2+ was also tested as substrate by 
monitoring the Mn3+ malonate formation at 270 nm (ε270= 11.6 mM-1cm-1). The 
assay was performed using a series of dilutions of MnSO4 in 0.1 M sodium malonate 
buffer of pH 4.5 at room temperature and the reaction was started by the addition 
of 100 µM hydrogen peroxide. A control was performed without the addition of 
enzyme. 

6.2.7 Effect of changing the expression host on the activity of AncDyP74  

The pBAD-His-SUMO-AncDyP74 vector was transformed into four different 
bacterial strains: E. coli BL21 DE3, E. coli BL21 DE3*, E. coli BL21 AI and E. coli 
C41. The cells were grown in TB medium (50 mL) and once the OD reached a 
value of 0.6, expression of the AncDyP74 was induced by adding an amount 
equivalent to 0.02% w/v arabinose as a final concentration. The cells were then 
harvested and sonicated. The enzyme was purified by using a gravity-flow column 
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A- and B-type DyPs form distinct phylogenetic groups, the C- and D- type DyPs 
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sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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Figure 1. Phylogeny of DyPs. The phylogenetic tree shows three well defined 
groups including already characterized sequences marked with circles from: Class A 
DyPs in red (PflDyPA, EfeB, DyPA, BsDyP, TcDyP, SviDyP, TfuDyP, TceDyP, 
ScoDyP and DtpA), Class B DyPs in blue (YfeX, TyrA, BlDyP, DyPB, PflDyP2B, 
PflDyP1B, PpDyP and DyPPa), Class C DyPs in dark green (SaDyP, DyP2 and 
AnaPx) and Class D DyPs in light green (GlDyP, FtrDyP, MepDyP, Msp1, Msp2, 
PsaDyP, PoDyP, DyP, TAP, Dyp Ilacteus, EglDyp and AauDyP).   

Taxonomic distribution among the fungal DyPs tree shows distinct clades of DyPs 
from Basidiomycetes and Ascomycetes (Figure 2). Ancestral sequence 
reconstruction was performed in this group and two nodes were selected for 
experimental characterization: the ancestor (node 62) of the group named III, which 
includes well-characterized DyPs from Basidiomycetes, and the ancestor (node 74) 
of group I, which is mainly composed of uncharacterized sequences and two 
Basidiomycete DyPs, FtrDyP from Funalia troggi[33] and GlDyP from Ganoderma 
lucidum. These sequences (AncDyP62 and AncDyP74, resp.) were reconstructed 
with posterior probabilities (PP) of 0.74 and 0.80, respectively (Figure 3). 
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Figure 2. Phylogeny of fungal (Class D) DyPs. The phylogenetic tree shows 
Ascomycota (yellow) and Basidiomycota (teal) sequences. Uniprot accession codes 
and genus names are presented and sequences already characterized are marked 
with light green circles. Three clusters were identified among basidiomycetes (I-III). 
The ancestors selected for experimental characterization are marked with red boxes.  
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6.1 Introduction 
Enzymes are capable of catalyzing conversions with a high degree of selectivity. 
This makes them attractive as biocatalysts for use in synthetic chemistry or other 
applications. However, enzymes often are not sufficiently stable to be used at higher 
temperatures or other non-physiological conditions and usually have a narrow 
substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
enzymes by using an approach known as ancestral sequence reconstruction (ASR). 
ASR can give us hints about ancient protein functions and the underlying 
evolutionary events. The resurrection of ancient proteins in the laboratory facilitates 
the analysis of the properties of these enzymes and may confirm or disprove 
evolutionary hypotheses. The power of this technique has presented itself through 
the resurrection of truly ancient and functional proteins from the Precambrian 
period as well as in the explanation of how enzymes evolved to acquire the 
mechanisms and functions that they have today.[1] 

In biochemistry, the comparison of extant sequences in pursue of disclosing the 
determinants of enzyme function is referred to as “horizontal approach”. A vertical 
approach however takes into consideration the evolutionary history of proteins and 
provides valuable input to identify crucial amino acid differences. This approach 
takes into consideration the internal nodes of a phylogenetic tree and considers the 
chronology of mutations.[2,3] Thus, ASR is an in-silico approach to deduce the 
sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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Figure 1. Phylogeny of DyPs. The phylogenetic tree shows three well defined 
groups including already characterized sequences marked with circles from: Class A 
DyPs in red (PflDyPA, EfeB, DyPA, BsDyP, TcDyP, SviDyP, TfuDyP, TceDyP, 
ScoDyP and DtpA), Class B DyPs in blue (YfeX, TyrA, BlDyP, DyPB, PflDyP2B, 
PflDyP1B, PpDyP and DyPPa), Class C DyPs in dark green (SaDyP, DyP2 and 
AnaPx) and Class D DyPs in light green (GlDyP, FtrDyP, MepDyP, Msp1, Msp2, 
PsaDyP, PoDyP, DyP, TAP, Dyp Ilacteus, EglDyp and AauDyP).   

Taxonomic distribution among the fungal DyPs tree shows distinct clades of DyPs 
from Basidiomycetes and Ascomycetes (Figure 2). Ancestral sequence 
reconstruction was performed in this group and two nodes were selected for 
experimental characterization: the ancestor (node 62) of the group named III, which 
includes well-characterized DyPs from Basidiomycetes, and the ancestor (node 74) 
of group I, which is mainly composed of uncharacterized sequences and two 
Basidiomycete DyPs, FtrDyP from Funalia troggi[33] and GlDyP from Ganoderma 
lucidum. These sequences (AncDyP62 and AncDyP74, resp.) were reconstructed 
with posterior probabilities (PP) of 0.74 and 0.80, respectively (Figure 3). 
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Figure 2. Phylogeny of fungal (Class D) DyPs. The phylogenetic tree shows 
Ascomycota (yellow) and Basidiomycota (teal) sequences. Uniprot accession codes 
and genus names are presented and sequences already characterized are marked 
with light green circles. Three clusters were identified among basidiomycetes (I-III). 
The ancestors selected for experimental characterization are marked with red boxes.  
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Enzymes are capable of catalyzing conversions with a high degree of selectivity. 
This makes them attractive as biocatalysts for use in synthetic chemistry or other 
applications. However, enzymes often are not sufficiently stable to be used at higher 
temperatures or other non-physiological conditions and usually have a narrow 
substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
enzymes by using an approach known as ancestral sequence reconstruction (ASR). 
ASR can give us hints about ancient protein functions and the underlying 
evolutionary events. The resurrection of ancient proteins in the laboratory facilitates 
the analysis of the properties of these enzymes and may confirm or disprove 
evolutionary hypotheses. The power of this technique has presented itself through 
the resurrection of truly ancient and functional proteins from the Precambrian 
period as well as in the explanation of how enzymes evolved to acquire the 
mechanisms and functions that they have today.[1] 

In biochemistry, the comparison of extant sequences in pursue of disclosing the 
determinants of enzyme function is referred to as “horizontal approach”. A vertical 
approach however takes into consideration the evolutionary history of proteins and 
provides valuable input to identify crucial amino acid differences. This approach 
takes into consideration the internal nodes of a phylogenetic tree and considers the 
chronology of mutations.[2,3] Thus, ASR is an in-silico approach to deduce the 
sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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Figure 3. Accuracy of the reconstruction. Graphs show the posterior probabilities 
(PP) per site in the reconstruction for A) AncDyP62 and B) AncDyP74.  

Expression of soluble and active AncDyP62 was found to be troublesome, 
preventing a biochemical characterization of this enzyme. In contrast, AncDyP74 
could be obtained as recombinant enzyme (vide infra). Hence, the AncDyP74 
sequence was analyzed in some more detail. A BLAST search was done using the 
ancestral AncDyP74 as the input sequence. The search was set such that the 
sequence would be compared to only the PDB database. Three sequences with the 
highest similarity were used for a multiple sequence alignment (Figure 4). The 
AncDyP74 sequence displays around 70% sequence identity to these extant close 
homologs in the Class D dataset. The AncDyP74 shares 61 % sequence identity 
with the DyP peroxidase from Pleurotus ostreatus and 50% identity with the DyP 
peroxidase from Bjerkandra adusta and the DyP from Auricularia auricular-judae.  
Differences in the sequence are roughly equally spread over the sequence. 

The reconstructed AncDyP74 sequence contains 80 sites that were ambiguously 
reconstructed (PP>0.2) among the 511 amino acids sequence. Therefore a sequence 
addressing all these ambiguous sites was also selected for experimental 
characterization: AncAltDyP74. In the multiple sequence alignment it can be seen 
that the residues that vary between AncDyP74 and AncAltDyP74 are often in 
regions that show also moderate homology with extant DyPs (Figure 4). A 
homology model showing the residues that are different between AncDyP74 and 
AncAltDyP74 can be seen in figure 5. Out of the 80 different residues, most of 
them are on the surface of the structural model (65). 
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Figure 4. A multiple sequence alignment of the two DyP74 variants and three fungal 
DyPs for which the crystal structure has been elucidated. The GxxDG DyP-specific 
sequence motif and the heme-iron coordinating histidine are indicated with a box 
and an arrow, respectively.  
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substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
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sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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Figure 3. Accuracy of the reconstruction. Graphs show the posterior probabilities 
(PP) per site in the reconstruction for A) AncDyP62 and B) AncDyP74.  
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preventing a biochemical characterization of this enzyme. In contrast, AncDyP74 
could be obtained as recombinant enzyme (vide infra). Hence, the AncDyP74 
sequence was analyzed in some more detail. A BLAST search was done using the 
ancestral AncDyP74 as the input sequence. The search was set such that the 
sequence would be compared to only the PDB database. Three sequences with the 
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homologs in the Class D dataset. The AncDyP74 shares 61 % sequence identity 
with the DyP peroxidase from Pleurotus ostreatus and 50% identity with the DyP 
peroxidase from Bjerkandra adusta and the DyP from Auricularia auricular-judae.  
Differences in the sequence are roughly equally spread over the sequence. 
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that the residues that vary between AncDyP74 and AncAltDyP74 are often in 
regions that show also moderate homology with extant DyPs (Figure 4). A 
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AncAltDyP74 can be seen in figure 5. Out of the 80 different residues, most of 
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temperatures or other non-physiological conditions and usually have a narrow 
substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
enzymes by using an approach known as ancestral sequence reconstruction (ASR). 
ASR can give us hints about ancient protein functions and the underlying 
evolutionary events. The resurrection of ancient proteins in the laboratory facilitates 
the analysis of the properties of these enzymes and may confirm or disprove 
evolutionary hypotheses. The power of this technique has presented itself through 
the resurrection of truly ancient and functional proteins from the Precambrian 
period as well as in the explanation of how enzymes evolved to acquire the 
mechanisms and functions that they have today.[1] 

In biochemistry, the comparison of extant sequences in pursue of disclosing the 
determinants of enzyme function is referred to as “horizontal approach”. A vertical 
approach however takes into consideration the evolutionary history of proteins and 
provides valuable input to identify crucial amino acid differences. This approach 
takes into consideration the internal nodes of a phylogenetic tree and considers the 
chronology of mutations.[2,3] Thus, ASR is an in-silico approach to deduce the 
sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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Figure 5. A homology model of AncDyP74. Residues that vary between the two 
DyP74 variants (AncDyP74 and AncAltDyP74) are indicated by red spheres. 

6.3.2 Enzyme purification and characterization 

The expression of the ancestral DyP at node 62 (AncDyP62) was attempted but 
unfortunately failed. No protein could be expressed. This may be due to a wrongly 
predicted protein sequence or special requirements for the production of this fungal 
protein which are not met in Escherichia coli. Gratifyingly, expression of AncDyP74 
and AncAltDyP74 resulted in large amounts of soluble red-brownish proteins as 
could be expected for heme-containing proteins. Purified AncDyP74 could be 
obtained with a yield of 142 mg per liter of culture broth whereas AncAltDyp74 
was produced at a slightly lower level (100 mg.L-1). The Reinheitzahl (Rz) (A407/A280) 
values for AncDyP74 and AncAltDyP74 were 0.31 and 0.37, respectively, which is 
somewhat lower than the usual values reported for DyP peroxidases. Upon SDS-
PAGE the enzymes showed bands at 69 kDa corresponding to the predicted size 
of SUMO-fused AncDyP74 (68,992 kDa) and of AncAltDyP74 (68,735 Da). 

The UV/Vis absorbance spectra of AncDyP74 and AncAltDyP74 were virtually 
identical and showed a Soret band at 430 nm (Figure 6 shows the spectrum of 
AncDyP74). The position of the Soret band is at a relative high wavelength when 
compared to the wavelength at which the Soret band is usually found (i.e. 410 nm). 
Interestingly, the addition of hydrogen peroxide or sodium dithionite (1.0 mM) had 
no significant effect on the positioning and intensity of the absorbance band. This 
may indicate that both proteins exist mostly in an uncommon redox state, for 
example in a compound II state (see Scheme 1). The absorbance band seems to 
have a shoulder at around 410 nm which may suggest that a small portion of the 
enzyme is in the normal resting state. 
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Previously, it was found that a high expression level of TfuDyP resulted in protein 
not containing heme but rather the iron deficient heme precursor protoporphyrin 
IX. The expression of TfuDyP was tested in several E. coli strains in an attempt to 
help improve the activity of the already highly expressed enzyme.[34] To mimic this 
approach and the effect on the heme bound to AncDyP74, we decided to test the 
expression of AncDyP74 in alternative host cells: E. coli BL21 DE3, E. coli BL21 
DE3*, E. coli BL21 AI and E. coli C41. SDS-PAGE showed that only E. coli BL21 
AI was successful in expressing soluble AncDyP74. Yet, the expressed protein 
exhibited identical spectral properties with a Soret band at 430 nm.  

Resting peroxidase (Fe3+ state) + H2O2 → Compound I + H2O 

Compound I + AH2 → Compound II + AH• 

Compound II + AH2 → Resting peroxidase (Fe3+ state) + AH• + H2O 

Overall reaction: 

2AH2 + H2O2 → 2H2O + 2AH• 

Scheme 1: The two one-electron reduction mechanism for peroxidases.[12]  
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Figure 6. The absorbance spectrum of AncDyP74 in 50 mM potassium phosphate, 
pH 7.0. 

6.3.3 Enzyme kinetics 

The activity of the two ancestral DyPs, AncDyP74 and AncAltDyP74, was tested 
using ABTS, RB19, RB4, RB5, and DB71 as substrates using hydrogen peroxide as 
cosubstrate. All these dyes were found to be converted, showing that the 
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6.1 Introduction 
Enzymes are capable of catalyzing conversions with a high degree of selectivity. 
This makes them attractive as biocatalysts for use in synthetic chemistry or other 
applications. However, enzymes often are not sufficiently stable to be used at higher 
temperatures or other non-physiological conditions and usually have a narrow 
substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
enzymes by using an approach known as ancestral sequence reconstruction (ASR). 
ASR can give us hints about ancient protein functions and the underlying 
evolutionary events. The resurrection of ancient proteins in the laboratory facilitates 
the analysis of the properties of these enzymes and may confirm or disprove 
evolutionary hypotheses. The power of this technique has presented itself through 
the resurrection of truly ancient and functional proteins from the Precambrian 
period as well as in the explanation of how enzymes evolved to acquire the 
mechanisms and functions that they have today.[1] 

In biochemistry, the comparison of extant sequences in pursue of disclosing the 
determinants of enzyme function is referred to as “horizontal approach”. A vertical 
approach however takes into consideration the evolutionary history of proteins and 
provides valuable input to identify crucial amino acid differences. This approach 
takes into consideration the internal nodes of a phylogenetic tree and considers the 
chronology of mutations.[2,3] Thus, ASR is an in-silico approach to deduce the 
sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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Figure 5. A homology model of AncDyP74. Residues that vary between the two 
DyP74 variants (AncDyP74 and AncAltDyP74) are indicated by red spheres. 

6.3.2 Enzyme purification and characterization 

The expression of the ancestral DyP at node 62 (AncDyP62) was attempted but 
unfortunately failed. No protein could be expressed. This may be due to a wrongly 
predicted protein sequence or special requirements for the production of this fungal 
protein which are not met in Escherichia coli. Gratifyingly, expression of AncDyP74 
and AncAltDyP74 resulted in large amounts of soluble red-brownish proteins as 
could be expected for heme-containing proteins. Purified AncDyP74 could be 
obtained with a yield of 142 mg per liter of culture broth whereas AncAltDyp74 
was produced at a slightly lower level (100 mg.L-1). The Reinheitzahl (Rz) (A407/A280) 
values for AncDyP74 and AncAltDyP74 were 0.31 and 0.37, respectively, which is 
somewhat lower than the usual values reported for DyP peroxidases. Upon SDS-
PAGE the enzymes showed bands at 69 kDa corresponding to the predicted size 
of SUMO-fused AncDyP74 (68,992 kDa) and of AncAltDyP74 (68,735 Da). 

The UV/Vis absorbance spectra of AncDyP74 and AncAltDyP74 were virtually 
identical and showed a Soret band at 430 nm (Figure 6 shows the spectrum of 
AncDyP74). The position of the Soret band is at a relative high wavelength when 
compared to the wavelength at which the Soret band is usually found (i.e. 410 nm). 
Interestingly, the addition of hydrogen peroxide or sodium dithionite (1.0 mM) had 
no significant effect on the positioning and intensity of the absorbance band. This 
may indicate that both proteins exist mostly in an uncommon redox state, for 
example in a compound II state (see Scheme 1). The absorbance band seems to 
have a shoulder at around 410 nm which may suggest that a small portion of the 
enzyme is in the normal resting state. 
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Previously, it was found that a high expression level of TfuDyP resulted in protein 
not containing heme but rather the iron deficient heme precursor protoporphyrin 
IX. The expression of TfuDyP was tested in several E. coli strains in an attempt to 
help improve the activity of the already highly expressed enzyme.[34] To mimic this 
approach and the effect on the heme bound to AncDyP74, we decided to test the 
expression of AncDyP74 in alternative host cells: E. coli BL21 DE3, E. coli BL21 
DE3*, E. coli BL21 AI and E. coli C41. SDS-PAGE showed that only E. coli BL21 
AI was successful in expressing soluble AncDyP74. Yet, the expressed protein 
exhibited identical spectral properties with a Soret band at 430 nm.  

Resting peroxidase (Fe3+ state) + H2O2 → Compound I + H2O 

Compound I + AH2 → Compound II + AH• 

Compound II + AH2 → Resting peroxidase (Fe3+ state) + AH• + H2O 

Overall reaction: 

2AH2 + H2O2 → 2H2O + 2AH• 

Scheme 1: The two one-electron reduction mechanism for peroxidases.[12]  
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Figure 6. The absorbance spectrum of AncDyP74 in 50 mM potassium phosphate, 
pH 7.0. 

6.3.3 Enzyme kinetics 

The activity of the two ancestral DyPs, AncDyP74 and AncAltDyP74, was tested 
using ABTS, RB19, RB4, RB5, and DB71 as substrates using hydrogen peroxide as 
cosubstrate. All these dyes were found to be converted, showing that the 
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6.1 Introduction 
Enzymes are capable of catalyzing conversions with a high degree of selectivity. 
This makes them attractive as biocatalysts for use in synthetic chemistry or other 
applications. However, enzymes often are not sufficiently stable to be used at higher 
temperatures or other non-physiological conditions and usually have a narrow 
substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
enzymes by using an approach known as ancestral sequence reconstruction (ASR). 
ASR can give us hints about ancient protein functions and the underlying 
evolutionary events. The resurrection of ancient proteins in the laboratory facilitates 
the analysis of the properties of these enzymes and may confirm or disprove 
evolutionary hypotheses. The power of this technique has presented itself through 
the resurrection of truly ancient and functional proteins from the Precambrian 
period as well as in the explanation of how enzymes evolved to acquire the 
mechanisms and functions that they have today.[1] 

In biochemistry, the comparison of extant sequences in pursue of disclosing the 
determinants of enzyme function is referred to as “horizontal approach”. A vertical 
approach however takes into consideration the evolutionary history of proteins and 
provides valuable input to identify crucial amino acid differences. This approach 
takes into consideration the internal nodes of a phylogenetic tree and considers the 
chronology of mutations.[2,3] Thus, ASR is an in-silico approach to deduce the 
sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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reconstructed DyPs are catalytically competent. Interestingly, also manganese was 
found to be accepted as substrate. The Michaelis-Menten kinetic constants for each 
of ABTS, RB19, RB5, H2O2 and Mn2+ are shown in Table 1. Catalytic rates of the 
two DyPs on RB19 and ABTS are similar, while the KM values for AncAltDyP74 
are somewhat higher (2-4 fold). Irpex lacteus F17 DyP shows a kcat of 8356 s-1 and a 
KM of 62 µM when activity is tested using ABTS as a substrate.[35] And with RB19 
as a substrate, the kcat was reported to be 5345 s-1 (KM = 133 µM).[35] Clearly, the 
ancestral DyPs display lower activities, but the Irpex lacteus F17 DyP is also part of 
the Group III Class D DyPs (see Figure 2), not a descendant of DyP74 (Group I, 
see Figure 2). Interestingly, the catalytic rates and KM values found for the ancestral 
DyPs are close to the values obtained by FtrDyP when RB19, RB5 or ABTS was 
used as a substrate.[33] FtrDyP is the only descendant DyP for which biochemical 
data are available. The catalytic rates for the two DyP74s on Mn2+ are similar as well 
as the KM values. Again, they are also within the range of the activity previously 
noted by the extant enzyme FtrDyP.[33] The affinities of both DyPs for the dyes 
were quite high with KM values in the low µM range. Also for hydrogen peroxide 
relatively low KM values were found indicating that the resurrected DyPs perform 
well as peroxidases on ABTS, anthraquinone and azo dyes.  
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Table 1. The Michaelis-Menten constants for the reaction of AncDyP74 and 
AncAltDyP74 with ABTS, RB19, RB5, H2O2 and Mn2+. 

Substrate Enzyme kcat (s-1) KM (µM) kcat/KM (s-1µM-1) 

ABTS 
AncDyP74 5.4 12.1 0.44 

AncAltDyP74 4 21.3 0.18 

RB19 
AncDyP74 7.6 5.3 1.43 

AncAltDyP74 8.2 19.35 0.42 

RB5 
AncDyP74 1.15 58.8 0.019 

AncAltDyP74 0.21 14.4 0.014 

H2O2 a 
AncDyP74 3.5 24.5 0.14 

AncAltDyP74 3.4 13.3 0.25 

Mn2+ 
AncDyP74 0.07 966 7.5 x 10-5 

AncAltDyP74 0.06 951 6.3 x 10-5 

a Determined using 100 µM ABTS as a substrate. 

6.3.4 Optimal pH and temperature 

The optimal pH for activity for AncDyP74 and the AncAltDyP74 were found to 
be at a pH of 3.0 (Figure 7). This is similar to previously characterized DyPs of 
which optimal activity has been recorded at low pH values. [17]  
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Enzymes are capable of catalyzing conversions with a high degree of selectivity. 
This makes them attractive as biocatalysts for use in synthetic chemistry or other 
applications. However, enzymes often are not sufficiently stable to be used at higher 
temperatures or other non-physiological conditions and usually have a narrow 
substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
enzymes by using an approach known as ancestral sequence reconstruction (ASR). 
ASR can give us hints about ancient protein functions and the underlying 
evolutionary events. The resurrection of ancient proteins in the laboratory facilitates 
the analysis of the properties of these enzymes and may confirm or disprove 
evolutionary hypotheses. The power of this technique has presented itself through 
the resurrection of truly ancient and functional proteins from the Precambrian 
period as well as in the explanation of how enzymes evolved to acquire the 
mechanisms and functions that they have today.[1] 

In biochemistry, the comparison of extant sequences in pursue of disclosing the 
determinants of enzyme function is referred to as “horizontal approach”. A vertical 
approach however takes into consideration the evolutionary history of proteins and 
provides valuable input to identify crucial amino acid differences. This approach 
takes into consideration the internal nodes of a phylogenetic tree and considers the 
chronology of mutations.[2,3] Thus, ASR is an in-silico approach to deduce the 
sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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reconstructed DyPs are catalytically competent. Interestingly, also manganese was 
found to be accepted as substrate. The Michaelis-Menten kinetic constants for each 
of ABTS, RB19, RB5, H2O2 and Mn2+ are shown in Table 1. Catalytic rates of the 
two DyPs on RB19 and ABTS are similar, while the KM values for AncAltDyP74 
are somewhat higher (2-4 fold). Irpex lacteus F17 DyP shows a kcat of 8356 s-1 and a 
KM of 62 µM when activity is tested using ABTS as a substrate.[35] And with RB19 
as a substrate, the kcat was reported to be 5345 s-1 (KM = 133 µM).[35] Clearly, the 
ancestral DyPs display lower activities, but the Irpex lacteus F17 DyP is also part of 
the Group III Class D DyPs (see Figure 2), not a descendant of DyP74 (Group I, 
see Figure 2). Interestingly, the catalytic rates and KM values found for the ancestral 
DyPs are close to the values obtained by FtrDyP when RB19, RB5 or ABTS was 
used as a substrate.[33] FtrDyP is the only descendant DyP for which biochemical 
data are available. The catalytic rates for the two DyP74s on Mn2+ are similar as well 
as the KM values. Again, they are also within the range of the activity previously 
noted by the extant enzyme FtrDyP.[33] The affinities of both DyPs for the dyes 
were quite high with KM values in the low µM range. Also for hydrogen peroxide 
relatively low KM values were found indicating that the resurrected DyPs perform 
well as peroxidases on ABTS, anthraquinone and azo dyes.  
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Table 1. The Michaelis-Menten constants for the reaction of AncDyP74 and 
AncAltDyP74 with ABTS, RB19, RB5, H2O2 and Mn2+. 

Substrate Enzyme kcat (s-1) KM (µM) kcat/KM (s-1µM-1) 

ABTS 
AncDyP74 5.4 12.1 0.44 

AncAltDyP74 4 21.3 0.18 

RB19 
AncDyP74 7.6 5.3 1.43 

AncAltDyP74 8.2 19.35 0.42 

RB5 
AncDyP74 1.15 58.8 0.019 

AncAltDyP74 0.21 14.4 0.014 

H2O2 a 
AncDyP74 3.5 24.5 0.14 

AncAltDyP74 3.4 13.3 0.25 

Mn2+ 
AncDyP74 0.07 966 7.5 x 10-5 

AncAltDyP74 0.06 951 6.3 x 10-5 

a Determined using 100 µM ABTS as a substrate. 

6.3.4 Optimal pH and temperature 

The optimal pH for activity for AncDyP74 and the AncAltDyP74 were found to 
be at a pH of 3.0 (Figure 7). This is similar to previously characterized DyPs of 
which optimal activity has been recorded at low pH values. [17]  
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6.1 Introduction 
Enzymes are capable of catalyzing conversions with a high degree of selectivity. 
This makes them attractive as biocatalysts for use in synthetic chemistry or other 
applications. However, enzymes often are not sufficiently stable to be used at higher 
temperatures or other non-physiological conditions and usually have a narrow 
substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
enzymes by using an approach known as ancestral sequence reconstruction (ASR). 
ASR can give us hints about ancient protein functions and the underlying 
evolutionary events. The resurrection of ancient proteins in the laboratory facilitates 
the analysis of the properties of these enzymes and may confirm or disprove 
evolutionary hypotheses. The power of this technique has presented itself through 
the resurrection of truly ancient and functional proteins from the Precambrian 
period as well as in the explanation of how enzymes evolved to acquire the 
mechanisms and functions that they have today.[1] 

In biochemistry, the comparison of extant sequences in pursue of disclosing the 
determinants of enzyme function is referred to as “horizontal approach”. A vertical 
approach however takes into consideration the evolutionary history of proteins and 
provides valuable input to identify crucial amino acid differences. This approach 
takes into consideration the internal nodes of a phylogenetic tree and considers the 
chronology of mutations.[2,3] Thus, ASR is an in-silico approach to deduce the 
sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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Figure 7. The pH profile of AncDyP74 and the AncAltDyP74 using ABTS as a 
substrate at different pH values (3.0-8.0). 

6.3.5 Effect of temperature on activity of enzymes 

To probe the thermostability of AncDyP74 and AncAltDyP74, their peroxidase 
activity was measured before and after incubation at 30, 40 and 50 °C for 1 h. The 
decrease in enzyme activity was almost 50 % for both enzymes when incubated at 
30 °C for 1 h. When the experiment was repeated at 40 °C, the enzyme activity 
dropped to 20 % for AncDyP74 and 10 % for AncAltDyP74. Incubation at 50 °C 
saw a 95 % decrease in activity for both enzymes indicating that the enzymes quickly 
lost most of their activity at this temperature. The stability of FtrDyP from Funalia 
trogii has also been tested before.[33] The residual activity was found to be the greatest 
from 5 up to 30 °C where almost all activity was retained upon 1 h incubation. At 
50 °C only 40% activity was retained. While at 60 °C however all activity of FtrDyP 
was lost. This shows that FtrDyP is somewhat more thermally stable than 
AncDyP74 and AltAncDyP74. 

6.4 Conclusions 

Both AncDyP74 and AncAltDyP74 could be overexpressed as soluble heme-
containing proteins with an N-terminal SUMO tag in E. coli. The purified enzymes 
also display similar features regarding their heme absorbance spectra, their substrate 
acceptance profiles, and thermostability. This shows that ASR of this subclass of 
DyPs was successful. Unfortunately, the DyP74s were not found to be very 
thermostable, a feature often observed in ASR studies. This may be due to the fact 
that the resurrected DyPs are not very ‘old’ enzymes and the observed moderate 
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thermostability reflects the conditions at which the DyP was functioning. Still, the 
reconstructed DyPs are interesting enzymes as the extant DyPs derived from it have 
hardly been studied. Only for one of these DyPs some more detailed information 
is available. The DyP from Funalia troggi has been shown to be an interesting and 
unique biocatalyst for the production of (+)-nootkatone [33]. Future studies will 
reveal whether the AncDyP74 can also be used for selective oxidations of 
terpenoids. 

By resurrecting two alternative ancestral DyPs for the same node in the 
phylogenetic tree, two catalytically competent DyPs were created. The two DyPs 
differ by 80 substitutions while they display very similar properties. Only when 
looking at the kinetic parameters of several dye substrates, some differences were 
found. For the dyes, mainly differences in KM values were observed. As most of the 
mutations seem to be on the surface of the protein, differences in substrate affinity 
may be explained by alternative docking sites for these dyes on the enzymes. DyP-
catalyzed dye oxidations are supposed to occur through long range electron transfer 
oxidation upon binding of the substrate on the surface of the protein.[36] Another 
interesting finding is the observed Soret band at a relatively high wavelength (430 
nm). DyPs and other hemoproteins usually have this Soret band at around 410 nm. 
This peak at 430 nm may hint to a former role of these ancestral DyPs and/or may 
suggest that these DyPs may need to be activated for full activity. Most extant fungal 
DyPs display much higher activities when compared with the AncDyP74 and 
AltAncDyP74. This may be due to only a small percentage of DyP74 that is 
catalytically competent. Yet, the DyP from Funalia troggi displayed similar moderate 
activities which may suggest that DyPs of this subgroup have relatively low 
activities. Unfortunately, no heme absorbance spectrum for Funalia troggi has been 
reported which would reveal whether fungal DyPs from these subgroup always 
display a deviant heme absorbance spectrum.[33]  
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6.1 Introduction 
Enzymes are capable of catalyzing conversions with a high degree of selectivity. 
This makes them attractive as biocatalysts for use in synthetic chemistry or other 
applications. However, enzymes often are not sufficiently stable to be used at higher 
temperatures or other non-physiological conditions and usually have a narrow 
substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
enzymes by using an approach known as ancestral sequence reconstruction (ASR). 
ASR can give us hints about ancient protein functions and the underlying 
evolutionary events. The resurrection of ancient proteins in the laboratory facilitates 
the analysis of the properties of these enzymes and may confirm or disprove 
evolutionary hypotheses. The power of this technique has presented itself through 
the resurrection of truly ancient and functional proteins from the Precambrian 
period as well as in the explanation of how enzymes evolved to acquire the 
mechanisms and functions that they have today.[1] 

In biochemistry, the comparison of extant sequences in pursue of disclosing the 
determinants of enzyme function is referred to as “horizontal approach”. A vertical 
approach however takes into consideration the evolutionary history of proteins and 
provides valuable input to identify crucial amino acid differences. This approach 
takes into consideration the internal nodes of a phylogenetic tree and considers the 
chronology of mutations.[2,3] Thus, ASR is an in-silico approach to deduce the 
sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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Figure 7. The pH profile of AncDyP74 and the AncAltDyP74 using ABTS as a 
substrate at different pH values (3.0-8.0). 

6.3.5 Effect of temperature on activity of enzymes 

To probe the thermostability of AncDyP74 and AncAltDyP74, their peroxidase 
activity was measured before and after incubation at 30, 40 and 50 °C for 1 h. The 
decrease in enzyme activity was almost 50 % for both enzymes when incubated at 
30 °C for 1 h. When the experiment was repeated at 40 °C, the enzyme activity 
dropped to 20 % for AncDyP74 and 10 % for AncAltDyP74. Incubation at 50 °C 
saw a 95 % decrease in activity for both enzymes indicating that the enzymes quickly 
lost most of their activity at this temperature. The stability of FtrDyP from Funalia 
trogii has also been tested before.[33] The residual activity was found to be the greatest 
from 5 up to 30 °C where almost all activity was retained upon 1 h incubation. At 
50 °C only 40% activity was retained. While at 60 °C however all activity of FtrDyP 
was lost. This shows that FtrDyP is somewhat more thermally stable than 
AncDyP74 and AltAncDyP74. 

6.4 Conclusions 

Both AncDyP74 and AncAltDyP74 could be overexpressed as soluble heme-
containing proteins with an N-terminal SUMO tag in E. coli. The purified enzymes 
also display similar features regarding their heme absorbance spectra, their substrate 
acceptance profiles, and thermostability. This shows that ASR of this subclass of 
DyPs was successful. Unfortunately, the DyP74s were not found to be very 
thermostable, a feature often observed in ASR studies. This may be due to the fact 
that the resurrected DyPs are not very ‘old’ enzymes and the observed moderate 
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thermostability reflects the conditions at which the DyP was functioning. Still, the 
reconstructed DyPs are interesting enzymes as the extant DyPs derived from it have 
hardly been studied. Only for one of these DyPs some more detailed information 
is available. The DyP from Funalia troggi has been shown to be an interesting and 
unique biocatalyst for the production of (+)-nootkatone [33]. Future studies will 
reveal whether the AncDyP74 can also be used for selective oxidations of 
terpenoids. 

By resurrecting two alternative ancestral DyPs for the same node in the 
phylogenetic tree, two catalytically competent DyPs were created. The two DyPs 
differ by 80 substitutions while they display very similar properties. Only when 
looking at the kinetic parameters of several dye substrates, some differences were 
found. For the dyes, mainly differences in KM values were observed. As most of the 
mutations seem to be on the surface of the protein, differences in substrate affinity 
may be explained by alternative docking sites for these dyes on the enzymes. DyP-
catalyzed dye oxidations are supposed to occur through long range electron transfer 
oxidation upon binding of the substrate on the surface of the protein.[36] Another 
interesting finding is the observed Soret band at a relatively high wavelength (430 
nm). DyPs and other hemoproteins usually have this Soret band at around 410 nm. 
This peak at 430 nm may hint to a former role of these ancestral DyPs and/or may 
suggest that these DyPs may need to be activated for full activity. Most extant fungal 
DyPs display much higher activities when compared with the AncDyP74 and 
AltAncDyP74. This may be due to only a small percentage of DyP74 that is 
catalytically competent. Yet, the DyP from Funalia troggi displayed similar moderate 
activities which may suggest that DyPs of this subgroup have relatively low 
activities. Unfortunately, no heme absorbance spectrum for Funalia troggi has been 
reported which would reveal whether fungal DyPs from these subgroup always 
display a deviant heme absorbance spectrum.[33]  
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6.1 Introduction 
Enzymes are capable of catalyzing conversions with a high degree of selectivity. 
This makes them attractive as biocatalysts for use in synthetic chemistry or other 
applications. However, enzymes often are not sufficiently stable to be used at higher 
temperatures or other non-physiological conditions and usually have a narrow 
substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
enzymes by using an approach known as ancestral sequence reconstruction (ASR). 
ASR can give us hints about ancient protein functions and the underlying 
evolutionary events. The resurrection of ancient proteins in the laboratory facilitates 
the analysis of the properties of these enzymes and may confirm or disprove 
evolutionary hypotheses. The power of this technique has presented itself through 
the resurrection of truly ancient and functional proteins from the Precambrian 
period as well as in the explanation of how enzymes evolved to acquire the 
mechanisms and functions that they have today.[1] 

In biochemistry, the comparison of extant sequences in pursue of disclosing the 
determinants of enzyme function is referred to as “horizontal approach”. A vertical 
approach however takes into consideration the evolutionary history of proteins and 
provides valuable input to identify crucial amino acid differences. This approach 
takes into consideration the internal nodes of a phylogenetic tree and considers the 
chronology of mutations.[2,3] Thus, ASR is an in-silico approach to deduce the 
sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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6.1 Introduction 
Enzymes are capable of catalyzing conversions with a high degree of selectivity. 
This makes them attractive as biocatalysts for use in synthetic chemistry or other 
applications. However, enzymes often are not sufficiently stable to be used at higher 
temperatures or other non-physiological conditions and usually have a narrow 
substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
enzymes by using an approach known as ancestral sequence reconstruction (ASR). 
ASR can give us hints about ancient protein functions and the underlying 
evolutionary events. The resurrection of ancient proteins in the laboratory facilitates 
the analysis of the properties of these enzymes and may confirm or disprove 
evolutionary hypotheses. The power of this technique has presented itself through 
the resurrection of truly ancient and functional proteins from the Precambrian 
period as well as in the explanation of how enzymes evolved to acquire the 
mechanisms and functions that they have today.[1] 

In biochemistry, the comparison of extant sequences in pursue of disclosing the 
determinants of enzyme function is referred to as “horizontal approach”. A vertical 
approach however takes into consideration the evolutionary history of proteins and 
provides valuable input to identify crucial amino acid differences. This approach 
takes into consideration the internal nodes of a phylogenetic tree and considers the 
chronology of mutations.[2,3] Thus, ASR is an in-silico approach to deduce the 
sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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6.1 Introduction 
Enzymes are capable of catalyzing conversions with a high degree of selectivity. 
This makes them attractive as biocatalysts for use in synthetic chemistry or other 
applications. However, enzymes often are not sufficiently stable to be used at higher 
temperatures or other non-physiological conditions and usually have a narrow 
substrate scope. This makes exploring the activity and promiscuity of ancestral 
enzymes an interesting opportunity. Ancestral enzymes are derived from modern 
enzymes by using an approach known as ancestral sequence reconstruction (ASR). 
ASR can give us hints about ancient protein functions and the underlying 
evolutionary events. The resurrection of ancient proteins in the laboratory facilitates 
the analysis of the properties of these enzymes and may confirm or disprove 
evolutionary hypotheses. The power of this technique has presented itself through 
the resurrection of truly ancient and functional proteins from the Precambrian 
period as well as in the explanation of how enzymes evolved to acquire the 
mechanisms and functions that they have today.[1] 

In biochemistry, the comparison of extant sequences in pursue of disclosing the 
determinants of enzyme function is referred to as “horizontal approach”. A vertical 
approach however takes into consideration the evolutionary history of proteins and 
provides valuable input to identify crucial amino acid differences. This approach 
takes into consideration the internal nodes of a phylogenetic tree and considers the 
chronology of mutations.[2,3] Thus, ASR is an in-silico approach to deduce the 
sequences of ancient proteins from the sequences of homologous extant proteins.[4] 
This procedure was first proposed by Pauling and Zuckerkandl in 1963 when they 
showed that modern proteins contain enough information to resurrect old protein 
sequences[5]. 

To perform ASR, a comprehensive and unbiased set of homologous sequences 
from the targeted family is collected. Depending on the sequence divergence of the 
enzyme family, different tools can aid this process based on sequence homology 
(BLAST) and Hidden-Markov Model (HMM) profiling. A multiple sequence 
alignment (MSA) is constructed and the substitution model calculated to describe 
the evolution of the dataset. The next crucial step consists in inferring the 
phylogeny. Once a robust tree is available and with the MSA and the substitution 
model, the reconstruction is performed and ancestors (sequences) at each 
divergence point (nodes in the phylogeny) can be inferred. 

For a number of enzyme families, ASR has been performed. Intriguingly, 
resurrected ancestral proteins often were found to be rather thermostable compared 
to the extant proteins. Several hypotheses have been put forward to explain this 
phenomenon. The higher thermostability may reflect the harsh conditions at which 
the ancestral proteins operated in the past. It may also be the result of a bias in the 
predicted ancestral sequences and comes close to the effects when applying the so-
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called consensus method to generate stable proteins.[6] Whatever the reason may be, 
it appears that ASR can be effective in generating robust variants of a particular 
enzyme family.[7] 

In the context of our study, it is worth noting that in recent years ASR has been 
performed on fungal peroxidases that belong to the peroxidase-catalase 
superfamily[8], which harbors the versatile peroxidases, lignin peroxidases and 
manganese peroxidases. In an attempt to resurrect extinct peroxidases from the end 
of the Carboniferous period, Ayuso-Fernandez and co-workers decided to select 
113 genes from 10 sequenced genomes and to perform ASR upon them.[1] This era 
was chosen as it was the period where the first ligninolytic enzymes (incl. 
peroxidases) must have appeared. These enzymes would originate from Polyporales 
species. The first lignin degrading peroxidase is supposedly a Mn2+ peroxidase 
(oxidizing phenolic lignin) that, according to the ASR study, would not change until 
the appearance of an exposed tryptophan (oxidizing non-phenolic lignin) to yield a 
versatile peroxidase. Later, another evolutionary event resulted in the loss of the 
Mn2+ binding site, generating the first lignin peroxidase that evolved to the extant 
form by improving catalytic efficiency. After the appearance of the exposed catalytic 
tryptophan, an increase in stability at acidic pH was seen, leading to an increase in 
the oxidizing power of these enzymes.[1,9] Recently, it was shown that the evolution 
of fungal peroxidases involved in lignin degradation paralleled the evolution of 
woody plants.[10] These ASR studies revealed details on how peroxidases of this 
particular peroxidase family have evolved to fulfill their current tasks. 

In this chapter, we describe an ASR study of the family of DyP-type peroxidases 
(DyPs). By this, we aimed at generating a robust DyP. DyPs were first discovered 
by Kim and Shoda where they identified a gene from Geotrichum candidum Dec1 that 
encodes for a novel type of peroxidase, and named it DyP.[11] DyPs have a 
characteristic feature of being able to decolorize various dyes such as 
anthraquinones and azo dyes, hence their name: Dye-decolorizing Peroxidases.[8] 
DyPs do not share sequence homology with the typical plant or animal peroxidases 
that belong to the peroxidase-catalase superfamily. DyPs form a distinct peroxidase 
family that is part of the peroxidase-chlorite dismutase superfamily.[12] DyPs are 
found in fungi[13], but are much more abundant in bacteria[14–17]. They have been 
classified into four groups: A, B, C and D. While class A, B and C DyPs are mainly 
from bacterial origin, class D DyPs are mainly found in fungi. The C-type DyPs 
cluster more closely with class D DyPs and also display similar enzyme activity 
features.[18] A few examples of bacteria that contain DyPs are Bacteroides 
thetaiotaomicron, Shewanella oneidensis[19], Anabaena sp.[20], Escherichia coli[21] and 
Thermobifida fusca[17]. In fungi, DyPs can be found in Bjerkandera adusta[22], Marasmius 
scorodonius[23] and A. auricular-judae.[24] Behrens et al., (2016) described the expression 
of fungal DyPs using a cold-shock inducible expression system from E. coli. This 
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Natural metabolic pathways depend on a plethora of redox enzymes. Biochemical 
research in the last few decades has allowed to define specific redox enzyme classes. 
The classification of redox enzymes and their respective redox cofactors is 
discussed in chapter I. Chapter II specifically details on the enzymes that bacteria 
utilize to degrade lignin, a highly resilient plant polymer. In the experimental 
chapters, several bacterial redox enzymes and a plant enzyme have been studied for 
their use as biocatalysts. 

In chapter I, an introduction to redox enzymes and the role they play in biocatalysis 
is presented. Redox reactions involve the transfer of electrons from one reactant to 
another, and in the presence of redox enzymes this process is usually assisted by co-
factors. This process is usually highly selective and produces products of a high 
degree of enantio- and regioselectivity. A few examples of oxidoreductases are the 
dehydrogenases/reductases, the oxygenases, the peroxygenases, the oxidases and 
the peroxidases. The oxidases and peroxidases will be discussed in detail as they are 
the main focus of this thesis work. Oxidases are typically flavin- or copper-
containing enzymes that use molecular oxygen to catalyze oxidations and yield water 
or hydrogen peroxide as a by-product. Peroxidases on the other hand are (mostly) 
heme-containing enzymes that utilize hydrogen peroxide as an electron acceptor to 
catalyze the oxidation of various substrates. For the work described in this thesis, 
flavin-containing oxidases and heme-containing peroxidases have been studied to 
transform cheap monolignol precursors into lignin-like oligomers. In chapter II, the 
bacterial enzymes responsible for lignin degradation are discussed in detail. They 
include DyP peroxidases, laccases, glutathione-dependent β-etherases, superoxide 
dismutases, catalase peroxidases as well as bacterial dioxygenases. These enzymes 
are highlighted owing to their reported applications in the degradation of lignin or 
to the oxidation of lignin-derived degradation products. 

In chapter III, it is shown how lignin-like oligomers can be synthesized in a one-
pot two-enzyme biocatalytic cascade. Lignin-like oligomers were created by having 
eugenol converted by eugenol oxidase and horse radish peroxidase in a one-pot 
process. The first step of the two-step conversion results in the synthesis of 
coniferyl alcohol and hydrogen peroxide by eugenol oxidase. The second step 
involves the utilization of hydrogen peroxide by horse radish peroxidase to generate 
free radicals of coniferyl alcohol. The free phenolics radicals then polymerize to 
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measured by GPC indicating that the size of the polymer ranges from dimeric to 
hexameric size. When a 1 g scale conversion was performed, the yield of insoluble 
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linkages resembling natural lignin. The soluble fraction was also analyzed and was 
found to contain two dimers and a soluble tetramer.  

Chapter IV reports on a biocatalytic method for the synthesis of syringaresinol. 
Syringaresinol is a compound that has both medicinal as well as industrial uses. The 
developed biocatalytic cascade starts with 2,6-dimethoxy-4-allylphenol and, again, 
the use of eugenol oxidase and horseradish peroxidase as biocatalysts. The structure 
of eugenol oxidase was studied to design mutant enzymes which would have more 
activity on 2,6-dimethoxy-4-allylphenol than the wild type enzyme. The two amino 
acids that were considered for mutation were Val166 and Ile427. These residues are 
close to the methoxy group of the substrate for which more space needed to be 
created. The I427A mutant was found to be the best mutant out of the designed 
mutants by exhibiting improved kinetic parameters. Sinapyl alcohol was created 
from 2,6-dimethoxy-4-allylphenol using the I427A eugenol oxidase mutant. Sinapyl 
alcohol is a relatively expensive compound whereas its 2,6-dimethoxy-precursor is 
relatively cheap. Addition of horseradish peroxidase to the reaction yielded 
syringaresinol as major product. The experiment was repeated on a 1 g scale and 
produced syringaresinol in 81% yield. This newly developed biocatalytic cascade 
reaction provides an easy procedure to produce syringaresinol from cheap starting 
materials: 2,6-dimethoxy-4-allylphenol, water and dioxygen. 

A new DyP-type peroxidase is reported in chapter V. The peroxidase is named 
CboDyP after the organism in which it was identified: Cellulomonas bogoriensis. The 
enzyme was identified when doing a BLAST search in the NCBI database using the 
sequence of TfuDyP as a query. The CboDyP sequence has a Tat signal sequence 
through which it classifies as a Class A DyP.  The enzyme does not have the 
conventional GXXDG motif: the otherwise conserved aspartate has been replaced 
by a glutamate. This was thought to confer novel characteristics to this enzyme. In 
fact, with C. bogoriensis growing at alkaline conditions, it was hoped that CboDyP 
would be active at relatively high pH. CboDyP was found to act like a common DyP 
peroxidase with a pH optimum for activity at around pH 4, using reactive blue-19 
(RB19) as a substrate. The UV/Vis spectrum of recombinant CboDyP showed that 
the protein was fully loaded with heme. The effect of adding dithionite and 
hydrogen peroxide was also studied and showed that the enzyme behaves like a 
typical DyP-type peroxidase. The melting temperature of CboDyP was found to be 
45 °C. The activity of the wild type enzyme was compared to that of the mutant 
CboDyP in which the active site aspartate was restored. Interestingly, the aspartate 
mutant showed an almost 10-fold improvement in activity when compared with the 
wild type enzyme. Finally, the crystal structure of CboDyP was solved revealing 
details on its active site architecture. 

Ancestral DyP resurrection 
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Natural metabolic pathways depend on a plethora of redox enzymes. Biochemical 
research in the last few decades has allowed to define specific redox enzyme classes. 
The classification of redox enzymes and their respective redox cofactors is 
discussed in chapter I. Chapter II specifically details on the enzymes that bacteria 
utilize to degrade lignin, a highly resilient plant polymer. In the experimental 
chapters, several bacterial redox enzymes and a plant enzyme have been studied for 
their use as biocatalysts. 

In chapter I, an introduction to redox enzymes and the role they play in biocatalysis 
is presented. Redox reactions involve the transfer of electrons from one reactant to 
another, and in the presence of redox enzymes this process is usually assisted by co-
factors. This process is usually highly selective and produces products of a high 
degree of enantio- and regioselectivity. A few examples of oxidoreductases are the 
dehydrogenases/reductases, the oxygenases, the peroxygenases, the oxidases and 
the peroxidases. The oxidases and peroxidases will be discussed in detail as they are 
the main focus of this thesis work. Oxidases are typically flavin- or copper-
containing enzymes that use molecular oxygen to catalyze oxidations and yield water 
or hydrogen peroxide as a by-product. Peroxidases on the other hand are (mostly) 
heme-containing enzymes that utilize hydrogen peroxide as an electron acceptor to 
catalyze the oxidation of various substrates. For the work described in this thesis, 
flavin-containing oxidases and heme-containing peroxidases have been studied to 
transform cheap monolignol precursors into lignin-like oligomers. In chapter II, the 
bacterial enzymes responsible for lignin degradation are discussed in detail. They 
include DyP peroxidases, laccases, glutathione-dependent β-etherases, superoxide 
dismutases, catalase peroxidases as well as bacterial dioxygenases. These enzymes 
are highlighted owing to their reported applications in the degradation of lignin or 
to the oxidation of lignin-derived degradation products. 

In chapter III, it is shown how lignin-like oligomers can be synthesized in a one-
pot two-enzyme biocatalytic cascade. Lignin-like oligomers were created by having 
eugenol converted by eugenol oxidase and horse radish peroxidase in a one-pot 
process. The first step of the two-step conversion results in the synthesis of 
coniferyl alcohol and hydrogen peroxide by eugenol oxidase. The second step 
involves the utilization of hydrogen peroxide by horse radish peroxidase to generate 
free radicals of coniferyl alcohol. The free phenolics radicals then polymerize to 
form the lignin-like oligomers. The synthesized dimers/oligomers nicely resemble 
natural lignin in the types of observed linkages. The linkages found to be formed 
are: β-O-4, α-O-4, β-β, β-5, 5-5’ and the dibenzodioxocin unit as confirmed by 2D 
HSQC NMR. The size of the insoluble lignin-like fraction was 300-1100 Da as 
measured by GPC indicating that the size of the polymer ranges from dimeric to 
hexameric size. When a 1 g scale conversion was performed, the yield of insoluble 
lignin-like material was 54% and was found to have all of the aforementioned 
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by a glutamate. This was thought to confer novel characteristics to this enzyme. In 
fact, with C. bogoriensis growing at alkaline conditions, it was hoped that CboDyP 
would be active at relatively high pH. CboDyP was found to act like a common DyP 
peroxidase with a pH optimum for activity at around pH 4, using reactive blue-19 
(RB19) as a substrate. The UV/Vis spectrum of recombinant CboDyP showed that 
the protein was fully loaded with heme. The effect of adding dithionite and 
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typical DyP-type peroxidase. The melting temperature of CboDyP was found to be 
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In chapter VI, the reconstruction, resurrection, and characterization of an ancestral 
DyP is described. 14000 DyP sequences were subjected to several iterative 
processes of removing redundancies, realignment, building a phylogenetic tree and 
manual inspection to yield a reliable dataset of 641 sequences. After careful analysis 
of the sequences, ancestral sequence reconstruction (ASR) was performed on the 
final phylogenetic tree. Node 74 was selected for ancestral resurrection knowing 
that two of its lineages are from previously characterized enzymes. Two variants of 
this DyP ancestor (AncDyP74 and AncAltDyP74) were expressed and thoroughly 
characterized. The activity of AncDyP74 and AncAltDyP74 was determined using 
several different dyes: Reactive blue 19, ABTS, Reactive blue 4, Reactive black 5 
and Direct blue 71. The Michaelis-Menten kinetic constants were determined for 
the dyes, hydrogen peroxide and Mn2+.  

Future Perspectives 

The success of producing lignin oligomers starting from eugenol using only two 
enzymes in a one-pot fashion demonstrates the power of cascade biocatalysis. It 
also provides easy access to lignin-like oligomers. By using different mixtures of 
allylphenols, the amount of methoxy groups in the generated lignin-like material can 
be tuned. Thus, lignin of different plant sources can be mimicked. Synthetic lignin 
polymers can serve as valuable research model compounds to investigate lignin 
valorization, for example to study their degradation by methods such as pyrolysis 
and ozonolysis[1]. The broad range of linkages found in the enzyme-synthesized 
lignin provide a perfect model for those studying lignin degradation. This lignin-like 
material may also be used as additive in materials such as asphalt or plastics. It has 
been shown that such compounds can be used as an asphalt binder modifier.[2] 

Except for lignin, the combination of eugenol oxidase and a peroxidase can also be 
used to synthesize syringaresinol in a one-pot fashion. Syringaresinol is a compound 
that can be extracted or isolated from natural sources (plants). However, such 
methods are tedious. The ability to produce this compound in the lab with such a 
high yield (80%) and purity starting from a cheap precursor serves as a good basis 
to develop the production of this compound on a large scale. Syringaresinol has 
been shown to be bioactive and may be used for protection against gastric cancer[3]. 
Future work could also involve testing syringaresinol as co-polymer.[4] 
Syringaresinol has attractive features for this as (i) it can be regarded as a diol, and 
(ii) it contains a cis-fused bis-furan moiety, which makes its structure rigid. It may 
be a candidate for use as substitute for bisphenol A in industrial polymers. 

Most DyPs previously characterized display activity at rather low pH value (< pH 
5). The opportunity to have a DyP operating at neutral to slightly alkaline pH would 
be very attractive. This is the case especially when using an oxidase and a peroxidase 
together in one-pot reactions. Oxidases have a preference for a neutral to slightly 
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alkaline pH for activity. With having the structure of CboDyP available, mutant 
libraries could be designed for the generation of DyP variants active at more neutral 
pH. Another appealing perspective is to explore the possibility of mutating CboDyP 
such that it would function in sulfoxidation and hydroxylation reactions and hence 
behave as a peroxygenase. Also the resurrected ancestral DyPs could serve as basis 
for enzyme engineering efforts.  
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Natuurlijke metabole routes zijn afhankelijk van een groot scala aan redoxenzymen. 
Biochemisch onderzoek in de laatste decennia heeft het mogelijk gemaakt om hen 
in te delen in specifieke klassen. De classificatie van redoxenzymen en hun 
benodigde cofactoren wordt besproken in hoofdstuk I. Hoofdstuk II beschrijft de 
bacteriële enzymen die worden gebruikt voor de afbraak van lignine, een erg 
moeilijk afbreekbaar polymeer in de celwanden van planten. De daarop volgende 
experimentele hoofdstukken beschrijven onderzoeken aan een plantaardige en 
verschillende bacteriële redoxenzymen en hun toepassing als biokatalysatoren. 

Hoofdstuk I geeft een introductie in redoxenzymen en de rol die deze enzymen 
spelen in biokatalyse. Redoxreacties zijn reacties waarbij elektronen worden 
overgedragen van de ene reactant (de reductor) naar de ander (de oxidator). Deze 
processen kunnen worden versneld in aanwezigheid van redoxenzymen – 
oxidoreductases genoemd – die dienen als katalysator. Vaak zijn er cofactoren bij 
betrokken die assisteren bij de enzym-gekatalyseerde chemie. Enzym-gemedieerde 
redoxreacties zijn over het algemeen zeer selectief en vormen producten met hoge 
enantio- en regioselectiviteit. Een aantal voorbeelden van oxidoreductases zijn 
dehydrogenases/reductases, oxygenases, peroxygenases, oxidases en peroxidases. 
De focus van dit proefschrift ligt op de oxidases en peroxidases en deze worden 
daarom in detail besproken. Oxidases zijn vaak flavine of koper bevattende 
enzymen die moleculair zuurstof (O2) gebruiken als oxidator en daardoor water of 
waterstofperoxide (H2O2) produceren als bijproduct. Peroxidases zijn vooral heem 
bevattende enzymen die juist waterstofperoxide gebruiken als elektronenacceptor 
(oxidator) om een groot scala aan substraten te oxideren. Het werk dat beschreven 
wordt in dit proefschrift gaat over de omzetting van goedkope monolignolen, de 
bouwstenen van lignine, naar lignine-achtige oligomeren met behulp van flavine 
bevattende oxidases en heem bevattende peroxidases.  

In hoofdstuk III wordt een één-pot synthese met twee enzymen beschreven 
waarmee lignine-achtige oligomeren worden gesynthetiseerd. Deze oligomeren 
werden bereid door de omzetting van eugenol door eugenol oxidase en horseradish 
peroxidase (mierikswortel peroxidase) in één pot. De eerste stap in deze synthese 
werd gekatalyseerd door eugenol oxidase en resulteerde in coniferylalcohol en 
waterstofperoxide. Beide producten uit de eerste stap werden omgezet naar water 
en vrije conyferylalcohol radicalen door toedoen van horseradish peroxidase. De 
lignine-achtige oligomeren werden gevormd door polymerisatie van deze vrije 
radicalen. Deze dimeren en oligomeren zijn goede lignine modellen doordat zij 
dezelfde typen bindingen bevatten. De gevormde bindingen werden 
gekarakteriseerd met 2D HSQC NMR en de volgende bindingen werden 
waargenomen: β–O–4, α–O–4, β–β, 5–5’ en de dibenzodioxocine unit. De massa 
van de onoplosbare lignine-achtige moleculen zat tussen 300–1100 Da, gemeten 
met GPC, dat aangeeft dat de oligomeren dimeren tot aan hexameren kunnen zijn. 
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Een opbrengst van 54% onoplosbaar lignine-achtig materiaal werd bereikt met een 
1 g schaal conversie. Het onoplosbaar product bleek alle hiervoor genoemde 
chemische bindingen te bevatten. De oplosbare fractie bevatte twee soorten 
dimeren en een oplosbaar tetrameer.  

In hoofdstuk IV wordt een biokatalytische methode besproken voor het 
synthetiseren van syringaresinol. Syringaresinol is een stof die zowel medische als 
industriële toepassingen kent. De ontwikkelde biokatalytische cascade start met 2,6-
dimethoxy-4-allylphenol en de eerder genoemde combinatie van eugenol oxidase 
en horseradish peroxidase als katalysatoren. Tijdens deze studie werd gezocht naar 
manieren om de syntheseroute te optimaliseren. Daarom werd de structuur van 
eugenol oxidase bestudeerd voor het ontwerpen van enzymmutanten die meer 
activiteit zouden kunnen vertonen met 2,6-dimethoxy-4-allylphenol dan het 
wildtype enzym. Twee aminozuurresiduen werden uitgekozen als mutatie targets, 
namelijk Val-166 en Ile-427. Deze residuen zitten dicht bij de methoxygroep van 
het substraat waar meer ruimte voor moest worden gecreëerd. The mutatie I427A 
bleek de grootste toename in katalytische activiteit te hebben van alle gescreende 
mutanten. De conversie van 2,6-dimethoxy-4-allylphenol, gekatalyseerd door de 
I427A eugenol oxidase variant, resulteerde in de synthese van sinapyl alcohol. Dit 
product is relatief duur, terwijl de beginstof juist vrij goedkoop is. Toevoeging van 
horseradish peroxidase aan deze reactie resulteerde in de vorming van syringaresinol 
als hoofdproduct. Een 1 g schaal conversie gaf 81% opbrengst. Deze nieuwe 
biosynthetische route is een makkelijke procedure om syringaresinol te maken uit 
goedkope startmaterialen, namelijk water, 2,6-dimethoxy-4-allylphenol en 
moleculair zuurstof. 

Een nieuw Dyp-type peroxidase wordt beschreven in hoofdstuk V. Deze nieuwe 
peroxidase draagt de naam CboDyp, naar het organisme waaruit het geïsoleerd werd: 
Cellulomonas bogoriensis. Het enzym werd geïdentificeerd bij een BLAST search in de 
NCBI database, waarbij de sequentie van TfuDyP als referentie werd gebruikt. De 
CboDyP heeft een Tat secretie-signaalsequentie, waardoor het als een Class A DyP 
wordt geclassificeerd. Dit enzym bevat niet de conventionele DyP-sequentie 
GXXDG: in dit enzym is de normaal geconserveerde aspartaat (D) vervangen door 
een glutamaat (E). Hierdoor werd gespeculeerd dat dit enzym niet eerder vertoonde 
eigenschappen zou kunnen hebben. Gehoopt werd dat dit enzym actief zou zijn op 
relatief hoge pH waarden, aangezien C. bogoriensis goed groeit onder basische 
omstandigheden (hoge pH). Activiteitmetingen met reactive blue-19 (RB19) als 
substraat lieten echter zien dat CboDyP hetzelfde pH-optimum heeft als andere 
DyP-type peroxidases, namelijk een optimum rond pH 4. Het UV/VIS-spectrum 
van recombinant geproduceerd CboDyP liet zien dat het enzym volledig geladen 
was met heem, de benodigde cofactor. Toevoeging van dithioniet en 
waterstofperoxide gaf hetzelfde effect als bij andere DyP-type peroxidases. Het 
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schijnbare smeltpunt van dit enzym bleek 45 °C te zijn. De katalytische activiteit 
van het wildtype enzyme en dat van een mutant, waarbij de glutamaat was vervangen 
door de normaal geconserveerde aspartaat, werden met elkaar vergeleken. Tot grote 
verrassing bleek de activiteit van de mutant tien keer hoger te zijn. Ook de 
kristalstructuur van CboDyp werd opgehelderd, welke ons inzicht gaf in de 
architectuur van het actieve centrum van het enzym.   

Ancestrale DyP resurrectie 

In hoofdstuk VI wordt de reconstructie, resurrectie en karakterisatie van een 
ancestrale (voorouderlijke) DyP beschreven. 14000 DyP sequenties werden 
onderworpen aan verschillende iteratieve processen voor het verwijderen van zich 
herhalende sequenties, heralignment, het bouwen van een fylogenetische stamboom 
en handmatige inspectie om zo een betrouwbare dataset van 641 sequenties te 
krijgen. Na nauwkeurige analyse van deze sequenties werd een ancestrale 
sequentiereconstructie ondernomen, gebruikmakende van de fylogenetische 
stamboom. Knooppunt 74 werd geselecteerd voor ancestrale resurrectie omdat 
twee vertakkingen vanuit dit punt gekarakteriseerde DyP peroxidases bevatten. 
Twee varianten van deze voorouder (DyP74a en DyP74b) werden tot expressie 
gebracht en extensief gekarakteriseerd. De katalytische activiteit van deze twee 
enzymen werd bepaald met twee verschillende kleurstoffen: RB19 en ABTS; dit gaf 
de Michaelis-Menten constanten voor beide kleurstoffen en voor 
waterstofperoxide.  

Toekomstperspectief 

De successen die geboekt zijn met de productie van lignine-oligomeren vanuit 
eugenol – met behulp van maar twee enzymen in één pot – laten de kracht van 
cascade biokatalyse zien. Deze methode biedt ook makkelijk toegang tot lignine-
achtige oligomeren voor een grote verscheidenheid aan toepassingen. Met het 
variëren van verschillende allylphenolen kan de hoeveelheid methoxygroepen in het 
lignine-achtige product worden afgestemd. Hierdoor kan de ligninestructuur van 
verschillende plantensoorten worden nagebootst. Deze synthetische 
ligninemodellen kunnen worden toegepast in onderzoeken naar lignine valorisatie, 
zoals het bestuderen van verschillende degradatieprocessen als pyrolyse en 
ozonolyse[1]. De grote variëteit aan verschillende soorten chemische bindingen in 
enzym-gesynthetiseerde modellen maken deze verbindingen ideale modellen voor 
afbraakstudies. Verder zouden deze lignine-achtige materialen ook kunnen worden 
gebruikt als additieven in materialen als asfalt en kunststoffen[2].  

De combinatie van eugenol oxidase en horseradish peroxidase in één pot is niet 
alleen geschikt voor de synthese van ligninemodellen, maar ook voorde synthese 
van syringaresinol. Syringaresinol kan worden geëxtraheerd uit planten, maar deze 
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methoden zijn erg vervelend. De mogelijkheid om deze stof met hoge opbrengst 
(80%) en een hoge zuiverheidsgraad te produceren vanuit een goedkoop 
startmateriaal is een goede basis voor het ontwikkelen van een grootschalig 
productieproces. Het is bewezen dat syringaresinol bioactief is en dat het 
waarschijnlijk gebruikt kan worden voor bescherming tegen maagkanker[3]. Deze 
stof zou in de toekomst ook als copolymeer kunnen dienen[4]. Twee redenen 
hiervoor zijn: (i) het kan beschouwd worden als een diol en (ii) het bevat een bis-
furan groep die een rigide structuur creëert. Syringaresinol zou gebruikt kunnen 
worden voor het vervangen bisphenol A in industriële polymeren. 

De meeste DyP peroxidases hebben een optimale activiteit bij lage pH-waarden 
(<pH 5), oxidases hebben daarentegen juist de voorkeur voor neutrale of licht 
basische pH-waarden. De mogelijkheid om een DyP te hebben die optimaal kan 
functioneren bij neutrale of licht basische pH zou zeer gunstig zijn – vooral bij de 
combinatie van een oxidase en een peroxidase in één-pot reacties. Met de 
opgehelderde kristalstructuur van CboDyP zouden mutanten kunnen worden 
ontworpen die een hoge activiteit hebben bij meer neutrale pH-waarden. Het 
genereren van CboDyP-mutanten die peroxygenase-activiteit vertonen, en dus 
sulfoxidatie- en hydroxylatiereacties kunnen uitvoeren, zou ook interessant zijn 
voor biokatalytische toepassingen. Daarnaast zouden ook de ancestrale DyP’s 
kunnen dienen als basis voor enzym engineering studies. 
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