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ABSTRACT

Flavin-containing monooxygenases (FMOs) are attractive biocatalysts able to oxidize a wide 
spectrum of substrates with soft nucleophilic heteroatoms, such as N or S. Moreover, it has 
been established that some members of this group can perform Baeyer-Villiger oxidations. 
Recently, FMOs have been classified in two types: type I and II FMOs. Previously reported 
type II FMOs show affinity for both NADPH and NADH as hydride donor, while type I 
FMOs only accept the phosphorylated cofactor. Through genome mining we identified two 
putative FMOs, from Chloroflexi and Hypsibius dujardini (a tardigrade species): CbFMO 
(type II) and HdFMO (type I), respectively. Both enzymes were expressed fused to SUMO 
protein and purified as FAD-containing soluble proteins. Characterization revealed that 
both enzymes display different biochemical properties. CbFMO converts preferentially 
ketones, displays a poor thermostability (TM

app of 34°C), and shows a preference for NADPH 
as coenzyme despite its clustering within type II FMOs. HdFMO, on the other hand, was 
found to be active with sulfides, did only accept NADPH as hydride donor, and was more 
robust as evidenced by its TM

app of 45°C.

Keywords: FMOs, genome mining, biocatalysis, flavoproteins, tardigrade
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INTRODUCTION

Enzymes are commonly used as biocatalysts by organic chemists in both industry and 
academia. This is because enzymes are attractive for (bio)chemosynthesis, due to their 
remarkably high chemo-, regio- and enantiospecificity/selectivity1–5. One particular group 
of enzymes that are attractive of performing selective oxygenations, are the flavin-containing 
monooxygenases (FMOs), which belong to the class B flavoprotein monooxygenases6. This 
class of enzymes is interesting because these NAD(P)H-dependent and FAD-containing 
enzymes typically oxidize a wide spectrum of substrates and have been shown to be useful 
for the synthesis of chemical building blocks6–9. Commonly, FMOs catalyze the oxidation of 
soft nucleophilic heteroatoms as N or S, using molecular oxygen as oxidant. Furthermore, it 
has been described that some FMOs also exhibit Baeyer-Villiger monooxygenase (BVMO) 
activity10,11.

Recently, based on distinct sequence features, FMOs have been grouped into two different 
subclasses, type I and II FMOs11,12. Specifically, type I FMOs show a higher affinity for 
NADPH than NADH, while type II FMO can use both nicotin amide cofactors with a similar 
efficiency. Furthermore, several type II FMOs also showed to act as BVMOs, and have been 
described to oxidize small cyclic ketones12,13. Mechanistically, like other class B flavoprotein 
monooxygenases, the catalytic mechanism of an FMO begins with the reduction of the 
fully oxidized and tightly bound FAD by NAD(P)H6. Then, in the so-called oxidative 
half-reaction, dioxygen reacts with the reduced flavin cofactor. As a consequence, a quasi-
stable C4α-(hydro)peroxyflavin adduct is formed, and depending on the protonation state, 
this intermediate will act as nucleophile or electrophile. The hydroperoxyflavin state is 
involved in the electrophilic oxidation of heteroatoms, while the peroxyflavin can perform 
the nucleophilic attack of electron-poor ketones leading to esters or lactones14. While the 
enzyme inserts one oxygen atom into the organic substrate, and the another is reduced to 
water. With the dissociation of NAD(P)+, the catalytic cycle is complete. The sequences of 
type I and type II FMOs share many features, including the sequence motifs for FAD and 
NAD(P)H binding. This makes it likely that all FMO share a similar catalytic mechanism.

Only a handful of type I and type II FMOs have been studied in the context of biocatalysis, all 
the known examples are of bacterial origin. An interesting type I FMO is NiFMO, identified 
from Nitrincola lacisaponensis, an alkaliphilic bacterium isolated from Soap Lake (USA)15. 
This FMO is a relatively thermostable dimer (TM

app of 51 °C) with 71 % sequence identity 
with mFMO from Methylophaga sp. strain SK1. NiFMO was shown to produce indigoid 
pigments from indoles and displayed a strong activity towards N-containing substrates. 
Additionally, mFMO has also been explored for the biocatalytic production of indigo from 
indole while it was also shown to oxidize a variety of sulfides8,16. A few type II FMOs have 
been studied as biocatalysts, which includes FMO-E from Rhodoccocus jostii RHA1 and 
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PsFMO-A from Pimelobacter sp.12,13. Both enzymes oxidize small (bi)cyclic ketones using 
either NADH or NADPH. 

Type I and type II FMOs are of great biocatalytic interest owing to their broad substrate 
scope, enabling the production of sulfoxides and/or esters and lactones. Type II FMOs 
appear especially attractive due to their relaxed nicotinamide cofactor dependency. Yet, to 
be useful, enzymes must perform the desired reaction with outstanding catalytic parameters, 
such as a high activity and a wide substrate scope. Moreover, a good biocatalyst is expected 
to tolerate harsh conditions, such as the presence of cosolvents or high temperatures17–19. 
To satisfy such requirements, enzymes can be improved by protein engineering20–22. An 
alternative approach is to search for novel putative biocatalysts by mining the genome of 
extremophilic organisms23–26. This represents a bioinformatic approach that capitalizes 
on the vast amount of genetic information available to search for novel enzymes. FMOs 
contain characteristic sequence motifs that can be used for identifying FMO-encoding 
genes23,26,27. FMO sequences can be identified by the presence of specific fingerprints within 
their sequence. Initially, a FMO-specific motif (F-x-G-x-x-x-H-x-x-x-[Y/F]-[K/R]) and two 
Rossmann fold motifs (G-x-G-x-x-[G/A]) were described to be part of a FMO sequence6,28. 
The latter motifs reflect the two domains that bind NAD(P)H and FAD29. However, in 
recent years, for type II FMOs an extension of the N-terminus and some modifications in 
the ‘FMO’ sequence fingerprint were described (including [H] instead of [Y/F] and [D], 
[P], [V] or [G] instead of [K/R])12,13. In this work, we used the above-mentioned FMO 
sequence motifs as query to search for new potential FMOs in the genome (predicted 
proteome) database. This yielded two putatively FMO-encoding genes from the genomes 
of a Chloroflexi bacterium and the tardigrade Hypsibius dujardini: CbFMO (type II FMO) 
and HdFMO (type I FMO), respectively. These two FMOs were found to display distinct 
biocatalytic features.

RESULTS

Identification and expression of novel FMOs
Using the protein sequence of two recently described FMOs as templates (NiFMO and 
FMO-E), protein searches using the basic local alignment search tool (BLAST) from the 
NCBI database were performed. From this exploration, two putative proteins were selected: 
OQV24618 (HdFMO) and RLT40563 (CbFMO). Both were named according to the source 
of the organism from where they were identified. HdFMO, has a hypothetical molecular 
weight of 57.2 kDa and its corresponding gene is present in the genome of Hypsibius 
dujardini, a tardigrade (also known as water bear or moss piglet). This putative protein 
showed 29 % sequence identity with NiFMO (363 residues overlap out of 505). CbFMO 
has a hypothetical molecular weight of 65.0 kDa and was identified from a Chloroflexi 
bacterium. CbFMO exhibited 46 % sequence identity with FMO-E (572 residues overlap out 
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of 585). When compared, both putative proteins presented an identity of 25.5 % between 
each other (in only 110 residues overlap). HdFMO and CbFMO contain two Rossmann 
fold motifs (GxGxxG/A) within their sequences, even though for HdFMO the second 
motif had a variation of a lysine instead of the conserved glycine (Table 1). Additionally, 
for both sequences, the FMO-specific fingerprint was found. While HdFMO exhibited the 
classic type I FMO motif, CbFMO showed a natural variation of an aspartic acid residue 
at the [K/R] position. Subsequently, a multiple alignment sequence analysis using 48 other 
known flavin-dependent monooxygenases, and a phylogenetic analysis was performed. 
As expected, HdFMO was found to be closely related to the type I FMOs, while CbFMO 
clustered with type II FMOs (Figure 1).

Table 1. CbFMO and HdFMO fingerprint sequences.

Rossmann fold FMO Fingerprint Rossmann fold
CbFMO L-V-I-G-T-G-S-S-A F-E-G-D-V-I-H-S-E-G-F-D L-V-V-G-G-A-Q-A-G
HdFMO A-V-I-G-A-G-M-T-G F-K-G-T-V-M-H-S-C-E-Y-R L-I-I-G-A-K-T-S-A

Figure 1. Evolutionary analysis by Maximum Likelihood method. The cladogram was inferred 
by using the Maximum Likelihood method and Whelan And Goldman model30. The tree with the 
highest log likelihood (-52182) is shown. The percentage of trees in which the associated taxa clustered 
together is shown next to the branches. The color of the clade represents the flavoprotein group to 
which the respective flavoprotein belongs (blue for type I BVMOs, yellow for type II BVMOs, black 
for type O BVMOs, red for type I FMOs, and green for type II FMOs). CbFMO (type II FMO) and 
HdFMO (type I FMO) were clustered within the respective FMO branches.
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Both enzymes lack predicted transmembrane domains according to the TMHMM server 
v 2.0, suggesting that these FMOs are soluble proteins. Subsequently, synthetic genes were 
codon optimized and ordered with BsaI recognition site overhangs for Golden Gate cloning. 
Both genes were cloned into a pBAD-based plasmid encoding a SUMO fusion protein with 
a N-terminal hexa-histidine tag for purification purposes. To obtain CbFMO as soluble 
protein, it was necessary to include additives during cell lysis (DTT, glycerol and IGEPAL). 
Moreover, to avoid aggregation, after the desalting step, CbFMO required a high salt 
concentration (350 mM NaCl). The expression and purification of both FMOs resulted in 
decent yields: 19 mg L-1 and 15 mg L-1 for HdFMO and CbFMO, respectively. Additionally, 
the spectrophotometric analysis of CbFMO and HdFMO revealed the typical UV-visible 
absorbance profile of flavoproteins (Figure 2a,b). Both proteins showed a distinctive 
absorbance maximum at 450 nm. However, for the second absorbance maximum, CbFMO 
exhibited a maximum at 386 nm, while for HdFMO it was shifted to 372 nm. These UV-vis 
absorbance features show that both enzymes had folded in a competent conformation to 
bind the FAD cofactor as prosthetic group. To assess their oligomeric state, both enzymes 
were incubated with SUMO protease and analyzed by gel permeation and dynamic light 
scattering (DLS). The results from size exclusion chromatography (Figure 2c) and DLS 
analyses (Figure 2d,e) suggested that both CbFMO and HdFMO form stable dimers, as 
has been observed for other FMOs. The DLS analysis indicated for HdFMO a molecular 
weight of ~100 kDa, with a polydispersity of 14 %. On the other hand, CbFMO tended to 
aggregate and the polydispersity was around 32 %, and a molecular weight of 125 kDa was 
estimated. Finally, to compare their thermostability, the ThermoFAD method was used. 
HdFMO seemed to be relatively stable, displaying a TM

app of 45 °C, while for CbFMO a TM
app 

value of only 34 °C was measured. Practically, for both proteins, the presence of 5.0 % v/v 
1,4-dioxane reduced the thermostability by only 3 °C. Therefore, for further experiments 
that included cosolvent, samples contained at most 2.5 % v/v 1,4-dioxane.

Analysis of substrate scope and small-scale conversions
To explore the biocatalytic potential of both FMOs, their substrate scope was analyzed 
through a GC-MS screening method31. A collection of 44 potential substrates were tested 
either individually or in combination. Specifically, CbFMO and HdFMO were incubated 
with 6 mixtures of potential substrates and 15 individual screening reactions, which 
included ketones (27), sulfides (14) and N-containing molecules (3), at 500 µM and 2.5 % 
v/v 1,4-dioxane as a cosolvent (Table S1). For the substrate screening, the enzymes were 
incubated with 150 µM NADH and 150 µM NADPH. For cofactor regeneration, 5.0 µM 
PTDH and 20 mM sodium phosphite were added to the reaction mix. The small-scale 
conversions were incubated for 24 h at 24°C for HdFMO and 24 h at 17°C for CbFMO. 
Substrate conversion was confirmed by verifying product formation through MS. The 
results showed a significant difference in the substrate acceptance profile for both enzymes 
(Table 2). CbFMO exhibited a wider acceptance for ketones, mainly converting allylic and 
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cyclic ketones, while HdFMO only accepted sulfides. Subsequently, rates of nicotinamide 
cofactor consumption were monitored spectrophotometrically. First, uncoupling rates 
were established by monitoring oxidation of NAD(P)H in the absence of any substrate. This 
yielded similar uncoupling rates (kunc) for CbFMO with NADH and NADPH (0.06 s-1). In 
contrast, HdFMO was only able to oxidize NADPH with an uncoupling rate of <0.01 s-1.

Table 2. Substrate scope analysis. Accepted substrates by CbFMO or HdFMO are shown. The level 
of conversion is symbolized by: - (no product detected), + (below 40 %), ++ (40-70 %) and +++ 
(70-100 %). *The TIC area of the substrate was diminished (compared to control), but no product 
was detected.

Accepted substrate HdFMO CbFMO
phenylacetone - +++

bicyclo[3.2.0]hept-2-en-6-one - +++
cyclohexanone - +

2-hexylcyclopentanone - ++
2-propylcyclohexanone - ++
4-phenylcyclohexanone - +
4-methylcyclohexanone - ++

cyclopentanone - *
4-hydroxyacetophenone - +++

allyl phenyl sulfide + -
benzyl methyl sulfide + +
ethyl phenyl sulfide + -

methyl-p-tolyl sulfide ++ -
thioanisole +++ ++

4-chloro thioanisole + -
benzyl ethyl sulfide +++ +

Next, the NADPH oxidation activities for both FMOs were tested using 1.0 mM of substrate 
(soluble accepted substrates from table 2). Additionally, cyclobutanone was included in this 
analysis. This cyclic ketone has been described to be accepted by type II FMOs but could not 
be identified by GC-MS. Thus, it was not tested in the screening analysis but included when 
measuring activity using the spectrophoto metric assay. In general, the results were mostly 
disappointing as both FMOs exhibit rather low oxidation rates (Table 3). When using 
NADPH, CbFMO displayed relatively low oxidation rates for 2-hexylpentanone, phenyl-
acetone, rac-bicyclo[3.2.0]hept-2-en-6-one and cyclobutanon: kobs of 0.13, 0.25. 0.35 and 0.6 
s-1, respectively. For cyclobutanone, CbFMO exhibited a kcat and KM of 0.6 s-1 and 300 µM 
(Figure S1). For HdFMO, of the 7 tested sulfide substrates, showed highest activity for allyl 
phenyl sulfide and 4-chlorothioanisole (0.08 and 0.15 s-1, respectively). Interestingly, the 
rate of NADPH oxidation using thioanisole —which was fully converted in the screening 
test— was rather low (0.03 s-1). This may be due to inhibition issues.
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Table 3. Cofactor oxidation rates. NADPH oxidation rates were spectrophotometrically monitored 
at 340nm. Activities of CbFMO and HdFMO with 1.0 mM substrate and 100 µM NADPH are shown.

Substrate HdFMO [s-1] CbFMO [s-1]
uncoupling <0.01 0.06

phenylacetone n.d. 0.25
rac-bicyclo[3.2.0]hept-2-en-6-one n.d. 0.35

cyclohexanone n.d. 0.03
2-hexylcyclopentanone n.d. 0.13
2-propylcyclohexanone n.d. 0.05
4-phenylcyclohexanone n.d. 0.04
4-methylcyclohexanone n.d. 0.06

cyclobutanone n.d. 0.60
cyclopentanone n.d. 0.05

2-butanone n.d. 0.03
3-methylcyclopentanone n.d. 0.07

allyl phenyl sulphide 0.08 n.d.
benzyl methyl sulfide 0.02 n.d.
ethyl phenyl sulfide 0.02 n.d.

methyl-p-tolyl sulfide 0.02 n.d.
thioanisole 0.03 n.d.

4-chlorothioanisole 0.15 n.d.
benzyl ethyl sulfide 0.03 n.d.

Finally, the two FMOs were tested for small-scale conversions using some selected substrates. 
Like the substrate scope analysis, HdFMO-catalyzed conversions were performed for 24 h 
at 24 °C, using PTDH as regeneration system and NADPH as hydride donor. For HdFMO 
conversions analysis, it was only tested using NADPH because this enzyme showed no 
activity with NADH: it was unable to convert thioanisole in the presence of NADH (data 
not shown). Interestingly, even when the kobs for 4-chlorothioanisole was almost five times 
higher than for thioanisole, the conversion reached only 66 % while thioanisole was fully 
converted, producing only the respective sulfoxide (Table 4). For ethyl benzyl sulfide, 
methyl-p-tolyl sulfide, ethyl phenyl sulfide, allyl phenyl sulfide and benzyl methyl sulfide, 
HdFMO showed conversion of 95, 80, 50, 40 and 40 %, respectively.

In the case of CbFMO, several reaction conditions were explored using 1.0 mM 
phenylacetone. At 17 °C for 24 h, this substrate was 99 % converted using NADPH, while 
in the presence of NADH the oxidation reached only 30 %. Due to its lower stability and 
the tendency to aggregate at low ionic strength, the reaction was also analyzed at 24 and 
4 °C, in the presence of 350 mM NaCl and in phosphate buffer. As expected, the reaction 
at higher temperature reduced the conversion to 20 % when using NADPH while no 
conversion was obtained with NADH. For the other conditions, the conversions using 
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NADPH were complete, while using NADH conversions of 13-30 % were observed (Table 
S2). All subsequent conversions were performed at 17 °C, revealing that in the presence 
of NADH, CbFMO was only able to oxidize rac-bicyclo[3.2.0]hept-2-en-6-one (28 %), 
cyclohexanone (≤ 5 %) and 4-hydroxyacetophenone (10 %). In the presence of NADPH, 
the conversion levels were higher. CbFMO fully converted rac-bicyclo[3.2.0]hept-2-
en-6-one, phenylacetone, and 4-hydroxy acetophenone while 2-hexylcyclo pentanone, 
4-methylcyclohexanone, cyclobutanone, thioanisole, 2-propylcyclohexanone, cyclo-
hexanone and 4-phenylcyclohexanone gave conversions of 40-80 % (Table 4). For the 
conversion of cyclobutanone, the reaction was analyzed by 1H-NMR (Figure S2). For the 
latter, CbFMO converted 70 % of the substrate. Importantly, for the sulfide thioanisole, 
only the sulfoxide and not the sulfone was produced. For the Baeyer-Villiger oxidations, the 
so-called normal esters were formed. In the case of 4-hydroxy acetophenone conversions, 
low levels of hydroquinone were also found (Figure S3a), indicating that the formed ester 
was hydrolyzed to some extent. Similarly, for phenylacetone, formation of benzylic alcohol 
was detected (Figure S3b). Finally, the enantio- and regioselectivity of CbFMO was tested 
using rac-bicyclo[3.2.0]hept-2-en-6-one as substrate. Chiral GC-analysis was used to 
detect formation of all possible enantiomeric products. Using NADPH as cofactor, (1S,5R)-
2-oxabicyclo[3.3.0]oct-6-en-3-one (normal product) and (1R,5S)-3-oxabicyclo[3.3.0]oct-
6-en-2-one (abnormal product) were predominantly formed out of four possible products 
with an e.e. of 80 and 99 %, respectively. As a positive control, a conversion of bicyclo[3.2.0]
hept-2-en-6-one by TmCHMO was performed. This yielded, as expected, similar products 
as with CbFMO35,37(Figure S4). 

Table 4. Small-scale conversions using FMOs as catalysts. Products were identified by MS or 
1H-NMR and conversion levels are shown. *For 1H-NMR analysis the small-scale conversion was 
performed in presence of 10 mM substrate.

Substrate Structure Product
HdFMO CbFMO
 NADPH 

[%]
NADH 

[%]
NADPH 

[%]

4-chlorothioanisole
S

Cl
S

Cl

O
66 - -

thioanisole
S

S
O

99 - 60

ethyl benzyl sulfide
S

S
O

95 - -
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methyl-p-tolyl sulfide
S

S
O

80 - -

ethyl phenyl sulfide
S

S
O

50 - -

allyl phenyl sulfide
S

S
O

40 - -

benzyl methyl sulfide S
S
O

40 - -

bicyclo[3.2.0]hept-2-en-
6-one

O
O

O
O

O
- 30 99

4-hydroxyacetophenone
O

HO

O

HO O - 10 99

2-hexylcyclopentanone
O OO

- - 80

4-methylcyclohexanone O

O
O - - 75

cyclobutanone O
O

O
- - 70*

2-propylcyclohexanone
O O

O - - 50

cyclohexanone
O O

O - 5 40

4-phenylcyclohexanone O O
O

- - 40

phenylacetone O
O

O
- 30 99
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DISCUSSION

In the present study we describe the identification, cloning and characterization of two 
novel FMOs: CbFMO and HdFMO. CbFMO exhibits 46% sequence identity with FMO-E 
and was identified as part of an analysis of a fresh water metagenome, and originated from 
an unclassified Chloroflexi bacterium32. Representatives of the Chloroflexi or Chlorobacteria 
phylum includes flagellated, aerobic, photo hetero trophic bacteria, which play a major role 
in demineralization of nitrogen-rich dissolved organic matter in the hypolimnion32–34. 
These microbes have been found to form a consistently large fraction of the prokaryotic 
communities in deep lake hypolimnia all over the world.

HdFMO, which exhibited 30 % identity with NiFMO, was identified in the genome of 
Hypsibius dujardini, a tardigrade. Tardigrades (colloquially known as water bears or moss 
piglets) are eight-legged extremely small animals and have been identified in a variety of 
extreme environments such as deep sea, mud volcanoes, Arctic and Antarctic samples. 
They can survive in extreme environments. While the genome has been reported in 2015, 
no enzymes from this organism had been studied in the context of biocatalysis35. When 
analyzing the genome of H. dujardini, eight other putative FMO-encoding genes can 
be identified. It is well described that FMOs are ubiquitous in all domains of life, acting 
mainly as membrane-associated metabolizers of xenobiotics such as toxins, pesticides and 
drugs[36,37]. Additionally, it has been suggested that the FMOs were already present in the 
last universal common ancestor (LUCA)[37]. Later, for tetrapods and mammals, these FMOs 
evolved into four to six different isoforms. For Hypsibius dujardini, it is unclear whether 
these eight putative FMOs could be playing the conserved biological role of the isoforms 
described in vertebrates.

Using synthetic genes, both above-mentioned enzymes could be overexpressed in E. coli 
at a moderate level (around 15 mg L-1). To obtain CbFMO in a soluble form, it had to be 
purified in the presence of additives and a detergent. Furthermore, to prevent aggregation 
of CbFMO, 350 mM NaCl was required during its purification, as well as 30 µM FAD. This 
indicated that this bacterial enzyme is rather difficult to obtain and handle. This is also 
reflected in its relatively low TM

app value of 34 °C. CbFMO exhibited a relatively narrow 
substrate scope, mainly accepting cyclic ketones. Taking in consideration the phylogenetic 
clustering with FMO-E, its low activity with NADH was somewhat unexpected. Yet, using 
NADPH, CbFMO could fully oxidize phenylacetone, rac-bicyclo[3.2.0]hept-2-en-6-one 
and 4-hydroxyacetophenone while also some other ketones could be converted (40-80 %). 
Relatively low total turnover numbers were obtained (40-100), except for cyclobutanone, 
where CbFMO reached a total turnover number of 1,400 (the reaction was performed 
with 10 mM substrate). When considering the relatively low oxidation rates and its poor 
stability, CbFMO compares poorly with other known BVMOs such as PAMO, TmCHMO 
or PockeMO26,38–40. It is interesting to note that the other studied type II FMO, FMO-E, also 
was suffering from a relatively low stability and activity7,12,41. 
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HdFMO was somewhat easier to handle when compared with CbFMO. It exhibited a TM
app 

of 45 °C, which is close to the value found for the sequence-related bacterial NiFMO15. Still, 
compared with other described class B flavoprotein monooxygenases, its thermostability 
is rather low26,40. HdFMO displayed a narrow substrate scope and low oxidation rates. 
Interestingly, only sulfide could be identified as substrates. Their conversions resulted in 
the formation of the respective sulfoxides as product while no overoxidation (formation of 
sulfones) was observed. It is worth noting that no formation of indigo blue was observed in 
the cell culture during expression of HdFMO (or CdFMO) as has been reported for other 
FMOs such as NiFMO12,42. Besides, a substrate screen using ten N-containing molecules did 
not show any activity (data not shown).

The motivation for studying CbFMO was partly because of the relaxed nicotinamide 
cofactor specificity of previously reported type II FMOs. Yet, CbFMO was found to 
have a strong preference for NADPH. When compared with known class B flavoprotein 
monooxygenases, CbFMO is most closely related in sequence with FMO-E. It also contains 
the type II-identifying motif. When comparing the sequence region of this motif for CbFMO 
and FMO-E, there is only one difference: CbFMO has a phenylalanine (Phe329) instead of 
a tyrosine. Nevertheless, based on a modeled structure, this residue does not interact with 
either NAD(P)H or FAD. Interestingly, CbFMO shows at the NADPH binding site a tyrosine 
(Tyr541) and an arginine (Arg452) close to the position of where the 2’-phosphate of the 
cofactor is expected to bind (Figure 3a). In this position, FMO-E contains a phenylalanine 
and a methionine, while PsFMO-A (another known type II FMO) contains a isoleucine and 
leucine12,13,28. Evidently, the positive charge of Arg452 could interact with the phosphate 
moiety of NADPH, resulting in a preference for NADPH over NADH. 

HdFMO shows significant sequence homology with several previously studied type I FMOs. 
Using mFMO, a homology model could be prepared. The modeled structure suggests that 
the active site should be able to accommodate relatively large substrates (Figure 3b). This is 
mainly due to the fact that the enzyme contains two relatively small residues in the substrate 
binding pocket when compared with the mFMO crystal structure (Thr249 and Ala360 in 
HdFMO versus Tyr207 and Trp319 in mFMO). However, the substrate (sulfides) profile was 
similar to mFMO but with lower activities8. For mFMO, Trp319 and Trp400 were found 
to limit the size of the substrate binding pocket43. The role of the tyrosine in mFMO has 
also been studied. Replacing it with an asparagine resulted in a diminished activity against 
indole. Clearly, the substrate binding pocket of HdFMO is different when compared with 
other FMOs, which may hint to a fundamentally different substrate specificity. It may be 
that the tested set of compounds did not resemble any of its natural substrates which would 
explain the poor catalytic performance on the identified substrates.
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Figure 3. Homology models of CbFMO and HdFMO. (a) CbFMO NAD(P)H binding pocket is 
shown. (b) Active site of mFMO (blue) and HdFMO (red) are aligned.

While this study has resulted in the identification of two novel dimeric FMOs, these 
monooxygenases do not appear appealing for biocatalysis. Especially CbFMO was found 
to be a labile enzyme and showed poor Baeyer-Villiger oxidation activity with a number of 
ketones. HdFMO displayed somewhat better (thermo)stability features, but was restricted 
to low sulfoxidation activities. Protein engineering could possibly improve the biocataytic 
properties of both enzymes. Yet, such approach would ideally make use of structural 
information. While homology models can be prepared, accurate crystal structure would 
be more reliable. Unfortunately, crystallization trails with both FMOs failed despite many 
efforts. Therefore, in order to enlarge the biocatalytic toolbox of FMOs, it is probably more 
effective to explore other genomes for potential candidates. Or, alternatively, one could opt 
for engineering one of the known robust FMOs.

MATERIAL AND METHODS

Genome mining and sequence analysis
For the identification of the putative FMOs, the NCBI server was used by a protein-
protein BLAST search. The sequences of NiFMO and FMO-E were used as templates to 
find putative homologs. Sequences with high query and identity were subsequently aligned. 
Multiple sequence alignments (MSA) were prepared using MEGA X software by MUSCLE 
protein alignment. The MSA was configured with default settings for highest accuracy and 
employing the UPGMA clustering method. A phylogenetic tree was reconstructed using the 
maximum likelihood (ML) method implemented in MEGA X (500 bootstrap replications). 
Initial tree(s) for the heuristic search were obtained automatically by applying Neighbor-

a b
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Join and BioNJ algorithms to a matrix of pairwise distances estimated using a JTT model, 
and then selecting the topology with superior log likelihood value. A discrete Gamma 
distribution was used to model evolutionary rate differences among sites (4 categories (+G, 
parameter = 2.7354)). This analysis involved 50 amino acid sequences. There was a total of 
1254 positions in the final dataset. Evolutionary analyses were conducted in MEGA X44.

Cloning, expression and purification
CbFMO- and HdFMO-encoding DNA sequences were codon optimized for E. coli and 
obtained from Integrated DNA technologies (IDT). The synthetic genes were cloned by 
Golden Gate Assembly in pBAD vectors encoding an N-terminal SUMO fusion protein 
equipped with histidine tag. The obtained plasmids were transformed into chemo-competent 
E. coli NEB 10β cells (New England Biolabs) by heat shock. For purification, cells harboring 
the verified plasmids were inoculated in LB media supplemented with 50 μg mL-1 ampicillin 
at 37 °C overnight. An aliquot of the preculture (1:100) was used to inoculate 50 mL TB media 
(50 μg mL-1 ampicillin). Cultures were grown at 37 °C with continuous shaking until OD600nm 
0.7 was reached. For expression, conditions were optimized employing different L-arabinose 
concentrations (0.2, 0.02 or 0.002 % w/v) and temperatures (17, 24, 30 or 37 °C) for 16, 24, 48 
and 72 h. Subsequently, cells were centrifuged at 6,000 r.p.m. for 20’ at 4 °C. The supernatant 
was discarded and cells were suspended in lysis buffer (50 mM TRIS pH 8.0 buffer, 500 mM 
NaCl, 1.0 mM PMSF, 30 µM FAD and 1.5 mg mL-1 lysozyme). After sonication (amplitude 70 
%, 10 s on and 10 s off for 10’ on ice), cell debris was removed by centrifugation (10,000 RPM 
for 1h at 4 °C). Expression was verified by SDS-PAGE analysis of cell free extracts (CFE) and 
insoluble fractions. For CbFMO, high expression levels in the insoluble fraction were observed 
and additives were added to test for the best condition for obtaining soluble protein (10% v/v 
glycerol, 1 mM DTT and 100 µM IGEPAL). After obtaining optimized expression conditions 
according to SDS-PAGE analysis, the expressions were up-scaled to 400 mL. After sonication, 
lysates were filtered at 0.45 µm and loaded on a nickel-sepharose HP resin (GE Health care) 
pre-equilibrated with 50 mM TRIS pH 8.0, 500 mM NaCl. Then, filtered CFEs were incubated 
with the resin for 1 h at 4 °C in a rotating system. The resin was washed with 10 CV of buffer 
(50 mM TRIS pH 8.0 and 500 mM NaCl), followed by 2 CV of buffer supplemented with 20 
mM imidazole. Finally, bound proteins were eluted with 400 mM imidazole. Yellow fractions 
were collected and desalted in 50 mM TRIS, pH 8.0 with 150 mM NaCl for HdFMO and 350 
mM NaCl for CbFMO (EconoPac 10DG columns, Bio-Rad). Desalted proteins were flash 
frozen in liquid nitrogen and stored at -70 °C.

Enzymatic characterization 
To identify the redox state of the flavoenzymes, UV-visible spectra were recorded. Extinction 
coefficients were calculated by recording the UV-visible spectra of a control sample and a 
solution of the flavoproteins incubated with SDS 0.1% w/v for 10 min. Then, UV-vis spectra 
were recorded and protein concentration was determined using the FAD molar extinction 
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coefficient (ε450nm=11,300 M-1 cm-1). For CbFMO and HdFMO, ε450nm= 14.4 and 12.5 mM-1 
cm-1 were calculated, respectively.

The apparent melting temperatures (TM
app) of SUMO-FMOs were analyzed through intrinsic 

flavoprotein fluorescence at increasing temperatures. In duplicate, a mixture at 1.0 mg mL-1 
of enzyme was prepared in a 96-well PCR plate. Using an RT-PCR instrument (CFX96-
Touch, Bio-Rad), the solutions were exposed to a temperature ramp (25 to 99 °C, by 0.5 
°C every 10 s). The fluorescence was measured using a 450–490 nm excitation filter and a 
515–530 nm emission filter45. The unfolding temperature was calculated as the maximum 
of the negative derivative of fluorescence against temperature.

The oligomerization state was studied after proteolytic digestion with SUMO protease 
(1.0 mg mL-1 incubated overnight on a rotating system at 4 °C). Protease and SUMO were 
removed and flavoproteins were desalted. Then, 500 µL of sample was injected into a 
Superdex 75 10/300 column connected to an AKTA purifier (GE Health care). A calibration 
curve was prepared using commercial gel permeation standards (Bio-Rad). Subsequently, 
dynamic lights scattering (DLS) analysis was done in a DynaPro NanoStar instrument 
(Wyatt Technology). The DLS results were analyzed with dynamics software, version 7 
(Wyatt Technology). 

Enzyme activity was measured following the oxidation of NAD(P)H by measuring 
absorbance (ε340nm=6,220 M-1 cm-1) at 25 °C. Depletion of NAD(P)H was monitored using a 
microplate reader (Synergy H1 Hybrid multi-mode reader, Biotek) and the reactions were 
prepared in 96-well plates at 300 µL final volume. For the analysis, the mixtures contained 
150 µM NAD(P)H µM, 2.0 µM SUMO-FMO and 1.0 mM substrate, solubilized at final 
2.5 % v/v 1,4-dioxane in 50 mM TRIS buffer at pH 8.0 with 150 mM NaCl. All data were 
analyzed using GraphPad Prism (GraphPad Software) and kinetic parameters were obtained 
by fitting the obtained results to the Michaelis–Menten equation.

Bioconversions using HdFMO and CbFMO
Substrate screening for the FMOs was carried out using 6 different substrate mixtures at 500 
µM final concentration in 2.5% v/v 1,4-dioxane. Reactions were prepared in 500 µL in 20 
mL vials and the mixture contained 30 µM FAD, 150 µM NADH, 150 µM NADPH, 10 mM 
Na2PO3.5H2O, 5 µM PTDH and 10 µM SUMO-FMOs in 50 mM TRIS and 150 mM NaCl 
buffer at pH 8.0. The solutions were incubated at 24 or 17 °C at 150 r.p.m. for 24 h. After 
incubation, the mixtures were extracted three times by mixing one volume of ethyl acetate 
for 60 s. Subsequently, anhydrous sulfate magnesium was added to the organic solution 
to remove residual wa.ter. Identification of the reaction performance was done by GC-MS 
(GCMS-QP2010 Ultra Shimadzu with electron ionization and quadrupole). Separation 
was achieved using a HP-1MS column. Chromatograms and MS spectra were analyzed 
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using GCMS solution Postrun Analysis 4.11 (Shimadzu). The library employed for the MS 
spectra identification was NIST11.

For further bioconversions analysis, 1.0 mM of substrate (2.5 % v/v 1,4-dioxane) was used 
in the presence of 150 µM NADH or NADPH. SUMO-HdFMO at 2.0 µM and SUMO-
CbFMO at 10 µM were used. Reactions were incubated at 4, 17 or 24 °C for 24 h at 150 r.p.m. 
As external standard, 0.025 % v/v mesitylene was used. GC analysis was carried out for 
conversion determination using a GCMS-QP2010 Ultra Shimadzu with a HP-1MS column. 
Chiral analysis was done using a 7890A GC System (Agilent Technologies) equipped with 
a CP-Chirasil-Dex CB column.

For  1H-NMR analysis, the conversions were carried out at 0.4 mL using 5 µM SUMO-
CbFMO, 10 mM cyclobutanone, 150 µM NADPH, 10 mM Na2PO3.5H2O, 5 µM PTDH and 
30 µM FAD in potassium phosphate buffer (pH 8.0). D2O (1:5) was added to the reactions 
after 24 h. Subsequently, D2O-treated samples were analyzed by NMR (400 MHz Varian 
Unity Plus spectrometer). 
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Tables

Table S1. Substrate scope analysis

Screening mixes Individual reactions

1

2

3

4

5

6

Table S2. Conversion of phenylacetone using CbFMO at different conditions

Condition NADPH
[%]

NADH
[%]

50 mM TRIS pH 8.0, 150 mM NaCl, 17 °C 99 30
50 mM TRIS pH 8.0, 150 mM NaCl, 24 °C 20 -
50 mM TRIS pH 8.0, 150 mM NaCl, 4 °C 99 13
50 mM TRIS pH 8.0, 350 mM NaCl, 17 °C 99 16
50 mM KPi pH 8.0, 150 mM NaCl, 17 °C 99 30
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Figures

 
Figure S1. NADPH consumption rates for CbFMO at increasing cyclobutanone concentrations. 
SUMO-CbFMO (2.0 µM), NADPH (150 µM) and substrate were mixed in a microplate containing 
air-saturated 50 mM TRIS buffer pH 8.0 at 25 °C as described in materials and methods. The data 
obtained were fit using a Michaelis-Menten equation in GraphPad Prism to determine steady-state 
kinetic parameters. 



180

Chapter V

Figure S2. Conversion of cyclobutanone using CbFMO as biocatalyst. (a) 1H-NMR analysis 
in CDCl3 at 400 MHz of cyclobutanone as substrate (without enzyme) (b) 1H-NMR analysis of 
CbFMO reaction using cyclobutanone in CDCl3 at 400 MHz.

a

b
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Figure S3. MS identification. (a) Benzylic alcohol and (b) hydroquinone were identified by GC-
MS in small scale conversion of 4-hydroxyacetophenone and phenylacetone, respectively.

 a b c

Figure S4. Enantioselectivity profile of CbFMO. Bioconversion of rac-bicyclo[3.2.0]hept-2-
en-6-one using 10 µM CbFMO as catalyst in presence of 150 µM NADPH were performed in 50 
mM TRIS buffer pH 8.0, 10 mM Na2PO3•5H2O, 5.0 μM PTDH, 30 μM FAD and 150 mM NaCl. 
Reactions were analyzed after 24 h at 17 °C. CbFMO mainly produced (a) abnormal (1R,5S), (c) 
normal (1S,5R) and a smaller amount of (b) normal (1R,5S)
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