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REVIEW ARTICLE

Water in bacterial biofilms: pores and channels, storage and
transport functions
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Hans-Curt Flemmingd,e, Christian Mayerf, Henk J. Busschera and Henny C. van der Meia

aDepartment of Biomedical Engineering, University of Groningen and University Medical Center Groningen, Groningen, The
Netherlands; bCollege of Chemistry, Chemical Engineering and Materials Science, Soochow University, Suzhou, P.R. China;
cDepartment of Orthodontics, University of Groningen and University Medical Center Groningen, Groningen, The Netherlands;
dSingapore Centre for Environmental Life Sciences/Engineering and the School of Biological Sciences, Nanyang Technological
University, Singapore, Singapore; eFaculty of Chemistry, Biofilm Centre, University of Duisburg-Essen, Essen, Germany; fFaculty of
Chemistry, Physical Chemistry, University of Duisburg-Essen, Essen, Germany

ABSTRACT
Bacterial biofilms occur in many natural and industrial environments. Besides bacteria, biofilms
comprise over 70wt% water. Water in biofilms occurs as bound- or free-water. Bound-water is
adsorbed to bacterial surfaces or biofilm (matrix) structures and possesses different Infra-red and
Nuclear-Magnetic-Resonance signatures than free-water. Bound-water is different from intra-cellu-
larly confined-water or water confined within biofilm structures and bacteria are actively involved
in building water-filled structures by bacterial swimmers, dispersion or lytic self-sacrifice. Water-
filled structures can be transient due to blocking, resulting from bacterial growth, compression
or additional matrix formation and are generally referred to as “channels and pores.” Channels
and pores can be distinguished based on mechanism of formation, function and dimension.
Channels allow transport of nutrients, waste-products, signalling molecules and antibiotics
through a biofilm provided the cargo does not adsorb to channel walls and channels have a
large length/width ratio. Pores serve a storage function for nutrients and dilute waste-products
or antimicrobials and thus should have a length/width ratio close to unity. The understanding
provided here on the role of water in biofilms, can be employed to artificially engineer by-pass
channels or additional pores in industrial and environmental biofilms to increase production
yields or enhance antimicrobial penetration in infectious biofilms.
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Introduction

Bacterial biofilms are defined as communities of sur-
face-adhering and surface-adapted bacteria, growing in
a self-produced matrix of extracellular polymeric sub-
stances (EPS) (Tolker-Nielsen 2015) and occurring in vir-
tually all industrial and natural environments, including
the human body. Although this definition may give the
impression that bacteria form the main constituents of
a biofilm, volumetric bacterial densities in a biofilm are
low between 0.2 and 0.4 bacteria mm�3 (Roberts and
Stewart 2004; Gusnaniar et al. 2017), corresponding
with volume fractions ranging from 0.1 to 0.2. Water
actually is the most prevalent component in a biofilm
by weight (see Table 1) and volume, leaving only 1–2%

available for bacteria in a biofilm and the remainder to
EPS matrix components. Exact percentages depend on
the type of biofilm considered. To emphasise the
importance of water in biofilms, Marshall has suggested
“stiff water” as a nickname for biofilms (Flemming and
Wingender 2010).

Water is essential for life in a biofilm. It maintains
osmotic pressure, dissolves nutrient molecules and pro-
vides a medium for macromolecular transport and func-
tioning (Galdino et al. 2020). Although bacteria need
water to grow, they are at the same time, able to sur-
vive storage after freeze-drying for extended periods of
time (Coulibaly et al. 2010). However, in general water
activities less than 0.60 inactivate protein function
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(Tarek and Tobias 2002; Esbelin et al. 2018) and break
DNA double-strands (Mattimore and Battista 1996) in
bacteria, leading to cell death within days (meningo-
cocci (Tzeng et al. 2014)) to months (deinococci
(Mattimore and Battista 1996)). Arguably, near-com-
plete desiccation may be more of a challenge to deal
with for biofilms in many environments than total loss
of water causing complete metabolic arrest. During
total dehydration of a biofilm, water as a transport
medium for nutrients, waste-products and other mole-
cules is no longer needed in full absence of metabolic
processes, opposite as during near-complete dehydra-
tion (Decho 2017). Desiccated Deinococcus geothermalis
biofilms even remained viable for almost 2 years when
exposed on the outside of the international space sta-
tion (ISS) (Panitz et al. 2019). Apart from the known pro-
tection against mechanical and chemical attacks
offered to bacteria in their biofilm-mode of growth, bio-
films are characterised by water-filled regions (Figure 1)
to protect its inhabitants against desiccation (Esbelin
et al. 2018) and support storage and transport of
nutrients and waste products through a biofilm. Effects
of dehydration and rehydration have both been exten-
sively studied with respect to bacterial cells (Rapoport
et al. 2019). However, this is not true for water in the
immediate environment of a bacterial cell (Decho
2017). In a biofilm, the immediate environment of a
bacterial cell is the EPS matrix. Important functions of
water in biofilms are largely understudied compared to,
for instance the role of EPS or bacteria themselves in a
biofilm. Therefore, this review focuses on how water in
immersed, wetted or dried biofilm can be affirmatively
demonstrated, distinguishing different structural fea-
tures of biofilm regions in which water is retained and
the functions that water-filled regions fulfil in a biofilm.

Water-filled regions in biofilms-bound versus
free water

There are several techniques available that allow to
visualise open structures in biofilms that are generally
assumed to be water-filled. Fewer techniques are

available that provide affirmative evidence of water
presence in biofilm regions and also allow quantifica-
tion of water in biofilms (see Table 2 for a comprehen-
sive summary). The forthcoming sections will first focus
on visualisation techniques and subsequently describe
techniques that provide evidence for the presence of
water in biofilms and the quantification of the amount
of water in biofilms.

Visualisation of assumed water-filled regions in
a biofilm

Many techniques said to demonstrate water-filled
regions in biofilms, in fact only visualise bacterial clus-
ters in biofilms together with open structures that are
assumed to be water-filled without affirmative evidence
of the presence of water. Light source-based micros-
copy, like e.g. Confocal Laser Scanning Microscopy
(CLSM) has a higher spatial resolution than e.g. NMR-
based techniques (see Table 2), but does not directly
and affirmatively confirm water presence. However,
using CLSM on stained biofilms, flow of injected 0.3 lm
diameter fluorescent particle suspensions in water
through biofilms has been visualised (Stoodley 1994).
Particles did not penetrate through bacterial clusters,
indicating absence of water-filled regions that are large
enough to allow particle passage. Smaller fluorescent
dyes however, have been demonstrated to penetrate
through bacterial clusters in biofilms after micro-injec-
tion (De Beer et al. 1997; Bryers and Drummond 1998;
Waharte et al. 2010).

Electron microscopy, similar to light source-based
microscopy, does not directly and affirmatively identify
water, but instead is able to show dewatered, collapsed
biofilm structures with a nanoscopic resolution,
assumed to be water-filled prior to biofilm preparation
for microscopy purposes. Moreover, the high vacuum
conditions required for most types of electron micros-
copy inevitably will give rise to drying artefacts, unless
applied in an environmental mode (see Figure 1(D))
that preserves hydration of the biofilm to be imaged
(Fern�andez-Delgado et al. 2015, 2016).

Table 1. Water content by weight in biofilms of different bacterial strains.
Bacterial strain Water content (wt%) Technique Reference

Bacillus subtilis 89 120 �C oven drying (Bratbak and Dundas 1984)
Escherichia coli 77 120 �C oven drying (Bratbak and Dundas 1984)
Pseudomonas aeruginosa 88–92 Confocal RMa (Sandt et al. 2008)
Pseudomonas putida 81 120 �C oven drying (Bratbak and Dundas 1984)
Pseudoalteromonas sp. 87–94 Confocal RM (Sandt et al. 2009)
Streptococcus mutans 70–75 RM (Sandt et al. 2009)
Streptococcus mutans 84 80 �C oven drying (Tam et al. 2007)
Sphingomonas sp. 97 105 �C oven drying (Zhang et al. 1998)
Activated sewage sludge Up to 98 105 �C oven drying (Chan and Wang 2016)
aRaman microspectroscopy.
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Optical coherence tomography (OCT) can also be
done non-destructively on hydrated biofilms, and is
based on back-scattering of light by particulate matter,
such as bacteria or insoluble EPS in a biofilm.
Accordingly upon application of an artificial whiteness
scale, bacteria in a biofilm appear white in OCT images
but the limited resolution of OCT (around 5–10 lm)
does not allow imaging of individual bacteria (Haisch
and Niessner 2007). Black regions in OCT images have
accordingly been interpreted as water-filled regions
(Hou et al. 2019), which is likely correct but lacking
affirmative confirmation. Changes in signal intensity
from black regions in OCT images of biofilms prior to,
during and after biofilm compression have been taken
as an indication of out- and inflow of water (Hou et al.

2018), providing support for the assumption that these
regions were water-filled. Also, average whiteness of
biofilm in OCT images has been demonstrated to
increase with increasing volumetric bacterial density in
biofilms (Hou et al. 2019). Collectively, although these
techniques provide evidence of open structures within
biofilms that are not filled with bacteria or EPS, that are
likely filled with water.

Affirmative evidence and quantification of water
in biofilms

Techniques to provide affirmative evidence and quanti-
fication of water in biofilms are scarce (Table 1). Dry
weight measurements critically depend on a

Figure 1. Demonstration of water and visualisation of water-filled regions in biofilms by different techniques. (A) Water-filled
region in a P. aeruginosa biofilm on stainless steel substratum, affirmatively demonstrated using Raman Micro-spectroscopy (RM)
(Sandt et al. 2007). Colour bar indicates the weight fraction of water, ranging from 0 (no water) to 1 (pure water). Reproduced
with permission of the publisher, Wiley & Sons Inc. (B) T2 weighted, Magnetic Resonance Image (MRI) of a natural phototrophic
biofilm (Phoenix and Holmes 2008) with affirmative water demonstration. Arrow indicates a water-filled region. Reproduced with
permission of the publisher, American Society for Microbiology. (C) Regions in a stained Streptococcus mutans biofilm on a den-
tine surface lacking bacterial fluorescence, assumed to be water-filled, as visualised using Confocal Laser Scanning Microscopy
(CLSM) (Galbiatti de Carvalho et al. 2012). Reproduced with permission of the publisher, Faculdade de Medicina da Universidade
de Sao Paulo. (D) Regions in a Vibrio cholerae biofilm on a stainless steel substratum, assumingly water-filled as visualised using
Environmental Scanning Electron Microscopy (ESEM) (Fern�andez-Delgado et al. 2016). Arrows indicate water-filled regions.
Reproduced with permission of the publisher, Instituto de Medicina Tropical de Sao Paulo. (E) Regions in a S. mutans biofilm on
a polystyrene substratum, visualised using Optical Coherence Tomography (OCT) in which dark areas in the biofilm image are
assumed to represent water-filled regions (Wang et al. 2019). Reproduced with permission of the publisher, American Society for
Microbiology. (F) Regions in a 15 mm thick slice of an aerobic granular-sludge biofilm devoid of bacterial cells and proteins (as
concluded from absence of fluorescence staining), visualised using CLSM and to be water-filled (Courtesy of Maria F. Nava-
Ocampo, Andreia S. F. Farinha, Szil�ard S. Bucs, Johannes S. Vrouwenvelder, KAUST, Saudi-Arabia).
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comparison of a biofilm’s weight prior to and after the
assumed, complete removal of water by drying, which
should be done without affecting the substratum
material to which the biofilm adheres (Wilson et al.

2017). However, dry mass measurements are always
destructive to the biofilm and do not yield visualisation
of the structural biofilm features in which water is con-
fined. Moreover, the concentration of counter ions in

Table 2. Summary of different techniques to visualise and quantify water in biofilms, together with their advantages and disad-
vantages, distinguishing between techniques that provide affirmative evidence of water-filled regions in biofilms or only visualise
open structures that are generally assumed to be water-filled.
Technique Advantage and disadvantages References

Demonstration and quantification of water
Dry weight measurement Advantages (Bratbak and Dundas 1984; Tam et al. 2007)

Yields weight fraction of water in biofilms
Disadvantages
Not affirmative, destructive, no visualisation, no

resolution of structure
ATR-FT IR Advantages (Feng et al. 2016; Hou et al. 2018)

Affirmative, distinguishing bound and free water,
non-destructive, allowing real-time
monitoring, little time-consuming

Disadvantages
Substrata need to be IR transparent, depth of

information restricted to several mm’s, no
weight or volume fraction of water
content acquired

RM Advantages (Sandt et al. 2007, 2008, 2009; Ivleva et al. 2017)
Affirmative, non-destructive, high resolution

mapping based on water signals, better
detection depth than ATR-FTIR, yields weight
fraction of water in biofilms

Disadvantages
Time consuming, weak water signals, relatively

inaccurate compared to dry weight
measurement

Visualisation of water-filled regions
NMR Advantages (Seymour et al. 2004; Phoenix and Holmes 2008;

Wagner et al 2010)Affirmative, distinguishing bound and free water,
non-destructive, in situ and real-time
monitoring, imaging directly based on water
signals, yields volume fraction of extracellular
water in biofilms

Disadvantages
Low spatial resolution, low sensitivity and low

signal-noise ratio without assist of
paramagnetic reagents

Light source-based microscopy Advantages (Stoodley et al. 1994; De Beer et al. 1997;
Galbiatti de Carvalho et al. 2012; Stewart 2012)High resolution

Disadvantages
Not affirmative, particle tracking or fluorescent

dyes needed
ESEM Advantages (Bergmans et al. 2005; Fern�andez-Delgado et al.

2015, 2016)High resolution
Disadvantages
Not affirmative, destructive due to beam

damage and reduced pressure
OCT Advantages (Haisch and Niessner 2007)

Non-destructive
Disadvantages
Not affirmative, low resolution not allowing

imaging of individual bacteria, image-
interpretation not trivial

LLCT Advantages (Peterson et al. 2013; He et al. 2014; Peterson
et al. 2015)Yields quantitative data based on visco-

elasticities of large volumes of biofilm in
one experiment

Disadvantages
Not affirmative, destructive, no imaging possible,

water presence indirectly derived from the
time-dependent stress relaxation of
compressed biofilms

ATR-FT IR: Attenuated total reflection-Fourier transform infra-red spectroscopy; RM: Raman micro-spectroscopy; NMR: nuclear magnetic resonance; ESEM:
environmental scanning electron microscopy; OCT: optical coherence tomography; LLCT: low load compression testing.
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biofilms will strongly increase with the loss of water,
thereby drastically decreasing the chemical potential of
the residual water and hampering further drying.
Furthermore, it is unclear whether drying removes only
“free” water or also “bound” water. Note that the
expression “bound” water should not be mistaken for
intra-cellularly “confined” water or water “confined”
within biofilm (matrix) structures. Bound and free water
both have different Infra-red and Nuclear Magnetic
Resonance signatures (see also Table 2), that can be
used to distinguish between both types of water.

ATR-FT Infra-red (Feng et al. 2016; Hou et al. 2018)
spectroscopy affirmatively demonstrates water in bio-
films, while also able to differentiate between bound
(Van Oss and Giese 2005) and free water. Distinction
between bound and free water using ATR-FT Infra-red
spectroscopy is relatively easy due to the pico-seconds
timeframe required for observation (Table 3) and can
be achieved by decomposing the O–H stretching band.
A bound water molecule has both hydrogens interact-
ing with a hydroxyl-group (Figure 2), yielding O–H
stretching at lower wavelengths (3250–3320 cm�1) than
in free water (O–H stretching at 3320–3450 cm�1).
However, ATR-FT Infra-red data only pertain to one or
two bacterial layers due to the limited depth of pene-
tration of the evanescent wave into biofilms (1–2 mm)
adhering on ATR crystals employed in FT Infra-red spec-
troscopy, while moreover without a calibration curve
changes in absorption band areas do not yield weight
fractions of water, as summarised in Table 1. Raman
Micro-spectroscopy is another Infra-red-based tech-
nique but has a higher penetration depth than ATR-FT
Infra-red up to maximally 200 mm in a biofilm depend-
ing on the type of laser used (Sandt et al. 2009), yield-
ing a spatial resolution of 0.5 mm or more. Raman
Micro-spectroscopy can generate a micrometer-scale
resolution mapping of water presence in biofilms

(Figure 1(A)), as well as of other biofilm components,
such as carbohydrates, proteins, lipids and nucleic acids
(Sandt et al. 2007). However, Raman Micro-spectroscopy
yields relatively weak water signals compared to Infra-
red spectroscopy (Ivleva et al. 2017). Water in biofilms
has been quantified using confocal Raman Micro-spec-
troscopy by taking the ratio between the water absorp-
tion band around 3450 cm�1 and CH3 absorption band
at 2950 cm�1, considered indicative of biomass (Sandt
et al. 2008). The quantification of water and biomass in
the biofilm was determined with calibration curves
from protein solutions. In the upper layers of P. aerugi-
nosa biofilms, water represented 92% of the biomass,
while in deeper layers of the biofilm water content
went down to 88% (Sandt et al. 2008).

Nuclear Magnetic Resonance (NMR) based techniques
also affirmatively demonstrate water presence by detect-
ing the proton spin disturbance in a magnetic field. NMR
imaging of water in biofilms is based on a micro-second
timeframe comparison of the mobility of free water mole-
cules with the mobility of confined or bound water (see
also Table 3). Accordingly, bound water will appear as a
separate signal in the NMR spectrum due to its reduced
rotational mobility. Pulsed field gradient 1H NMR detected
three groups of 1H NMR signals in P. aeruginosa biofilms
that were attributed to diffusion of water, that ranged
from 2.5� 10�10 to 1.8� 10�9 m2 s�1. The highest diffu-
sion coefficient was attributed to free water.

Relevance of bound versus free water in biofilms

In physical chemistry, water molecules are said to be
bound, when simultaneous hydrogen bonds occur at
both hydrogens (Luzar and Chandler 1996). Such hydro-
gen bonds can occur in water adsorbed to a surface or
in free water as temporary clusters (see Figure 2).
Unbound water appears as a homogeneous structure

Table 3. Observation timeframes for different techniques to distinguish between free and bound water and binding phenomena
and relevance of bound and free water in biofilm.
Timeframe Observation method Binding phenomenon Relevance in biofilms References

Pico-seconds ATR-FTIR, RM Double
hydrogen
bonding(���H–O–H���)

- Minor influence on
diffusion of water

(Belosludov et al. 2020)

Micro-seconds NMR lineshape Reduced rotational diffusion
by binding to surfaces,
including EPS

- Additional permeation
barrier on membranes

- Reduced diffusion of
nutrients and metabolites

- Impact on adhesion

(Vogt et al. 2000)

Milli-seconds PFG-NMRa diffusion
measurement

Reduced translational
diffusion by
encapsulation in

� pores
� channels
� membranes

(intracellular water)

- Formation of different
water-filled structures

(Vogt et al. 2000)

aPulsed field gradient NMR.
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(Belosludov et al 2020), but actually is a mixture of free,
single water molecules and a large multitude of short-
lived, “picoseconds” clusters of bound water containing
up to 15–20 water molecules. Thus, observation of
“bound” or “free” water will depend on the timeframe of
observation. As a consequence, depending on the time-
frame of the observation method, the transition from
bound to free water represents a spectrum of different
types of water that can be ranked by the length of time
during which water molecules are bound. Different types
of water, have different relevance in biofilms (see Table 3).
Water in water-filled regions can behave either as free,
confined or bound water depending on the dimensions
of the water-filled region, affecting convective-diffusion of
nutrients and metabolic waste products. The first layer of
water bound to a surface can adsorb by acid-base interac-
tions of its hydrogen or oxygen atoms with the surface,
depending on whether the surface is composed of hydro-
gen-donating and hydrogen-accepting chemical groups
(Figure 2). The orientation of the second layer of bound

water is determined by whether adsorbed water mole-
cules in the first adsorbed layer are interacting with a sur-
face through their hydrogen or oxygen atoms. The
degree of structuring depends on the hydrogen-donating
and accepting properties of the surface (see also Figure 2)
and decays after a layer thickness of around 1nm, which
corresponds with the size of small clusters of up to 5
water molecules in unbound water (Van Oss and Giese
2005; Bj€orneholm et al. 2016). Therewith, the acid-base
character of the underlying surface determines the prop-
erties of the outermost surface of a bound water layer,
directing the conformation of adsorbed proteins (Zhang
et al. 2020) and governing adhesion of bacteria (Zhang
et al. 2019; Cai et al. 2021). The structure of water on
hydrogen-donating and hydrogen-accepting surfaces
depicted in Figure 2 excludes the role of ions. It can be
easily envisaged how positively- or negative-charged ions
can integrate themselves into a layer of bound water to
alter its structure. Accordingly, structuring of bound water
decreases with ionic strength (Rehl and Gibbs 2021).

Figure 2. Water adsorbed to a surface consist of a layer of structured water. Structuring ranges up to 1nm (van Oss and Giese 2005;;
Bj€orneholm et al. 2016) and depends on the hydrogen-donating and hydrogen-accepting chemical groups on the surface involved.
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Structure of water-filled regions in biofilms:
channels and pores

Water-filled regions in biofilms exist in between bacter-
ial clusters and within bacterial clusters, that may be
held together by EPS or co-adhesion between bacteria
in the cluster (Foster and Kolenbrander 2004; Flemming
and Wingender 2010). Water-filled structures in a bio-
film are often described as channels or pores, without
making a proper distinction. Channels and pores are
both of vital importance for life in a biofilm. However, it
is important to differentiate channels and pores in a
biofilm matrix and in this section we propose to distin-
guish channels and pores based on dimension and
function. Channels are by definition long and relatively
narrow, connecting two places to facilitate transport
and in line, have been called “rudimentary circulation
systems in biofilms” (Costerton et al. 1995; Stoodley

et al. 2000). Pores can be distinguished by relatively
large volumes without an obvious goal to connect dif-
ferent places, but rather serve as storage and buffering
pools (Flemming and Wingender 2010). One rational
way to differentiate channels and pores could thus be
by using their length/width ratio, although microscopic
images from which the length and width of water-filled
regions can be measured are scarce.

Transport possibilities through a channel depend on
the size of the molecule or particle to be transported,
the width of the channel and whether the cargo
adsorbs to the channel walls. For example, water-filled
regions within bacterial clusters allowed diffusion of an
organic dye, such as fluoresceine (MW ¼ 332Da) or
TRITC-IgG (MW ¼ 150 kDA) with diffusion coefficients
close to their theoretical values in water. Diffusion of
phycoerythrin (MW ¼ 240 KDa) was impeded by 59%

Figure 3. B. multivorans biofilms with SYTO 59 stained, red-fluorescent bacterial clusters (left panels) and diffusion-controlled
penetration of green-fluorescent poly(ethylene glycol)-coated polystyrene nanoparticles of different diameter (right panels). Note
that due to the poly(ethylene glycol)-coating, nanoparticles are unable to adsorb to biofilm components. (A) Particle diameter
129 nm. Green-fluorescent nanoparticles are visible in the biofilm, demonstrating their ability to pass through bacterial clusters.
(B) Particle diameter 555 nm (Forier et al. 2014). These larger green-fluorescent nanoparticles are unable to pass through the bac-
terial cluster surrounding. Reproduced with permission of the publisher, Elsevier B.V.
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relative to water due to adsorption, from which a min-
imal width of 80 nm for effective diffusion of phyco-
erythrin was calculated (De Beer et al. 1997), based on
the range of interaction forces facilitating adsorption
(Van Oss and Giese 2005). Experiments with stealth,
poly(ethylene glycol) coated liposomes and polystyrene
nanoparticles (see Figure 3), unable to adsorb to biofilm
components, demonstrated that liposomes with diame-
ters above 100–130 nm were unable to diffuse through
channels in Burkholderia multivorans and P. aeruginosa
biofilms (see Figure 3) (Forier et al. 2014). A similar min-
imal width of 100 nm was reported in order to avoid
adsorption of antimicrobials to channel walls upon dif-
fusion-controlled penetration of an antimicrobial in an
infectious biofilm (Ju et al. 2020). However, intra-colony
channels with much larger diameters of around 10 mm
have also been described in E. coli, using giant object-
ive lens microscopy with a high numerical aperture at
low magnification (“mesoscopy”) (Rooney et al. 2020)
and even wider channels (18–99mm) have been
described in P. aeruginosa (Lei et al. 2020). Collectively,
it can thus be concluded that biofilm channels effective
for transport processes must have a minimal width of
around 100 nm.

Besides a minimal width, a water channel should
also possess a minimal length in order to achieve
effective transport that should at least cover the diam-
eter of an individual bacterium in a biofilm. This yields
the suggestion to define a minimal length of at least

1 lm before a water-filled region should be called a
channel. This corresponds with visualised channel
lengths in V. cholerae (Fern�andez-Delgado et al. 2016),
S. mutans (Galbiatti de Carvalho et al. 2012), B. subtilis
(Wilking et al. 2013) and phototrophic (Phoenix and
Holmes 2008) biofilms and three species biofilms of P.
aeruginosa, Pseudomonas fluorescens and Klebsiella
pneumoniae biofilm (De Beer and Stoodley 1995;
Stewart 2012). In biofilms of P. aeruginosa, channels
have been described with a length of around 700mm,
bridging the distance between two places in a biofilm,
but these channels had an extremely wide range of
widths (Lei et al. 2020). Accepting a minimal length of
1 lm and a width of 100 nm as a characteristic of a
channel, channels can be distinguished from pores by a
length/width ratio > 10, while pores should have a
length to width ratio closer to one. From published 2D
images, it can be roughly derived that on average,
pores in S. mutans (Galbiatti de Carvalho et al. 2012)
and P. aeruginosa (Sandt et al. 2007) biofilms indeed
have diameters between 30 and 50 lm, with a length/
width ratio approaching one.

Mechanisms of channel and pore formation
in biofilms

Biofilm channels and pores represent well-designed
structures, self-engineered by biofilm inhabitants. The
self-engineered nature of these water-filled regions
attests to the importance of water-filled channels and
pores for life in a biofilm. Highly motile bacillus
swimmers from a generally present, planktonic sub-
population are known to build water-filled channels by
flagella-propelled movement through a biofilm (Houry
et al. 2012). For example, B. thuringiensis is able to swim
through the biofilm matrix of different bacterial strains
forming channels (Figure 4). Authors envisaged swim-
ming as a general mechanism persisting in nature since
channel building was observed in strains isolated both
from medical and industrial surfaces. However, channel
building was only effective when the kinetic energy of
the swimmers exceeded the visco-elastic resistance of
the biofilm matrix, that differed amongst biofilms of
Staphylococcus aureus, Enterococcus faecalis, Yersinia
enterocolitica, P. aeruginosa and Listeria monocytogenes.
Channels in E. coli biofilms have recently been sug-
gested as an emergent property of bacteria in response
of their adhesion to a surface (Rooney et al. 2020).

Pores are also self-engineered but their formation is
controlled by entirely different mechanisms than chan-
nel formation, supporting the distinction made
between channels and pores based on function and

Figure 4. A green-fluorescent GFP B. thuringiensis 407 cell
added to a red-fluorescent S. aureus biofilm creating transient
channels in the biofilm matrix (Piard et al. 2017). Scale bar
represent 5 lm. Adapted and reprinted with permission of the
publisher, IWA Publishing.
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dimensions. P. aeruginosa has been suggested to sacri-
fice itself in biofilms through lysis to create pores
(Webb et al. 2003). More recently, pore formation has
been described as a mechanism to reduce the number
of biofilm inhabitants in matured biofilms. In a mature
biofilm, the inside of a biofilm can locally become fluid
giving rise to the development of a planktonic subpo-
pulation in a biofilm and enzymatic weakening of the
biofilm matrix (“dispersion”). As a result, the matrix
opens up to evacuate the planktonic bacteria and sub-
sequently leaving a central pore in the biofilm
(Rumbaugh and Sauer 2020). Therewith dispersion
bears similarity with biofilm dispersal, reducing the
number of biofilm inhabitants from its interior rather
than from the biofilm surface. Dispersion has been
described to occur in a large number of different bac-
terial strains and species (Boles and Horswill 2008;
Marks et al. 2013; Piard et al. 2017; Zhou et al. 2017).
Dispersion can be induced by environmental as well as
internal triggers (Rumbaugh and Sauer 2020).

Channels and pores in biofilms are not necessarily
long-lived (Piard et al. 2017) and may collapse or
become blocked by visco-elastic expansion of the EPS
matrix or bacterial growth, respectively. Biofilm chan-
nels and pores are therefore under continuous
construction.

Modes of transport in water-filled channels

Water-filled channels in biofilms constitute a crucial
means of transport, needed to maintain viability of bac-
terial inhabitants of a biofilm. Transport in an aqueous
phase through channels occurs through convection
and diffusion. Convection is driven by a pressure gradi-
ent that can either be mechanically or

hydrodynamically applied or arising e.g. from evapor-
ation of water from the surfaces of biofilms (Wilking
et al. 2013). Convective mass transport prevails in the
length-direction of a channel and is largest in its centre.
Diffusion on the other hand, is driven by concentration
gradients of the cargo and drives transport towards
channel walls through a thin stagnant layer of water
bound to the channel wall (the so-called “flow bound-
ary layer,” see Figure 5). Particularly in narrow channels
such as in biofilms, adsorption of cargo to the channel
walls may occur and hamper transport. In the following
two sections, diffusion and convection in biofilms will
be described as two separate mass trans-
port mechanisms.

Diffusion in biofilms

In absence of convection, mass transport in bacterial
clusters and channels is dependent on diffusion.
Effective diffusion coefficients of many molecules
(nutrients, waste products and antimicrobials) are sev-
eral fold lower in biofilms than in water (see Table 4),
showing a clear relation with the number of bacteria or
biofilm mass per unit biofilm volume (Figure 6). Note
that small molecules and ions have effective diffusion
coefficients in biofilm that are little smaller than in
water. Differences between effective diffusion coeffi-
cients and water become much larger when larger mol-
ecules are involved due to stronger adsorption to
channel walls. Adsorption to channel walls and impact
of bound water vary across biofilms of different strains.
To this point, the effective diffusion coefficient of high
(2000 kDa) molecular dextran is two-fold higher in a
mixed species biofilm than in a P. aeruginosa biofilm
(Table 4), possibly due to a different orientation of

Figure 5. Transport in a channel with convective, Hagen-Poisseuille like flow, driven by a pressure gradient over the length of a
channel, prevails in the centre parallel to the channel walls and diffusion is more prominent towards the channel walls, driven
by a concentration gradient across the width of the channel.
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water molecules bound to channels in the matrix of
both biofilms. Due to the structural and compositional
heterogeneity in many biofilms, such as gas bubbles,
precipitates, and locally changing biofilm densities in
deeper (Herrling et al. 2017) or more shallow regions of
a biofilm (Renslow et al. 2010), effective diffusion

coefficients in biofilms often do not have a single value
but present a broad distribution. Pulsed field gradient-
Nuclear Magnetic Resonance demonstrated that a small
molecule like water, shows three fractions with different
diffusion coefficients in P. aeruginosa biofilms (Vogt
et al. 2000). Free water was identified as possessing the
highest diffusion coefficient. Two other fractions had
much lower diffusion coefficients probably arising from
confined water and diffusion of water in through water-
filled channels in bacterial clusters. Thus effective
molecular diffusion coefficients in water-filled channels
may be much lower than of free and confined water,
particularly in bacterial clusters (Wood et al. 2002;
Stewart 2003). Occurrence of broad distributions of
effective diffusion coefficients can be expected to be
even larger in multi-species biofilms than in single-spe-
cies biofilms (Herrling et al. 2017).

Convection in absence and presence of applied
pressures on a biofilm

In absence of applied pressure, convective mass trans-
port through biofilm channels is low. Often, however,
biofilms grow while exposed to convective flow that
can extend into near-surface structures of a biofilm,
gaining access to a biofilm through channels in mush-
room-shaped and other irregular surface morphologies.
Transport from deeper layers of a biofilm subsequently
relies predominantly on diffusion. Also, upon applica-
tion of an external pressure such as in membrane

Table 4. Overview of diffusion coefficients of selected molecules in different biofilm and in water.

Transported molecules Type of biofilm
Effective diffusion coefficient

in biofilms (cm2 s�1)
Diffusion coefficient in

water (cm2 s�1) References

NH4
þ Nitrobacter 13.9� 10�6 17.4� 10�6 (Williamson and

McCarty 1976)NO2
� 13.9� 10�6 16.2� 10�6

O2 25.4� 10�6 30.0� 10�6

Cl� Mixed species biofilm 1.4–1.9� 10�5 2.0� 10�5 (Stewart et al. 2001)
Phenol Mixed species 2.2� 10�6 8.5� 10�6 (Fan et al. 1990)
Fluorescein

(289 Da)
Mixed species 7.7� 10�8 3.3� 10�6 (Lawrence et al. 1994)

Dextran
(4 kDa)

3.1� 10�8 1.5� 10�6

Dextran
(40 kDa)

1.7� 10�8 0.7� 10�6

Dextran
(2000 kDa)

0.7� 10�8 5.6� 10�8

Fluorescein
(289 Da)

Pseudomonas fluorescens 1.0� 10�8 3.3� 10�6 (Lawrence et al. 1994)

Dextran
(2000 kDa)

0.3� 10�8 5.6� 10�8

Chlorhexidine Candida albicans 3.2–8.9� 10�7 31� 10�7 (Suci et al. 2001)
Rhodamine B

(442 Da)
S. epidermidis 0.2–0.7� 10�6 3.6� 10�6 (Rani et al. 2005)

Fluorescein
(376 Da)

S. epidermidis 1.0–2.1� 10�6 4.9� 10�6

Ciprofloxacin (330 Da) P. aeruginosa 1.5–9.0� 10�10 33.4� 10�8 (Suci et al. 1994)
Tobramycin (468 Da) P. aeruginosa 0.9� 10�8 15.3� 10�8 (Sankaran et al. 2019)
Ciprofloxacin (330 Da) 1.3� 10�8 33.4� 10�8

Dextran
(2000 kDa)

6.0� 10�8 15.9� 10�8

Figure 6. Diffusion coefficients De of large (closed symbols)
and small solutes (open symbols) as a function of the volume
fraction of biomass in biofilms expressed relative to their dif-
fusion coefficient Daq in water (Stewart 1998). Reproduced
with permission of the publisher, Wiley & Sons, Inc.
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filtration, convective fluid flow can develop in biofilms.
Flow velocities developing in biofilms differ between
the small channels in bacterial clusters and wider chan-
nels within the EPS matrix, depending on the hydraulic
resistance (Dreszer et al. 2013) of the channels.

Stoodley et al. (1994) tracked the movement of
0.3 mm diameter fluorescent beads using CLSM in a
mixed-species biofilm grown in a porous medium
reactor. Upon application of a hydrodynamic pressure,
a water flow velocity in channels of around 10–20lm/s
was measured, similar as in B. subtilis biofilms (Wilking
et al. 2013). However, the 0.3 mm diameter fluorescent
beads were unable to penetrate into a bacterial cluster
indicative of smaller channels in bacterial clusters than
in the biofilm as a whole. Also, other studies using
time-lapse CLSM (Rani et al. 2005; Stewart et al. 2009)
or Nuclear Magnetic Resonance (Hornemann et al.
2009; Wagner et al. 2010) of biofilms under hydro-
dynamic pressure (Stewart 2012), suggested the
absence of convection inside bacterial clusters
(Stewart 2012).

Upon application and relaxation of low mechanical
pressures, convective water in- and outflow during
compression of biofilms through biofilm channels can
be observed (Peterson et al. 2014; Hou et al. 2018).
Under low load compression, a biofilm is compressed
typically to less than 50% deformation, after which the
resulting decrease in stress is monitored as a function
of time (see Figure 7(A)). Subsequently, stress relaxation
over time is fitted by a three component Maxwell
model (Figure 7(B)), yielding the relative importance of
each Maxwell element and their relaxation time con-
stants (Peterson et al. 2013; He et al. 2014; Peterson
et al. 2015). The relaxation time constant in a Maxwell
element is modelled by a spring, representing an imme-
diate response and a dashpot in parallel with the
spring, slowing down the immediate response. In gen-
eral, relaxation of a biofilm from an applied mechanical
stress is described by three Maxwell elements. The
Maxwell elements with slower relaxation times have
been associated with convection of more viscous (pos-
sibly water-dissolved) EPS components and re-

Figure 7. Stress relaxation and water flow during low load compression of biofilms and Maxwell analyses. (A) Example of the
normalised stress exerted by a compressed biofilm as a function of relaxation time. Stress was applied at t¼ 0 (He et al. 2013).
(B) A three component generalised Maxwell model, in which each element possesses its own characteristic relaxation time, usu-
ally suffices to describe stress relaxation in biofilms. One Maxwell element is composed of a spring and a dashpot, representing
an elastic and a viscous response, respectively (He et al. 2013; Peterson et al. 2013). Reproduced with permission of the publisher,
American Society for Microbiology. (C) Principal components in stress relaxation of biofilms with the relaxation time constant
range <3 s associated with in- and outflow of water in absence and presence of soluble polysaccharides, insoluble polysacchar-
ides (3–10 s and 25–70 s) and presence of eDNA (10–25 s) (Peterson et al. 2013). Reproduced with permission of the publisher,
American Society for Microbiology.
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positioning of bacteria within a compressed biofilm
(Figure 7(C)). Biochemical analyses have confirmed the
association with EPS components (Peterson et al. 2013),
while microscopy has confirmed bacterial re-arrange-
ment (Peterson et al. 2014). The fastest relaxation is
assumed to be associated with free water presence in a
biofilm, as water possesses the lowest viscosity in a bio-
film and most easily forced to flow through a channel.
The relative importance of the Maxwell component
associated with convective flow of water increased
when the compression of a biofilm increased, although
water itself is principally incompressible. This demon-
strates that water flow plays an important role in the
recovery of a deformed biofilm towards its natural
state, although full recovery of a mechanically
deformed biofilm to its initial state seldom occurs
(Jafari et al. 2018; Oyebamiji et al. 2018). Visco-elastic
properties of biofilms are not homogeneously distrib-
uted over a biofilm and mushroom-shaped microcolo-
nies in P. aeruginosa biofilms, for instance, were softer
than plain biofilm regions (Kundukad et al. 2016), due
to more extensive EPS expression in microcolonies.

Biofilm channels under compression

Depending on the pressure applied, channels and pores
will be compressed (Kundukad et al. 2016), leading to
the formation of a dense gel-like matrix of bacteria and
EPS (Figure 8). The compressed EPS matrix can be rep-
resented as a three-dimensional molecular network of
EPS strands. Water flow through the meshes of the EPS
strands in a compressed biofilm under pressure, as e.g.
in oral biofilms during mastication or in biofilms on

membrane filters, can be described by the
Hagen–Poiseuille approach (see also Figure 8).

The volumetric flow in each of these meshes can be
approximated as a flow in a short rectangular “pipe”
with an approximate width of 10 nm (Vrouwenvelder
et al. 2017) according to

v ¼
Kl2 3

Vrel

� �3=2
DP A

12 g d
(1)

where the constant K refers to the cross-sectional geom-
etry of the mesh and amounts 0.4218 in case of a rect-
angular pipe (Bruus 2008), l is the diameter of the EPS
strand, DP is pressure drop across the EPS gel, A is the
total area of the compressed biofilm section considered,
d is the thickness of the biofilm considered, Vrel is the
volume fraction of EPS in the biofilm and is the viscosity
of water with or without dissolved EPS components.
Equation (1) implies that the volumetric flow at a given
pressure drop would scale with Vrel

�3/2. Accordingly, an
increase of the EPS content in a biofilm by a factor of
four due to compression under pressure, would lead to a
decrease of the volume flow of water by a factor of eight
which may severely impact vital transport processes in
the biofilm. Alternatively, Equation (1) also allows to pre-
dict the effect of biofilm compression on volumetric flow
within a biofilm. Scaling the biofilm thickness d by a fac-
tor of x, reflecting its compression, leads to a corre-
sponding change of the EPS volume fraction by a factor
of 1/x. If both variations enter Equation (1), this results in
a total variation of the volumetric flow by a factor of x1/2.
Accordingly, if the biofilm is compressed to one fourth

Figure 8. Schematic representation of the gel-like EPS matrix structure as existing in a compressed biofilm after exposure to
pressure. The matrix can be envisaged as a rectangular network of EPS strands and in each single mesh, a Hagen–Poiseuille flow
will develop (Vrouwenvelder et al. 2017). Adapted and reprinted with permission of the publisher, IWA publishing.
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of its original thickness, volumetric flow decreases by a
factor of two.

Experimental verification of the EPS gel structure
model has proven it to be reliable. In membrane filtra-
tion, the model showed that the resistance of a biofilm
under pressure against compression is largely due to the
EPS matrix and not to the bacterial cells in the biofilm
(Dreszer et al. 2013; Vrouwenvelder et al. 2017).
Interestingly, also the visco-elastic relaxation of bacterial
biofilms after pressure (see Figure 7(A)) depended critic-
ally on the presence of an EPS matrix. Rearrangement of
bacteria in a compressed biofilm after pressure relieve
could only be observed in biofilms of an EPS producing
P. aeruginosa strain but not in an isogenic mutant defi-
cient in production of EPS (Peterson et al. 2014). In an S.
aureus biofilm, production of polysaccharides per bacter-
ium in the initial layer of adhering staphylococci was
higher during growth at high shear than at low shear
and this increased EPS production extended to entire
biofilms. Compression of staphylococcal biofilms grown
under high fluid shear yielded an immediate increase in
FT Infra-red polysaccharide absorption band area that
decreased after relieving pressure to the level observed
prior to compression due to outflow and inflow of water,
respectively (Hou et al. 2018). Thus, EPS functions to
resist biofilm compression under pressure and also aids
to re-open channels in pores therewith safeguarding
transport through a biofilm.

Osmosis as a driving force for water flow in
a biofilm

Osmotic pressure differences in relation with the flow of
water in biofilms has not yet been frequently studied.
Biofilms can exist both at low (water) and high osmotic
pressure (high salt concentration, as in seawater). The
osmotic pressure in a biofilm is maintained by the matrix
and provides an important regulator in the response of a
biofilm to different environments, facilitating expansion or
relaxation of a biofilm by in- and out-flow of water
(Seminara 2012). This type of expansion is promoted by
growing bacteria creating the required osmotic pressure
difference when on a nutrient-rich surface facilitating
nutrient uptake (Yan et al. 2017). Although described for
Vibrio cholerae, it is suggested to be general in different
bacterial strains and species.

The roles of water-filled channels and pores
in biofilms

Water-filled channels and pores in biofilms have been
suggested to be part of a so-called “rudimentary

vascular system,” performing similar roles as the human
vascular system (Houry et al. 2012; Gerbersdorf and
Wieprecht 2015). In this section, we present examples
of the roles that water-filled channels and pores play in
diverse, selected biofilms justifying the expression
“rudimentary vascular system,” including options to cre-
ate artificial, additional channels as by-passes in the
rudimentary vascular system of infectious biofilms.

Transport and storage of nutrients and
waste products

Transport of nutrients and waste-products is of vital
importance for biofilm life. Biofilm formation starts with
the adhesion of single bacteria, often from a flowing,
nutrient-containing fluid. This implies ample nutrient
availability that reduces upon growth to a multi-layered
biofilm. Without specific structural features, nutrients
would not be available throughout an entire biofilm
which requires a smart design of the biofilm matrix.
Particularly channels in high-density clusters in biofilms
have been identified as functional for nutrient transport
and acquisition (Rooney et al. 2020), utilising osmotic-
ally driven biofilm expansion as a driving force for
water flow (Yan et al. 2017). Bacteria residing in deeper
layers of a biofilm usually receive less nutrients due to
the long distance from the biofilm surface that needs
to be bridged by channels and consumption of
nutrients on the way to the bottom (Seymour et al.
2004; Wilking et al. 2013). This is evidenced by the
observation that the percentage viable bacteria
decreases deeper inside a biofilm, as demonstrated in
biofilms of Staphylococcus aureus Xen29, S. aureus
Xen36, E. coli Xen14, P. aeruginosa PA14 and CNS
(coagulase negative staphylococcus) DN7334 (Sjollema
et al. 2011). In order to compensate as much as possible
for periods of nutrient deprivation, water-filled pores
serve for nutrient storage to feed bacteria deeply
located in biofilm clusters (Houry et al. 2012). In
Pseudomonas syringae biofilms, accumulation of
nutrients (levan) in storage pores has been observed
using CLSM (Laue et al. 2006). As a last resort solution,
when channels do not allow sufficient means for nutri-
ent transport and waste storage and pores insufficiently
dilute waste-products, dormancy may develop in
deeper layers of a biofilm.

Transport and accumulation of auto-inducers

Quorum-sensing (QS) is a mechanism by which bacteria
in a biofilm can communicate by diffusion of small mol-
ecules to regulate group response (Yang et al. 2010).
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Quorum-sensing is mediated by the excretion of auto-
inducers. Auto-inducers are small soluble molecules
that are transported in a biofilm through diffusion
(Abraham 2016) and when present above a so-called
threshold concentration, stimulate response in other
bacteria. “Calling” distances over which bacteria can
communicate through quorum-sensing have been
reported between 4 mm and 78 lm in P. putida biofilms,
as mediated by N-acylhomoserine lactone (Gantner
et al. 2006). Channels as defined in this review, are
imperative for quorum-sensing over long distances, as
diffusion in dense bacterial clusters is small and auto-
inducers accumulate in clusters (Darch et al. 2012).
Quorum sensing can be repressed in bacteria close to a
biofilm surface exposed to flow, but remained operative
near the bottom of a biofilm, where autoinducers
remained to be accumulated in high concentrations
(Kim et al. 2016). This suggests a role of near-surface
channels in making a biofilm accessible to convective
fluid flow and diffusion of auto-inducers to deeper
layers of a biofilm, while at the same time preventing
accumulation of autoinducers above their threshold
concentration at more shallow depths.

Evaporation of water from biofilms

One of the driving forces for convective fluid flow in
biofilm channels is the evaporation of water (Wilking
et al. 2013), that deprives a biofilm of an important
means for transport and storage. Upon evaporation, the
free water content decreases, as has been concluded
from decreases in infrared absorption bands around
3350 cm�1, indicative of the loss of free water in
Campylobacter jejuni biofilms (Feng et al. 2016). After
removal of free water, bound water may disappear
depending on temperature leading to increased
Lifshitz-Van der Waals binding (van Oss 2003) between
remaining EPS molecules. Similar as occurring within
hydrogels upon drying (Hobley et al. 2013; Decho
2017), this mechanism is responsible for outward curl-
ing of a so-called “biofilm-skin” that can be macroscop-
ically observed with the naked eye (Figure 9). The
biofilm skin retains the underlying water due to its
hydrophobicity and provides another kinetic barrier
against further loss of water and counts as one of the
natural protection mechanisms offered by the biofilm-
mode of growth for its inhabitants to survive dry condi-
tions. Simultaneously with the evaporation of water,
the ionic strength in the biofilm will increase which will
lead to a lack of electrostatic double-layer stabilisation,
that stimulates compression of biofilms (Decho 2017;
Decho and Gutierrez 2017). In environments with
extremely high salinities, this effect will be strongest
and lead to the formation of a hard “plastic-
like” biofilm.

Dewatering of sewage sludge

Sewage sludge is highly hydrated and an inevitable by-
product of biological wastewater treatment, containing
more than 92% water, various solids, and different bac-
terial strains (Anjum et al. 2016). Sewage sludge needs
to be dewatered in order to prepare the sludge for agri-
cultural application, deposition or incineration. Upon
dewatering, the sludge is aggregated into flocs, which
are then further condensed to a sludge cake (Cao et al.
2016) in which bacteria and solid waste are closely
associated in a biofilm-like manner. Filtration or centri-
fugation removes the water through channels during
sludge cake formation, aided by acidic or alkaline pre-
treatment, addition of flocculants, chemicals, enzymes,
electrochemical, microwave or ultrasonic treatment (Wu
et al. 2020; Wei et al. 2018). Such combined treatments
remove free water and in part also bound water
(Erdincler and Vesilind 2003). Channels collapse at
higher filtration or centrifugation pressures which can
be prevented by addition of e.g. lime or fly ash (Qi et al.

Figure 9. A macroscopically visible, curled up “biofilm-skin,”
developing in an environmental biofilm on the mortar of a
brick wall upon drying. The interaction between the EPS mol-
ecules and the sand grains in the mortar can become so
strong that during the curling process, grains are pulled out
of the mortar (Flemming 2008). Reproduced with permission
of the publisher, Springer Int. Berlin, Heidelberg, Germany.
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2011; Zhu et al. 2012). However, in practical operation
this has appeared difficult and current dewatering of
sludge must be improved in order to mitigate the high
energy demand and costs of sludge dewatering (Xu
et al. 2020). A detailed knowledge of water binding in
biofilms is crucial for further efforts in this direction.

Antimicrobial penetration and killing: impact of
water-filled channels and pores

The efficacy of antimicrobial treatment is known to be
hampered by poor penetration of antimicrobials into a
biofilm ever since Van Leeuwenhoek (1684) observed
that the vinegar with which he washed his teeth killed
only bacteria at the outside of a biofilm. Arguably,
breaking down the penetration barrier posed by the
biofilm-mode of growth of infectious biofilms, might be
a more effective way to contain the threat of antimicro-
bial resistant infections than the development of new
antibiotics, that are generally short-lived through the
development of new resistance (Liu et al. 2020).

Water plays a dual role in antimicrobial penetration
and killing in which particularly the distinction between
channels and pores is crucial. Limited antimicrobial
penetration into most naturally occurring biofilms is
due to lack of sufficiently wide channels (Houry et al.
2012) and antimicrobial adsorption to channel walls in
natural biofilms. This impedes the build-up of a high
antimicrobial concentration in the depth of a biofilm.
Although this would suggest that a biofilm with a
higher water content might be more amenable to anti-
microbial penetration and killing, this is only true for
water-filled channels. Stress relaxation analysis of sin-
gle-species oral biofilms grown in vitro actually demon-
strated that the efficacy of chlorhexidine killing

decreased with the importance of the fast relaxation
element, representing the ability of water to flow
through channels in and out of a biofilm. This conclu-
sion drawn from in vitro experiments with single spe-
cies oral biofilms, could be confirmed in multi-species
ex vivo oral biofilms (Stewart 2003). A high water con-
tent in biofilms due to water-filled pores decreased
antimicrobial killing, likely because water-filled pores
acted as a buffer pool, diluting the antimicrobial con-
centration to below its minimal bactericidal concentra-
tion (Stewart 2003).

Conclusions and outlook

Techniques to study water-filled regions in biofilms can
be separated in two classes of techniques that allow to
visualise structures in a biofilm that are subsequently
assumed to be water-filled, and techniques that yield
affirmative evidence of water presence in such struc-
tures. Especially Infra-red- and Nuclear Magnetic
Resonance-based techniques have proven useful for
affirmative demonstration of water presence and
allowed to distinguish free water and water bound to
bacterial cell surfaces or the EPS matrix of biofilms,
although the differentiation depends on the timeframe
of observation. Bound water adds to the barrier func-
tion of bacterial membranes and affects the adhesive-
ness of EPS. Water-filled regions predominantly contain
free water and either serve a transport function when
their length is much larger than their width (“channels”)
or serve to store e.g. nutrients and as a buffer to dilute
waste-products or antimicrobials when they possess
roughly equal length to width ratios (“pores”). Both
channels and pores perform functions that are vital to
biofilm inhabitants (Figure 10), which is the reason why

Figure 10. Schematics of water-filled channels and pores in a biofilm as self-engineered by bacterial swimmers, dispersion and
lysis, together with their respective transport and storage functions and mass transport mechanisms. Note, channels by its pro-
posed definition always connect two places in a biofilm or allow access to the biofilm, while pores are isolated and confined,
without a connection to other places in the biofilm. Artificially created by-passes enhanced transport to allow e.g. deeper pene-
tration of antimicrobials for the control of infectious biofilms or to increase the yield of electroactive biofilms.
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bacteria have the ability to self-engineer channels and
pores through swimming, dispersion, lytic self-sacrifice
or adaptive responses. Natural, self-engineered chan-
nels are often transient and convective fluid flow in
absence of an applied pressure on the biofilm is low.
Therefore, most transport in biofilms is due to relatively
slow diffusion, hampered by cargo adsorption to chan-
nel walls.

Based on the insights provided into the formation of
biofilm channels and pores, their vital roles in transport
and storage within a biofilm, new strategies to enhance
the yield of bioreactors or susceptibility of infectious
biofilms to antimicrobials can be developed. Non-con-
tact, sonic-brushing of oral biofilms has been demon-
strated to affect the visco-elastic properties of biofilm
and therewith its structural features to enhance killing
by penetrating antimicrobials (He et al. 2014). Inspired
by ability of swimming bacteria to create biofilm chan-
nels, creation of by-pass channels has been explored as
a new antimicrobial strategy to add channels to S. aur-
eus biofilms (Figure 4) in addition to naturally occurring
channels to make the biofilm more amenable to anti-
biotic penetration (Houry et al. 2012). As a synthetic
analogue, magnetic iron oxide nanoparticles have been
moved under an applied, external magnetic field
through S. aureus biofilms to create additional, artificial
channels that enhanced antibiotic penetration and bac-
terial killing (Quan et al. 2019). The artificial channels
created by magnetic nanoparticles were around 100 nm
in width, which is much smaller than microbially-engi-
neered channels formed by bacterial swimmers (see
Figure 4). By-pass channels artificially engineered using
magnetic nanoparticles were stable over a time-scale of
at least 1–3 h and less susceptible to visco-elastic col-
lapse probably as a result of their smaller width.
Channel formation in biofilms by magnetic nanopar-
ticles as an anti-biofilm strategy to control human infec-
tion, is preferable above microbial-engineering of
channels, as this would involve adding another bacter-
ial strain to an already infected patient. In electroactive
biofilms (Jones and Buie 2019), additional, artificially-
engineered channels may increase bacterial metabolism
and therewith electric current production. Controlling
of the adaptive response of adhering bacteria to influ-
ence the structural features of biofilms has not been
explored to our knowledge, in absence of solid know-
ledge of the properties of a substratum surface that
control the adaptive response of initial colonisers of a
surface (Ren et al. 2018). The adhesion forces experi-
enced from a substratum surface by initially adhering
bacteria have been suggested as a candidate trigger for
adaptive responses (Carniello et al. 2018) and further

research on the influence of adhesion forces on the for-
mation of channels and pores in biofilms
seems warranted.
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