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Introduction on Monooxygenases 

1.1   Abstract 
Monooxygenases are enzymes that catalyze the insertion of a single oxygen atom 
from O2 into an organic substrate. In order to carry out this type of reaction, these 
enzymes need to activate molecular oxygen to overcome its spin-forbidden reaction 
with the organic substrate. In most cases, monooxygenases utilize (in)organic 
cofactors to transfer electrons to molecular oxygen for its activation. In this 
chapter, a general overview of known monooxygenases is presented, based on the 
type of cofactor that is required. As most of these monooxygenases require 
nicotinamide coenzymes as electron donors, also an overview of current methods 
for coenzyme regeneration is given. This latter overview is of relevance for the 
biotechnological applications of these enzymes.  

1.2   Oxidative enzymes 
Biochemical reactions in which electrons are transferred from one molecule to 
another are catalyzed by a wide variety of enzymes, referred to as oxidoreductases 
or redox enzymes (EC 1.x.x.x).[1] In order to perform these reactions, 
oxidoreductases often utilize (in)organic cofactors (Figure 1.1). However, redox 
reactions can also be catalyzed by enzymes that do not require any additional 
cofactors. These cofactor-independent oxidoreductases typically contain several 
aromatic residues in their active site in order to be catalytically active.[2-5] 

The majority of oxidoreductases require cofactors such as flavins, metal-ions, 
hemes and pyrroloquinoline quinone (PQQ) for their catalytic activity.[6,7] The 
binding of these cofactors to the enzymes is usually tight, with affinities in the nM 
range. Some oxidoreductases even bind their cofactors covalently. For instance, the 
recently elucidated crystal structure of a glucooligosaccharide oxidase (GOOX) 
from Acremonium strictum revealed that its FAD cofactor is bicovalently bound to 
a cysteine and a histidine residue.[8] When cofactors are tightly or covalently bound 
to the enzyme, they can be considered as a prosthetic group, i.e. they form a 
permanent part of the enzyme structure. On the other hand, cofactors that bind with 
a lower affinity can be regarded as substrates and they often shuttle between 
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different enzymes (e.g. NADH or coenzyme A). These cofactors are referred to as 
coenzymes.  
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Figure 1.1 Examples of cofactors utilized by oxidoreductases. 

Based on the type of reaction they catalyze, oxidoreductases have been divided into 
22 different EC-subclasses. A more general classification was proposed by Xu,[7] in 
which these enzymes were divided into four subgroups; (i) oxidases, (ii) 
peroxidases, (iii) oxygenases/hydroxylases and (iv) dehydrogenases/reductases. 
Oxygenases and hydroxylases catalyze the insertion of oxygen atom(s) into an 
organic substrate, using molecular oxygen (O2) as oxygen donor.  This subgroup 
consists of two types: enzymes that catalyze the insertion of a single oxygen atom, 
monooxygenases/-hydroxylases, and enzymes that catalyze the insertion of both 
oxygen atoms, dioxygenases/-hydroxylases. This eventually results in the 
oxygenation or hydroxylation of the organic substrate. Examples of enzymes 
belonging to these two types are styrene monooxygenase and 2-nitropropane 
dioxygenase from Neurospora crassa (Figure 1.2).[9-11] No distinction can be made 
between these two types of oxygenases based on their cofactor requirement, as 
both styrene monooxygenase and 2-nitropropane dioxygenase require a flavin 
cofactor for their catalytic activity.  

Reactions in which organic compounds are oxygenated or hydroxylated are of 
great value for organic synthesis. However, selective oxyfunctionalization of 
organic substrates can be a significant problem in organic synthesis. These 
reactions are often carried out with strong oxidizing agents and they also occur 



 

 

  9 
 
 
 
 
 
 
 
 
 

Introduction on Monooxygenases 

with little chemo-, regio- and enantioselectivity.[12] A way to deal with these 
problems is to utilize oxygenases instead. Under environmentally friendly 
conditions (e.g. moderate pH and temperature, aqueous solvent), these enzymes 
catalyze a selective oxyfunctionalization of organic substrates. For example, the 
above mentioned styrene monooxygenase was shown to enantioselectively catalyze 
the epoxidation of styrene derivatives, yielding the corresponding (S)-epoxides 
with > 99 % e.e.[9,10] In consequence of an increase in the availability of enzymes 
that can perform selective oxygenations, industries are showing more and more 
interest in oxidative biocatalysts. 

 

Figure 1.2 Examples of reactions catalyzed by (A) styrene monooxygenase and (B) 
2-nitropropane dioxygenase.[9-11]  

Dioxygenases catalyze various interesting oxidation reactions and in the last few 
decades many studies have been performed on this type of oxygenases.[13] 
However, this chapter will focus on enzymes that catalyze the insertion of only one 
oxygen atom, the monooxygenases. Additionally, an overview of current methods 
for nicotinamide coenzyme regeneration is presented, as most of these 
monooxygenases are dependent on NAD(P)H for their catalytic activity. 

1.3   Monooxygenases 
As mentioned above, monooxygenases (EC 1.13.x.x and EC 1.14.x.x) catalyze the 
insertion of one oxygen atom into an organic substrate. In order to perform this 
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reaction monooxygenases have to activate molecular oxygen, as no reaction will 
occur without activation due to the spin-state of O2. This activation occurs upon 
donation of electrons to molecular oxygen, after which oxygenation of the organic 
substrate can occur. The type of reactive oxygen-intermediate that is formed 
depends on which cofactor is present in the monooxygenase. In some cases no 
cofactor is even present. Internal monooxygenases obtain these electrons from the 
substrate itself, whereas external monooxygenases are dependent on external 
electron donors, e.g. coenzyme NAD(P)H. In the following paragraphs, the 
different families of monooxygenases will be discussed based on the type of 
cofactor they require for catalysis.   

1.3.1   Heme-dependent monooxygenases 
Heme-dependent monooxygenases, also referred to as cytochrome P450 
monooxygenases or CYPs (EC 1.14.13.x, EC 1.14.14.x and EC 1.14.15.x) can be 
found in many life forms: eukaryotes (mammals, plants and fungi) and bacteria 
express a wide variety of these enzymes.[14] CYPs are most abundant in eukaryotes. 
They are b-type heme-dependent external monooxygenases and they owe their 
name to the intense light absorption at 450 nm of the reduced CO-bound heme-
complex. This high absorption is used to estimate the concentration of the 
monooxygenase.[15] 

Although the sequence identity between the various CYPs can be quite low, they 
all share a similar structural fold with a highly conserved central core.[16] The active 
site of CYPs, i.e. the heme b cofactor and the surrounding residues, is buried deep 
inside the enzymes.[17] Mild acid treatment of these monooxygenases has indicated 
that the heme cofactor is bound by electrostatic and hydrogen bond interactions,[15] 
rather than by covalent attachment as in the case of c-type cytochromes (see 
above). However, some recent studies have revealed that members of the CYP4 
subfamily of mammalian P450 monooxygenases contain a covalently bound heme 
b group, attached via an ester bond.[18] In all CYPs, a strictly conserved cysteine is 
found in the active site that acts as the fifth ligand of the heme-iron centre, thereby 
activating the metal complex (see Figure 1.3).[16]  

CYPs catalyze a wide variety of oxidations. Besides epoxidations and 
hydroxylations, these monooxygenases are also able to perform heteroatom-
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dealkylations and -oxidations, oxidative deaminations, dehalogenations, 
dehydrogenations, dehydratations and reductions.[19] In order to catalyze these 
reactions, CYP enzymes require electrons for activation of O2 by the heme b 
prosthetic group. These electrons are typically obtained from the coenzymes 
NADH or NADPH, but the transfer mechanism of the electrons to the heme 
cofactor varies. Depending on their electron transport system, at least three 
different cytochrome P450 systems can be defined: mitochondrial, bacterial and 
microsomal CYPs.[20] The latter system is membrane bound and requires a 
cytochrome P450 reductase. Mitochondrial CYPs are also membrane-associated 
but require instead a ferrodoxin/ferrodoxin reductase (Fd/FdR) system. On the 
contrary, bacterial CYPs often are soluble Fd/FdR-dependent enzymes.  

The chemistry of these monooxygenases and their mechanism of action has been 
studied extensively (Figure 1.3).[21] In the first step the organic substrate (XH) 
binds to the enzyme, followed by the transfer of one electron to the heme-iron and 
thereby reducing it from FeIII to FeII. Subsequently, binding of molecular oxygen 
results in an oxy-P450 complex. This complex is reduced by the second electron 
and after a double protonation at the distal oxygen, the O−O bond is cleaved 
resulting in the reactive enzyme intermediate. This intermediate is able to insert the 
oxygen atom into the organic substrate and form a product-enzyme complex. 
Release of the products results in the resting state enzyme with a water molecule 
bound as a sixth ligand of the heme. A conserved cysteine acts as a fifth ligand and 
is required for activity. In addition to the productive catalytic cycle, various 
enzyme oxy-intermediates are known to decay to an oxidized state yielding for 
example H2O2 as side-product. These unproductive reactions are also referred to as 
uncoupling reactions.  

Various cytochrome P450 monooxygenases and their corresponding electron 
transfer proteins have been overexpressed in Escherichia coli and various 
yeasts.[22-27] Overproduction of these monooxygenases in recombinant hosts has 
facilitated the application of CYPs in biotechnological processes. For instance, it 
has been demonstrated for CYP102 from Bacillus megaterium that this 
monooxygenase is able to hydroxylate a variety of alkanes, fatty acids and 
aromatic compounds.[28] By using E. coli whole cells for the biotransformation of 
fatty acids, the addition of the expensive NADPH coenzyme was avoided.[29] 
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Another example is the use of four CYPs for the biosynthesis of hydrocortisone in 
an engineered Saccharomyces cerevisiae strain. By this method, hydrocortisone (an 
important intermediate in the synthesis of a steroidal drug) can be produced from a 
simple carbon source.[30] Although so far no biotechnological process using 
recombinant cytochrome P450 monooxygenases has been introduced, the latter 
example is being considered for commercialization by Sanofi-Aventis Co.[20]  

 

Figure 1.3 Proposed catalytic cycle of cytochrome P450 monooxygenases.[21]  

1.3.2   Flavin-dependent monooxygenases 
In contrast to CYPs, genes encoding flavin-dependent monooxygenases appear to 
be relatively abundant in prokaryotic genomes. Still, some eukaryotes have been 
shown to contain many of these genes (e.g. the genome of Arabidopsis thaliana 
contains 29 gene homologs of so-called flavin-containing monooxygenases).[31] 
The flavins utilized by these enzymes are either FMN or FAD (for their structural 
properties see Figure 1.1) and are either bound tightly to the enzyme (prosthetic 
group) or function as a substrate (coenzyme).[32]  Flavin-dependent mono-
oxygenases should not be confused with the above-mentioned flavin-containing 
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monooxygenases (FMOs), which are members of a subclass of flavin-dependent 
monooxygenase (see below).[33] Thus far, no evidence has been found that 
flavoprotein monooxygenases bind the flavin cofactor in a covalently manner. 
Although some internal flavin-dependent monooxygenases (EC 1.13.12.x) have 
been identified, most of these enzymes are external monooxygenases (EC 
1.14.13.x) and require NAD(P)H as auxiliary coenzyme.[32] 

 

Figure 1.4 Proposed catalytic cycle of flavin-dependent monooxygenases.[32]  

Flavin-dependent monooxygenases are able to catalyze various reactions, for 
example epoxidations, Baeyer-Villiger oxidations and halogenations. Recently, the 
first example of a flavoprotein monooxygenase that is able to hydroxylate an 
inactivated alkane was reported.[34] In order to perform these reactions, flavin-
dependent monooxygenases generate a reactive intermediate by forming a covalent 
bond between molecular oxygen and the C4a of the flavin.[35] Depending on its 
protonation state, this intermediate is suggested to lead to either nucleophilic or 
electrophilic oxygenations (Figure 1.4). Although this intermediate is well-
stabilized within the enzyme,[36] it will decay to the oxidized flavin in the absence 
of an appropriate organic substrate or halide, yielding hydrogen peroxide (H2O2) as 
product. The so-called C4a-(hydro)peroxyflavin intermediate is formed upon 
reduction of the flavin by NAD(P)H and the subsequent reaction with molecular 
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oxygen. After monooxygenation of the substrate, the formed C4a-hydroxyflavin 
decays and yields the oxidized flavin with H2O as side-product.[37] 

Based on their amino acid sequence similarity and the available structural data, the 
external flavin-dependent monooxygenases were recently classified into six 
subclasses (Table 1.1).[32] All these monooxygenases were found to be FAD-
dependent, with exception of the members belonging to subclass C. These latter 
FMN-dependent monooxygenases consist of one or two monooxygenase subunits 
and a reductase subunit. The reductase provides the monooxygenases with reduced 
FMN. Examples of flavoprotein monooxygenases belonging to this subclass are 
luciferases,[38,39] which emit light upon oxidation of long-chain aliphatic aldehydes 
and so-called Type II Baeyer-Villiger monooxygenases (BVMOs).[40,41] Flavin-
dependent monooxygenases belonging to subclasses D, E and F also consist of two 
subunits, in which the reductase provides reduced FAD (FADH2) to the 
monooxygenase. The main difference between these three subclasses of FAD-
dependent monooxygenases is the type of reaction they catalyze. Subclass D 
monooxygenases catalyze the oxygenation on an aromatic ring, whereas the other 
two subclasses catalyze epoxidation and halogenation reactions, respectively. 
Members of these subclasses are shown in Table 1.1.[9,42,43] 

Table 1.1 Classification of external flavin-dependent monooxygenases.[32] 

Subclass Prototype Reactions [a] Subunits Cofactor Coenzyme 

A p-hydroxybenzoate 
hydroxylase 

hydroxylation, 
epoxidation α FAD NAD(P)H 

B cyclohexanone 
monooxygenase 

Baeyer-Villiger,  
N-oxidation α FAD NADPH 

C Luciferase light emission,  
Baeyer-Villiger α + β - FMN / 

NAD(P)H 

D p-hydroxyphenyl-
acetate hydroxylase hydroxylation α + β - FAD / 

NAD(P)H 

E styrene 
monooxygenase epoxidation α + β - FAD / 

NAD(P)H 

F tryptophan 7-
halogenase halogenation α + β - FAD / 

NAD(P)H 
[a] The most commonly found in vivo oxidation activities are given.  
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Single component flavin-dependent monooxygenases (subclass A and B) combine 
flavin reduction and monooxygenation in one polypeptide chain. They only use 
FAD as prosthetic group and mainly NADPH as electron donor, although examples 
are known that require NADH (e.g. salicylate 1-monooxygenase).[44] The main 
differences between the two subclasses are that all known members of subclass B 
are strictly NADPH dependent, structurally composed of two dinucleotide binding 
domains (for FAD and NADPH) and have NADP+ bound throughout the catalytic 
cycle. Subclass A monooxygenases are NADH/NADPH dependent, have only one 
dinucleotide binding domain and release NADP+ directly after reduction of FAD. 
Well-studied examples of enzymes belonging to subclass A are p-hydroxybenzoate 
hydroxylase (PHBH) and squalene monooxygenase.[45,46] The earlier mentioned 
flavin-containing monooxygenases (FMOs) belong to subclass B,[33] together with 
N-hydroxylating monooxygenases (NMOs) and the Type I BVMOs (see 
Chapter 2).[47]  

Little information can be found in the literature about internal flavin-dependent 
monooxygenases. In fact, only one example has been reported so far, i.e. an FMN-
dependent lactate monooxygenase from Mycobacterium phlei. This coenzyme-
independent enzyme utilizes lactate reduce the FMN cofactor and yields pyruvate, 
which is subsequently oxidized by the generated C4a-peroxyflavin to acetate and 
CO2.[48] The fact that so far only one internal flavin-dependent monooxygenase has 
been found, indicates that these enzymes are rare in nature.  

Throughout the years, many studies on possible biocatalytic applications of flavin-
dependent monooxygenases have been performed. Reasons for this interest are not 
only the frequently observed high chemo-, regio- and enantioselectivity of these 
enzymes but also their availability, as many of these enzymes are of bacterial 
origin and thus easily overexpressed in recombinant hosts. In addition, most of 
these monooxygenases are not membrane-associated which makes them interesting 
candidates for applications requiring isolated enzyme(s). An example of a flavin-
dependent monooxygenase with interesting biocatalytic properties is styrene 
monooxygenase (StyA) from Pseudomonas sp. VLB120.[9]  This subclass E 
flavoprotein monooxygenase catalyzes the enantioselective oxidation of styrene 
derivatives yielding their corresponding (S)-oxides.[49] Using E. coli cells that 
overexpress StyA and the reductase component StyB, the enantioselective 
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conversion of styrene was successfully up-scaled to 30 L in a two-liquid phase 
system, yielding approximately 400 g (S)-styrene oxide (39 % isolated product 
yield).[50] Other examples of interesting monooxygenases include hydroxybiphenyl-
3-monooxygenase from Pseudomonas azelaica HBP,[51,52] which catalyzes the 
hydroxylation of 2-substituted phenols, yielding 3-substituted catechols. Such 
hydroxylation reactions are difficult to achieve using traditional chemical 
approaches. Furthermore, Type I Baeyer-Villiger monooxygenases have been 
shown to display interesting biocatalytic properties. This latter family of flavin-
dependent monooxygenases will be discussed in more detail in the following 
chapters. 

1.3.3   Copper-dependent monooxygenases 
Copper-dependent monooxygenases (EC 1.14.17.x) constitute a relatively small 
family of enzymes that require copper ions for hydroxylation of their substrates. 
Enzymes belonging to this family have mainly been found in eukaryotic organisms. 
The best-studied member of this family is dopamine β-monooxygenase (DβM), an 
enzyme that hydroxylates the β-carbon of dopamine at the expense of one 
equivalent of molecular oxygen and two equivalents of ascorbate, thereby yielding 
norepinephrine as main product.[53] In Drosophila melanogaster the oxidation of 
dopamine is carried out by tyramine β-monooxygenase (TβM).[54] In both the 
human and Drosophila melanogaster genome, three genes encoding copper-
dependent monooxygenases have been identified. The catalytic core of these 
enzymes shares a high sequence identity (> 28 %) with human DβM. Besides DβM 
or TβM, these organisms contain a peptidylglycine α-hydroxylating 
monooxygenase (PHM) and a monooxygenase X (MOX).[55] The latter 
monooxygenase was identified for the first time during a search for genes whose 
expression is altered in senescent human fibroblasts.[56] Homologs of this enzyme 
have also been found in the chicken genome.[57] However, no physiological 
substrate was identified so far for MOX and its homologs. Furthermore, copper-
dependent monooxygenases have been identified that do not require ascorbate as 
coenzyme. An example of these monooxygenases is the membrane-associated 
methane monooxygenase (pMMO) from Methylococcus capsulatus. It has been 
reported that this enzyme contains up to 20 copper ions per heterotrimer, in which 
the ions are involved in either activation of molecular oxygen or electron 
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transfer.[58,59] These monooxygenases are found in methanotrophs, which are 
bacteria that aerobically grow on methane, using it as sole source of carbon and 
energy. Another suggested member of this family is the membrane-associated 
ammonia monooxygenase (AMO). However, not many studies have been 
performed on this type of enzymes.[60] 

Although DβM is the best-studied member of the copper-dependent 
monooxygenases, no crystal structure of this enzyme is available yet. Fortunately, 
the crystal structure of a sequence-related monooxygenase, PHM, has been 
solved.[61] In nature, this enzyme has a peptidyl-α-hydroxyglycine α-amidating 
lyase (PAL) covalently attached to its C-terminus, resulting in the bifunctional 
peptidylglycine α-amidating monooxygenase (PAM). PHM contains two copper 
ions in its active site, which are not linked by any bridging ligands. Kinetic studies 
performed on this monooxygenase have elucidated the mechanism of action of this 
monooxygenase.[62-64] The monooxygenase utilizes two ascorbate molecules to 
reduce both copper cofactors from Cu2+ to Cu+. Thereafter, the enzyme binds the 
organic substrate and the reduced copper ion reacts with molecular oxygen to form 
a copper-peroxide.[65,66] This reactive intermediate then oxygenates the substrate, 
yielding water and the hydroxylated substrate (Figure 1.5). In vitro, pMMO has 
been found to use other coenzymes such as NADH or duroquinone as electron 
donor. However, no in vivo reductant has been identified yet for this 
monooxygenase.[67]  

Another copper-dependent monooxygenase is tyrosinase (EC 1.14.18.1). This 
enzyme contains a magnetically coupled dinuclear copper reaction centre, where 
each copper ion is ligated by three histidine residues. In contrast to the above 
mentioned copper-dependent monooxygenases, tyrosinase is proposed to give a (µ-
η2:η2-peroxo)dicopper(II) complex as common active-oxygen intermediate in 
which molecular oxygen is bound to each copper ion (comparable to species Q in 
Figure 1.6)[68]  

Unfortunately, very little is known about the biocatalytic potential of copper-
dependent monooxygenases. Thus far, no examples of overexpression of these 
enzymes in recombinant hosts such as E. coli or S. cerevisiae can be found in 
literature.  
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Figure 1.5 Proposed catalytic cycle of peptidylglycine α-hydroxylating monooxygenase 
(PHM).[63] This mechanism can be used as a model catalytic cycle for copper-dependent 
monooxygenases  

1.3.4   Non-heme iron-dependent monooxygenases 
Non-heme iron-dependent monooxygenases utilize two iron atoms as cofactor for 
their oxidative activity. These diiron-dependent enzymes are also referred to as 
bacterial multi-component monooxygenases (BMMs) and they consist of three 
components; a hydroxylase, a reductase and a small regulatory protein. As already 
indicated by their name, these enzymes hydroxylate organic compounds.[69] The 
best-characterized member of this family is the soluble methane monooxygenase 
(sMMO) from Methylococcus capsulatus.[67] The hydroxylase component consists 
of three different subunits in a α2β2γ2 configuration and it has been found to be 
active with a wide variety of hydrocarbons.[70] Other members of this family 
include toluene 4-monooxygenase, phenol hydroxylase and alkane ω-
monooxygenase. As confirmed by the crystal structures of sMMO and phenol 
hydroxylase from Pseudomonas sp. OX1, the active site iron-atoms in this family 
of monooxygenases are coordinated by four glutamate and two histidine residues. 
The octahedral coordination of the iron-atoms is completed by solvent-derived 
water and hydroxide ions.[71,72] Kinetic and spectrophotometric studies on sMMO 
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have revealed that molecular oxygen is activated by the active site iron-atoms, 
yielding a reactive diiron(IV)-bis-µ-oxo intermediate (species Q, Figure 1.6). The 
bound substrate is subsequently hydroxylated by this intermediate, yielding the 
product and reoxidized enzyme.[73] As can be seen in Figure 1.6, the reactive 
intermediate resembles that of the copper-dependent tyrosinase (see previous 
paragraph), indicating a similar mechanism of action. However, it has also been 
suggested that the precursor of the diiron(IV)-bis-µ-oxo intermediate, the 
diiron(III) peroxo-intermediate, is also capable to hydroxylate certain substrates.[74] 
Recently, it was shown that toluene monooxygenase hydroxylates phenol via this 
intermediate.[75]    

 

Figure 1.6 Proposed catalytic cycle of non-heme iron-dependent monooxygenases.[74]  

Although attempts have been made to overexpress sMMO in various recombinant 
hosts such as E. coli, Pseudomonas putida F1, Agrobacterium tumefaciens and 
Rhizobium meliloti, little progress has been made. Thus far, overexpression of 
active sMMO has only been successful in a sMMO-minus mutant of Methylosinus 
trichosporium OB3b.[67] On the other hand, alkane ω-hydroxylase and toluene 4-
monooxygenase have been successfully overexpressed in E. coli and their reaction 
mechanisms have been studied in whole cells.[76] However, so far no biocatalytic 
studies have been performed on these non-heme iron-dependent monooxygenases.  
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1.3.5   Pterin-dependent monooxygenases 
Another family of monooxygenases are the pterin-dependent monooxygenases (EC 
1.14.16.x). These enzymes are known to hydroxylate the amino acids 
phenylalanine, tyrosine and tryptophan at their aromatic ring. Although some of 
these enzymes are found in bacteria, they are mainly from eukaryotic origin. These 
monooxygenases bind one iron atom in their active site with two histidines and a 
glutamate and utilize tetrahydrobiopterin (BH4) as coenzyme. Upon hydroxylation 
of the substrate, this coenzyme is converted to 4α-hydroxybiopterin which after 
dehydration forms quinonoid dihydrobiopterin. In vivo, a NAD(P)H-dependent 
dihydropteridine reductase recycles this latter product to BH4.[77] One of the best-
studied members of this monooxygenase-family is phenylalanine 4-
monooxygenase (PheH, EC 1.14.16.1). Other members are anthranilate 3-mono-
oxygenase,[78] tyrosine 3-monooxygenase and glyceryl ethyl monooxygenase. In 
contrast to the other members of this family, the latter enzyme acts on aliphatic 
substrates.[79]  

 

Figure 1.7 Proposed catalytic cycle of pterin-dependent monooxygenases.[80]  
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Kinetic studies on these monooxygenases have shown that the coenzyme BH4 is 
required for reduction of the bound FeIII (ferric) to FeII (ferrous). However, during 
catalysis no accumulation of the ferric enzyme has been observed. Therefore, the 
ferrous enzyme is considered to be the resting form in absence of substrates. In this 
state, the enzyme is proposed to bind molecular oxygen in its active site. It has 
been suggested that O2 is activated by both the ferrous-ion and the bound reduced 
tetrahydrobiopterin, after which the side-product 4α-hydroxybiopterin is formed 
and the reactive FeIVO-intermediate. This intermediate then hydroxylates the 
substrate, yielding the product and ferrous enzyme (Figure 1.7). However, it is 
important to note that the existence of the reactive intermediates has not been 
confirmed yet.[80] 

As for copper- and non-heme iron-dependent monooxygenases, no biocatalytic 
studies have been performed with these pterin-dependent enzymes. A major hurdle 
is the regeneration of coenzyme BH4. A possible approach would be the 
implementation of a second enzyme, dihydropteridine reductase. By performing 
biotransformations using whole-cells, like for styrene monooxygenase (see above), 
interesting hydroxylations could be carried out. However, little is known about the 
expression of these enzymes in recombinant hosts. 

1.3.6   Other cofactor-dependent monooxygenases 
In 2005, a methyltransferase homolog was found to hydroxylate the C-10 carbon 
atom of 15-demethoxy-ε-rhodomycin. This aclacinomycin 10-hydroxylase from 
Streptomyces purpurascens was found to insert an oxygen atom from molecular 
oxygen in the substrate. Surprisingly, this enzyme required S-adenosyl-L-
methionine as cofactor.[81,82] It is proposed that the positive charge of the cofactor 
facilitates the delocalization of electrons upon decarboxylation of the substrate. 
Thereafter, molecular oxygen is activated by the substrate yielding a 
hydroxyperoxide intermediate. Thus far, this is the only monooxygenase that has 
been identified which does not belong to one of the previously mentioned 
monooxygenase-families. Furthermore, its finding suggests that other, yet 
unidentified monooxygenases may exists that require other cofactors than those 
mentioned in this paragraph.  
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1.3.7   Cofactor-independent monooxygenases 
The majority of monooxygenases requires an organic or metallic cofactor for their 
catalytic activity. However, several monooxygenases have been found that do not 
require any cofactors. In 1993, tetracenomycin F1 monooxygenase (TcmH) from 
Streptomyces glauscens was purified and characterized. This enzyme was shown to 
be an internal cofactor-independent monooxygenase, as it required only molecular 
oxygen for its activity and utilized the substrate as reducing agent. Furthermore, 
inhibition studies suggested that sulfhydryl groups and histidine residues were 
essential for its oxidative activity.[83] The finding of new members of this 
monooxygenase-family showed that many of these enzymes are mainly present in 
streptomycetes. For example, ActVA-orf6 from Streptomyces coelicolor A3(2) is a 
monooxygenase that is thought to catalyze the formation of dihydrokalafungin, an 
actinorhodin precursor.[3] An exception to these findings is a recently identified 
quinol monooxynase (YgiN) from Escherichia coli.[84] In these microorganisms the 
cofactor-independent enzymes appear to be involved in the biosynthesis of 
polyketide antibiotics, such as the antitumor antibiotic tetracenomycin C. Another 
role was suggested for a hypothetical monooxygenase from Mycobacterium 
tuberculosis which has a similar crystal structure as ActVA-orf6. This protein is 
suggested to neutralize reactive oxygen and nitrogen species, which are generated 
by host cells that are attacked by M. tuberculosis.[85]  

With the identification of new members of the cofactor-independent 
monooxygenase family, various studies were performed in order to understand how 
these monooxygenases carry out their oxidative reactions in the absence cofactors. 
This resulted in the dismissal of the suggestion that sulfhydryl groups were 
important for catalysis. In addition, a conserved histidine was not always found to 
be crucial for activity.[86] X-ray analysis of ActVA-orf6 suggested that four 
residues might be involved in substrate binding or catalysis. Of these residues, only 
one was found to be conserved in the X-ray structure of YgiN and in other 
cofactor-independent monooxygenases, i.e. W66 in ActVA-orf6. This tryptophan is 
generally considered to be an important residue in the formation and stabilization 
of radical enzyme intermediates.[84] According to the proposed mechanism, this 
intermediate is generated upon transfer of a proton and an electron from the 
substrate to the enzyme, yielding a substrate radical. Subsequently, the enzyme 
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activates the bound molecular oxygen, resulting in a peroxy-substrate. Ultimately, 
rearrangement of this intermediate yields the oxygenated product and water (Figure 
1.8).[3] 

In theory, internal cofactor-independent monooxygenases are interesting enzymes 
for biotechnological applications as they do not require (expensive) 
cofactors/coenzymes. However, these monooxygenases seem to be restricted in 
substrate scope. This is indicated by the proposed catalytic mechanism of these 
enzymes; in contrast to other monooxygenases, molecular oxygen is activated by 
the substrate, after which oxygenation occurs. This suggests that the nature of the 
substrate is important for the catalytic activity of these monooxygenases. This can 
be seen in the fact that the substrate acceptance of these enzymes is very restricted, 
i.e. thus far only quinone derivatives have been reported to be converted by internal 
cofactor-independent monooxygenases. Unfortunately, this restricted substrate 
acceptance limits the applicability of these monooxygenases in biocatalysis.  

 

Figure 1.8 Simplified proposed reaction mechanism of cofactor-independent 
monooxygenases acting on quinones. The putative residue involved in formation and 
stabilization of radical enzyme intermediate is indicated by ~aa.[3] 
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1.4   Regeneration of nicotinamide coenzymes 
As described in previous paragraphs, most monooxygenases require electrons to 
activate molecular oxygen through their cofactor. In most cases electrons are 
provided by nicotinamide coenzymes in a direct or indirect manner. For example, 
flavin-containing monooxygenases (FMOs) directly transfer electrons from 
NADPH to the flavin cofactor, whereas pterin-dependent monooxygenases transfer 
electrons from NAD(P)H via tetrahydrobiopterin to the iron atom. When 
considering applying these enzymes in biotechnological processes, one should keep 
in mind that one molecule of NADH or NADPH is required for the biooxidation of 
each substrate molecule. Unfortunately, this has a major impact on the production 
costs, due to the expensive nature of these compounds.[87] However, various 
approaches are known that avoid the use of stoichiometric amounts of nicotinamide 
coenzymes, mainly by regenerating these biomolecules.  

One approach is the direct electrochemical regeneration of monooxygenases. In 
such approach the active site(s) of the enzyme is directly reduced by electrons 
provided by e.g. glassy carbon or gold electrodes. Another strategy is to reverse the 
uncoupling reaction that is present in the catalytic cycle of some monooxygenases 
and use hydrogen peroxide to yield the oxidative enzyme intermediate.[88] Such an 
approach has been shown to work for a member of the CYP family and soluble 
methane monooxygenase.[89] By these approaches, nicotinamide coenzymes can be 
omitted from the reaction. However, in some monooxygenases these coenzymes 
partly determine the structure of the active site and their absence can result in a 
decrease in efficiency of the biooxidation and a lower enzyme stability.[90-93] These 
approaches of enzyme regeneration might work for individual cases, however it 
can not be applied as a general method for all NAD(P)H-dependent 
monooxygenases.  

Another, more universal approach is the regeneration of NAD(P)H. In the next 
paragraphs, various techniques will be discussed in which these coenzymes are 
regenerated.  
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1.4.1   Chemical regeneration  
As mentioned above, regeneration of nicotinamide coenzymes is required for 
monooxygenase-based biotechnological processes. However, this is only the case if 
the regeneration method employed is not costly, i.e. cheap sacrificial substrates can 
be used, preferably no formation of by-products should occur to avoid additional 
purification steps, easy in application and the method should not interfere with 
activity and selectivity. A well-studied catalyst in the regeneration of nicotinamide 
coenzymes is the rhodium-complex [Cp*Rh(bpy)(H2O)]2+.[94] In addition to its 
application in chemical regeneration, this inorganic catalyst can also be used for 
electro- and photochemical regeneration of NAD(P)H (see below). 

Application of [Cp*Rh(bpy)(H2O)]2+ for the chemical regeneration of nicotinamide 
coenzymes can be coupled to the use of formate as cheap substrate. Upon oxidation 
of this compound to carbon dioxide, electrons are transferred by the catalyst to 
NAD(P)+ thereby reducing the coenzyme. A benefit of this reaction is that the by-
product is a volatile gas and is easily removed from the reaction. In addition, 
alcohols may also serve as electron donors. However, this only occurs under harsh 
alkaline conditions making it incompatible for most enzymatic reactions.[95] 
[Cp*Rh(bpy)(H2O)]2+ has been applied as coenzyme regeneration system with 2-
hydroxybiphenyl-3-monooxygenase and styrene monooxygenase (StyA). 
Unfortunately, once applied on a preparative scale, this complex showed to have a 
relatively low specific activity.[49,96] Another organometallic-complex that can be 
used for coenzyme regeneration is [RuCl2(TPPTS)2]2. This catalyst uses hydrogen 
gas (H2) as sacrificial substrate and transfers its electrons to the nicotinamide 
coenzyme. Interestingly, no by-product is obtained as the substrate is fully 
incorporated in NAD(P)+. This regeneration system has been shown to work with 
various enzymes, e.g. the NADP+-dependent alcohol dehydrogenase from 
Thermoanaerobium brockii. In the same study, it was shown that the 
[Cp*Rh(bpy)(H2O)]2+-complex could also use H2 as electron donor for the 
regeneration of NAD(P)+.[97] However, for obvious reasons no studies have been 
performed on monooxygenases using H2 as electron donor.  

Studies of coenzyme regeneration with simple chemical reductants such as 
dithionite have thus far not been very successful. This is mainly due to the fact that 
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such reductants lack the ability to specifically reduce NAD(P)+ to the 
enzymatically active 1,4-NAD(P)H isomer.[88] In general, chemical regeneration of 
the nicotinamide coenzymes has thus far not been very successful.  

1.4.2   Electrochemical regeneration 
The employment of electrode surfaces for the electrochemical regeneration of 
NAD(P)H is considered to be a powerful regeneration method with advantages 
varying from the low cost of electricity to easy product isolation. Initial 
technological complications such as electrode fouling, requirement of a high 
overpotential and the fact that the biocatalyst is only active in the vicinity of the 
electrode have been addressed. Modifications of the electrode surface have resulted 
in less fouling and the requirement of overpotentials can be reduced by application 
of mediators such as viologens and [Cp*Rh(bpy)(H2O)]2+. Electrochemical 
regeneration of NAD(P)H can be achieved by direct reduction of NAD(P)+ at the 
electrode or by indirect reduction using redox mediators. Additionally, redox-
active enzymes can be used to shuttle electrons from the electrode to the coenzyme 
(Figure 1.9).  

Direct reduction of NAD(P)+ at the cathode has been shown to occur by two single-
electron reductions. The first reduction is a reversible step and results in the 
formation of an NAD(P) radical, after which protonation and subsequent reduction 
yields 1,4-NAD(P)H. However, due to the formation of the NAD(P) radical also 
1,6-NAD(P)H and NAD(P)-dimers are generated as by-products. These by-
products are enzymatically inactive and can not be recycled to the 1,4-NAD(P)H 
isomer. This results in a loss of 40 % of coenzyme per regeneration cycle, which 
means that after 10 regeneration cycles less than 1 % of 1,4-NADPH is still present 
for biocatalysis. This percentage is too low to consider direct reduction at the 
cathode as an efficient NAD(P)H regeneration method.[98] 

Indirect electrochemical reduction of the nicotinamide coenzyme using mediators 
has so far been a more successful approach. In this method, electrons that are 
generated at the cathode are transferred through a mediator to NAD(P)+. By 
applying a mediator that selectively reduces the nicotinamide coenzyme, higher 
efficiencies can be obtained as less by-products are formed. As indicated above, 
[Cp*Rh(bpy)(H2O)]2+ is such a catalyst. In contrast to a previous generation of Rh-
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catalysts, this catalyst has a pentamethylcyclopentadienyl (Cp*) ligand that 
increases its catalytic activity. Furthermore, [Cp*Rh(bpy)(H2O)]2+ is highly 
regioselective (> 99 %) with respect to the position of hydride transfer at the 

 

Figure 1.9 Available methods for electrochemical regeneration of NAD(P)H.[95] 
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pyridinium ring of NAD(P)+. As other chemical mediators are not very 
regioselective, [Cp*Rh(bpy)(H2O)]2+ is currently the preferred mediator for the 
indirect electrochemical regeneration of NAD(P)H. Additionally, this rhodium 
catalyst was shown to be rather inert to molecular oxygen, indicating that it can be 
applied for coenzyme regeneration involving a wide variety of enzymes, including 
monooxygenases.[98] 

Another alternative is to replace the chemical mediator by proteins that can transfer 
electrons from the cathode to NAD(P)+ in a selective manner. Examples of these 
redox-active enzymes are NAD(P)+-dehydrogenases, ferrodoxin NADP+ reductase  
and an artificial mediator accepting pyridine nucleotide oxidoreductases, also 
referred to as AMAPORs. Commonly, methylviologen is added as mediator to 
efficiently shuttle electrons from the cathode to redox-active enzymes. By 
exception, hydrogenase from Alcaligenes eutrophus H16 (EC 1.12.1.2) does not 
require additional mediators as the enzyme absorbs to the cathode and obtains 
directly electrons from it (Figure 1.9).[99] This enzyme was successfully applied in 
the reductive amination of α-ketoglutarate on a preparative scale.[100] Besides 
isolated enzymes, also microbial cells have been applied to regenerate 
nicotinamide coenzymes. In an electromicrobial regeneration setup using 
methylviologen artificial electron mediators, Clostridium thermoaceticum resting 
cells were used for reductive reactions.[101] 

1.4.3   Photochemical regeneration 
Photochemical regeneration of nicotinamide coenzymes has lately become 
appealing, as (sun) light is cheap and environmental friendly. For such an 
approach, light-active materials are required that induce electron-transfer processes 
upon absorption of light. Well-known examples of such materials, also referred to 
as photosensitizers, are Ru(bpy)3

2+, Zn-TMPyP4+, flavin dyes and semiconductors 
such as TiO2 and Fe2O3. The activated photosensitizers induce the generation of 
electrons from electron donors such as EDTA or mercaptoethanol. In the presence 
of electron carriers (e.g. methylviologen), electrons are transferred to NAD(P)+-
dependent enzymes that generate the reduced nicotinamide coenzyme. A non-
enzymatic photochemical regeneration method involves the use of Rh(I)-bis-
bipyridine as electron transfer reagent.[102] Quite recently, a novel photochemical 
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method for NADH regeneration was reported using carbon-containing TiO2 and 
[Cp*Rh(bpy)(H2O)]2+ as photosensitizer and catalyst, respectively. The advantages 
of this latter method are that the carbon-containing TiO2 strongly absorbs visible 
light, whereas TiO2 can only be excited by UV-light, and that TiO2 is not 
photodegradated upon illumination.[103]  

Coenzyme regeneration by means of light has also been shown to work efficiently 
in whole cells. By illumination of the plant-like photosynthetic Synechococcus 
elongatus PCC 7942, pentafluoroacetophenone was enantioselectively reduced to 
the corresponding (S)-alcohol.[104] 

1.4.4   Enzymatic regeneration 
Up to date, the most extensively studied and preferred method for NAD(P)H 
recycling is the enzyme-catalyzed reduction of NAD(P)+. This method of 
coenzyme recycling is highly selective and yields only the 1,4-NAD(P)H isomer by 
simultaneous oxidation of a co-substrate. This reaction is catalyzed mainly by 
NAD(P)+-dependent dehydrogenases and a wide variety of these enzymes have 
been identified over the years. Examples of such enzymes are formate 
dehydrogenase (FDH) from Candida boidinii and glucose-6-phosphate dehydro-
genase (G6PDH) from Leuconostoc mesenteroides.[105,106] The latter enzyme is 
commercial available and regenerates both NADH and NADPH at the expense of 
glucose-6-phosphate. However, this substrate is too costly to use in stoichiometric 
amounts, although a method has been proposed that can be used to generate 
glucose-6-phosphate other using cheap substrates.[107] An alternative is glucose 
dehydrogenase (GDH), an enzyme that has been found in various 
(micro)organisms. The majority of GDHs shows dual coenzyme specificity and the 
oxidation of glucose yields gluconolactone as product which spontaneously 
hydrolyzes making the overall reaction irreversible. However, a disadvantage of 
this enzyme is that gluconic acid needs to be eliminated from the end-product of 
interest.[108] Application of alcohol dehydrogenases (ADHs) as regeneration 
enzymes has mainly been coupled to an interesting activity of the dehydrogenase 
itself: e.g. reduction of acetophenone to (S)-phenylethanol by ADH from 
Thermoanaerobium brockii.[109] The advantange of such a substrate-coupled 
coenzyme regeneration approach is that only one biocatalyst is required. A dis-
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Table 1.2 Examples of NAD(P)+-dependent (de)hydrogenases that can be applied for 
coenzyme regeneration. 

Enzyme Organism(s) Advantages and disadvantages 
Alcohol 
dehydrogenase 

Thermoanaerobium 
brockii 

+ thermostable 
+ commercially available 
- only selective for NADP+  
- unfavorable thermodynamic equilibrium 
- high [substrate] required 
  

Formate 
dehydrogenase 

Candida boidinii  + cheap sacrificial substrate 
+ favorable thermodynamic equilibrium 
+ thermostable 
+ selective for NAD(P)+  
- low activity 
 

Glucose 
dehydrogenase 

Bacillus cereus  + commercially available 
+ cheap sacrificial substrate 
+ thermostable 
+ selective for NAD(P)+ 
- product may complicate workup procedure 
 

Glucose-6-P 
dehydrogenase 

Leuconostoc 
mesenteroides 

+ commercially available 
+ high specific activity 
+ selective for NAD(P)+ 
- expensive sacrificial substrate 
- product may complicate workup procedure 
 

Phosphite 
dehydrogenase 

Pseudomonas  stutzeri 
 

+ cheap sacrificial substrate 
+ favourable thermodynamic equilibrium 
+ thermostable 
+ selective for NAD(P)+ 
- low activity 
 

Hydrogenase Pyrococcus furiosus + cheap sacrificial substrate 
+ favorable thermodynamic equilibrium 
+ thermostable 
- only selective for NADP+ 

- technically challenging to use H2 
- not applicable for monooxygenases 
 

Soluble pyridine 
nucleotide 
transhydrogenases 

Pseudomonas 
fluorescencs 

+ selective for NAD(P)+ 

- requires substrate-coupled NAD(P)H- 
  dependent oxidation 
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advantage of ADHs is that high concentrations of the auxiliary alcohol are required 
to drive the reaction equilibrium towards the desired product. Unfortunately, such 
conditions inactivate many enzymes.[110]  

Usage of the earlier mentioned FDH for coenzyme regeneration has the advantage 
that carbon dioxide is formed as by-product, which not only drives the equilibrium 
towards the product, but also facilitates product purification as CO2 can easily be 
removed. These advantages have been exploited for the commercial chiral 
synthesis of tert-L-leucine by Degussa,[111] in which a FDH from Candidia boidinii 
has been applied for regeneration of NADH. In the last few years, mutagenesis 
studies have not only broadened the coenzyme specificity of FDH, but also its  
activity, chemical and thermal stability.[112] Another dehydrogenase with interesting 
biocatalytic properties is phosphite dehydrogenase from Pseudomonas stutzeri 
WM88. This enzyme catalyzes the NAD+-dependent oxidation of phosphite to 
phosphate. Recent mutagenesis studies on this enzyme have improved its ability to 
cope with higher temperatures and organic solvents as well as its activity and 
specificity towards NADP+.[113-117] More details concerning this enzyme can be 
found in the upcoming chapters. A new class of possible regenerating enzymes are 
soluble pyridine nucleotide transhydrogenases (STHs), which catalyzes the transfer 
of reducing equivalents between NAD(P)+ and NAD(P)H. These enzymes can be 
applied for a variant of substrate-coupled regeneration.[118] A summary of these 
NADP+-dependent (de)hydrogenases is shown in Table 1.2. 

Besides using (partly) purified enzymes for NAD(P)H regeneration, nicotinamide 
coenzymes can also be recycled by the cellular machinery of whole cells using 
cheap feedstocks like glucose. This approach has been shown to be effective, 
especially in combination with the recombinant expression of the biocatalyst for 
the reaction of interest. Microorganisms such as E. coli, S. cerevisiae and 
Rhodococcus have been used in such an approach. Disadvantages of using entire 
cells include lower enzymatic activity per unit dry weight, cell growth inhibition by 
substrate/product, unwanted side-reactions and restricted uptake of 
substrates/release of products.[119] Examples of biocatalytic processes in which 
whole cells have been applied are the preparation of (S)-sulcatonol from sulcatone 
in Rhodococcus ruber DSM 44541 and the reduction of arylketones in 
Corynebacterium ST-10.[120,121]  
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1.5   Aim and outline of this thesis 
Monooxygenase-catalyzed reactions can yield valuable (enantiopure) products. For 
instance, monocyclic lactones offer an attractive, simple entry to several classes of 
biologically active small molecules, whereas polycyclic γ-lactones and 
hydroxylated δ-lactones have recently received considerable attention as 
therapeutic agents.[122,123] Furthermore, optically active sulfoxides  have become a 
well-established interest in organic synthesis as important chiral auxiliaries for 
asymmetric synthesis.[124,125] Asymmetric chemical synthetic routes that catalyze 
selective oxygen insertion are usually mediated by heavy metals with complex 
ligands and/or explosive peroxidic oxidizing agents. A way to circumvent the use 
of these hazardous materials is by applying the flavin-dependent Type I Baeyer-
Villiger monooxygenases. These enzymes are able to catalyze a broad range of 
oxidative reactions such as Baeyer-Villiger and heteroatom oxidations (see Figure 
1.11).[47]  

 

Figure 1.10 Different types of oxidation that can be carried out using Type I Baeyer-
Villiger monooxygenases (BVMOs). 

However, at the start of this PhD-project only a small number of cloned and 
overexpressed Baeyer-Villiger monooxygenases was available and their cofactor 
dependence was regarded as a limiting factor. Therefore, in 2003 a CERC3 
Transnational Project entitled “Asymmetric oxidations using two-in-one 2nd 
generation biocatalysts” was initiated with the aim to address these issues. Within 
this European collaborative project, several groups were involved: i) Dr. V. 
Alphand, Université de la Méditerrannée, Marseille, France; ii) Prof. Dr. M.D. 
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Mihovilovic, Vienna University of Technology, Vienna, Austria and iii) Dr. G. 
Ottolina, Istituto di Chimica del Riconoscimento Molecolare, Milan, Italy.  

The goals of the project in Groningen were to i) engineer two-in-one 2nd generation 
biocatalysts integrating the monooxygenases and an generic internal coenzyme 
recycling system in order to improve and simplify not only whole cell but also 
enzymatic processes and ii) offering a toolbox of various recombinant biocatalysts 
with a large range of selectivity. The (efforts and) results concerning these issues 
are described in this thesis. 

A review on Type I Baeyer-Villiger monooxygenases as valuable oxidative 
biocatalysts is described in Chapter 2. This chapter provides an overview of the 
developments concerning these special oxidative biocatalysts and sketches some 
future perspectives. 

In Chapter 3 the biocatalytic properties of two BVMOs acting on aromatic 
compounds are described. 4-hydroxyacetophenone monooxygenase (HAPMO) 
from Pseudomonas fluorescens ACB is shown to enantioselectively oxidize both 
phenyl and benzyl sulfides, whereas phenylacetone monooxygenase (PAMO) from 
Thermobifida fusca yields optically pure benzyl sulfoxides. Additionally, it is 
shown that the latter enzyme excepts a wide range of aromatic substrates. 

Inspired by the crystal structure of PAMO and a model of cyclopentanone 
monooxygenase (CPMO) from Comamonas sp. NCIMB 9872, the active site of 
PAMO was redesigned. In Chapter 4 the creation and characterization of three 
mutants is described, with a special focus on the M446G mutant which showed a 
different substrate specificity and enantioselectivity compared to wild type PAMO.  

A detailed steady-state and transient state-kinetic study on PAMO is reported in 
Chapter 5. The kinetic mechanism reveals that the overall rate is determined by a 
conformational change occurring prior to the final step in the catalytic cycle, which 
is NADP+ release. Additionally, the role of an active site arginine was investigated. 
This residue, which is strictly conserved in members of Type I BVMO family, was 
shown to be crucial for catalysis. PAMO mutants bearing an alanine or lysine on 
this position were unable of oxygenating phenylacetone and benzyl methyl sulfide, 
although the mutants were able to form and stabilize the reactive C4a-peroxyflavin 
intermediate. 
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Chapter 6 describes the engineering of self-sufficient BVMOs. Various BVMOs 
were covalently linked to a mutant of phosphite dehydrogenase (PTDH) from 
Pseudomonas stutzeri WM88 for effective regeneration of NADPH at the expense 
of the phosphite. These two-in-one biocatalysts were successfully applied for 
bioconversions using whole cells, cell-free extracts and purified enzymes. 

By fusing various BVMOs to a thermostable mutant of PTDH, a new generation of 
self-sufficient BVMOs was created. Chapter 7 shows that these new two-in-one 
biocatalysts are (thermally) more stable. With these fused biocatalysts higher 
conversions can be obtained.  

In Chapter 8, the work described in this thesis is summarized, discussed and some 
final conclusions are drawn.  
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