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Abstract 

Chitin is a natural polymer, which is globally produced in large quantities. Its 

degradation and assimilation is mainly a microbial process that operates through secreted 

enzymes. These enzymes break down the chitin fibers to short-chain oligomers recyclable 

in the carbon and nitrogen cycles. The use of chitin and its derivatives as recyclable and 

non-toxic materials has spurred research on chitinolysis in natural settings in the last years. 

Investigation of those natural habitats that are known to constitute a rich source of enzymes 

and are easy to obtain and manipulate (e.g. soil) will lead to a better understanding of the 

ecology of natural chitinolysis but will also offer conditions for further biotechnological 

applications. The research project presented in this thesis addressed the chitinolytic process 

in natural microbial systems starting from (1) the perceived need of answering open 

questions pertaining to the ecology of chitin-degrading organisms in different habitats, and 

(2) the industrial demand of new enzymes for chitin purification and improved fiber 

production. 

Metagenomic analysis of microbial communities with respect to their “chitinase 

gene pool” was employed in order to gain more details on the ecology of chitinolysis. The 

succession of organisms that are active on chitin (in field and laboratory conditions) was 

assessed to provide information on the conditions under which particular chitin degraders 

thrive, their potential interactions and the mechanisms behind the chitinolytic function. 

Exploration of microbial systems that are active on chitin thus can reveal the importance of 

the already known (abundant) chitin-degrading organisms, as well as the ecological and 

biotechnological potential of the less abundant ones. 
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Chitin – a polysaccharide of global importance 

Chitin (the Greek word for “envelope”) is one of the most predominant 

polysaccharides in nature. After cellulose, it is on the second place in biological turnover 

and it is an important component of many organisms from different taxonomic groups 

(Chater et al., 2010; Gooday, 1990a;). Thus, chitin is the main component of the cell walls 

of fungi, the exoskeletons of arthropods (e.g. crustaceans such as crabs, lobsters, and 

shrimps) and insects, the radulas of molluscs and the beaks of cephalopods and nematodes. 

Chitin has not been identified in prokaryotes (with the exception of Streptomyces spore 

walls), plants and vertebrates (Agullo et al., 2003; Keyhani et al., 2000; Smuker & Pfister, 

1978). 

Chitin was described for the first time in 1811 by the French chemist H. 

Braconnot, even before the description of cellulose (which was in 1838). In the light of its 

polymeric structure, it constitutes a fibrous material of considerable strength. However, in 

spite of the early discovery, chitin received relatively limited attention over the years, while 

extensive research and development focused on cellulose. In the 1930s, the development of 

nylon started a new era of application of “man-made fiber” (e.g. nylon, polyester and 

polypropylene), which actually hampered the further development of chitin fibers. 

However, recently the interest in chitin has revived, as it has clear medical and agronomical 

applications. Thus, the 21
st
 century seems to constitute a “new era” for chitin, chitin 

derivatives and enzymes involved in chitin metabolism and degradation. 

Chemically, chitin is a homopolymer of unbranched chains of ß-(1,4)–N-acetyl-D-glucose-

2-amine (it is also named 2 acetylamino-ß-(1,4) glucose; N-acetylglucosamine, GlcNAc). 

Chitin and cellulose (ß–(1,4)-D glucosamine) have a similar structure (Figure 1). 

 

 

  Chitin     Cellulose 

Figure 1. Structure of chitin and cellulose. 

 

Chitin has a crystalline structure and it constitutes a network of organized fibers. This 

structure confers rigidity and resistance to attack in the organisms that contain it. X-ray 

diffraction studies have revealed three polymorphic chitin forms which differ in the 

orientation of the micro-fibrils: α-, ß-, and γ-chitin. These three forms differ mainly in the 

degree of hydration, the number of GlcNAc repetitive units and the orientation of chains 

per unit (Jang et al., 2004; Kramer & Koga, 1986; Rudall & Kenchington, 1973; 
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Vermeulen & Wessels, 1986). Pure chitin is fully acetylated and it is rarely found in nature. 

Rather, natural chitinous matter is only partially acetylated, leaving some parts of the 

matrix relatively acetyl-free (fully deacetylated chitin is called chitosan). In natural samples 

(primarily in marine organisms), the acetylation degree is typically 80-95% (Kumar & 

Ravi, 2000). The generally accepted cutoff of acetylation to distinguish between chitin and 

its deacetylated form chitosan (Figure 2) is 30-40%. Chitin is always present in nature in 

association with other molecules such as glucans, lipids or proteins. 

 

 

Figure 2. Structure of chitin and its deacetylated form, chitosan. 

 

Important characteristics of chitin are its insolubility in water and its resistance to acid, 

alkali and many organic solvents. Chitin is the basic raw material for products such as 

chitosan, chitin-oligosaccharide, D-glucosamide, D-glucosamidehydrochloride and 

GlcNAc.  

 

Natural production and further processing of chitin 

The annual natural production of chitin is enormous, amounting to at least ≈10
11

 

tons/ year if only marine chitinous waste is considered. The exoskeleton of crustaceans is 

currently the main industrial source of chitin. Crustaceans contain mostly α–chitin, which is 

by far the most common and widely available form of chitin. In contrast to shell mollusks, 

which constitute a less pure source of chitin, squid skeletons contain 40% chitin, which is 

free of calcium salts. Squid pen is the only important source of β-chitin. However, fungal 

chitin has been suggested to have a number of advantages compared to crustacean chitin, 

due to the uniform composition of the raw material and the lack of a required 

demineralization step during extraction (Agullo et al., 2003). Usually, chitin is extracted by 

acid treatment (to dissolve the calcium salts) followed by alkaline extraction (to precipitate 

the proteins), and depigmentation (to obtain a colorless product). 

Chitosan is prepared by hydrolysis of the acetamide groups of chitin. In general, two major 

methods for preparing chitosan from chitin with varying degree of acetylation are used. 

These are (1) heterogeneous deacetylation of solid chitin and (2) homogeneous 

deacetylation of pre-swollen chitin in an aqueous solution. In both processes, the 

deacetylation involves the use of alkaline solutions and long processing times. 
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Applications of chitin 

The study of chitin and derivatives is of interest in the light of the potential of such 

compounds for industrial and agricultural applications. Chitin and chitosan are 

biodegradable, non-toxic and biocompatible materials. As we have seen, both materials can 

be produced from natural sources at relatively low cost (Jayakumar et al., 2011). Moreover, 

the physicochemical features of the chitin polymer allow structural modifications and thus 

generation of different forms. Such novel forms are in demand by biomedicine and the 

pharmaceutical industry. For instance, chitin fibers and congeries are used as adjuvants in 

wound dressings (Fan et al., 2009; Tamura et al., 2011a), scaffolds for growth in cartilage 

replacement (Suzuki et al., 2008) and support for mesenchymal stem cells in regenerative 

medicine (Shalumon et al., 2009). In addition, they may serve as nanoparticles for internal 

drug delivery (Huang et al., 2009). Chitin and chitosan can also be used in industry in the 

recovery of different organic molecules (Shahidi et al., 1999), for water purification 

(Zemmouri et al., 2012) and for removal of metals from industrial waste (Kumar &Ravi, 

2000). Another important application is in agriculture, where the amendment of soils with 

chitin and/or chitosan has been reported as an enhancer of soil suppressiveness toward plant 

pathogens (Green et al., 2006; Radwan et al., 2012; Sarathchandra et al., 1996). Moreover, 

the inclusion of chitin and/or chitosan in the list of food additives has been considered in 

2003 by the Codex Alimentarius Commission (Report of the 31
st
 session of Codex 

Alimentarius Commission, 2009). However, these compounds are currently not listed in the 

General Standards for Food Additives (Codex General Standard for Food Additives, last 

revision 2012) nor have they been authorized as a food ingredient in the European Union. 

 

Enzymatic degradation of chitin: chitinases and chitin deacetylases 

Despite the immense annual production in natural systems, chitin does not 

accumulate in the environment. It is well established and accepted that degradation by 

released enzymes is the main mechanism by which chitin is transformed in natural systems 

(Hoell et al., 2010). The enzymatic conversion of chitin can occur through two major 

pathways: 

(1) hydrolysis of (1-4)-β-glycosidic bonds – the chitinolytic process, and  

(2) deacetylation (Figure 3).  

Chitinases and chitin deacetylases are the key enzymes that attack chitin. The former group 

generates chitin-oligoccharide chains, which are further amenable to different metabolic 

processes, whereas the second group cleaves off the acetyl moiety. Both groups of enzymes 

have been the subject of several classification systems. The most used system is the one 

based on amino acid sequences provided by Carbohydrate-Active Enzymes database 

(CAZy; Henrissat, 1991). It is important to note that the study of the mode of action of 

chitinolytic enzymes directly on chitin is very difficult due to the limitations of current 
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biochemical techniques. Moreover, the intermediate soluble oligomers are better substrates 

than the insoluble polymer which can interfere with the visualization methods that are 

applied (Hoell et al., 2010). 

 

Figure 3. Enzymatic degradation of chitin – summary of enzymes and chitin derivatives.  

 

Chitinases are glycoproteins with a wide range of molecular weights (MW) (20-

115 kDa), optimal temperature of functioning (18-90oC), pH values (2-10.5), and pI values 

(3.5-8) (http://www.brenda-enzymes.org/). Collectively, chitinases belong to the glycoside 

hydrolase (GH) group, which is divided in different families. The majority of chitinases 

have been found in GH families 18, 19 and 20. These GH families are diverse in 

evolutionary terms and contain enzymes which have high substrate specificities, including 

enzymes with a specific chitinolytic activity (Table 1) (Henrissat & Davies, 2000). 

Although chitinases from families 18 and 19 have often been isolated from the same source, 

they do not share extensive amino acid sequence similarity. Moreover, they have 

completely different three-dimensional (3-D) structures and catalytic molecular 

mechanisms and are therefore likely to have evolved from different ancestors (Hoell et al., 

2006; Suzuki et al., 1999). 
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Table 1. Glycoside hydrolases involved in chitin degradation (www.cazy.org/index.html). 

GH family Enzyme 
Nomenclature 

(EC) 

Sourse 

(prevalence)x 

18 

chitinase EC 3.1.1.14 

Archaea (41), 

Bacteria (3057), 

Eukarya (2103), 

Viruses (165) 

endo-β-N-

acetylglucosaminidases 
EC 3.2.1.96 

xylanase inhibitor, 

concanavalin B, narbonin 

non-catalytic 

proteins 

19 chitinase EC 3.1.1.14 

Bacteria (622), 

Eukarya (702), 

Viruses (147) 

20 

β-hexosaminidase EC 3.2.1.52 

Archaea (4), 

Bacteria (1100), 

Eukarya (220) 

lacto-N-biosidase EC 3.2.1.140 

β-1,6-N-

acetylglucosaminidases – 

unspecific chitinolytic function 

EC 3.1.1.14 

xCAZy database , July 2013 

 

 

Ecological significance of chitin-degrading enzymes 

The turnover of chitin is essential for the recycling of carbon and nitrogen in 

aquatic and terrestrial ecosystems. In the process, degradation by enzymes plays a critical 

role. Thus, chitinases and chitin deacetylases occur in a wide range of organisms, including 

bacteria, archaea, fungi, insects, plants and animals. The roles of these enzymes are diverse, 

given that different organisms produce different types of chitinases for different purposes. 

This is based, in the majority of cases, on the physiology and use of chitin by these 

organisms. In bacteria and archaea, chitinases are produced to meet nutritional needs and 

for parasitism on chitin-containing hosts. In arthropods, chitinases are involved in cuticle 

turnover and mobilization and nutrient digestion. In fungi and yeasts, chitinases are 

important in morphogenesis and in the degradation and mobilization of organic matter, as 

well as in the antagonism towards competitors. The function of chitinases produced by 

vertebrates is still uncertain. Recent studies have shown a role of chitinase-like proteins, 

particularly acidic mammalian chitinase, in inflammation, tissue remodeling and injury 
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(Lee et al., 2011). Recent advances in chitin degradation research indicate that the highest 

quantity of this biopolymer is turned over by microorganisms (bacteria and fungi) in both 

marine and terrestrial ecosystems. As a consequence, it is felt that a deep investigation of 

the microbial sources of chitin-degrading enzymes that occur across ecosystems will yield 

important new data that are of use to foster our understanding of the natural chitinolytic 

process. 

 

Bacterial chitinases 

Many types of bacteria obtained from natural settings present chitin hydrolytic 

activity. Indeed, an investigation based on cloning and sequencing of chitinase genes 

directly from natural habitats (e.g. marine) suggested the presence of large pools of chitin-

degrading bacteria (Cottrell et al., 2000; Howard et al., 2003; Svitil et al., 1997). Also, 

studies of bacterial communities in different types of soil indicated that a diversity of 

chitinases was present across the investigated soils (Hjort et al., 2010; Metcalfe et al., 

2002a,b). Bacteria typically possess multiple, usually inducible, chitinases, which are 

produced and secreted to, presumably, meet their nutrional needs. Relatively little is known 

about the genetic organization of chitinase genes and their regulation in the majority of 

chitinolytic bacteria (Delpin & Goodman, 2009; Li & Roseman, 2003). More than in other 

organisms, for bacteria a complex combination between different regulatory factors from 

the environment and gene regulation and transfer seems to play a decisive role in the 

selection of the best performing chitinolytic mechanism (LeCleir et al., 2004; Li & 

Roseman, 2003; Nazari et al., 2011). 

In particular bacteria from marine environments have developed efficient systems 

for the depolymerization, transport and metabolism of chitin and its derivatives. This is 

because of their permanent contact with the so-called “rain of chitin” (provenient from 

degrading crustaceans) present in that environment (Howard et al., 2003). Also, different 

chitinovorous bacteria from diverse water sediments, soil and even sand have been isolated 

and identified (Yasir et al., 2009; Poulsen et al., 2008; Metcalfe et al., 2002a). In this way, 

each bacterial resident of the same microhabitat may have a distinct ecological advantage 

(Howard et al., 2003a). In bacteria such as Serratia marcescens (Suzuki et al., 1999), 

Aeromonas sp. 10S-24 (Ueda et al., 1995), Alteromonas sp. O-7 (Orikoshi et al., 2005), 

Pseudomonas aeruginosa K-187 (Wang et al., 1998), Bacillus circulans WL-12 (Alam et 

al., 1996; Mitsutomi et al., 1998), Streptomyces sp. J 13-3 (Okazaki et al., 1995), and 

Streptomyces griseus HUT 6037 (Itoh et al., 2002), the presence of multiple chitinolytic 

enzymes has been reported. The occurrence of multiple chitinases in a single organism may 

result in a more efficient use of chitin and its derivatives as a substrate. Moreover, these 

enzymes can interact in a synergistic way or can complement each other in the light of their 

different affinities for the substrate, or different regions thereof (Svitil et al., 1997). Within 

the group of bacteria that possess chitinases, an important role is played by members of the 

Actinobacteria, in particular the Actinomycetes. These are high-G+C% Gram-positive 
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bacteria that are often involved in the degradation of different organic materials in natural 

settings, including chitin and cellulose. Indeed, Actinomycetes have been considered to be 

among the major chitin degraders in soil (Gooday, 1990a; de Boer et al., 1999; Metcalfe et 

al., 2002a, Manucharova et al., 2007). In this sense, many studies have been performed to 

pinpoint the chitinase genes from these organisms. Many Streptomyces strains possess so-

called group A and B family-18 chitinases, and even family-19 chitinases (Williamson et 

al., 2000; Metcalfe et al., 2002a). The result of the activity of most bacterial chitin-

degradative systems is a collection of short-chain chito oligosaccharides (degree of 

polymerization ≤ 8) including chitobiose. These molecules can diffuse freely into the 

periplasm of bacterial cells. Interestingly, specific porins for these compounds have been 

identified in marine Vibrionaceae (Keyhani et al., 2000).  

Considering the chitinase protein families, most bacterial chitinases belong to 

glycoside hydrolase family 18 (Hoell et al., 2010). Within this family, they have been 

organized in four subfamilies: I, II, III and IV. Based on phylogenetic analyses of the 

catalytic domains, group I has been further subdivided into groups A, B and C (Watanabe et 

al., 1993). Chitinases of subfamilies II, III, and IV produce (GlcNAc)2 and GlcNAc from 

chitin, whereas those from subfamily I predominantly produce (GlcNAc)2. Chitinases of 

subfamilies II, III, and IV also catalyze a transglycosylation reaction, which converts 

(GlcNAc)4 to (GlcNAc)6 (Takayanagi et al., 1991). As indicated in the foregoing, the 

different activities are often combined in one organism. One unique example is given by 

Bacillus licheniformis strain X-74, which possesses four chitinases, one from each group (I, 

II, III, and IV) (Takayanagi et al., 1991). 

 

Enzyme structure and genetics of bacterial chitinases 

Biochemical analyses have revealed that the catalytic domain of bacterial family-

18 chitinases always includes a so-called “retention region”, which contains one glutamic 

acid residue, thus functioning on the basis of a retaining mechanism. For several chitinases, 

in particular from the genera Streptomyces, Shewanella and Salmonella, catalytic domains 

similar to those existing in family-19 chitinases were found, with two glutamic acid 

residues and with an inverting mechanism of catalysis. Both family-18 and -19 chitinases 

require water as a component of the degradation reaction (Karlsson & Stenlid, 2009). The 

chitin-binding domain can be located either in the amino-terminal or carboxy-terminal 

domain of the enzyme. This is not unique, as chitin-binding domains have also been found 

in different proteases and non-catalytic chitin-binding proteins. These domains seem to 

have the capacity to prevent diffusion of the enzyme or protein away from its intended 

substrate (Henrissat, 1999). They can bind to the chitin irreversibly, which represents a 

value for biotechnological applications. For instance, a chitin-binding domain from a 

Bacillus circulans chitinase has been used by New England Biolabs in an expression 

vector. Besides the catalytic domain, each putative bacterial chitin depolymerase presents 

an apparent type-II N-terminal secretion signal in addition to accessory domains of 
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unknown functions like “fibronectin type III” (FN3) and “polycystic kidney disease” 

(PKD). The domains of complex polysaccharide degrading enzymes are linked by 

repetitive sequences of polyglycine, serine or threonine, which confer a presumed flexible 

structure. 

The genetic basis of the regulation and synthesis of chitinolytic enzymes has not 

been completely elucidated yet (Larsen et al., 2010; Nazari et al., 2011). Several studies 

indicate that, in general, more than one gene is involved in the regulation of the complex 

process, which has as a final result a functional chitinolytic system. In spite of the fact that 

many chitinase genes have been cloned from bacteria from different environments and their 

biochemical properties clarified (Felse & Panda, 1999a; Henrissat & Davies, 2000), the 

structure of the presumed operons is still unclear (Delpin & Goodman, 2009). A limiting 

aspect is also the fact that a majority of naturally occurring bacteria are not cultivable under 

common laboratory conditions, which severely hampers their study. Moreover, chitin 

degradation is also influenced by the presence of chitin-binding proteins which do not 

possess a catalytic domain but act by disrupting the crystalline chitin polymer structure 

(Vaaje-Kolstad et al., 2005). 

The low level of certain conserved domains found within bacterial chitinases only 

allows for the identification of cognate genes for chitin-processing enzymes from 

environmental samples by using molecular methods. Probes and degenerate primers have 

thus been constructed based on conserved blocks of amino acids which were identified 

within the catalytic domains of bacterial chitinases. Using special software like 

“BlokMaker”, “CLUSTAL-W” (multiple sequence alignment tools) and “Codehop” 

(primer design), some authors (Hobel et al., 2005; Williamson et al., 2000) successfully 

developed PCR-based systems for identification and sequencing of different chitinase genes 

from nature. The systems have also been used for assessing the diversity of these genes 

within different bacteria. 

 Unfortunately, for the majority of strains that produce chitinases, the organization 

and regulation of the respective operons is still unknown (Stefanidi & Vorgias, 2008; 

Suzuki et al., 1999; Terahara et al., 2009). Whereas we do know that chiA and chiB genes 

are main enzymes taking part of the chitinolytic process, these are not the only proteins 

involved. Indeed, Northern blot analyses have indicated that the chiA and chiB genes are 

often part of truly polycistronic operons, yielding strong evidence for the contention that 

more genes/functions are involved in the process. Primer extension analyses confirmed that 

transcription of such an operon may start at chiA (Morimoto et al., 1999). On top of the 

complexity of the system (operon), there is also a complex regulatory system, which we do 

not quite understand yet. In the majority of strains analyzed, the presence of glucose was a 

repressing factor and the system required the presence of chitobiose for induction of the 

enzymes (Delpin & Goodman, 2009). In fact, one of the first chitinase regulatory systems 

described in bacteria was the one found in the Gram-positive bacterium Streptomyces 

thermoviolaceus OPC-520. In this system, two proteins that control the level of chitinolytic 
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activity - ChiS and ChiR – have been found (Tsujibo et al., 1999). Among the Gram-

negative bacteria, there are only a few studies on the regulation of chitinase gene expression 

(Chernin et al., 1998; Vaaje-Kolstad et al., 2005). Recently, it has been shown that also in 

such bacteria a second chitinase regulatory system is present (Hoel et al., 2010; Li & 

Roseman, 2004; Vaaje-Kolstad et al., 2013). A non-catalytic chitin-binding protein 

produced by Vibrio furnissii apparently interacts with a cytoplasmic membrane-anchored 

regulator (in the absence of the sugar ligand molecule) to repress chitinase gene expression 

(Li & Roseman, 2004). The presence and binding of chito-oligosaccharides to the chitin 

binding protein induce a conformational change in the repressor, resulting in signal 

transduction via phosphorylation of a cytoplasmic response regulator. This then leads to 

induction of chitinase gene followed by protein expression. 

 

Bacterial chitinases – from chitin-agar plates to screening of metagenomes 

Traditionally, biotechnological applications are based on isolation and 

maintenance in pure culture of targeted microorganisms from environmental samples. 

Isolation of chitinolytic bacteria from different habitats thus offers an important approach 

for selecting bacteria with, for instance, high chitinolytic activity under diverse conditions. 

The highly stable crystalline structure of chitin does not allow its direct uptake by cells. In 

order to gain access to GlcNAc-oligomers, bacterial cells secrete chitinases (mainly 

exochitinases) that reduce the degree of polymerization of the substrate. In addition, the 

presence of small chitin oligomers can induce the bacterial chitinolytic system (Tsujibo et 

al., 1999). Several media have been proposed for the isolation of chitinolytic bacteria from 

soil and aquatic environments (Hsu & Lockwood, 1975; Souza et al., 2009). The success of 

isolation apparently increases when minimal agar supplemented with colloidal chitin is 

used (Souza et al., 2009; Singh et al., 2005). In some cases (e.g. marine samples), such 

media were supplemented with different salts (Souza et al., 2009). Chitin analogs have 

been well documented for the identification of chitinolytic enzyme-producing strains 

(Lonhienne et al., 2001; Svitil et al., 1997). In the assays, chitinase production is observed 

by visual inspection of cleared zones (haloes) that form around colonies. The main limiting 

factors of this type of isolation are the quality of the colloidal chitin and the waiting time 

until haloes are visible. In some cases, such as the isolation of chitinolytic bacteria from 

arctic samples, long-term incubation at low temperature and high concentration of chitin 

(up to 5%) was required (Nissinen, Cretoiu & van Elsas, oral communication) (Figure 4).  
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Figure 4. Chitinolytic bacteria isolated from arctic plant 

(Oxyria digyna) rhizosphere on minimal agar supplemented 

with 5% chitin, two months incubation at 4oC. 

 

 

 

 

The chitinolytic activity of bacterial isolates can also be evaluated by measuring 

the production of reducing chitooligosaccharides using chitin-derived soluble substrates 

(e.g. glycol-chitin, carboxymethyl chitin). Reducing sugars react with a color reagent and 

absorbance can then be measured. Commercial kits allowing such an analysis have also 

been developed. Among the most used substrates are 4-methylumbelliferyl N-acetyl-β-D-

glucosaminide (a substrate for β-N-acetylglucosaminidase), 4-methylumbelliferyl N,N'-

diacetyl-β-D-chitobioside (a substrate for chitobiosidase), 4-methylumbelliferyl-β-D-

N,N',N''-triacetylchitotriose (a substrate for endochitinase). Although these fluorometric 

techniques show high sensitivity, the assays remain expensive, time-consuming and most 

suitable for enzyme extracts than for environmental samples. 

Metagenomics and culture-independent developments have opened up a new and 

dynamic arena in the quest for novel bacterial chitinases. Metagenomic DNA obtained from 

environments enriched with chitin can be used for the construction of large-insert clone 

libraries that can be further screened using function-based or sequence-based strategies. 

Direct sequencing of metagenomic DNA isolated from different environments has shown 

the potential of this methodology in retrieving novel glycosyl hydrolases (Li et al., 2009). A 

key issue in metagenomic screening is the selection of the proper environment. Although 

quite a number of characterized bacterial chitinases reported in the CAZy database are 

produced by aquatic organisms, soil is regarded to constitute the most important 

environment for mining of novel chitinases (Berlemont & Galeni, 2010; Hjort et al., 2010; 

Cretoiu et al., 2012). Soils harbor a highly diverse microbial community and constitute 

major reservoirs of active enzymes and their genetic background. The bacterial diversity in 

soils in many cases exceeds that of other environments. Thus, a great number of novel 

enzymes has already been obtained from soil using metagenomics (Daniel, 2004; Jeon et 

al., 2009; Nacke et al., 2011; Nacke et al., 2012). A recent study (Nacke et al., 2012) 

reported the identification of one cellulase and two xylanase genes derived from a soil 

metagenome. Expression and characterization of these novel enzymes revealed interesting 

properties, such as a high activity in a broad range of temperatures and pH values and 

halotolerance. Furthermore, comparative metagenomic and physiological analysis of soil 

microbial communities across nitrogen gradients (Fierer et al., 2012) included genes for 

chitin and chitin-oligomer degradation in the analyses. Direct sequencing (Illumina HiSeq) 
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of pooled fosmid clones bearing large inserts of metagenomic DNA isolated from a chitin-

amended soil indicated a large proportion of putative glycosyl hydrolases (Figure 5, Cretoiu 

et al., in preparation). 

 

 

 

Figure 5. Domain distribution of sequences (%) affiliated to putative chitinases. Sequences (Illumina) 

obtained from pooled fosmid clones with 40 kb inserts of metagenomic DNA from chitin-amended 

soil. Annotation based on comparison with sequences of GH18 and GH19 retrieved from CAZy. 

Sample (pool) name depicted by color. 

 

 

Considering the successes (hit rates) of metagenomics approaches to soil microbial 

systems, these have often been low (Daniel, 2004; Uchiyama & Miazaky, 2009). Hence, 

whereas libraries can be readily constructed from soil DNA, the required library screenings 

can be tedious and hit rates can be disappointingly low. Hence, the concept of “Ecological 

enhancement”, which implies the  in-situ positive biasing of the system, for instance by 

incubation with the desired substrate and under selected conditions, was recently brought 

forward as an aid to metagenomics approaches (Ekkers et al., 2012). Such a deliberate 

manipulation of microbial communities via ecological enhancement by chitin amendment 

offers possibilities to shift the balance in the functional chitin-active genes and enhance the 

chance of recovering such enzymes.  
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Aim of this thesis and research questions 

The aim of this study was to gain access to the chitinolytic potential borne in the 

cryptic bacteriota of natural habitats, in particular soil, by making use of metagenomics 

tools. It was felt that such an approach would not only enhance our understanding of the 

successional chitinolytic processes in such systems, but also enhance the possibilities for 

mining of novel chitinolytic enzymes with enhanced features that can be further 

bioengineered.  

Most studies conducted so far indicate that the diversity of bacterial chitinolytic 

enzymes is the consequence of different environmental cues. Although the degradation of 

chitin is an important first step in global nutrient cycles, production of chitinases is 

probably not essential for heterotrophic bacteria living in most environments. This is 

because many other carbon and nitrogen sources are often available. On the other hand, it is 

logical to assume that under chitin selection, particular (heterotrophic) bacteria will activate 

their chitinolytic systems and thrive under the conditions applied. Such conditions may be 

set by the experimenter, but are also locally determined, by the microbiota itself. It is a 

challenge to obtain a deeper understanding of what is going on locally in the chitinoclastic 

process and at the same time have an open eye for potential exploration of the systems 

involved. One such application lies in the area of in situ disease suppression, and in finding 

a link between the effects of chitin added to soil, the microbial community shifts and the 

chitinoclastic organisms that come up in such a biased environment (Beier & Bertilsson, 

2013; Hjort et al. 2006; Metcalfe et al., 2002b;). 

In general, there is a perceived need to improve the understanding of the natural prevalence 

of the organisms and enzymes involved in the chitin-degradative process and how these are 

driven by environmental cues, in the light of future agricultural as well as biotechnological 

applications.  

 

With reference to the aforementioned arguments, the general hypotheses of this 

study are:  

 Different types of habitats drive bacterial communities to the synthesis of different 

chitinolytic systems.  

 The ecology and evolution of bacterial chitinolytic enzymes is related not only with 

the presence of chitin, but also with the conditions of the habitat in which these reside. 

 Changes within bacterial communities incited by chitin can modulate the intrinsic 

capacities of soil systems, such as the suppressiveness towards plant pathogens. 

 Functional metagenomics screening of chitin-amended soils represents an important 

step on the route to finding novel chitinases. 
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With respect to these, the following general research questions were derived: 

 How different are natural habitats in terms of the complement of bacterial chitinases? 

What are the relationships between the diversity of the bacterial communities and the 

chitinolytic activity? 

 To what extent do bacterial communities change in soil with added chitin? How does 

this relate with alteration of other local environmental conditions, such as pH? 

 What are the chitin-responsive soil community members? How does the response 

relate to practical applications like induction of suppressiveness towards plant 

pathogens? 

 What are the molecular features of chitinolytic systems from bacteria that prevail 

under added chitin? Does the use of functional metagenomics screening assist us in 

mining for novel chitinases? 

 

Outline of the thesis 

The thesis is divided in the following sections, in which specific hypotheses and 

research questions are treated in more detail, chapters 2 to 9.  

Chapter 2 gives an overview of function-based metagenomics assessment strategies for 

exploration of microbial communities for active enzymes and biomolecules. Metagenomics 

experimental methodology is described and limitations are discussed. Practical issues such 

as sample selection, DNA extraction, metagenomic library construction and gene 

expression are discussed.  

Chapter 3 addresses the metagenomic exploration of disease-suppressive soils and 

provides a comparison of methods that can be used. The putative relationship between soil 

chitinolytic activity and soil disease suppressiveness is discussed.  

Chapter 4 provides an experimental evaluation of chitin-degrading microbial communities 

from well-known and still underexplored terrestrial and aquatic habitats. A combined 

protocol, which encompasses classical enzymatic assays and chiA genetic screening, is 

applied. The first deep chiA based pyrosequencing study is reported. The promise of several 

habitats for further bioexploration is discussed and selected ones are brought forward. 

Chapter 5 examines the changes in a bacterial chitinolytic community in a short-term soil 

microcosm experiment in which chitin and pH levels were modified. A major role of Gram-

negative bacteria such as Oxalobacteraceae versus a smaller one of Actinobacteria in the 

immediate response to the added chitin source was indicated. 

Chapter 6 investigates the actinobacterial and oxalobacteraceal communities under chitin 

amendment in an agricultural soil. For this, a key agricultural soil from a field established 

in the Netherlands in 1955 was selected. Significant changes in the Oxalobacteraceae as a 

result of chitin addition were observed and new insights into the effect of chitin addition on 

soil disease suppressiveness provided.  

Chapter 7 presents a 16S rRNA gene based pyosequencing analysis of the chitin-amended 
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field soil. The response of some bacterial groups, in particular Actinobacteria and 

Oxalobacteraceae, was consistent with previous findings. The data support the use of the 

chitin-amended field soil for further screening for bacterial chitinases. 

Chapter 8 describes the screening of a large metagenomic fosmid library constructed on 

the basis of total DNA isolated from the chitin-amended field soil. Full-length insert 

sequencing of selected fosmids confirmed the existence of putative novel bacterial chitinase 

genes. De novo  annotation and general characteristics of the genetic fragments recovered 

are presented. The analysis provided a view of chitinase genes useful for further expression 

and biotechnological applications.  

Chapter 9 discusses the overall results obtained in the experimental and theoretical 

approaches, with a focus on the significance of the methods applied and data gained. 

Further research prospects related to chitin, bacterial chitinases and the use of 

metagenomics are provided. 
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Abstract 

Functional metagenomics, the study of the collective genome of a microbial 

community by expressing it in a foreign host, is an emerging field in biotechnology. Over 

the past years, the possibility of novel product discovery through metagenomics has 

developed rapidly. Thus, metagenomics has been heralded as a promising mining strategy 

of resources for the biotechnological and pharmaceutical industry. However, in spite of 

innovative work in the field of functional genomics in recent years, yields from function-

based metagenomics studies still fall short of producing significant amounts of new 

products that are valuable for biotechnological processes. Thus, a new set of strategies is 

required with respect to fostering gene expression in comparison to the traditional work. 

These new strategies should address a major issue, that is, how to successfully express a set 

of unknown genes of unknown origin in a foreign host in high throughput.  

This article is an opinionating review of functional metagenomic screening of 

natural microbial communities, with a focus on the optimization of new product discovery. 

It first summarizes current major bottlenecks in functional metagenomics and then provides 

an overview of the general metagenomic assessment strategies, with a focus on the 

challenges that are met in the screening for, and selection of, target genes in metagenomic 

libraries. To identify possible screening limitations, strategies to achieve optimal gene 

expression are reviewed, examining the molecular events all the way from the transcription 

level through to the secretion of the target gene product. 
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Introduction 

One of the major hurdles in microbial ecology is the inability to culture most of 

the microbial diversity present in ecosystems under laboratory conditions. The observed 

divergence between the numbers of bacterial cells forming colonies on plates and the cell 

count obtained bymicroscopic examination is known as “the great plate count anomaly” 

(Staley & Konopka, 1985). In fact, only a fraction of the microbial diversity present in most 

ecosystems (1-5%) can be accessed through standard cultivation techniques (Curtis & 

Sloan, 2004; Nichols, 2007; Staley & Konopka, 1985; Torsvik & Ovreas, 2002). Thus, we 

can only speculate about the environmental importance and economical value of the 

majority of organisms that have remained unexplored so far. To access and explore this 

hitherto unexplored microbiota, the genetic material of the collective cells from an 

environmental sample can be directly extracted. This microbial community DNA, also 

known as the metagenome, can be further analyzed using modern technologies such as 

screens of constructed expression libraries and direct high-throughput sequencing. The 

molecular analysis strategies used to examine microbial metagenomes have been denoted as 

metagenomics techniques. Metagenomics has come a long way since the term was first 

introduced by Handelsman et al. (1998). Recently, the enormous potential of metagenomics 

to promote both bioexploration and our understanding of ecosystems has become clear (Hil 

& Fenical, 2010; Imhoff et al., 2011; Lefevre et al., 2008; Mocali & Benedetti, 2010; 

Riesenfeld et al., 2004; Singh & Macdonald, 2010; Warnecke & Hess, 2009). Clearly, the 

screening of metagenomic libraries allows one to study genes and functions from 

previously inaccessible microbes, opening up exiting new possibilities for the development 

of novel products (Fernandez-Arrojo et al., 2010; Singh et al., 2008; Uchiyama & 

Miyazaki, 2009; Warnecke et al., 2007).  

Screens of metagenomic libraries have been performed by two fundamentally 

different strategies, i.e., using (1) a function-based approach and (2) a sequence-based 

approach (Kakirde et al., 2010; Schloss & Handelsman, 2003). In the first strategy, 

screening is based on the detection of expression of target genes in the cloning host. In the 

second one, the focus is on the detection of target genetic sequences, for instance, by 

hybridization or PCR screening. An alternative is offered by direct sequencing.  

Despite the potential for mining of genetic novelty, the yields from function-based 

metagenomic studies often fall short of yielding products with sufficient novelty for 

biotechnological processes (Beloqui et al., 2008; Hil & Fenical, 2010; Singh & Macdonald, 

2010). One key reason for this is likely an often low level of gene expression in the library 

host (Van Elsas et al., 2008a). Alternatively, the screening method may have too low 

sensitivity to make gene expression easily detectable (Gabor et al., 2004). An additional 

caveat is the frequent rediscovery of already known functions, which limits the success of 

the metagenomics approach (Binga et al., 2008). The first two limitations appear to 

exacerbate the apparent inaccessibility of the extant genetic diversity through functional  

metagenomics (Lefevre et al., 2008). 
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Figure 1. Schematic overview of the major function-based metagenomic assessment strategies discussed in this 

article. 
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Considering this, we here pose the question “is there such a thing as a great screen 

anomaly”? If so, what strategies could be developed to solve this problem? Bluntly 

speaking, the central question underlying the success of metagenomics-based explorations 

of natural microbial communities is: “How to express a large number of genes of unknown 

origin at high throughput and successfully screen for specific functions?”  

This review aims to discuss the major bottlenecks that pertain to function-based 

metagenomics of the microbiota in natural systems for bioexploration. By reviewing the 

status of functional metagenomics, an overview will be given of the most important aspects 

of currently employed exploration of such microbial systems, and strategies for future 

improvements are given. Figure 1 depicts the general outline of microbial metagenomics. 

 

Sample selection and pretreatments 

Metagenomic libraries have already been constructed from a broad range of 

environments to access the genetic potential of the microbial communities present. The 

studies have included soil (Brennerova et al., 2009; Fan et al., 2011; Jiang et al., 2011; 

Lämmle et al., 2007; van Elsas et al., 2008a), sediment (Jeon et al., 2009; Parsley et al., 

2010; Zanaroli et al., 2010), freshwater (Wexler et al., 2005), marine environments 

(Breitbart et al., 2002; Martin-Cuadrado et al., 2007; Venter et al., 2004), and the guts of 

animals (Bao et al., 2011; Li et al., 2008; Wang et al., 2011). Also, extreme environments 

such as the Arctic (Jeon et al., 2009), glacial ice (Simon et al., 2009), acidic (Morohoshi et 

al., 2011; Tyson et al., 2004), and hypersaline environments (Ferrer et al., 2005) as well as 

a hyperthermal pond (Rhee et al., 2005) have been addressed by metagenomics-based 

studies. Extreme environments are of obvious interest in the search for novel enzymatic 

activities and properties.  

Clearly, the success of metagenomics exploration of microbial communities will 

be dependent on the make-up of these in each environment, as well as on the specifics of 

the environment being investigated. For instance, in cases where particular catabolic 

functions are sought, screening based on the utilization of specific substrates has been 

proposed (Brennerova et al., 2009; De Vasconcellos et al., 2010; Tirawongsaroj et al., 

2008). To enhance the chances of finding useful target functions, ecological enhancement 

(also called habitat biasing) has been proposed in order to manipulate the local microbial 

community prior to the extraction of the metagenomic DNA. Thus, the prevalence of the 

target functions in the total extracted metagenome is increased in situ, and so is the target 

gene hit rate. In practical terms, an environmental sample is biased towards specific groups 

of organisms by adding substrates or modifying its physicochemical conditions (van Elsas 

et al., 2008b). This then results in an enrichment of target functions in the resulting 

metagenome. As an example, such an experiment has been set up in order to attempt to bias 

soil microbial communities towards organisms that use chitin as a carbon source under 

conditions of native versus high pH (Kielak et al., 2013). An advantage of this strategy is 

its low cost and effort, together with the generally low-tech procedures. However, a side 
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effect of ecological enhancement is that organisms that depend on the activities of the target 

microbes can also proliferate, thus resulting in a potential “false” enrichment and reduction 

of the (optimized) target gene hit rate. However, by fine-tuning the selective criteria 

applied, this problem can be minimized.  

In another approach, specific functions/activities within a microbial community 

can be targeted to increase their activity/expression. Thus, stable isotope probing (SIP) has 

been applied as a method to selectively target functions involved in an ecological process, 

thereby making the underlying genes accessible (Cebron et al., 2007, Dumont et al., 2006). 

SIP allows one to distinguish the metabolically active members of a microbial community 

from the inactive ones using the addition of a substrate labeled with a stable isotope (
13

C or 
15

N) to the environmental sample. If sufficient isotope has been incorporated into the DNA 

of the active microorganisms, this labeled (“heavy”) DNA can be separated from unlabeled 

(“light”) DNA by density gradient ultracentrifugation and further analyzed. The method 

thus enables the establishment of a direct link between function and identity (Chen & 

Murrell, 2010; Cupples, 2011; Dumont & Murrell, 2005; Radajewski et al., 2003; Uhlik et 

al., 2009). Depending on the type of labeled substrate used, one can additionally bias the 

sample in much the same way as in ecological enhancement, targeting specific active 

ecotypes within a sample. However, a major drawback of SIP remains the fact that 

unnaturally high concentrations of labeled substrate may be required, next to too extended 

incubation times, in order to attain sufficient yields of labeled DNA in the active organisms. 

The former may result in growth inhibition, whereas the latter might accrue an 

accumulation of the label in the “wrong” trophic classes. An additional practical 

disadvantage is the prohibitively high cost of labeled substrate. Another problem of SIP is 

technical as the differentiation between labeled and unlabeled DNA may be difficult: 

unlabeled high G-C% DNA may have a density profile that approaches that of labeled low 

G-C% DNA (Buckley et al., 2007). Despite such limitations, SIP is a very valuable tool to 

reduce sample complexity and increase the hit rates of particular target genes (Chen & 

Murrell, 2010). It is especially practical in the search for target metabolic genes for 

biotechnical applications.  

 

DNA extraction and processing 

Extraction of microbial community DNA for use in metagenomic library 

construction can be roughly divided into two strategies:  

(1) “direct extraction”- the microbial community DNA is directly isolated from the sample 

and 

 (2) “indirect extraction”- the microbial cells are first isolated from the sample prior to cell 

lysis (Robe et al., 2003; Van Elsas et al., 2008a).  

Both methods have their own specific advantages and biases.  

Four key parameters that define the suitability of the DNA extracted by each method for 

subsequent metagenomics analysis have been identified: yield, purity, fragment size, and 
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representativeness. Unfortunately, in practice, these factors often stand in negative relation 

to one another. Enhancing one will often have a negative effect on other factors. As a 

matter of example, these extraction trade-offs may result in either low-yield extracts 

containing large DNA fragment sizes versus high-yield small-fragment DNA. A low 

average fragment size obviously impedes the subsequent analysis of larger operons, for 

which larger insert libraries are needed (Williamson et al., 2011). A recent study (Delmont 

et al., 2011) showed that the apparent functional diversity present in an ecosystem is not 

severely affected by the DNA extraction method, possibly reflecting the high functional 

redundancy in most natural microbial communities. However, the inevitable biases inherent 

to any DNA extraction method can lead to unrepresentative (biased) microbial community 

DNA. This caveat also impacts our strategies to explore the rare biosphere. An interesting 

new method for separating DNA from highly contaminated samples, called synchronous 

coefficient of drag alteration, applies a rotating dipole and quadruple electric field in an 

aqueous gel by which DNA is concentrated at a focal point while contaminants are pushed 

outwards (Pel et al., 2009). In particular cases (Neufeld et al., 2008), e.g., after indirect 

extraction of DNA from a sample or in a SIP experiment, DNA yields may be low, 

indicating the need for pre-amplification to allow metagenomic library construction. 

Regular PCR amplification is often not suitable due to the requirement for specific 

annealing sites of the primers. A suitable technique is offered by multiple displacement 

amplification (MDA). MDA is based on the use of phi29 DNA polymerase and random 

hexamer primers and results in highfidelity replication, in a random fashion, of the different 

DNA fragments present in the sample. Although under debate, the method was shown to 

work without biases due to primer specificity (Binga et al., 2008; Blanco & Salas, 1985; 

Blanco et al., 1989; Nelson et al., 2002). However, MDA can also yield chimeric artifacts 

(Neufeld et al., 2008; Simon et al., 2009). Neufeld et al. (2008) clearly showed the 

potential of SIP combined with MDA. They incubated a marine microbial community with 

in situ concentrations of labeled substrate (methanol) and subsequently performed MDA on 

the labeled DNA for construction of a fosmid library. They found that the amplified DNA 

was very representative of the sample.  

 

Metagenomic library construction and gene expression 

Construction of a metagenomic library should be accompanied by the careful 

selection of the appropriate average DNA fragment size. Moreover, suitable vectors and 

expression hosts should be selected. It is vital to understand that, for most natural 

ecosystems, complete coverage of the extant diversity cannot be achieved, and so most 

libraries will consist of fragmentary randomly sampled genes from an overall DNA pool. 

Only the most abundant fraction of the gene pool will be present in the library, and hence 

the extracted DNA pool is a sub-selection of the complete metagenome. The extracted 

DNA pool is further biased by factors such as the effect of sampling, cell separation, lysis 

intensity, and DNA size variation. Delmont et al. (2011) recently showed that up to 80% 
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increase in genetic diversity is achievable by diversifying the extraction factors (meaning, 

adding extra extraction modules) in comparison to the most effective single extraction 

strategy. Simple stochasticity thus dictates that the prevalence of genes from the dominant 

biosphere will greatly exceed that of genes from the rare biosphere. Therefore, the selection 

of the vector/host system is ideally guided by prior knowledge about the prevalence and 

distribution of different bacterial types in the sampled habitat.  

Once a metagenomic library has been constructed, screens need to be performed in 

high throughput to uncover the genes of interest. The two common strategies, i.e., (1) 

functional and (2) sequence-based (genetic) screening, have been widely applied. It is 

obvious that functional screening provides a very straightforward way towards the 

objective. Thus, the target genes in metagenomic libraries are expressed in a relevant 

experimental setup in order to visualize (detect) them and confirm their assignment to the 

function. In contrast, genetic screening is dependent on prior knowledge of expected gene 

sequences or motifs. Direct hybridization of PCR-based screenings has been the method of 

choice; however, current high-throughput sequencing has opened up the way to employ 

direct sequencing-based analyses.  

In most metagenomics studies performed thus far, Escherichia coli has been used 

as the cloning host as an extended genetic toolkit is available for this host. Depending on 

the size of the DNA fragment that needs to be inserted, different vectors have been 

employed. For small fragments, plasmids <15 kb, for larger fragments cosmids (15-40 kb), 

fosmids (25-45 kb), and/or bacterial artificial chromosomes (BACs) (100-200 kb) have 

been successfully used (Angelov et al., 2009; Kakirde et al., 2011; Uchiyama & Miyazaki, 

2009; Van Elsas et al., 2008a).  

In order to eliminate the limitations generated by using E. coli as a single host, 

shuttle vectors and non - E. coli host systems have been developed. Bacterial strains from 

genera like Burkholderia, Bacillus, Sphingomonas, Streptomyces, and Pseudomonas have 

thus been reported as alternative hosts (Courtois et al., 2003; Eyers et al., 2004; Martinez et 

al., 2004; Van Elsas et al., 2008a). When expressing the metagenomic library material in a 

host organism, two strategies can be applied:  

(1) single-host expression and  

(2) multi-host expression. 

Although most functional expression screens have been conducted with a single host, in 

recent years a shift to multi-host gene expression has been taking place. This is due to the 

idea that a substantial part of the transformed genes cannot be successfully  expressed in a 

single organism and that the use of multiple hosts either sequentially or in parallel offers 

great advantages.  

 

Possible causes of lack of gene expression 

A central issue concerning the detectable expression of genes of metagenomes in 

suitable hosts is, thus, the inability to detectably express a major fraction of the target 
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genes. This might be due to a plethora of factors, such as codon usage differences, improper 

promoter recognition, lack of proper initiation factors, ribosomal entry, improper protein 

folding, absence of essential co-factors, accelerated enzymatic breakdown of the gene 

product, inclusion body formation, toxicity of the gene product, or the inability of the host 

to secrete the gene expression product. To what degree these different factors contribute to 

the inability to detect the expression of genes in a metagenomic library will differ per 

host/gene combination. This makes the question as to what percentage of genes within a 

library can be expressed by an available host very difficult to answer.  

What we do know is that codon usage is a particularly important factor in the 

successful expression of foreign genes (Kudla et al., 2009). Most organisms have a 

preference for specific codons when generating proteins or encoding signals for initiation or 

termination of translation. The preferred codons are referred to as “optimal” codons. 

However, the nature of such codons varies between species (Goodarzi et al., 2008). The 

occurrence of the resulting “codon dialects” between different species is termed codon 

usage bias (CUB). This phenomenon is particularly important regarding the expression of 

foreign genes in a metagenomics host, as is done in functional metagenome screens. Kudla 

et al. (2009) clearly showed the effect of codon bias by synthesizing and expressing 154 

genes encoding the green fluorescent protein (GFP) with randomly introduced silent 

mutations in the third base position. The resulting expression levels varied 250-fold across 

all variants, clearly illustrating the dramatic effect that CUB has on gene expression. 

Besides overall codon usage, also the preference for start codons can vary greatly across 

bacterial species (Villegas & Kropinski, 2008). Furthermore, CUB has been shown to be 

important in translation (Sorensen et al., 1989), protein folding (Zalucki et al., 2009), and 

secretion (Power et al., 2004; Zalucki & Jennings, 2007).  

Gabor et al. (2004) quantified the probability of detection of particular genes by 

random expression cloning on a theoretical basis using 32 prokaryotic genomes (belonging 

to Euryarchaeota, Crenarchaeota, Firmicutes, Actinobacteria, and Proteobacteria). Three 

theoretical modes of expression were examined: i.e. (1) independent expression with the 

ribosomal binding site (RBS) and promoter provided by the insert, (2) expression by 

transcriptional fusion with the RBS on the insert, and (3) expression by translational fusion 

with both RBS and promoter on the vector. The latter option was considered to be 

irrelevant due to its low chance of expression in a real-life experiment. About 40% of the 

extant enzymatic activities may be accessible by random cloning in E. coli, with a range of 

7–73% between the five taxa examined. However, this study was based on purely 

theoretical bioinformatics considerations and did not take into account key factors that play 

defined roles in successful gene expression, such as the presence of co-factors, protein 

folding, and/or secretion. 

One way to more successfully express genes in metagenomic library hosts may be 

to engineer the host expression machinery on the basis of the expected prevalence of genes 

from source hosts. Thus, it would be interesting to tinker with the host’s transcription and 
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translation systems, thereby increasing the recognition of the foreign RBS predicted to be 

prevalent in the metagenome (Bernstein et al., 2007). Moreover, one could boost the co-

expression of chaperone proteins to promote proper protein folding, whereas enhancement 

of secretion of the target gene product is another possibility (Ferrer et al., 2004; Jhamb et 

al., 2008). Not only the host but also the vector can be engineered to maximize the rate or 

frequency of gene expression. An example is the use of dual-orientation promoters on the 

vector, which may effectively increase the rate of successful gene expression (Lämmle et 

al., 2007). However, such promoters are probably most useful in small-fragment libraries 

where native promoters may not be present in the insert. 

 

Single-host system 

  Most single-host metagenomic expression systems rely on E. coli. This organism 

is readily used regarding gene expression assays based on many different vectors. Because 

of its status as the most well-known model host, there is ample knowledge about different 

useful gene expression strategies. In fact, a wide variety of expression systems is available 

for use in E. coli and many genetic constructs have been assayed this way. There is also a 

broad range of strains capable of efficient replication of such vectors, which are either 

single- or multi-copy, and confer low-frequency recombination and protection against lytic 

phages (Sorensen & Mortensen, 2005). 

 

Multiple-host systems 

An alternative to the single-host strategy, which increases the rate of gene 

expression, is the use of multiple hosts, either sequentially or in parallel. The use of 

multiple hosts diversifies the available expression machinery, thus increasing the chance of 

successful gene expression. At the same time, the effect of gene product toxicity and 

enzymatic breakdown can be overcome. To express genes from metagenomes in multiple 

hosts, shuttle vectors with broad host range are of use.  

An example of an advanced vector design (combining key characteristics) for 

broad-host-range screenings was recently presented by Aakvik et al. (2009). Fosmid 

libraries constructed using broad-host-range fosmid and BAC vector pRS44 were 

successfully transferred into Pseudomonas fluorescens and Xanthomonas campestris.  

The main features of this vector are (1) inducible copy number for controlled gene 

expression, which minimizes possible gene product toxicity but allows high-level gene 

expression for effective detection in screenings, (2) the ability to stably hold inserts of up to 

200 kb, and (3) a high capacity to be efficiently transferred to a wide range of hosts 

(Aakvik et al., 2009).  

A nice example of a metagenomic study in which broad-host-range vectors were 

used was provided by Craig et al. (2010). Metagenomic libraries derived from soil were 

constructed in an IncP1-α broad-host-range cosmid vector using six selected proteobacterial 

host strains, i.e., Agrobacterium tumefaciens, Burkholderia graminis, Caulobacter 
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vibrioides, E. coli, Pseudomonas putida, and Ralstonia metallidurans. Library screenings 

were conducted on the basis of three types of phenotypic traits: antibiosis, pigmentation, 

and colony morphology. Remarkably, a high diversity of expression profiles between the 

different hosts was found, with little overlap (Craig et al., 2010). This illustrates the fact 

that the same metagenomic library can yield totally different expression data, purely based 

on the expression host used. Furthermore, the still rather low frequencies of clones with 

desired genes indicated the need for more robust screening methods to lower detection 

thresholds. Another broad-host range study (Martinez et al., 2004), which targeted novel 

drugs, had already underlined the need for multiple-host gene expression. Parallel 

screenings of metagenomic libraries in multiple hosts yielded diverse expression profiles of 

antibiotic- producing genes between hosts (Martinez et al., 2004).  

On the basis of the foregoing, we conclude that an investment in the development 

of more sophisticated host–vector systems on the basis of a broad range of host organisms 

is needed. In particular, the development of host–vector systems with environmentally 

prevalent strains from phyla that are relatively incompatible with the E. coli expression 

machinery (like Acidobacteria and Verrucomicrobia) holds great potential to increase the 

rates of expression of genes from metagenomes. 

 

Future developments  

Metagenomic approaches are increasingly being assisted by massive (directly 

obtained) sequence information. To bypass the difficulties of gene expression, it should be 

possible, on the basis of such information, to “translate” a whole coding sequence to the 

expression signal and optimal codon usage typical for E. coli. As an example, Bayer et al. 

(2009) codon optimized 89 genes with possible relation to methyl halide transferases for 

expression in E. coli and obtained an impressive result. That is, 94% of the predicted genes 

were expressed and showed methyl halide transferase activity. This example clearly 

indicates the high potential of codon optimization strategies, in this case, evidenced in E. 

coli. 

 

Functional screening 

It is the ability to detect, isolate, and characterize expressed genes in a 

metagenomic library which determines the success of any function-based metagenomic 

assessment. A broad array of screening methods can be used (summarized in Figure 1). 

Among these, three general detection strategies are distinguished (Simon & Daniel, 2009): 

(1) Phenotypic insert detection (PID), where the expression of a particular trait is used to 

identify positive clones; 

(2) Modulated detection (MD), a strategy that relies on the production of a gene product 

that is necessary for growth under selective conditions; 

(3) Substrate induction, a strategy that is based on the induced expression of cloned genes 

via a specific substrate.  
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Although a distinction is made between these three detection strategies, 

categorizing them into separate groups would be incorrect. Often, a combination of them is 

used in order to perform and optimize the screening. For instance, phenotypic detection 

through a GFP reporter gene can be combined with substrate-induced expression of the 

insert gene (Uchiyama et al., 2005). 

 

PID  

PID is the most commonly used approach for the functional screening of 

metagenomic libraries. The screen is based on the detection of specific phenotypic traits. 

The intensity (level) of gene expression is an important issue here since faint expression 

signals can be easily missed in high-throughput screenings. A possible aid is offered by 

microfluidic approaches using nanoliter volumes. These can offer increasing sensitivity of 

the assay since less gene product is required to yield a detectable phenotype (Taupp et al., 

2011). Specific phenotypic traits may be detected in multiple ways. The first way is based 

on direct expression, for instance, by detecting pigmentation or colony morphology (Brady, 

2007), both of which may directly result from the expressed inserted gene (Craig et al., 

2010; LeCleir et al., 2007). Another way is the (indirect) reaction or interaction of an added 

substance with the expressed gene product or a product that is a consequence of this 

expression. Lastly, detection can be based on coexpression of a reporter gene which is 

linked to the target gene in the library. A high diversity of methods has been developed 

based on these three strategies, of which the most prominent ones will be discussed below. 

 

Direct detection 

Visual detection is a phenotypic screening method that is relatively 

straightforward and “low-tech”. However, it is also quite labor-intensive. This screening 

method works by positive clones displaying a trait (as the result of the expression of a 

library gene) which is directly observable. Examples of such observable traits are colony 

pigmentation, irregular colony morphology, or halo formation on plate overlays. Coupling 

this direct detection method with high-throughput technologies, such as that offered by 384-

well plates, colony picking robots and microplate readers, not only shortens processing time 

but also enhances the reliability and comparability of screenings performed on different 

clones. A disadvantage of this method is its rather low resolution or sensitivity. For 

example, if expression is low in a certain positive clone, a phenotypic trait might not be 

readily detectable, resulting in an incorrect rejection of “sub-threshold” positive clones. 

Furthermore, the method does not allow direction to be given to the screen. In a recent 

study (Craig et al., 2010) clones were screened in high-throughput in multiple hosts based 

on the three phenotypic traits mentioned above. These traits were chosen based on the fact 

that they are commonly associated with small-molecule production (Craig et al., 2010). 

This illustrates the fact that these methods are more suited to a broad-range exploration of 

the metagenome for pleiotrophic traits than to directed searches for a specific pathway or 
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metabolite. 

 

Indicator medium  

The use of indicator medium constitutes a direct way to detect particular small 

molecules, chemical reactions, or metabolic, catabolic, or antibiotic capabilities of a clone. 

It is a popular detection method given its suitability for high-throughput application, as well 

as its amenability to many experiments, from broad screenings of diverse gene products to 

the isolation of very specific metabolic capabilities (De Vasconcellos et al., 2010; Fan et 

al., 2011; Morohoshi et al. 2011; Tirawongsaroj et al., 2008). Furthermore, the relative 

sensitivity of this method allows it to detect changes in, e.g., pH at moderate expression 

levels, especially when combined with droplet-based microfluidics, where detectable 

concentrations are easily reached due to the small volume in use. 

A nice example of the use of indicator medium in screenings is the isolation of 

novel metallo-proteases from metagenomic libraries using milk-infused plates. The screen 

was based on detection of proteolytic activity in the E. coli clones, which confer the ability 

to hydrolyze milk proteins. The library clones were incubated on skimmed milk-containing 

agar plates and proteolytic activity was detected by the formation of clear haloes on the 

plates (Waschkowitz et al., 2009).  

The use of indicator media holds great promise as the successful expression of 

foreign genes in the host can be readily monitored in high throughput. Relying on the 

successful expression of foreign genes for detection might yield low amounts of positive 

hits yet give the guarantee that the gene is functional in the metagenome host. However, a 

problem is that the target enzymes are only expressed intracellularly in the metagenome 

host and the cell membrane might not necessarily be permeable to the indicator substances 

present in the medium. Hence, secretion of the gene product is necessary for detection. 

Moreover, other problems can arise, such as enzymatic breakdown or intracellular product 

accumulation (Sorensen & Mortensen, 2005), which can result in toxicity. Forced cell lysis 

may hold the solution, as it may bring the indicator substance into contact with the 

intracellular target proteins (Bao et al., 2011). However, care should be taken to not 

denature the expressed proteins by the lysing agents since otherwise protein activity as well 

as its interaction with the indicator substrate might be lost. Furthermore, mechanical cell 

disruption can be time-consuming and labor-intensive. A possible way of avoiding this is to 

use an autolytic vector. Li et al. (2007) developed a UV inducible autolytic vector for use in 

high-throughput screenings. A SRRz lysis gene cassete was inserted downstream of a UV-

inducible promotor in E. coli. Cell lysis efficiency was tested by expressing β-galactosidase 

in E. coli prior to UV induction. After UV-induced lysis, extracellular (supernatant) β-

galactosidase activity was compared to the total of intracellular (pellet) and extracellular β-

galactosidase activity to quantify lysis efficiency. A lysis effiencency of 60% or more was 

observed at a temperature of 30°C. This is comparable to conventional lysozyme treatment. 

However, at 37°C, the lysis rate was less consistent. Thus, use of such an autolytic vector 
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might provide a simple alternative to existing lysis techniques (Li et al., 2007). In addition 

to the beta-galactosidase-based screen, several other chromogenic and fluorogenic reporter 

techniques were proven to be efficient in the identification of the activities of enzymes 

encoded by the inserted gene(s). LeCleir et al. (2007) thus showed the presence of 

chitinolytic enzymes in an estuarine metagenomic library by cleavage of fluorogenic 

analogs of chitin. 

 

MD 

MD does not rely on the direct detection of an expressed gene, but it uses a 

predesigned expression route. By modulating the expression host and/or vector systems, 

selection and detection of inserted genes can be manipulated, for instance by the 

coexpression of reporter genes or heterologous complementation. This results in more 

specific screenings and standardized detectable signals.  

 

Reporter genes 

The use of reporter genes is a suitable method for high-throughput screenings. The 

lacZ gene encoding beta-galactosidase (resulting in colony coloring upon growth on X-Gal-

containing medium) is frequently used as a reporter gene. In an experiment to screen for 

metagenomic clones containing genes that interfere with quorum sensing (QS), this reporter 

gene was used. Screening was achieved by measuring the potential degradation of the QS 

signaling molecules. An A. tumefaciens strain containing a traI-lacZ gene fusion was used 

in the screening. By inducing the traI gene with the QS signal molecule homoserine lactone 

3-oxo-C8-HSL, lacZ is activated. This results in beta-galactosidase production, yielding 

blue colonies. If, however, 3-oxo-C8-HSL is broken down by the host, lacZ induction is 

inhibited and no blue color appears. This would be an indication of a quorum sensing-

inhibitory or degradation activity of the clone. The experiment yielded 438 positive clones 

showing QS inhibition (Schipper et al., 2009). A great advantage of this approach is that 

detection of positive clones does not rely on successful expression of a gene product 

downstream of transcription. Nor does a possibly faint expression of the inserted gene 

hamper detection, as it might in other detection methods. This can be of great benefit when 

searching for genes that might be hard to express in the host. 

 

Heterologous complementation  

Heterologous complementation (HC) relies on exploring foreign genes to achieve 

genetic complementation in the host, resulting in the expression of a gene product that is 

vital for growth under selective conditions. The technique allows for great selectivity and, 

thereby, a screen can be precisely directed to search for specific genes (Kellner et al., 2011; 

Simon et al., 2009). An example is presented by Simon et al. (2009) who screened 

metagenomic plasmid and fosmid libraries derived from glacial ice for DNA polymerase 

encoding genes. This was achieved by using an E. coli strain that carries a cold-sensitive 
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mutation in the 5’-3’ exonuclease domain of DNA polymerase I, which is lethal at 

temperatures below 20°C. By growing the clones on antibiotic-containing plates compatible 

with vector resistance, at a temperature of 18°C, positive clones can be identified that 

complemented the lethal mutation. Using this approach, 17 plasmids and 1 fosmid with the 

desired phenotype were retrieved from the clone library. Sequence analysis of nine positive 

clones indicated that indeed DNA polymerase genes had been isolated from the library. 

Taking into account the conserved nature of DNA polymerase genes and the degree of 

homology to known DNA polymerase genes, this result led to the conclusion that the genes 

had been recovered from as-yet-unexplored microorganisms (Simon et al., 2009). Another 

example of HC is provided by a study that attempted to isolate novel lysine racemase genes 

from a metagenome (Chen et al., 2009). An E. coli strain carrying a lysine auxotrophy 

mutation was used to screen for the aforementioned genes in a metagenomic library derived 

from garden soil. Clones were grown on D-lysine-supplemented medium. Since only 

successful recombinant clones would be able to catabolize D-lysine, unsuccessful clones 

would starve on the medium. Using this method, a positive clone was identified and 

sequenced. To confirm that the inserted gene was derived from the metagenome and not 

from digested DNA fragments during library construction, primers based on the detected 

lyr (lysine racemase) gene were designed. These primers then successfully amplified the lyr 

gene directly from the metagenomic DNA by PCR (Chen et al., 2009). 

 

Induction by substrate 

Induction of gene expression by substrate is particularly practical for the detection 

of catabolic genes. Expression of catabolic genes is often induced by substrates and/or 

metabolites of catalytic enzymes. The regulatory elements of these catabolic genes are 

generally situated close to the genes themselves. These elements have been shown to work 

in host organisms like E. coli. 

 

Substrate-induced gene expression  

Uchiyama et al. (2005) developed the so-called substrate-induced gene expression 

(SIGEX) system for use as a screening method for particular catabolic genes. To make this 

method high-throughput compatible, an operon-trap GFP expression vector was used, 

resulting in co-expressed GFP upon substrate-induced expression of any responsive 

inserted gene. This GFP expression subsequently enabled the separation of positive clones 

by fluorescence-assisted cell sorting (FACS). In the study, metagenomic genes from 

groundwater were found that could be induced by benzoate and naphthalene. This yielded 

58 benzoate- and four naphthalene-positive clones (Uchiyama et al., 2005). By changing 

the substrate, the scope of the screen can be adjusted and different catabolic genes can be 

targeted. Possibly unknown gene functions might even be deduced from the inducing 

substrate that is used. However, induction of expression by other effectors than the 

substrate used can result in the detection of false positives. 
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Metabolite-regulated expression  

Metabolite-regulated expression constitutes a similar technique to the above one 

(Williamson et al., 2005). It aims to detect biologically active small molecules by an 

intracellular luxI-luxR biosensor system. In this system, gene  expression will be induced or 

inhibited by quorum sensing. After a certain concentration of gene product is met, induction 

of expression of a transcriptional activator will take place by binding of luxR, which 

activates luxI; subsequent expression of a reporter gene will ensue. The successful 

expression of the reporter gene allows high-throughput screening by FACS. An advantage 

of this system is that it does not rely on secretion of a gene product like screens with 

indicator organisms do (a common technique to identify antibiotics). Instead, this technique 

screens intracellularly for expressed small molecules (Williamson et al., 2005). 

 

Major hurdles and future prospects in functional metagenomics 

Functional screening will remain an essential element to be developed further in 

metagenomics aimed at mining natural microbial communities for new products for 

biotechnology. Two main hurdles can still be identified, i.e., the successful expression of 

genes in metagenomic clone libraries and the subsequent screening and selection of genes 

of interest from expressed inserts. 

 

The metagenomic expression paradigm 

Two facets are important in the expression of foreign genes in a metagenomics 

library host, i.e., the nature of the DNA insert and that of the expression machinery 

(consisting of a vector and host with tunable genetic circuitry). In “traditional” foreign gene 

expression by genetic modification using known source and host genetic backgrounds, the 

two facets have become relatively well known. Thus, we have learned that the host 

expression machinery needs to be chosen and tuned to the requirements of the specific 

genetic insert. Often, the insert was first codon-optimized for the expression host to 

maximize the chance of successful gene expression. 

In contrast, in functional metagenomics a new expression paradigm is 

encountered, in which very little is known of the genetic insert prior to gene expression. 

Hence, prior knowledge on the estimated prevalence of source genes in the metagenomic 

library can be extremely helpful and may be required. On the basis of such knowledge, 

suitable host/vector systems can be selected. And, in addition to that, the host expression 

machinery might be tuned to a broad range of inserts, with varying fragment types, origins 

and sizes. It seems to be the relatively narrow-range expression machinery present in E. coli 

which is preventing an effective match on the individual insert level, leading to the current 

expression bottlenecks that are often encountered in functional metagenomic screenings. 

Broader expression systems might overcome this bottleneck. There is still a need for the 

development of additional expression hosts from less studied phyla and of robust shuttle 

and induction systems for these hosts. But even with a broadly applicable expression 
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system, trans-acting processes together with the shear randomness of insertions into the 

vectors used will continue to limit our ability to optimize the rate of expression of the target 

genes present in the metagenome. In Figure 2, an overview of the different expression 

stages that are met in functional metagenomic screens is provided. One obvious strategy 

would be to scale up functional screenings by the use of multiple hosts and screening 

methods in parallel (e.g. Craig et al., 2010). This enables one to increase the chance to 

successfully express and detect inserted genes. However, to prevent such an experiment to 

become costly and time-consuming, high-throughput, potentially microfluidic technologies 

are required. This might be combined with cell lysis procedures, either chemically or by the 

use of an autolytic vector, to minimize biases by enzymatic breakdown of the gene product, 

toxicity or secretion problems. 

The alternative to the upscaling of metagenomic screenings is to restrict the scope 

of the study by narrowing down the insert gene source diversity so that the expression 

machinery can be more specifically engineered to suit the experimental demands. To 

confine the scope of a metagenomics screen, ecological enhancement can be very useful as 

it decreases library complexity by an increase of the prevalence of genes of preselected and 

dominating target microbes. One could also think of preselecting genetic material on the 

basis of G-C content by ultracentrifugation (Holben, 2011), thereby providing a better 

match between the sampled metagenome and the expression host. Heterologous 

complementation is also a very suitable detection method in such focused screens because 

of its specificity and independence of successful insert expression. 

A more radical approach would be to tune the selected target genes in the 

metagenome library to match the most convenient expression machinery of the host. This 

would require sequencing of a metagenomic library to identify target genes and subsequent 

optimization of the codons and signal sequences of these to suit the expression host. 

Finally, optimized sequences would be synthesized, inserted, and functionally screened in 

the relevant host. Computational, sequence-based, and high-throughput technologies may 

allow us to codon-optimize and synthesize a complete metagenomic operon for functional 

screening. The possibilities are enormous, like accessing ever rarer genes, as well as 

increasing positive hit rates. However enticing this idea may be, as well as its potential 

possibilities, currently only selections of existing libraries are realistic candidates for such 

experiments. 
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Figure 2. Schematic overview of the expression process from induction all the way to secretion of the light of 

troubleshooting during a metagenomic library screening. 
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New technologies useful in functional screenings 

The recent growth of the use of “library based” approaches in metagenomics-

based mining is directly related to the rapid technological developments in molecular 

biotechnology. Screening methodologies have evolved in the light of the necessity to 

understand complex ecological and biochemical interactions in different environments. The 

original screenings, based on the isolation of mutant (transformed) cells of host organisms 

on culture media, were considered to provide insufficient power or throughput (Link et al., 

2007; Shuman, 2003). Thus, screening systems able to rapidly identify the presence and 

activity of enzymes, effects of mutations, or interaction and changes among microbial 

community members were desired. Microarray (chip)-based technologies coupled with 

microfluidic devices, cell compartmentalization, flow cytometry, and cell sorting have been 

proposed as promising new technologies (Link et al., 2007; Ottesen et al., 2006; Tracy et 

al., 2010). 

It is important to pinpoint the major roles fluorescence-based assays are playing in 

single-cell analyses. Improved enzyme detection, resulting from the discovery of new 

genes, isolation of proteins with high affinity, as well as phylogenetic analyses were 

reported (Aharoni et al., 2006; Feng et al., 2007; Melkko et al., 2007). Large metagenome 

libraries have been screened via single cell fluorescent assays and high-throughput flow 

cytometry in the quest for novel catalytic activities (Link et al., 2006; Santoro et al., 2002; 

Varadarajan et al., 2005). These screening methods offer higher levels of quantification and 

the possibility to detect multiple traits in one assay. Considering the evolution of screening 

approaches, from Sydney Brenner’s affirmation “just toothpicks and logic” to higher level 

technologies (which have become available at low cost), increases in the rates of discovery 

of new bio-engineered molecules can be predicted. 

 

The hunt for novelty 

The increasing human impact on the environment in the last century has urged 

developments in our food, waste treatment, agriculture, and biomedical industries. In this 

respect, explorations of diverse habitats have increased with the increasing demand for new 

enzymes, antibiotics, and other active biomolecules as well as biofuels (Ferrer et al., 2009; 

Lorenz & Eck, 2005; Schloss & Handelsman, 2003). A recently developed database - 

denominated MetaBioMe (Sharma et al., 2010) - offers access to 510 “commercially 

useful” enzymes (CUEs) by linking protein databases with data from metagenomic and 

bacterial genomic datasets. These CUEs have been classified into nine broad application 

categories, namely: agriculture, biosensor, biotechnology, energy, environment, food and 

nutrition, medical, other industries, and miscellaneous. Among these, biotechnology, food 

and nutrition, medicine, and biodegradation of toxic compounds are considered to be of 

utmost importance. So far, one of the most frequently targeted habitats for finding genetic 

“novelty” was soil. The cryptic microbial treasures of different types of soil and sediments, 

including those in extreme conditions (e.g., low pH, high temperature, high salt 
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concentration), have promised the presence of an enormous reservoir of different enzymes. 

Of late, such environments are certainly underexplored. However, metagenomics-derived 

products have already found their way to the biotechnology market (Table 1), although 

their metagenomic origin is not always revealed by the manufacturer. Moreover, it is often 

protected by patents. 

 

 

Table 1. Examples of enzymes and other molecules derived from (meta)genomics-related methodologies. 

Product  Applicationa Manufacturerb 
Number of 

patentsc 

Cellulase 
Textile industry, plant 

biotechnology 

Syngenta Mogen B.V. 

4735d 
Gist-Brocades N.V. 

Roche Vitamins Inc. 

Lipase 
Cleaning industry, 

academic  
Genecor 6649e 

Protease Alkaline tolerant  Sinobis 10000f 

Amylase Food industry BASF 5208e 

Chitinase 

Pharmaceuticals, food 

industry, bioremediation, 

biomedicine 

Sukahan Biotechnology 876d 

Fluorescent 

protein 

Biometabolites, 

pharmaceutical industry 

for drug discovery 

Diversa 10000g 

Antibiotics Medicine 
Libragen, Kosan 

Technologies 
10000h 

Xylanase Paper and textile industry 
Huzhou Llilly biology 

Technology Co. Ltd. 
1321d 

aThe most important applications are listed here. For all products the academic research is included as an application; bOther 

manufacturers may be involved in production of similar biomolecules; cAccording to FreePatents online web engine 

(http://www.freepatentsonline.com/). Number of all available patents related to query advance search (including US Patents, US Patent 

Applications,EP Documents, Abstract of Japan and WIPO from all years) scores from 1000 to 10; d,e,f,g,hScores of matches from: 

(d)1000 to 10; (e) 999 to 10; (f) 1000 to 74; (g) 1000 to 213; (h) 1000 to 60. 



43 

 

Conclusion 

High-throughput technology has been often associated with increasing the success 

of function-based metagenomic screens. However, high-throughput is more of a way of 

compensating for the often low hit rates in metagenomics screens than a true improvement 

of methods. The upscaling of a functional metagenomics screen by adopting a high-

throughput strategy using existing screening techniques may indeed increase the chance of 

identifying target genes in a metagenome, and indeed there is the rightful expectation that 

these high-throughput screens will become more effective by the use of microfluidic 

strategies, substrates with higher sensitivity, smartly designed induction systems, and easily 

detectable reporter genes. Collectively, such improvements may result in the lowering of 

detection thresholds and saving of costs. 

Depending on the purpose of the application, there is still ample room for 

improvement of expression strategies, such as careful host (range) selection, co-expression 

of chaperones, or codon optimization. It is the latter strategy that holds great potential for 

the future by screening of sequence databases to identify genes of interest, after which the 

targeted genes are codon-optimized and synthesized before being expressed in the target 

host. Key in overcoming expression bottlenecks is certainly a more intricate understanding 

of the complex aspects involved in expression of foreign genes (Figure 3). Thus, 

identification of crucial hurdles involved in the inability to express genes of any 

metagenome should be considered as the spearhead that allows us to move forward. 

Ultimately, a more directed approach in improving existing gene expression systems should 

be envisaged. However, when metagenomic strategies are designed to yield more optimal 

functional screenings, there might be a risk of being trapped in an overdesigned 

experimental setup, which leaves insufficient room for the discovery of the “real” instead of 

the “similar” unknown biosphere. This holds especially true when selecting target genes 

from sequenced metagenomic libraries. Following this, caution should be taken when 

weighing the advantages and disadvantages of different DNA processing strategies for 

library construction.  

To conclude, we posit that “the great screen anomaly” is a current reality; 

however, the term “great expression inability” might more appropriately describe current 

obstacles that hamper greater screening efficiencies. To what extent this anomaly will 

persist (as its predecessor “the great plate count anomaly” has) remains uncertain. 

Considerable fine-tuning of methods is clearly still needed to make functional screening 

representative of the environmental diversity and to boost its efficiency in assigning genes 

to function. Nevertheless, considering the pace at which innovative technologies evolve in 

this area, “the great screen anomaly” probably awaits a very unsure future with respect to 

its existence in the next decennium. 
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Figure 3. The metagenomic expression bottleneck. 
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Abstract 

Soils contain a vast microbial diversity and can be considered as the biggest 

reservoir of genetic novelty on Earth. This novel genetic information present in the soil 

microbiota is an excellent genetic resource that awaits our exploitation in order to increase 

our understanding of soil ecosystem functioning. Only a fraction of the soil microorganisms 

has been cultured and the difficulties of isolating members of this microbiota hamper our 

ability to unlock the genetic treasures locked up in them.  

Advanced DNA-based methods have become available to circumvent the 

cultivation dilemma by directly examining genomic DNA derived from the soil microbiota. 

Thus, we obtain information on the collective soil metagenome. In particular, genes that 

encode proteins that serve functions of key interest to soil ecology (and biotechnology) can 

be explored. The metagenome of plant disease-suppressive soils is of special interest given 

the expected prevalence of antibiotic biosynthetic or otherwise antagonistic gene clusters. 

In this study, we will draw on our experience on the metagenomics of disease-suppressive 

soils. We describe the progress achieved in developing tools that are required for 

metagenomic exploration of suppressive soil and report on some of the results obtained. We 

also examine the critical challenges that impinge on future applications such as the isolation 

of biopolymer-attacking enzymes. 
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Introduction 

Soil is known to contain an often extreme microbial diversity per unit mass or 

volume (Gans et al., 2005). By inference, the soil microbiota offers an excellent angle at 

novel microbial functions of ecological and industrial interest. For instance, on the basis of 

cultivation-based approaches, the soil microbiota has been found to harbour a wealth of 

antibiotic biosynthesis loci. Such functions, in particular cases, may underlie the 

suppressiveness of soils to plant pathogens (Steinberg et al., 2006). Moreover, the soil 

microbiota is also known as a goldmine for novel biocatalysts involved in biodegradation 

processes, including those of human-made polluting compounds (Galvao et al., 2005). 

However, the soil microbiota as-a-whole has remained largely cryptic due to a phenomenon 

called the “Great Plate Count Anomaly” (Janssen et al., 2002; van Elsas et al., 2006), 

which describes the lack of direct culturability of many microorganisms in soil. Our 

understanding of soil functioning has thus been severely hampered and many key traits of 

the soil microbiota that are involved in particular population regulatory processes (such as 

antibiotic production loci and particular enzymatic functions) have remained cryptic. In the 

light of the currently available high-throughput DNA-based technologies, the potential for 

examining and exploring the genetic treasures present in the soil microbiota is enormous. 

Thus, examination of the entire soil metagenome (here defined as the collective genomes of 

the microorganisms present in a soil sample) has been proposed as a means to address the 

issue (Rondon et al., 2000). However, there are definite problems in this approach, being of 

technical as well as fundamental nature (Sjoling et al., 2006). The fundamental caveats of 

soil metagenomics revolve around the relative ease to captivate the dominant soil 

microbiota versus the difficulty to access the so-called “rare” biosphere. Rank-abundance 

curves constructed for the soil microbiota have often demonstrated this rare biosphere to 

consist of an extremely long tail of ever-rarer species. It is a fact of metagenomic life that, 

without a priori measures to remediate this, soil-based metagenomes are almost always 

biased towards the dominant community members. 

A European research project denoted Metacontrol, which was executed in the 

early days of soil metagenomics, i.e. between 2002 and 2007, aimed to unravel the 

antagonistic capacities locked up in the microbiota of disease-suppressive soils. The basic 

idea was to find clues with respect to the involvement of such traits in the suppression of 

plant pathogens as well as to explore these for application purposes. The project has yielded 

a wealth of methodological advances and has given glimpses of the antagonistic potential of 

the soils studied (van Elsas et al., 2008b). However, a full understanding of the antagonistic 

diversity in suppressive soils against plant pathogens is still missing, and this is largely due 

to the astounding diversity found in the soil microbiota at this functional level. We here 

describe the major advances that have been achieved in metagenomic studies of disease-

suppressive soils and address the major challenges that still lie ahead of us.  
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Disease-suppressive soils 

Disease-suppressive soils are defined by their ability to restrict the activity and/or 

survival of plant-pathogenic microorganisms. Some soils posses a natural ability to 

suppress plant pathogens (Borneman & Becker, 2007; Steinberg et al., 2007), whereas in 

other soils disease suppressiveness can be the result of soil management practices, such as 

monocropping. The key to plant disease suppression often lies in the soil microbiota, that is, 

the pathogen-suppressive microbiota of any kind or composition that is present. This 

microbiota may be involved in competition for essential substrates the plant pathogen 

grows on (leading to niche exclusion), or it may be directly antagonistic to the pathogen. In 

the latter case, the in situ production of antibiotics that inhibit or kill the pathogen or of 

enzymes directly affecting the pathogen may be involved. A key example of the latter 

mechanism is the production of fungal pathogen-attacking chitinases or of competitive 

proteases, in disease-suppressive soils. 

 

Chitinolytic activity and disease suppressive soils   

Chitinases produced by soil microorganisms can also be involved in the 

suppression of plant disease, in this case caused by fungi that have chitineous cell walls. 

The level of disease suppressiveness can even be raised by adding chitin to soils (Mankau 

& Das, 1969; Spiegel et al., 1989). Several studies have reported (based on the 

measurement of activity of nematodes and fungi) that the induction of soil suppressiveness 

by chitin amendment is a biotic process (Chernin et al., 1995; Kamil et al., 2007). 

However, the mechanisms by which soils inhibit plant disease via chitin has not been 

completely elucidated. The exploration of the diversity of chitinases produced by the soil 

microbiota is a subject of current research, especially with respect to suppressiveness and to 

the possibility of manipulating this property (Downing & Thomson, 2000; Kobayashi et al., 

2002). Also, chitinolytic bacteria like Enterobacter agglomerans, Serratia marcescens, 

Pseudomonas fluorescens, Stenotrophomonas maltophilia and Bacillus subtilis have been 

used as biological control agents of fungal or nematodal plant disease agents (Downing & 

Thomson, 2000; Zhang et al., 2000; Kotan et al., 2009; Kobayashi et al., 2002). Moreover, 

fungi of the genera Gliocladium and Trichoderma have also been found to produce 

chitinolytic enzymes with protective roles for plants (di Pietro et al., 1993; Elad et al., 

1982). So far, the pathway of chitinase activity has been partially elucidated with respect to 

their protective role for plants (Clevland et al., 2004).  

 Current insight in disease suppressiveness of soils indicates that, in most of the 

cases, the phenomenon is complex. That is, various mechanisms may be involved. 

Suppression of a particular pathogen may include, besides the production of chitinases, 

efficient rhizosphere colonization leading to niche exclusion of the pathogen, and the 

production of one to several antibiotics, as well as of different proteases.  
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Exploration of disease-suppressive soils 

A collaborative European project with acronym Metacontrol (2002-2007) had as 

its stated objective to examine selected phytopathogen-suppressive soils for their 

antagonistic potential. A range of assessments of the nature of different suppressive soils 

were obtained (Adesina et al., 2007; Bertrand et al., 2005; Courtois et al., 2003; Ginolhac 

et al., 2004; Hjort et al., 2007; Lefevre et al., 2008; Nalin et al., 2004; van Elsas et al., 

2008a). The assumption was that the microbiota of suppressive soils would provide 

reservoirs of genetic loci involved in in situ antibiosis or antagonism. A focus was placed 

on genes for phytopathogen-suppressive polyketide antibiotics and chitinases. As shown in 

Table 1, four soils that were suppressive to varying phytopathogens were identified in the 

Netherlands [W, Rhizoctonia solani AG3 (Garbeva et al., 2004; 2006)], Sweden [U, 

Plasmodiophora brassicae], France [C, Fusarium] and the UK [Wy, Fusarium].  

Metagenomic libraries were constructed from these soils plus one control soil, M (Table 1), 

and screened for the occurrence of antibiotic and antagonistic functions (Adesina et al., 

2007; Bertrand et al., 2005; Courtois et al., 2003; Ginolhac et al., 2004; Hjort et al., 2007; 

Lefevre et al., 2008; Nalin et al., 2004; van Elsas et al., 2008a,b). In addition, a range of 

methodologies were developed that facilitated the preparation and exploration of the 

resulting libraries (Bertrand et al., 2005; Ginolhac et al., 2004; Hjort et al., 2007; Sjoling et 

al., 2006).  

 The exploration of the antagonistic potential of disease-suppressive soils by using 

a metagenomics-centered approach appeared straightforward at the onset of the work, 

however it turned out to be utterly complex (van Elsas et al., 2008a,b). A major issue was 

the prior estimation of target gene abundance, which was felt to be a strong determinant of 

the hit rate in the final metagenomic libraries. In the absence of a clear notion of the nature 

of the antagonistic compounds produced and genes involved, such an a priori assumption 

was very difficult to make. Other issues were of technical nature and revolved around the 

uncertainties and technicalities with respect to soil DNA extraction and cloning as well as 

the positive detection of the active compounds. In the following, we discuss the technology 

developed and the choices that had to be made prior to each analytical step with respect to: 

(i) the soil DNA extraction methodology, (ii) the potential to “bias” the soil community or 

DNA, (iii) the suitability of the vector/host system for the objectives, (iv) the optimal 

screening procedure, and (v) the final analysis. 
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Table 1. Soil metagenomic libraries constructed and their characteristics*. 

Soil 

Library 

vector / 

no. of 

clones 

Screening 

(functional / 

genetic) 

No. of 

positive 

clones 

Remarks 

W - Wildekamp 

grassland, 

suppressive to 

Rhizoctonia 

solani AG3 

Fosmid / 

15,000 

Functional: 

antagonism against 

Rhizoctonia solani 

AG3 and Bacillus 

subtilis. Genetic: 

use of soil-

generated PKSI** 

probe 

7 

Combined functional / 

genetic (PKS1) screening: 

7 clones. Five confirmed 

as PKS1-positive clones. 

Three completely 

sequenced, one insert 

showing high similarity 

with Acidobacterium sp. 

Wy - Wytham 

grassland & 

Fusarium-

suppressive  

agricultural soil 

Fosmid / 

100,000 

Functional: 

antagonism against 

Fusarium sp. (agar 

plate based dual-

culture assay).   

13 

(grassland)  

Average insert size 35.6 

kb. Grassland effective 

source of clones (high 

diversity). Agricultural 

soil low diversity and 

limited functional traits. 

End-sequencing / 

subcloning: mostly 

unidentified ORFs.  

Efficacy of clones  lower 

than strains isolated from 

same source. 

2 

(agricultural 

soil). Each 

clone 

distinct. 

C - 

Chateaurenard 

Fusarium-

suppressive soil 

Fosmid/ 

51,000; 

BAC/ 

60,000 

Genetic / functional 

screening 
22 

Combined functional and 

genetic screening. 

Functional screening: 

Fusarium spore generation 

/ hyphal production, 

Aspergillus nidulans 

growth, Hebeloma 

cylindrosporum hyphal 

generation. Genetic 

screening: sequencing 

PKS positive clones. 

U - Uppsala 

Plasmodiophora 

brassicae-

suppressive soil 

Fosmid / 

8,000 

Functional: 

antagonism against 

Pythium ultimum 

4 

Selection of Streptomyces 

mutomycini, 

Kitosatospora, Lentzea, 

Oerskovia revealed by 

fingerprinting. S. 

mutomycini and S. clavifer 

prevalent in library. 

Chitinase genes from soil, 

library and isolates. 

Cluster prevailing in soil 

not in library; library 

cluster not found in soil.  

Genetic: chitinase 

genes and 16S 

rRNA gene 

Montrond 

(control) soil 

Fosmid / 

60,000 

Genetic / functional 

screening 
39 

Thirty-nine novel PKS1 

positive clones, most with 

supernatants showing 

antimicrobial activity. 

*Modified from van Elsas et al, 2008b; **PKS1: polyketide synthesis operon for type-I polyketides. 
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Soil DNA extraction and processing 

For reliable library preparation, metagenomic soil DNA - which accurately 

represents the genetic make-up of the soil microbiota - is required in representative quantity 

(Bertrand et al., 2005, Inceoglu et al., 2010; van Elsas et al., 2008a,b). In addition, the 

DNA needs to be of sufficient quality with respect to purity, integrity and fragment length 

in order to be suitable for cloning into a suitable vector (Bertrand et al., 2005). A minimal 

size of 40 kb will increase the chance that entire pathways, e.g. those involved in the 

biosynthesis of polyketide antibiotics, can be cloned (Ginolhac et al., 2004; 2005; van Elsas 

et al., 2008a).  

In several laboratories, advanced methodology that allowed to produce pure high 

molecular weight (HMW) DNA from soil was developed (Bertrand et al., 2005; Ginolhac 

et al., 2004; Hjort et al., 2007; Lefevre et al., 2008; van Elsas et al., 2008a). An efficient 

approach consisted of the extraction of cells from soil followed by gentle DNA extraction 

and purification using pulsed-field gel electrophoresis (Bertrand et al., 2005; van Elsas et 

al., 2008a) Cushion (Percoll and/or Nycodenz) pre-separation of cells from soil was also 

tested as a pre-step for subsequent isolation of the HMW soil metagenomic DNA. 

Moreover, the microbial growth status in soil was assessed as an important determinant of 

the chemical quality of the extracted DNA. The quality could even be boosted by 

incubation with growth substrates such as glycerol (Bertrand et al., 2005; van Elsas et al., 

2008a). Typically, the approach produced adequate HMW soil DNA, often with size > 60 -

100 kb (Bertrand et al., 2005; van Elsas et al., 2008a). It was also found that high amounts 

of cells, minimally ca. 10
11

, were required to yield sufficient DNA for efficient library 

construction (Hjort et al., 2007). As soils often contain on the order of 10
8
 to 10

10
 cells per 

g, this finding sets a standard for the construction of soil metagenomic libraries. However, 

in spite of the improved soil DNA extractions and subsequent metagenomic library 

constructions, the hit rates of target genes were found to be low. Theoretically, assuming an 

incidence of target genes of 1% (that is, occurring once in every 100 bacterial genomes - 

average genome size of 4-5 Mbp), the constructed metagenome library would need to 

contain at least about 57,000 clones with 40 kb inserts to be able to find - with 99% 

probability - a single copy (Leveau, 2007). This phenomenon has been likened to “looking 

for a needle in the haystack” (Kowalchuk et al., 2007) and strongly hampers the efficiency 

of metagenomics for bioexploration. Deliberate biasing of the habitat by applying pre-

enrichment techniques has been suggested as a useful strategy that may boost hit rates (van 

Elsas et al., 2008b). 

 

Metagenomic libraries - production and screening 

Clone libraries for four disease-suppressive soils (Table 1), each one consisting of 

approximately 6,000 to 60,000 clones, were constructed in Escherichia coli (van Elsas et 

al., 2008b). Both large insert size vectors, such as bacterial artificial chromosomes (BACs), 

that allow cloning of inserts up to 200 kb, and fosmids (that allow insertion of 35 - 45 kb 
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fragments) were used. BAC vectors enable the cloning of complex large operons and 

facilitate the analysis of a gene/operon within its original genomic context. In contrast, 

fosmids are able to accommodate smaller inserts and thereby only allow the cloning of 

smaller operons. Using a fosmid vector (such as the Epicentre pCC1FOS system) allows for 

the positive selection of vectors that have acquired inserts (Bertrand et al., 2005; Ginolhac 

et al., 2005; Nalin et al., 2004; Sjoling et al., 2006; van Elsas et al., 2008a). Three libraries 

were based on fosmid vectors, the reason being the ease of obtaining appropriately-sized 

libraries. One library, for the M soil, was constructed in a BAC vector (Courtois et al., 

2003; Ginolhac et al., 2004). The latter vector also contained a replicon that was compatible 

with a Streptomyces host, which allowed shuttling between the E. coli and Streptomyces 

metagenomic hosts. Consequently, the probability of heterologous gene expression was 

enhanced for the clones obtained in this library (Courtois et al., 2003; Ginolhac et al., 

2004). 

Given the fact that soil metagenomic libraries are based on the random insertion of 

clonable DNA fragments into vectors, such libraries stochastically contain the genetic 

material of all genomes that were extracted from the soil microbiota and entered the DNA 

pool. Assuming that the prevalence of antagonistic functions across all microbial genomes 

in soil is low (ranging from 0.1 to 10%) and that these genes/operons may be 1-200 kb in 

size (over a 4-5 Mb average soil genome), soil DNA based metagenomes may contain only 

few clones that carry genes/operons of interest. Furthermore, there may be potential 

constraints to efficient gene expression in the metagenomic host strain. Hence, library 

screening is often a tedious task. For the metagenomes of the four disease-suppressive soils, 

functional as well as molecular screenings were employed in order to uncover antagonistic 

functions (Bertrand et al., 2005; Ginolhac et al., 2004; Nalin et al., 2004; Sjoling et al., 

2006; van Elsas et al., 2008a) and, expectedly, rather low numbers of phytopathogen-

suppressive clones were found (Bertrand et al., 2005; Ginolhac et al., 2004; van Elsas et al., 

2008a). 

 

Functional screening   

Functional screenings of the libraries were performed using high-throughput dual-

culture assays. These assays allow target phytopathogenic organisms to grow over 

metagenomic library clones arrayed on large Petri dishes. Scoring during and following 

growth was for irregularities / inhibitions in growth of the target organism (Courtois et al., 

2003; Ginolhac et al., 2004; van Elsas et al., 2008a). This experimental set-up led to the 

detection of positive clones (up to 48 per library), amounting to < 0.05% of positives for all 

libraries. Such low numbers can be attributed either to a rare occurrence of target 

genes/operons in the clones, to a lack of expression of the genes/operons in the host used or 

to the required molecular machineries being significantly larger than the vector inserts. The 

latter fact has indeed been reported for many polyketide production loci. Other factors that 

potentially impede the detection of function of the target genes could relate to a lack of 



53 

 

adequate signals, such as found in expression systems that are controlled by quorum 

sensing (a cellular communication mechanism commonly found in bacteria). Shuttling from 

E. coli to Streptomyces as the metagenomic host facilitated the expression of an antibiotic 

(amphotericin) production locus (Courtois et al., 2003; Ginolhac et al., 2004; van Elsas et 

al., 2008b), as indicated by high activity in resulting clones against target fungi.  

In the light of the foregoing, the low numbers of functionally-positive clones did 

not come as a surprise. Corroborating this result, a screening of forest soil libraries for 

antifungal traits also yielded a low hit rate, i.e. one positive signal among 113,700 fosmid 

clones examined was found (Chung et al., 2008). We conclude that substantial 

methodological improvements are required to boost the hit rates in explorations of soils for 

antagonistic function. Ways forward are given below. 

 

Genetic (molecular) screening   

The libraries obtained from disease-suppressive soils were also screened using 

molecular tools, such as hybridization and PCR based methods (van Elsas et al., 2008b). In 

this case, success in detecting novel operons, such as those involved in polyketide 

biosynthesis, was dependent on the application of deliberate degeneracy in the probes and 

primers used (Courtois et al., 2003; Ginolhac et al., 2004). The rationale was that, using 

this strategy, the screening would not be restricted to exactly known genes, enabling a 

broader range of positive hits within the metagenomic library. The method facilitated the 

identification of target genes that were sufficiently similar to the mixed query sequences 

generated from the same soil. Using the total soil community DNA as a target, we thus 

amplified the KS gene of the polyketide biosynthesis operon PKS1 from soil DNA with 

degenerated primers. The amplicons obtained were used as probes to detect PKS1 

sequences in the library (Ginolhac et al., 2004; Nalin et al., 2004; van Elsas et al., 2008a). 

The approach yielded a total of seven positive clones in the W soil library, of which the 

majority contained genes that were likely involved in the biosynthesis of novel polyketides. 

This was confirmed by end-sequencing of the clones (van Elsas et al., 2008a). In addition, 

the roughly 60,000 M soil clones were divided into pools, which were subsequently used as 

templates for PKS-based PCR screenings. This yielded over 100 positive pools (0.22% hit 

rate; Ginolhac et al., 2004). The amplicons were then sequenced to check for redundancies 

and for known PKS sequences. In total, 39 unique PKS sequences were thus found, which 

all represented promising novel PKS biosynthesis operons (van Elsas et al., 2008b) The 

positive clones, identified using colony hybridization with relevant probes, were then 

tested, following shuttling into Streptomyces, for antagonistic activities. Bacillus subtilis 

1A72, Staphylococcus aureus 21, Enterococcus faecalis 40, Escherichia coli 9, 

Pseudomonas aeruginosa 39, Fusarium oxysporum LNPV, Aspergillus fumigatus Gasp 

4707 and Neurospora crassa HK were used. The clones exhibited 56% antimicrobial 

activity against at least B. subtilis, 13% against S. aureus, 4% against E. faecalis and <1% 

partial inhibition of growth of Neurospora crassa mycelium (van Elsas et al., 2008b). We 
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conclude that the screening procedures allowed quick access to novel PKS sequences from 

soil. Further testing in respect of applicability is obviously required prior to any large-scale 

production and use in agriculture or medicine (van Elsas et al., 2008b).  

 

Hit rates of target genes via pre-enrichment of soil or samples  

In the metagenomics studies performed on disease-suppressive soils, direct 

(unselective) approaches were used to examine the soils for anti-phytopathogen functions 

(Adesina et al., 2007; Bertrand et al., 2005; Courtois et al., 2003; Ginolhac et al., 2004; 

Hjort et al., 2007; Lefevre et al., 2008; Nalin et al., 2004; van Elsas et al., 2008b). In these 

approaches, the possibility of applying positive growth selection was dismissed, the reason 

being that a direct unbiased assessment of the antagonistic potential of the soil microbiota 

was felt to be required. Moreover, most of the selected target genes/operons were assumed 

not to offer an a priori growth advantage in the host used for cloning, even in the presence 

of the target phytopathogens (Ginolhac et al., 2004; van Elsas et al., 2008a). However, 

targeted approaches were also developed to enhance the hit rates of specific targets in the 

microbial communities. For instance, the U soil was pre-treated with chitin in order to 

enhance the abundance of particular chitinase producers (Hjort et al., 2007; Sjoling et al., 

2006). Starting from the premise that the most successful antagonists in soil are those that 

are active in situ, attempts were also made to enrich the metabolically-active bacterial cell 

fractions with the help of flow cytometric cell sorting (Hjort et al., 2007; van Elsas et al., 

2008a). Metabolically-active cells were indeed successfully sorted from the soil (van Elsas 

et al., 2008a,b). However, as a result of the limited flow rate of the cell sorter used, 

throughput was too limited (10
6
 cells/hour) to yield sufficient biomass for library 

construction (van Elsas et al., 2008a), and advanced machines with higher flow rates were 

deemed necessary.   

 

The way ahead –improvement of hit rates 

What are the challenges for the further metagenomics exploration of suppressive 

and other soils? Let us assume that most questions revolve around enhancing the efficiency 

of the metagenomics-based exploitation of the soil microbiota for beneficial traits. This 

translates into enhancing the hit rates of target genes and may imply the application of a 

deliberate bias to favor target organisms and genes/operons in the starting material. In 

addition, strong improvements should be made in all steps in soil metagenomics, i.e. in 

DNA extraction methodology, cloning and screening methods, all aimed at increasing the 

throughput of metagenomics. 
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Deliberate bias in sampled communities 

Deliberate manipulation of microbial communities from soil offers unique 

possibilities to enhance metagenomics hit rates. For instance, prior growth selection can be 

applied, as outlined before. Here, an intelligent selection of growth conditions will guide 

the bias. In this approach, fluorescence-assisted cell sorting can be applied, not only to sort 

the metabolically-active cell fractions, but also to obtain particular interesting fractions of 

the community. For instance, the high-G+C% Gram-positive bacteria (in which antibiotic 

production loci are abundantly present) can be selected following staining with specific 

fluorescent probes. Another promise is offered by the use of stable isotopes. Stable isotope 

probing (SIP) introduces 
13

C-labelled substrates into soil communities. Members of such 

communities can take up the 
13

C and incorporate it in their cellular macromolecules 

including DNA. The resulting “heavy” DNA is separated from 
12

C-DNA by 

ultracentrifugation and sequenced, thus identifying the organisms that captured the 

substrate (Radajewski et al., 2003). This approach can be coupled to soil metagenomics 

studies (Dumont et al., 2006), resulting in the identification of a complete methane 

monooxygenase operon, allowing insight in this process in soil. Application in the detection 

of beneficials in suppressive soils will depend on unique substrates that are used by 

particular phytopathogens and their competitors, thus allowing to identify the latter. As an 

example, by tracking the fate of 
13

C-labelled CO2 fixed by plants into the soil microbiota, 

key data on plant-responsive microorganisms – which often produce antibiotics as 

secondary metabolites - can be obtained (Ostle et al., 2003). The application of SIP using 

other organic substrates bears great potential in future explorative metagenomic studies in 

which organisms with particular ecological roles are the targets. 

 

Searching for improved metagenomic library hosts 

Working with E. coli as the metagenomics host has clear advantages with respect 

to the ease of the laboratory work and the experience gained with it over many years. 

However, the use of E. coli is limited with regard to the screening of phenotypes from the 

soil metagenome, as E. coli is not a typical soil organism. The main restriction arises from 

the fact that particular promoters and associated factors required for the expression of 

inserted genes may be poorly recognized in this host. Moreover, essential post-translational 

processing and/or transport functions may be lacking in this host. Rondon et al. (1999) 

showed that only about 30% of Bacillus traits could be expressed in E. coli, which indicates 

that E. coli is - at best - a suboptimal host for the heterologous expression of genes from 

such typical soil bacteria. Bear in mind that soil microbial communities are often dominated 

by just five bacterial phyla: Alpha-, Beta-, Gamma-Proteobacteria, Acidobacteria and 

Actinobacteria (Fierer et al., 2007). Bacteria belonging to several of these phyla are 

appealing hosts for use in functional metagenomic studies of soil habitats. Thus, efforts are 

ongoing to develop alternative hosts preferably within these bacterial groups (van Elsas et 

al., 2008b). Recently, six novel bacterial hosts belonging to the phylum Proteobacteria 
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(Agrobacterium tumefaciens, Burkholderia graminis, Caulobacter vibrioides, Escherichia 

coli, Pseudomonas putida and Ralstonia metallidurans) were tested for their performance 

in functional metagenomic screening of a library constructed using broad-host-range 

cloning vectors (Craig et al., 2010). This work, as well as ours, supports the premise that 

working with several hosts instead of just E. coli will allow to strongly boost the 

metagenomics hit rates as well as expanding functional and genetic diversity of target traits. 

However, the study of Craig et al. (2010) also revealed that not all hosts perform equally 

well in phenotypic screenings. It remains possible that some surrogate expression hosts are 

better suited for the expression of foreign genetic material than others. Furthermore, each 

host can be differentially sensitive to toxic compounds that are produced from inserted 

genes. Such host clones will disappear from the library. Obviously, these constraints are 

true for any host strain selected for soil metagenomics. 

 

The metagenomic library vector  

The data discussed in this chapter and elsewhere (van Elsas et al., 2008b) affirm 

that critical evaluation of the host/vector system to be used in soil metagenomics is required 

(Sjoling et al., 2006). For E. coli and for some other hosts, three types of vectors, i.e. small-

, medium- and large-insert size, are available. Small-insert-size vectors, that primarily 

permit screening for single gene-encoded functions, are of use in shotgun sequencing 

approaches, allowing construction of libraries from mechanically-sheared DNA. Such an 

approach was used for the detection of small open reading frames (ORFs) derived from 

uncultured prokaryotes from sediment (Wilkinson et al., 2002). On the other hand, both 

fosmid and BAC vectors allow incorporation of larger fragments and even intact operons 

within their genomic context. Although, this provides a better handle at gene expression 

from complex operons, the fact that pure HMW soil DNA is required in high amounts for 

efficient cloning into BAC vectors makes these less suitable for routine cloning efforts 

(such as required for high-throughput setups).The identification of novel activities requires, 

as mentioned in the foregoing, successful transcription and translation systems. This is 

obviously connected with expansion of the range of bacterial hosts that allow capturing of 

additional expression capabilities. Preferably, complete metagenomic libraries should be 

transferable to different alternative hosts, which will require the development of new shuttle 

vectors. The recently described vector pRS44 (Aakvik et al., 2009) may serve as an 

example of such a broad-host-range vector system. This vector can be efficiently 

transferred to numerous hosts by conjugation, which is spurred by the plasmid RK2 

replication origin. In E. coli, this plasmid replicates via its plasmid F origin. 

 

Improved screening methods 

Efficient selection of clones of interest still remains a critical point in any soil 

metagenomics approach. The possibility of missing a target due to problems with 

expression of genes in the metagenomic host plus the sizes of libraries forces the 
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development of novel genetic screening methods. For example, Demaneche et al. (2009) 

proposed the use of multiple probes in order to reduce the pools containing the potentially 

interesting clones. The simultaneous use of pooled probes increases the probability of 

finding clones of interest. In their study, pooled probes targeting genes associated with a 

range of functions (e.g. genes for antibiotic resistance, denitrification and dehalogenation) 

were used for the library screening. The pooled-probes approach proved to be useful for 

rapid library screening. Another method to enhance the detection frequencies of genes of 

interest lies in the use of “heavy” DNA from SIP experiments, as discussed in the 

foregoing. The use of stable isotope labeled substrate in enrichment experiments thus 

increases the chances of discovery of novel enzymes from the environment (e.g. Knietsch et 

al., 2003; Woo et al., 2009). 

 

Direct pyrosequencing  

Currently, direct pyrosequencing technology is favored as a technology that 

provides a quick insight into the gene repertoire of a particular soil sample. Although this 

method produces only short reads (currently of about 450 bp), it compensates this limitation 

by its speed, simplicity and especially its tremendous output. Thus, this technology, next to 

being  useful for studying the microbial diversity and community composition based on the 

16S rRNA gene (Jones et al., 2009; Roesch et al., 2007; Spain et al., 2009), is also a good 

alternative for studying functional genes and assisting in probe design for recovery of the 

complete gene sequences. The most critical part in this approach is the design of a proper 

primer pair. On the one hand, it should cover the diversity of the gene family within the 

community. On the other hand, primers should not have a too high degree of degeneracy so 

as not to lose specificity. Also, the amplicon cannot be too long to not reduce the emulsion 

PCR efficiency.  

 

Conclusions 

For the foregoing, it is thus apparent that major challenges still lie ahead of us. 

Granted, several interesting novel biological functions have already been uncovered in the 

microbiota of the suppressive soils studied, but this may be considered to represent the tip-

of-the-iceberg of the diversity that is out there. The (partial) biosynthetic machineries likely 

involved in the production of novel polyketide antibiotics, e.g. a leinamycin-like antibiotic, 

as well as other polyketides (Bertrand et al., 2005; Courtois et al., 2003; Ginolhac et al., 

2004; Nalin et al., 2004; van Elsas et al., 2008a) were promising, but the work is in need of 

a follow-up. These discoveries were also plagued by the low hit rates of promising 

antibiotic biosynthesis clones, even for the disease-suppressive soils. We thus assume that, 

in spite of the successes, a major part of the extant antibiotic biosynthesis machineries may 

have been missed in the metagenomic screens for reasons explained in the foregoing. Thus, 

a current ‘rule-of-thumb’, that the search for nonhousekeeping functions in soil 

metagenomes can be compared to looking for a needle-in-a-haystack (Kowalchuk et al., 
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2007), was affirmed. The characteristics of the soil microbiota, exemplified by typical rank-

abundance distribution of particular microbial populations, dictate this outcome and incite 

the application of creative tricks and tools to overcome these limitations. Such tricks and 

tools in all cases would need to enhance the “visibility” of target genes, allowing us to 

detect and get hold of these. To mention a few, soil DNA extraction could be geared 

towards community members or metagenome fractions that most likely contain the target 

genes. For instance, total plasmid DNA, the “metamobilome”, can be extracted when novel 

biodegradation, metal or antibiotic resistance genes (frequently found on plasmids) are 

targeted. Moreover, specific fractions of the chromosomal DNA pool, e.g. high G+C 

content DNA in the case of actinobacterial genes, may be targeted. Improvements in 

subsequent screens may also be cogitated, e.g. by using a gene-centered approach (Iwai et 

al., 2010) or improving high-throughput formats of increased accuracy. Further, the 

screening (gene expression) data should be increasingly linked to high-throughput 

sequencing.  

 At the level of the sample, improvements may build on the invention of new 

positive selection strategies for desired traits, either based on growth or on overcoming 

resistance. Another tool that will foster explorative metagenomics is the pre-screening of 

habitats in respect of the incidence, abundance and expression of target genes. So-called 

global-scale gene mapping (GGM – analogous to the concept of environmental gene 

tagging) describes habitats in terms of gene abundance and/or expression (Tringe et al., 

2005). GGM can compare microbial gene pools across soils and provide a global 

perspective on target gene prevalence. For instance, PKS1-type polyketide biosynthetic loci 

are more prevalent in soil than in whale carcass, acid mine drainage or Sargasso sea 

metagenomes (Tringe et al., 2005). GGM thus allows to predict hit rates of target genes.   

 These forthcoming advances will boost our capacities to finally come to grips with 

the astounding soil microbial diversity and harness it to our advantage. Guidance by GGM 

will be an important asset in the progress. The improved or finetuned soil metagenomics 

approaches will enable us to (1) mine soil for genes / pathways of interest to 

biotechnological applications, (2) decipher the identity and function of as-yet- uncultured 

microorganisms, and (3) obtain a characterization of soil with regard to antagonistic 

function, diversity and genetic complement. The quickly-increasing throughput of 

(pyro)sequencing technologies will also assist us in the rapid assessment of the prevalence 

of target genes, shedding increasing light on the soil genetic reservoir and potential for 

biotechnological exploration and application. 
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Abstract  

The main objective of this study was to assess the abundance and diversity of 

chitin-degrading microbial communities in ten terrestrial and aquatic habitats in order to 

provide guidance to the subsequent exploration of such environments for novel chitinolytic 

enzymes. A combined protocol which encompassed (1) classical overall enzymatic assays, 

(2) chiA gene abundance measurement by qPCR, (3) chiA gene pyrosequencing, and (4) 

chiA gene-based PCR-DGGE was used. The chiA gene pyrosequencing is unprecedented, 

as it is the first massive parallel sequencing of this gene.  

The data obtained showed the existence across habitats of core bacterial 

communities responsible for chitin assimilation irrespective of ecosystem origin. 

Conversely, there were habitat-specific differences. In addition, a suite of sequences were 

obtained that are as yet unregistered in the chitinase database. In terms of chiA gene 

abundance and diversity, typical low-abundance/diversity versus high abundance/ diversity 

habitats was distinguished. From the combined data, we selected chitin-amended 

agricultural soil, the rhizosphere of the Arctic plant Oxyria digyna and the freshwater 

sponge Ephydatia fluviatilis as the most promising habitats for subsequent bioexploration. 

Thus, the screening strategy used is proposed as a guide for further metagenomics-based 

exploration of the selected habitats. 
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Introduction 

Being one of the most abundant biopolymers in nature, chitin (polymer consisting 

of β-1,4-linked-N-acetyl-glucosamine) has been studied in many domains of science, from 

chemistry and biomedicine to synthetic material development (Agullo et al., 2003; 

Muzzarelli, 2009). The turnover of chitin is dependent on hydrolysis, resulting in small 

oligosaccharide chains, which may become further accessible to different metabolic and 

biochemical processes. In soil and marine ecosystems, chitin degradation is a key step in 

the cycling of both nitrogen and carbon (Gooday, 1990a). Chitin degrading enzymes 

(chitinases) are present in many natural systems and they are widely distributed among all 

three domains of life (Li & Greene, 2010; Gao et al., 2003). They are responsible for 

hydrolysing the glycosidic bonds of chitin, thus releasing dimeric (chitobiose) and 

monomeric (N-acetylglucosamine, GlcNAc) compounds.  

Overall, most relevant chitinases belong to the glycoside hydrolase families 18 and 

19. The classification into these two groups is based on amino acid sequence similarities 

(Henrissat, 1991; Henrissat & Davies, 2000), substrate specificities and structures of the 

catalytic domains of the respective enzymes. The family-18 and -19 enzymes have different 

structures and modes of action. Based on the structure of the catalytic domain and on the 

position of the hydrolysis site on the polysaccharide chain, chitinases may show either 

endo- or exoactivity (Henrissat & Davies, 2000; Van Scheltinga et al., 1994).  

In nature, chitin degradation is likely carried out by complexes of enzymes rather 

than by single enzymes. The study of the enzymatic complexes involved in the degradation 

of chitin and chitin derivatives has been spurred by the potential that the (partially) 

degraded compounds offer (Jayakumar et al., 2011). Recent studies indicate that, although 

these enzymes have been found in many prokaryotic and eukaryotic organisms, the highest 

quantity of chitin is turned over by both bacteria and fungi in marine and terrestrial 

ecosystems (Delpin & Goodman, 2009; Poulsen et al., 2008). The carbohydrate enzyme 

database (CAZy; Cantarel et al., 2009) indicates the existence of more than 2,500 chitin-

active enzymes and associated proteins (e.g., chitin-binding proteins) of bacterial origin. 

Despite this high number, only one group of bacterial chitinases has been extensively 

characterized so far, i.e. group A chitinases, proposed as being most abundant in nature (Li 

& Greene, 2010; Metcalfe al et al., 2002a; Suzuki et al., 1999).  

So far, a few studies have assessed bacterial chitinase gene diversities in different 

terrestrial and aquatic ecosystems (Hjort et al., 2010; Hobel et al., 2005). Also, the 

biochemical and functional properties (including antibacterial and antifungal activities) of 

chitinases obtained from specific bacteria isolated from different habitats have been 

investigated (LeCleir et al., 2004; Metcalfe et al., 2002a; Williamson et al., 2000). By using 

culture-dependent and - independent methods, considerable diversities of chiA genes and 

predicted catalytic activities were found. Moreover, the effects of environmental factors and 

of chitin and its oligomers on natural bacterial communities have been addressed (Cottrell 

et al., 2000; Metcalfe et al., 2002a; Orikoshi et al., 2005).  
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The ability to degrade chitin appears to be very important in a wide range of 

bacterial species, whether they have a free-living lifestyle or are associated with biofilms or 

with different eukaryotes (e.g. symbiotic bacteria). Hence, screening of key habitats with 

respect to chitinase gene abundance and diversity is a necessary first step for further 

metagenomics-based exploration and exploitation of these for industrial purposes.  

The aim of the present study was therefore to screen a suite of different (terrestrial 

and aquatic) habitats with respect to their bacterial communities involved in chitin 

degradation and to assess the natural prevalence of the respective enzymes for further 

biotechnological applications. Next to direct enzymatic activity measurements (indicating 

potential overall activity), we addressed the molecular diversity and abundance of bacterial 

chitin degraders to evaluate the probability of detection of novel chitinases with enhanced 

features. We hypothesized that in habitats with different origin and characteristics, 

chitinolysis is driven by dissimilar microbial communities. Thus, we provide information 

on the ecology of the bacterial communities that are involved in the degradation of chitin, 

in particular with respect to the pool of chiA genes, as a prelude to future metagenomic and 

functional analyses. 

 

Materials and methods 

Selection and sampling of habitats 

Ten different microbial habitats (six terrestrial and four aquatic ones) were 

selected for functional and genetic screenings of the chitinolytic bacterial communities. The 

selection of habitats was based on evidence provided by previous studies on the potential 

richness of chitinolytic bacterial species and diverse enzymatic activities (Chaston & 

Goodrich-Blair, 2010; Gerce et al., 2011; Hjort et al., 2010; Kennedy et al., 2007; 

Manucharova et al., 2006; Et al et al., 2002b; Sjoling et al., 2007; Terahara et al., 2009; 

Williamson et al., 2000).  

The terrestrial habitats were represented by agricultural soil either or not following 

addition of chitin, spent mushroom substrate (SMS), wood-based biofilter material and 

arctic plant (Oxyria digyna and Diapensia lapponica) rhizospheres. The soil samples were 

collected from an experimental field (Vredepeel, the Netherlands) either treated with chitin 

(further referred as “soil chitin”, SC) or not (further referred as “soil non-chitin”, SNC). 

Sampling was done nine months after the (second) treatment with 20 tons of commercial 

chitin (Gembri, Ecoline Biotechnology, the Netherlands) per hectare. Data of a pilot study 

(data not shown) recommended this type of soil. The SMS sample consisted of soil-like 

material, with high organic matter content and was collected after 3 weeks production of 

Agaricus bisporus brunensis (Agarica BV, Hoogeveen, the Netherlands). The biofilter 

material originated from a wood-based filter (Cyprio BV, Groningen, the Netherlands) used 

for treatment of gas released from an industrial ethanol production site. Moreover, the O. 

digyna and D. lapponica rhizospheres represented as-yet-unexplored habitats in terms of 

excreted bacterial enzymes. Both plants are known for their ability to survive at low 
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temperatures, under harsh conditions (temperatures are predominantly below zero and the 

rhizospheres undergo frequent freeze–thaw cycles). The presence of an active bacterial 

endophytic community was also reported (Nissinen, submitted for publication). The plants 

were selected within a 50 m diameter site (Kilpisjarvi, Saana, Finland) and the rhizosphere 

was carefully collected from the plant roots. The samples obtained from all terrestrial 

environments comprised three different sampling plots (for soil, wood filter), plants 

(rhizosphere), shelves (spent mushroom compost) different amount of material. Different 

characteristics like pH, water and organic content were determined (Appendix table S1A 

and B). 

Four different species of sponges - one freshwater and three marine - were 

investigated. The freshwater sponge Ephydatia fluviatilis was sampled from a shipwreck at 

about 7 m depth (Vinkeveense Plassen, the Netherlands). The marine species Halichondria 

panicea (Easter Schelde Estuary, the Netherlands), Corticium candelabrum and Petrosia 

ficiformis (Santa Anna, Blanes, Spain) are common sponges living on hard substrata 

between 5 and 45 m of depth. From each sponge, between 2.5 and 5 g of wet tissue was 

sampled and placed in 50 ml tubes filled with local water. Further on, in the laboratory all 

samples were washed and brushed three times under sterile distilled water to remove 

adhering hard material and the thin external biofilm. Irrespective of their origin, three 

replicates were used for all samples analyzed in the present study. All enzymatic and 

genetic analyses were performed for all three replicates of each sample. 

 

Chitinase activity 

Enzymatic screening was based on detection of the (relative) activity of exo-

chitinases (β-N-acetyl-glucosaminidase and chitibiosidase). Fresh material (0.5 g) was 

suspended in 1.2 ml sterile distilled water and the mixture was homogenized (5 min), 

followed by centrifugation at 12,000×g for 5 min (based on the SMS sample requirements). 

The supernatant (10 μl) was assayed using 4-methylumbelliferyl-N-acetyl-β-D-

glucosaminide (substrate for β-N-acetyl-glucosaminidase) and 4-methylumbelliferyl N,N-

diacetyl-β-D-chitobioside (substrate for chitobiosidase). The protocol was followed as 

described in the chitinase assay kit instructions (Sigma, Saint Louis, USA). One unit of 

chitinase activity was considered as the release of 1 μmol of 4-methylumbelliferone from 

the appropriate substrate per min at pH 5.0 at 37°C. 

 

DNA isolation 

DNA was isolated from all samples using the PowerSoil kit (MoBio Laboratories, 

Inc., Carlsbad, CA, USA). Isolation was performed from 500 mg fresh material by 

following the manufacturer’s instructions. DNA concentration and purity were measured 

using a NanoDrop apparatus (ThermoFisher Scientific, St. Leon-Rot, Germany) and 

confirmed by gel electrophoresis (comparing with fragments of a 1 kb DNA ladder; 

Fermentas, ThermoFisher Scientific, St. Leon-Rot, Germany). 
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PCR-DGGE analysis of bacterial 16S rRNA and chiA genes 

Table 1 summarizes the primers, thermal profiles and DGGE conditions used to 

analyze the communities investigated in this study. Both the chiA and 16S rRNA genes 

were assessed via a nested PCR approach. All PCRs were carried out in 50 μl volumes 

containing 5 μl of 10× PCR buffer, 0.2 mM dNTPs mix, 3.75 mM MgCl2, 2% DMSO, 20 

μm of each primer, and 1.5 U GoTaq Flexi DNA polymerase (Promega, Madison, USA). 

All amplifications were performed on a Veriti 96-well thermal cycler (Applied Biosystems, 

Life Technologies Europe BV, Bleiswijk, the Netherlands). The amplification conditions 

were preceded by an initial denaturation step (95°C for 5 min) and followed by a final 

elongation step (72°C for 10 min). For each cycle of PCR denaturation was at 94°C for 1 

min, annealing at the specific temperature (Table 1) for 1 min and elongation at 72°C for 1 

min. Ten nanograms of DNA was used as template in PCR reactions.  

DGGE was performed using an Ingeny PhorU2 system (Ingeny Phor U2, Goes, 

the Netherlands), as described in the manufacturer’s instructions. In order to have equal 

amount of PCR product (100 ng), different volumes were loaded onto 8% (w/v) 

polyacrylamide gels (40% acrylamide/bis 37,5:1; BioRad) with gene-specific denaturing 

gradient (100% denaturant is defined as 7 M urea and 40%, v/v, formamide; Muyzer and 

Smalla, 1998). Separation of fragments was performed in TAE buffer (40 mM Tri-acetate, 

20 mM sodium acetate, 1 mM EDTA, pH 8.0) at 60°C, 15 min at 200 V, followed by 75 V 

for an additional 16 h. The gel was stained with SYBR Gold nucleic acid gel stain 

(Invitrogen) according with manufacturer specifications. The similarities of the 

densitometric curves of the patterns were calculated using the Pearson correlation 

coefficient (GelCompar fingerprint and gel analysis software, Applied Maths, Sint-Martens, 

Latem, Belgium). There were no major differences observed among the replicates per 

sample type. Thus, for cluster analysis, one replicate per sample type was used. 

 

Quantitative PCR based on 16S rRNA and chiA genes 

Quantification of the 16S rRNA and chiA genes was performed using a Maxima 

SYBR Green system (Fermentas, ThermoFisher Scientific, St. Leon-Rot, Germany) on an 

Applied Biosystems 7300 Real-Time PCR System (Applied Biosystems, Life Technologies 

Europe BV, Bleiswijk, the Netherlands). Primer sets are shown in Table 1. PCR conditions 

were established in accordance with instructions by the fluorochrome detection system 

manufacturer. An eight-point standard curve was constructed from tenfold dilutions 

corresponding to 10
1
 to 10

8
 copies of chiA (approximately 450 bp) and full-length 16S 

rRNA gene products obtained after amplification of pure template DNA isolated from a 

Streptomyces griseus chitinase producing strain. 

 

Pyrosequencing of the chiA catalytic domain 

Specific sequencing adaptors (tags) were designed and attached to PCR primers 

originally used for detection of chiA (Table 1). In order to increase the amount of possible 
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template, a double round PCR approach was performed. Purified specific pooled PCR 

products (10 ng) generated with nonsequencing primers were used as the template for the 

second PCR before sequencing. PCR mixes and conditions were similar with those used for 

PCR-DGGE-based screening. Pyrosequencing reactions were carried out on a GS FLX 

pyrosequencing system according to the manufacturer’s instructions (Roche Diagnostics 

GmbH/454, Life Science Corporation, Brandfort, CT, USA). 

 

 

Table 1. List of oligonucleotides and PCR conditions used in this paper. 

Target Primers PCR protocol Analysis Reference 

Bacterial 16S 

rRNA gene 

pA/1492R; 

followed by 

968FGC/1378R; 

Eub338/Eub518 

55oC, 35 cycles; 

Touchdown 

65oC to 55oC, 

35 cycles; 65oC, 

40 cycles 

DGGE (40-

60% 

denaturant); 

QPCR 

Edwards et al. 

1989; Heuer et 

al. 1997; Fierer 

et al. 2005   

Chitinase A 

(chiA) 

GA1F/ GA1R, 

followed by 

GASQF/GASQR; 

GA1F/ GA1R 

55oC; 30 cycles; 

55oC; 40 cycles 

DGGE (40-

50% 

denaturant); 

QPCR 

Williamson et 

al. 2000; 

Yergeau et al. 

2007 

 

Sequence analysis 

Mothur (http://www.mothur.org/) was utilized to analyze the pyrosequencing 

reads. The obtained sequences were evaluated for quality, ambiguous bases, and 

homopolymer content. All sequences which did not pass quality control requirements 

(meaning quality reads above 25, no ambiguous bases, homopolymers below 10 bases), as 

well as sequences without identifiable primers and barcode, were removed. Furthermore, 

sequences were trimmed to remove primers and barcodes. Sequences which did not align 

correctly were also removed from the dataset. Potential chimeras were removed using 

Chimera Slayer implemented in Mothur. The remaining reads were translated into amino 

acid sequences. All sequences containing internal stop codons and unidentified amino acids 

due to sequencing errors were then removed. Qualified sequences were assigned to 

operational taxonomic units (OTUs) based on a 20% dissimilarity cut-off. 

 

Statistical analysis 

Non-transformed data were used for generating the graphical distribution of the 

investigated functions. Furthermore, the enzymatic assay data were integrated with the 

qPCR results and analyzed in Statistica version 8.0 (StatSoft, GBH, Germany). Data 

normality was tested with the Shapiro-Wilk’s test. An appropriate transformation was 
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applied (log and square root transformation) for the data which were considered to have 

failed one of the tests. 

 

Results 

Chitinase activities across habitats 

The chitin-degrading activities present in each habitat were measured using crude 

cell suspensions (containing 10
5
 to 10

8 
bacterial cells/ml) prepared from the samples. First, 

chitobiosidase activity was found to be dominant for each sample type. Detailed analysis of 

the data revealed seven patterns of exochitinase activities (Figure 1a). Among the soil and 

soil-like habitats, three activity levels were detected. The lowest activity level was found in 

SNC, an intermediate one in SC and a high level in the biofilter. No differences in activities 

were measured across the Arctic rhizosphere samples. Finally, the four sponge samples 

revealed quite divergent activity levels. The highest one was detected in E. fluviatilis and 

the lowest in P. ficiformis. Compared to all other samples, the SMS sample showed 

significantly raised activity levels (p<0.0001).  

 

 

 
Figure 1a. Estimated chitinase activity expressed as 4- methylumbelliferone released from 4-methylumbelliferyl- 

N-acetyl- β-D-glucosaminide and 4-methylumbelliferyl- N,N-diacetyl-β-D-chitobioside/min/ g fresh material. 

Values that are statistically different among habitats (p<0.0001) are indicated. 
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The exochitinase activities measured were then normalized over the 16S rRNA 

gene copy numbers (see next section). On the basis of this normalization, there appeared to 

be three patterns of activities across the different habitats. Thus, the normalization showed 

differences among arctic rhizosphere and similar activities in fresh-water and marine 

sponges (Figure 1b). 

 

 

 

Figure 1b. Estimated exochitinase activity expressed as 4-methylumbelliferone released from 4-

methylumbelliferyl N-acetyl-β-D-glucosaminide and 4-methylumbelliferyl N,N′-diacetyl-β-D-chitobioside/min 

normalized over 16S rRNA gene copy numbers. Values that are statistically different among habitats (p<0.0001) 

are indicated. 

 

 

Abundance of bacterial communities, including those with chitin degrading capacity, 

across habitats 

To provide a basis to the divergent chitinase activity levels across habitats 

(singling out the bacterial contribution), direct molecular analyses of the microbiota in term 

of abundance (real-time PCR) and composition (PCR-DGGE) were the next steps applied. 

This analysis thus pinpoints possible differences across the bacterial communities that are 

potentially involved in chitin degradation. Therefore, microbial community DNA was 

successfully extracted and purified from all sampled habitats. The 16S rRNA gene copy 
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numbers determined by real-time PCR were taken as a proxy for bacterial abundances in 

the samples (Figure 2). 

  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
 

 

 

 

 

 

Figure 2. Real-time quantification of 16S rRNA and chiA genes across ten different habitats (per gram of fresh 
material). 

 

 

The abundances (sizes of the bacterial communities per unit mass) showed low 

variation across the samples, from 10
7
-10

8
 gene copies/g tissue in sponges and in SMS to 

109/g soil and in the O. digyna rhizosphere. In fact, the SC sample showed significantly 

higher 16S rRNA gene abundances than most of the other samples (Appendix table S2A). 

Furthermore, the abundance of the 16S rRNA gene in the H. panicea was the lowest and 

significantly different from that in the other habitats, except in D. lapponica, E. fluviatilis, 

and C. candelabrum. The chiA gene copy numbers showed variations, ranging from 10
5
 to 

10
8
 gene copy numbers/g of material. The lowest copy numbers were found in the P. 

ficiformis, E. fluviatilis and H. panicea samples, while the SC, biofilter and SMS samples 

tended to have higher abundances (Figure 2). The abundance of chiA in SC, biofilter and 

SMS was significantly different from that in the sponges, except in C. candelabrum 

(Appendix table S2B). Also, the chiA gene copy numbers were then used as a proxy for the 
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size of the family-18 bacterial chitin-degrading communities (Appendix figure S1). 

 

PCR-DGGE-based analysis of the diversity of bacterial communities, including those 

with chitin-degrading capacity, across habitats 

 

Phylogenetic diversity 

All habitats samples yielded 16S rRNA gene based PCR products of the expected 

sizes, as evidenced from gel electrophoresis (data not shown). These mixed PCR products 

were then subjected to DGGE fingerprinting, yielding bacterial community fingerprints for 

all samples. Overall, the analyses showed great consistency across replicates of the same 

sample. Moreover, diverse bacterial communities were found to dwell in all habitats, as 

judged from the average band numbers as well as their position. These numbers varied from 

17 in the marine sponge P. ficiformis to 52 in SNC (Figure 3a). 

Cluster analysis (UPGMA; Pearson coefficient) revealed the existence of two 

broad clusters, separated by the habitat type (terrestrial versus aquatic). These two clusters 

came together at 20% similarity. Among the soil/soil-like samples, at 51% similarity, two 

subgroups were distinguishable. One subgroup was formed by the Arctic plant rhizosphere 

samples together with SMS, and the other one by the biofilter and SNC and SC samples. 

 

chiA gene diversity  

All environmental DNAs yielded chiA gene based amplicons which were 

separable on DGGE gels. Detailed analyses of the resulting DGGE banding patterns 

revealed a rather limited chiA gene richness. Specifically, the numbers of bands varied from 

11 (in the sponges H. panicea and P. ficiformis) to 23 (in the biofilter). 

Cluster analysis revealed that, over all habitats sampled, the chiA gene based 

PCR-DGGE profiles were similar to each other at 63% of similarity (Figure 3b). Thus, the 

profiles of all habitats, except of the marine sponge P. ficiformis, grouped closely together. 

From this observation, the existence of a core chiA gene community which is similar across 

all habitats may be proposed (Figure 3b). Remarkably, the chiA gene profiles from the 

rhizosphere of O. digyna grouped with those of SMS (90% similarity). Furthermore, at 83% 

similarity those from the D. lapponica rhizosphere clustered with those from SC. 

 

Deep sequencing analysis of chiA gene diversity across habitats 

We performed chiA gene based direct pyrosequencing of the selected 

environmental samples. In total, 172,804 uncurated sequences were obtained. After 

removal of chimeric sequences and/or those of poor quality, a total of 40,105 robust 

sequences were obtained for all samples. The highest number of sequences was obtained 

for E. fluviatilis (9,341) and the lowest for the biofilter (4,053) samples. The estimated 

numbers of chiA gene types, based on a 20% difference criterion, varied from 40 (in the 

biofilter) to 308 (in SNC). Using the 20% criterion for binning of the sequences, we then 
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performed rarefaction analysis, allowing a calculation of the Chao1 and ACE chiA gene 

richness estimators (Appendix figure S2). This analysis revealed still increasing trends for 

the majority of the communities. Only for E. fluviatilis, a tendency to reach a horizontal 

plateau was found (appendix figure S2). Both the Chao 1 and the ACE estimators 

pinpointed SNC as the habitat with the highest estimated richness values (1,240 and 2,115, 

respectively; Table 2). The lowest estimates of richness (53 and 58) were estimated for the 

biofilter. On the basis of the data, we then calculated the richness and evenness of chiA 

gene types per habitat. The resulting Shannon diversity indices varied from a minimum of 

1.1 (in the biofilter) to a maximum of 3.3 (in SNC). The comparative analyses of the reads 

from all samples, including the numbers of sequences, numbers of OTUs, estimated 

richness, diversity indices and coverage estimators, are shown in Table 2. We then analyzed 

the numbers of unique and shared chiA gene types among the habitats. The resulting Venn 

diagrams clearly show that defined numbers of OTUs were actually shared between the 

samples whereas others were not (Figure 4), pointing at both considerable uniqueness of 

some of the habitats, next to some commonality, in terms of chiA gene types present. 

 

 

Figure 3. Clustering of PCR-DGGE profiles based on UPGMA and the Pearson correlation coefficient. Solid 

blocks represent the gradient of enzymatic activity (high color intensity corresponds to high enzymatic activity). a. 

16S rRNA gene-based PCR-DGGE profiles showing the clustering of the bacterial communities in soil-like and 

sponge samples. b. chiA gene-based PCR-DGGE profiles showing clustering of chiA gene pools. Note the similar 

structure in approx. 70% of selected habitats. 
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Figure 4. Venn diagrams showing the uniqueness versus sharedness of chiA gene sequences between samples. a. 

Shared OTUs among SNC, SC, arctic rhizospheres; b. Shared OTUs among SMS, the biofilter and E. fluviatilis. 

 

 

 

  

a.

b.
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Tentative association of chiA gene types with those from defined bacterial taxa 

All chiA gene sequences were used as queries for BLAST-P analyses against the 

database, which also contained 1,754 bacterial glucoside hydrolase family-18 protein 

sequences from CAZy (Cantarel et al., 2009). The query sequences were assigned to 

reference sequences according to the top BLAST hits (Appendix table S3). In all samples, 

sequences with best hits to those from Actinobacteria, Bacteroidetes, Chloroflexi, 

Deinococcus-Thermus, Dictyglomi, Firmicutes and Proteobacteria were identified 

(Appendix figure S3). The sequences thus attributed to the Proteobacteria revealed best 

hits with diverse sequences from the Beta-, Gamma-, and Deltaproteobacteria classes. 

Sequences affiliated with those of Actinobacteria were dominantly found (65% to 98% of 

all sequences) across all habitats, with SC and E. fluviatilis being the only habitats where 

actinobacterial chiA sequences were not the major group. Thus, Proteobacteria, and in 

particular Betaproteobacteria-like sequences, were most abundant in SC (53%) and in E. 

fluviatilis (98%; Figure S4). Among all identified phyla, Dictyglomi-like sequences were 

found only in SNC. When the distribution of chiA sequence types was considered at the 

species level (Figure 5), a few sequence types appeared as conspicuously most abundant in 

several habitats. 

In SNC, sequences affiliated with those from Amycolatopsis mediterranei U32 

(accession number ADJ42100), A. mediterranei U32 (ADJ44263), Stigmatella aurantiaca 

DW4/3-1 (ADO72547), Streptomyces avermitilis MA-4680 (NP-824054) and 

Streptosporangium roseum DSM 43021 (ACZ89829) appeared. In contrast, sequences 

similar to those of Janthinobacterium lividum (AAA83223) and Lysobacter enzymogenes 

(AAT77163) were found to be dominant in SC. In the biofilter sample, 90% of the 

sequences were similar to a sequence of S. avermitilis MA 4680 (NP824054). Two 

sequence types, namely one of Thermobifida fusca YX (AAZ54618 and AAZ54906), and 

one each of S. roseum DSM 43021 (ACZ89829) and Actinosynnema mirum DSM 43827 

(ACU40011) were found in SMS. The arctic rhizosphere samples showed similar 

compositions in terms of dominant chiA types, with differences in abundances. A chiA gene 

sequence affiliated with one of Serratia proteamaculans 568 (ABV39247) was most 

abundant in O. digyna and one of A. mediterranei U32 (ADJ44263) in D. lapponica. The 

chiA gene related to S. roseum DSM 43021 (ACZ89829) was found in both samples. The 

freshwater sponge E. fluviatilis revealed a unique pattern, with chiA sequences affiliated 

with those of Aeromonas veronii B565 (AEB48885) and L. enzymogenes (ABI63600) 

covering the majority of reads. 
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Figure5. Distribution of chiA sequence species types in the habitats. 
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Discussion 

In this study, we screened ten different habitats for a highly diverse bacterial 

chitinolytic function. The aim of the study, i.e., the assessment of defined aspects of 

chitinolysis across habitats, was based on the premise that a better understanding of the 

ecology of chitinolysis will serve our subsequent exploration of habitats on the basis of 

educated guesses as to the occurrence of chitinases with unexplored features. We thus 

applied parallel function- and gene-based methodologies to evaluate the habitat specificity 

of family-18 chitinase genes using a combination of proxies for chiA specific abundances 

and diversities compared with total bacterial ones. By testing, using crude cell extracts, the 

total relative exochitinase (β-N- acetylglucosaminidase and chitobiosidase) activities across 

habitats, we found that, expectedly, this function is expressed at different levels under the 

conditions applied. For all samples, the chitobiosidase activities were higher than the β-N-

acetylglucosaminidase ones, however this difference may be artifactual, as the measured 

activities were based on the degradation of chitin oligomers and not on true chitin. There 

may also have been overlapping activities due to method limitations. The substrate of 

chitobiosidase (4-methylumbelliferyl N,N diacetyl-β-D-chitobioside) can be also cleaved, 

at lower efficiency, by β-N-acetylglucosaminidase, thus the activity measured can be the 

result of the combined activity of both enzymes. The activities showed a significant raise in 

SMS, which may have come about as a result of the presence of fungal decomposition 

material (Krsek & Wellington, 2001; Poulsen et al., 2008). Moreover, the high activity in 

sponges, at least in the marine ones, may relate to the chitinous material they commonly 

ingest with the (sea) water that is filtered. For reasons unknown, the activities in both SNC 

and SC were low. It is possible that the chitin-degrading enzyme systems which were 

present in the soils actually did not get induced to a sufficient extent under the experimental 

conditions applied, which is possibly due to the presence of easier nutrient sources in the 

soil. As it is known that the chiA gene is abundant among different radiations of the 

Bacteria, real-time PCR, in conjunction with PCR-DGGE, was used to evaluate the 

abundances, diversities and structures of the chiA gene pools across the ten habitats 

sampled. To normalize the data, we also determined the bacterial community sizes on the 

basis of the 16S rRNA gene pools. Concerning this, with two exceptions, rather expected 

bacterial abundances were found. The highest chiA gene abundance was observed in the O. 

digyna rhizosphere, and the lowest one in the marine sponge H. panicea. No correlation 

with sampling site characteristics, plant growth stage (flowering or winter form) or host 

organism-related factors could be shown. The increase of the bacterial community size after 

chitin addition to soil was consistent with earlier reports (Hallmann et al., 1999; Et al et al., 

2002a). Among the sponge samples, no clear differences were observed between the 

freshwater and marine sponges. The species investigated by us may have up to 40% of their 

biomass represented by metabolically active bacteria (Taylor et al., 2007). Remarkably, on 

the basis of the degenerated primers of Williamson et al. (2000), chiA was identified in the 

bacterial communities in all environments. The chiA gene copy numbers differed among 
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habitats, both as absolute and as normalized (i.e., per bacterium) numbers. Although chiA 

gene abundance cannot be taken as a proxy for the actual bacterial enzymatic activity 

(given potential other limiting factors as argued in the foregoing), the normalized 

abundance provides information about the chitinolytic potential, in terms of the prevalence 

of a target gene, of the bacterial communities. The finding that the SMS sample had the 

highest chiA gene abundance, followed by SC and the biofilter, whereas the Arctic 

rhizospheres were similar to the SNC sample, is consistent with the assumed roles of 

bacterial chitinolysis in these habitats. Remarkably, the high score for SMS in this respect 

coincided with a high normalized enzyme activity found for this habitat. Such correlations 

were also found for the SC and SNC soils, the biofilter and the Arctic rhizospheres. 

However, they were erratic for the sponges, where the highest normalized chiA abundance 

was found in C. candelabrum and the highest normalized enzyme activity in H. panicea.  

To characterize the bacterial communities, we determined their structure at the 

level of 16S rRNA gene based PCR-DGGE and chiA gene composition (using 

pyrosequencing). The phylogenetically based DGGE profiles divided all habitats in two 

main groups in accordance with their (terrestrial or aquatic) origin. As expected, the 

terrestrial samples showed the highest diversity of the dominant populations, as judged by 

the numbers (richness) and relative intensities (evenness) of bands. A decrease of diversity 

in the Vredepeel soil was observed as a result of the chitin treatment, as over 50% of the 

bands of the SNC (control) were not visible in the SC samples. We assume this to be an 

effect of growth stimulation of a limited subset of chitinolytic bacteria resulting from the 

added chitin. The lack of a clear clustering of the DGGE profiles among the sponges might 

indicate commonality of bacterial types across these. In terms of chiA gene-based diversity 

detected by PCR-DGGE, each habitat appeared to have a habitat-specific genetic pool of 

chiA genes. Next to this apparent habitat specificity, a core chiA gene pool (which was 

shared across most communities) became visible on the basis of an analysis of occupied 

band positions. Thus, although the existence of unique, habitat-specific bands yielded 

evidence for the contention that any selected habitat would yield unique hits with potential 

for biotechnological investigation, also commonality in terms of chitinase types will be 

found there. A comparison of the chiA-based DGGE profiles with the bacterial ones 

revealed that the former had lower diversity in all habitats. So far, only few studies have 

addressed the relationship between the chiA and 16S rRNA gene based phylogenetic 

distributions (Cottrell et al., 2000; Metcalfe et al., 2002a; Ramaiah et al., 2000). Although 

the present study does not propose to analyze the relation between the numbers and 

diversities of chiA and 16S rRNA genes, this is an important facet which supports our 

understanding of both potential in situ chitinolysis and possibilities for the metagenomics 

mining of the underlying enzymes. Finally, as part of the deep genetic evaluation of all 

habitats, the bacterial family-18 chitinase pool was examined by direct pyrosequencing. To 

our knowledge, this is the first study that uses tag-based amplicon pyrosequencing to study 

the diversity of the chiA catalytic domain across habitats. Pyrosequencing allows the 
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identification of potential chitinases. Such enzymes are recorded in CAZy and related 

enzyme databases (e.g., BRENDA, EXPASY) with characterized functional parameters. In 

addition, the analysis allowed the presumptive detection of chitinase producers on the basis 

of gene sequences but not based on functional parameters of active enzymes. The SC 

sample was dominated by two types of chiA sequences that resembled those of Beta- (J. 

lividum) and Gammaproteobacteria (L. enzymogenes). A significant decrease of the chiA 

gene diversity in soil after the chitin treatment was observed, which is consistent with 

previous reports (in which actinobacterial chitinases were dominant) (Krsek & Wellington, 

2001; Metcalfe et al., 2002a). However, in the present study, the total share of 

Actinobacteria was less than 30%.We explain this difference with previous work by taking 

into account the time of sampling, i.e. 9 months after the chitin treatment, which differed 

from that used in the previous studies (Krsek & Wellington, 2001; Metcalfe et al., 2002a). 

Gammaproteobacterial-like chiA genes were also found to dominate in the E. fluviatilis 

bacterial communities (i.e., affiliated with species like A. veronii and L. enzymogenes). 

Considering the aim of this study, the two species, J. lividum and L. enzymogenes, will 

become interesting targets for mining of novel chitinases. J. lividum is known as secreting 

at least two exochitinases (Gleave et al., 1995), while for L. enzymogenes completely 

characterized chitinases A are as-yet unavailable. The data provided by both the functional 

and genetic analyses in this study reinforce the hypothesis that habitat specific ecological 

factors are driving the structures of local chitinolytic communities, and, by this, the mode 

and rate of chitin degradation. However, our focus was on the bacterial contribution to this 

process and hence fungal involvement remained unexplored. Given the plausible 

assumption that, in addition to fungal, different bacterial enzyme complexes are involved in 

the process, this gives credit to the contention that a careful choice of the (biased or 

unbiased) habitat for sampling will enable a directed metagenomics-based access to desired 

target genes. Moreover, the tools developed and used by us allow an improved assessment 

and prediction of hit rates in any subsequent metagenomics exploration of selected habitats, 

which in this study are the chitin-treated soil SC, the rhizosphere of the Arctic plant O. 

digyna and the freshwater sponge E. fluviatilis. Thus, a guidance strategy for metagenomics 

mining can be designed on the basis of the developed techniques, the application of which 

is essential for success, as the rate of positive hits of interesting genes is likely to be greatly 

raised by careful examination of the data. 
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Abstract 

Chitin amendment is a promising soil management strategy that may enhance the 

suppressiveness of soil toward plant pathogens. However, we understand very little of the 

effects of added chitin, including the putative successions that take place in the degradative 

process. We performed an experiment in moderately acid soil in which the level of chitin, 

next to the pH, was altered. Examination of chitinase activities revealed fast responses to 

the added crude chitin, with peaks of enzymatic activity occurring on day 7. PCR-

denaturing gradient gel electrophoresis (DGGE)-based analyses of 16S rRNA and chiA 

genes showed structural changes of the phylogenetically and functionally based bacterial 

communities following chitin addition and pH alteration. Pyrosequencing analysis indicated 

(i) that the diversity of chiA gene types in soil is enormous and (ii) that different chiA gene 

types are selected by the addition of chitin at different prevailing soil pH values. 

Interestingly, a major role of Gram-negative bacteria versus a minor one of 

Actinobacteria in the immediate response to the added chitin (based on 16S rRNA gene 

abundance and chiA gene types) was indicated. The results of this study enhance our 

understanding of the response of the soil bacterial communities to chitin and are of use for 

both the understanding of soil suppressiveness and the possible mining of soil for novel 

enzymes. 
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Introduction 

The suppressiveness of soils toward plant pathogens can be enhanced by adding 

polymers such as chitin to them (http://www.wageningenur.nl/en/location/PPO-Vredepeel-

1.htm). There is currently great interest in such applications. In addition to enhancing 

suppression, chitinolytic bacteria can be successfully used as biological control agents 

against particular fungal or nematodal plant diseases (Downing & Thomson, 2000; Hjort et 

al., 2010, Kobayashi et al., 2002; Kotan et al., 2009). Such bacteria might be involved as 

natural agents in the suppression of plant pathogens. Concurrently, such endeavors drive 

research on other potential applications of the relevant chitin-degrading enzymes involved. 

However, as a result of soil bacterial communities being highly diverse in soil 

(Curtis et al., 2002; Gans et al., 2005; Torsvik et al., 1996), the ecology of the processes 

driven by them is still poorly understood. Hence, we do not quite understand how such 

communities respond, in terms of the succession of groups and activities and prominence of 

the enzymes these express, to chitin amendments. Moreover, the genetic diversity and 

potential of the relevant enzymes has remained largely unknown, which is mainly due to 

the difficulties associated with culturing the majority of bacteria under standard laboratory 

conditions (Curtis & Sloan, 2004; Schloss & Handelsman, 2004; Torsvik & Ovreas, 2002). 

Current DNA-based technologies allow opening the black box of soil functional 

and phylogenetic diversity. Moreover, an increasing research interest focuses on genes that 

encode biotechnologically applicable enzymes which are capable of degrading a natural 

polymer such as chitin. Chitin is clearly spread among many soil organisms, as it is a major 

component of the cell walls of fungi, in addition to the exoskeletons of invertebrates. 

Structurally, it is composed of a chain of β-1,4-glucosidic bonds linking N-acetyl-D-

glucosamine moieties. The lack of evidence for the accumulation of chitin in soil suggests 

that it is normally degraded at a substantial rate (Gooday, 1990a,b). Thus, the existence of a 

great reservoir of degrading enzymes is indicated. In general, bacteria are hypothesized to 

be among the main degraders of chitin in natural ecosystems, using it as a source of 

nutrition and energy (Gooday, 1990a,b). Although exact estimates are lacking, many soil 

bacteria are thought to possess enzymes involved in chitin degradation. Data from aquatic 

bacteria indicate that between one and a few percent of these are able to degrade chitin 

(Beier et al., 2011; Cotrell et al., 1999). Involvement of chitin-degradative enzymes in the 

parasitism of other (micro)organisms has also been reported (Patil et al., 2000).  

All known chitinases belong to glycosyl hydrolase families 18, 19, and 20 

(Henrissat & Bairoch, 1993; Henrissat, 1991). Bacterial chitin degradation involves, in the 

initial step, cleavage of the β-(1→4) bond by exochitinases, which are assigned mostly to 

family 18 of the glycosyl hydrolases. This protein family is subdivided in groups A, B, and 

C on the basis of the amino acid sequences of the respective members. As the majority of 

the characterized bacterial chitinases have been assigned to group A, it has been assumed 

that this group is the most abundant one in the environment (Metcalfe et al., 2002). These 

chitinases (ChiA) are important given their capacity to produce short oligosaccharide chains 
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and chitin derivatives which are ecologically relevant as substrates. In addition, ChiA 

enzymes, in particular, those that work well at raised pH, find application in agriculture, 

industry, and medicine (Dutta et al., 2004; Dutta et al., 2002; Felse & Panda, 1999b; 

Gooday, 1990a,b; Krajewska, 2004; Olander & Vitousek, 2000; Qiu et al., 2009). 

Currently, limited examples of bacterial chitinases are commercially available. The relevant 

enzymes, originating from Bacillus, Serratia, and Streptomyces spp., have limited optimal 

activities, mainly at acid to neutral pH. Given the interest in chitin degradation, in 

particular, as related to plant pathogen suppression, as well as the potential exploitation of 

chitinases, the objective of this study was to examine the impact of chitin amendment of 

soil, at two different pHs, on the diversity and abundance of the soil bacterial community. 

We included a high-pH treatment, as bacterial chitinases active under alkaline conditions 

are not yet available. We placed a special focus on changes in the family 18 gene chiA. A 

short-term (60-day) soil microcosm experiment was set up, which allowed the emergence 

of different bacterial communities enriched for chitin degraders. Changes in the structures 

and diversities of the bacterial communities were analyzed based on the 16S rRNA and 

chiA genes. In the light of reports on the importance of actinobacteria in soil chitinolytic 

processes (Metcalfe et al., 2002; Krsek & Wellington, 2001; Williamson et al., 2000), 

actinobacterium-specific analyses were also performed. Finally, deep sequencing was 

applied to foster our understanding of the changes of chiA gene diversity and abundance as 

driven by the experimental factors applied. 

 

Materials and methods 

Extraction of chitin from shrimp shell waste 

Shrimp shell waste obtained from Heiploeg (Zoutkamp, The Netherlands) was first 

intensively washed with demineralized water. Chitin extraction was performed according to 

a protocol modified from that of Xu et al. (2008). Proteins were removed by being briefly 

soaked twice in 0.25 M NaOH, followed by overnight incubation in 0.25 M NaOH at room 

temperature. Samples were then soaked (30 min) in 0.12 M HCl followed by rinsing with 

deionized water until neutral pH was reached and drying overnight in a 60°C oven. The 

dried material was ground and sieved through a 2-mm-pore size mesh. The product 

contained chitin at over ~90% on a dry weight basis, the remainder consisting of mostly 

pigments, proteins, and ash. 

 

Soil microcosms 

Soil samples were collected in June 2010 at the experimental farm De Vredepeel 

in The Netherlands. The soil was characterized as sandy, with pH 5.7 and 2.2% organic 

matter. Triplicate 4 kg soil samples were removed from subplots in the top 10 cm of the 

soil. Soil was homogenized by passage through a 2 mm pore-size mesh sieve. The moisture 

was adjusted to 65% of the water-holding capacity. Three replicates of microcosms 

containing 220 g of soil were prepared in 720 ml jars for four different sets of treatments 
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(12 jars in total). Two sets contained the soil of the original pH 5.7 measured in deionized 

water (1:2 soil:water ratio), whereas the pH of the other two sets was changed to 8.7 by 

adding 1 M sodium carbonate to each. One set of microcosms of each pH value was 

supplemented with 1.8% of the pre-prepared ground shrimp shell waste. The microcosms 

were incubated at room temperature. After 0, 1, 3, 7, 15, 30, and 60 days of incubation (T0 

through T60, respectively), 5 g portions of soil were removed from each microcosm, 

immediately frozen, and stored at ~80°C for further analyses.  

 

Chitinase activity enzymatic assay 

Chitinase activities were measured fluorimetrically on the basis of enzymatic 

hydrolysis of the substrates 4-methylumbelliferyl N-acetyl-β-D-glucosaminide (a substrate 

for β-N-acetylglucosaminidase), 4-methylumbelliferyl N,N’-diacetyl-β-D-chitobioside (a 

substrate for chitobiosidase), and 4-methylumbelliferyl-β-D-N,N’,N’’-triacetylchitotriose (a 

substrate for endochitinase) with production of 4-methylumbelliferone using a chitinase 

assay kit (Sigma, Saint Louis, MO). Half a gram from each of the three replicates (at each 

time point) was collected and vortex mixed (full speed; 2 min) with 1 ml of sterile water. 

Samples were centrifuged for 5 min at 13,000 rpm. A 10 µl volume of supernatant was used 

for the enzymatic assay. The enzymatic activity was calculated according to the 

manufacturer’s specifications. One unit of chitinase activity was defined as the release of 1 

µmol of 4-methylumbelliferone from the appropriate substrate per min at pH 5.0 and 37°C. 

Fluorescence was measured at an excitation of 360 nm and emission of 450 nm for 1 s on a 

microplate reader (Synergy Mx Monochromator-Based Multi-Mode; BioTek Instruments 

Inc., Winooski, VT).  

 

Nucleic acid extractions 

DNA was isolated from all soil samples (300 mg wet weight) using a PowerSoil 

DNA isolation kit according to the manufacturer’s specifications (MoBio Laboratories, 

Carlsbad, CA). 

 

PCR-DGGE 

ChiA gene amplicons were obtained as previously described (Willismson et al., 

2000). Actinobacterial and bacterial 16S rRNA gene amplicons were obtained as previously 

described (Heuer et al., 1997). All PCR mixtures contained 0.2 µM each primer and 

1.25UGoTaq polymerase (Promega, Madison, WI). Amplifications were carried out on a 

Veriti 96-well thermal cycler (Applied Biosystems, Bleiswijk, The Netherlands). 

Denaturing gradient gel electrophoresis (DGGE) profiles were obtained using 16 h of 

electrophoresis at 100 V, 0.5X Tris-acetate-EDTA (TAE) buffer at 60°C, and an Ingeny 

Phor-U system (Ingeny International, Goes, Netherlands). After electrophoresis, 

polyacrylamide gels were stained with SYBR gold (Invitrogen, Breda, The  Netherlands) 

and visualized on a UV transilluminator. Three replicates from each of the treatments and 
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each time point were analyzed. DGGE profiles were compared using GelCompar II 

software (version 5.6; Applied Maths, Sint-Martens-Latem, Belgium). 

 

Quantitative PCR 

Quantitative PCR assays were performed using Maxima SYBR green mix 

(Fermentas, ThermoFisher Scientific) on an Applied Biosystems 7300 real-time PCR 

system. Primers and conditions as previously described (Fierer et al., 2005) were applied to 

quantify total bacterial and actinobacterial 16S rRNA copy numbers. chiA gene copy 

numbers were quantified as previously described (Yergeau et al., 2007). For standards, 

chiA (approximately 450 bp) and full-length 16S rRNA gene products obtained after 

amplification of pure template DNA isolated from a Streptomyces griseus strain were used. 

Tenfold dilutions of the standard concentrations were adjusted to 10
1
 to 10

8
 (estimated) 

gene targets per reaction. We thus calculated the gene copy numbers for all three of the 

aforementioned systems. We interpreted these with the cautionary note in mind that such 

data are intrinsically biased in the light of known and well-accepted (but unsolved) 

questions about DNA extraction efficiencies, numbers of genes per genome, and potentially 

differential PCR rates. 

 

Pyrosequencing analysis 

Partial chiA gene amplifications (T0, T3, and T7 samples) were carried out in 50µl 

volumes containing 5 µl of 10X PCR buffer, 0.2 mM deoxynucleoside triphosphate (dNTP) 

mix, 3.75 mM MgCl2, 2% dimethyl sulfoxide (DMSO), 20 µmof 10-bp barcoded GA1F 

and GA1R primers (Williamson et al., 2000), and 1.5 U of GoTaq Flexi DNA polymerase 

(Promega, Madison, WI). All amplifications were performed on a Veriti 96-well thermal 

cycler (Applied Biosystems-Life Technologies Europe BV, Bleiswijk, The Netherlands). 

The amplification conditions were preceded by an initial denaturation step (95°C for 5 min) 

and followed by 35 cycles  consisting of denaturation at 94°C for 1 min, annealing at 60°C, 

and elongation at 72°C for 1 min, followed by a final elongation step for 10 min at 72°C. 

Amplicon mixtures were subjected to pyrosequencing using a Genome Sequencer FLX 

system (Roche Diagnostics GmbH/454-Life Science Corporation, Branford, CT). 

Sequences were deposited in the Sequence Read Archive (SRA).  

Mothur (Schloss et al., 2009) was utilized to analyze the reads. The sequences 

were evaluated for quality and the presence of ambiguous bases and homopolymers and 

were trimmed to remove primers and barcodes. All sequences which did not pass quality 

control requirements (mean quality of reads >25, no ambiguous bases allowed, 

homopolymers >8 bases), as well as sequences without identifiable primers and barcode, 

were removed. Potential chimeras were removed using ChimeraSlayer implemented in 

Mothur. The remaining reads (50% on average) were translated into amino acid sequences. 

All sequences containing internal stop codons and unidentified amino acids due to 

sequencing errors were removed. Each translated sequence was used as a Blast-P query 
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against a 1,754 sequence database obtained from CAZy (Cantarel et al., 2009) using a 10
-20 

E cutoff value. Sequences which did not pass this filter were removed. Due to the protein-

based comparisons, we refer to “-type” or “-like” sequences rather than to defined 

affiliations. Amino acid sequences were aligned using ARB software (Ludwig et al., 2004), 

together with the corresponding region of the reference sequences. Dissimilarity matrices 

were calculated from the pairwise alignment of amino acid sequences using PHYLIP 3.67 

software (Felsenstein, 2005). The obtained matrix was fed to Mothur for complete linkage 

clustering. Qualified sequences were assigned to operational taxonomic units (OTUs) based 

on a 20% dissimilarity cutoff. This 20% cutoff was chosen based on slope stabilization by 

plotting the number of unique OTUs at different OUT cutoff values. 

 

Statistics 

The Shannon index of bacterial diversity was calculated as H=-∑PilogPi  based 

on the relative band intensities (Pi) as formulated by Eichner (Eichner et al., 1999). 

Bacterial and actinobacterial abundances were analyzed by one-way analysis of variance 

(ANOVA) (STATISTICA 8; StatSoft Inc., Tulsa, OK) to determine the significance of the 

differences between treatments. The analysis of coverage was based on post hoc analysis 

using Tukey’s honestly significant difference (HSD) test. Stepwise multiple regression 

calculations were conducted by the REG procedure (SAS version 8.02; SAS Institute Inc., 

Cary, NC) to determine to what extent variations in biological or chemical parameters 

could explain the variations in the enzymatic activities.  

Regression analyses of normalized data were conducted. The parameters were as 

follows: log[actinobacterial 16S rRNA gene copy number](Actino16SrRNA), sqrt[log(16S 

rRNA gene copy number)/log(16S rRNA gene copy number)max](16SrRNA). 

Actinobacterial, bacterial, and chiA gene diversity and richness as determined by PCR-

DGGE (Actino16SrRNA Shannon, 16SrRNA Shannon, Actino16SrRNA Chao1, and 

16SrRNAChao1) were included after the following transformation: log[chiA gene 

abundance] (chiA) and diversity (chiA and chiA Shannon, respectively), log[pH] (pH), 

sampling time point (incubation), chitin addition (chitin). Variables in the regression 

models were significant at the 0.15 level. Models were restricted to a maximum of two 

parameters.  

Relative abundance data were fitted to the power function (Mitzenmacher, 2004), 

using nonlinear regression (Gauss-Newton method; SAS version 8.02). In the model, Cr= 

ar
m
; where Cr is the relative abundance at rank r (the most abundant rank is given a value 

of 1, the second most abundant a value of 2, etc.), a is an empirical type- and location-

specific constant, and m is the shape parameter (Van der Gast et al., 2008). The significance 

and fit were assessed using the F value of the nonlinear regression and the nonlinear 

coefficient of determination (pseudo-R
2
) for each rank/abundance curve, respectively. 

Differences in the relative abundances were analyzed by two-sided t tests. Finally, Jaccard 

similarity matrices calculated based on the PCR-DGGE patterns were used in principal 
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coordinate analysis (PCoA) (Canoco 4.55; Microcomputer Power). 

 

Nucleotide sequence accession number 

Sequences were deposited in the Sequence Read Archive (SRA) under the number 

SRA052538. 

 

Results 

Effects of chitin addition and pH on the chitinolytic activity in soil 

As expected, in all microcosms without added chitin, the levels of chitinolytic 

activity were low throughout the course of the experiment (Figure 1). First, there were no 

significant differences (P>0.05) between the values over time in the control (“native pH, no 

chitin”) microcosms. In the “altered pH” microcosm without added chitin, there was a 

progressive decrease of chitobiosidase activity (Figure 1B) between the beginning and the 

end of the experiment (T0, T1, T3, T7, and T15 versus T30 and T60; P<0.001). Overall, the 

highest chitinolytic activities were observed in the chitin-amended microcosms at pH 8.7 at 

T3 and T7 for all three measured activities, with rapid decreases being recorded at T15. 

From this time onward, the initial levels, in particular those of the endochitinase and 

chitobiosidase activities, were reached (P>0.05). In the native-pH microcosm with added 

chitin, values were raised as well. There were no differences in the endochitinase activities 

over time (P>0.05; Figure 1C). A comparison of the native-pH and pH 8.7 microcosms 

with or without added chitin revealed that the measured activities were lower in the former 

than in the corresponding latter systems throughout the duration of the experiment. 

 

Effect of chitin addition and pH on the soil bacterial community abundance and 

community structure.  

The bacterial abundances in the non-chitin-amended soils (pH 5.7 and 8.7) were 

statistically similar (P>0.05) (Figure 2A) during the whole experiment. In the chitin-

amended soil at native pH, a rapid increase of the 16S rRNA gene copy abundance was 

observed from T0 to T3 (from 2 x 10
9
 to 1.5 x 10

10
 gene copies per g of soil; P=1.8  x 10

-4
) 

and the numbers remained high until T15 (1.4 x 10
10

 gene copies per g of soil). At T30, the 

initial copy number was reached again. In contrast, in chitin-amended pH 8.7 soil, the 16S 

rRNA gene copy numbers increased steadily from T1 to T15, at which time they reached 

the maximal level of 1.3 x 10
10

 copies per g dry soil. 

Although fluctuations in the actinobacterial 16S rRNA gene copy numbers were 

observed in the soil at pH 8.7 (Figure 2B), there was no clear trend which could explain the 

changes as the result of a response to chitin addition. In the control soil microcosms, the 

abundances remained at similar, stable levels (Figure 2B). After addition of chitin, the 

actinobacterial abundances increased slightly but significantly from T0 to T1 (from 3.8 x 

10
8
 to 1.05 x 10

9
 copies per g of soil; P=7.1 x 10

-4
) and stayed at this increased level until 
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the end of the experiment. However, the relative abundance decreased, suggesting that 

Actinobacteria were not the prime responders to the chitin addition.  

 

 

 

Figure 1. Changes in endochitinase (A), chitobiosidase (B) and β-N-acetylglucosaminidase (C) activities 
measured during 60 days of microcosm incubation. Triplicate microcosms were supplemented with chitin obtained 

from shrimp waste or left unsupplemented at each of the time points for soils with native pH (5.7) and increased 

pH (8.7). Error bars represent standard errors (SEs) of the mean results of three replicate experiments. 
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As expected, the chiA gene copy numbers did not change in the control soils (no 

chitin addition) throughout the experiment. Also, the change of pH from 5.7 to 8.7 did not 

significantly influence the chiA gene copy numbers (T0), which remained at levels that 

were similar for the high-pH and the native-pH soils (Figure 2C). In  contrast, the chitin-

treated soils, at both native and high pHs, revealed strong effects of added chitin on chiA 

gene abundance. As from T1, this abundance was greatly increased compared to that in the 

corresponding control soil (Figure 2C). Thus, due to the treatment, the chiA gene 

abundance had increased from 3.0 x 10
7 

to 7.0 x 10
8
 gene copies g soil in pH 8.7 soil 

(ANOVA; log-transformed data, P=1.5 x 10
3
) and from 3.2 x 10

7
 to 7.2 x 10

8
 gene copies 

g
-1

 soil (ANOVA; log transformed data, P= 1.7 x 10
-4

) in native-pH soil at T3. The 

abundance remained at a similar high level in the native-pH chitin-amended soil until T30. 

Interestingly, in the pH 8.7 chitin-amended soil, in which the maximal chiA gene 

abundance had already been reached at T3, the chiA gene abundance gradually decreased, 

reaching a level at T15 that was comparable to the initial one (Figure 2C) and significantly 

different from that at T3 (P= 4.4 x 10
-2

).  

The differences among replicates of the bacterial and actinobacterial as well as 

chiA-based PCR-DGGE profiles were negligible (Appendix figure S1); hence, we used 

single profiles in our clustering analyses. The bacterial profiles were affected as a result of 

the shifted pH as well as chitin addition. Moreover, per treatment, they shifted over the time 

of the experiment (Figure 3A and a). In the native pH soil, a strong effect of added chitin 

was observed, as is evident from the shifts of the community compositions at T7 and T15 

(Figure 3A). In contrast, in the pH 8.7 soil, the detectable chitin addition effect was weaker. 

Similar observations were made with respect to the actinobacterial PCR-DGGE profiles. 

Here, there was a clear separation of the community profiles in the native-pH soil 

supplemented with chitin (Figure 3B), whereas the community structures in the pH 8.7 soils 

were stronger influenced by incubation time (Figure 3b).  

The chiA gene-based PCR-DGGE analyses revealed progressive and major 

changes in the profiles as a result of the addition of chitin (T3 through T15 compared to T0, 

for both native-pH and pH 8.7 soils). Moreover, extended incubation times (30 to 60 days) 

had a strong influence on the chiA gene profiles, as the similarities between the profiles at 

T30 and T60 and the remaining ones were the lowest (Figure 3C and c). Based on these 

observations, expecting major differences in the bacterial chitinolytic communities at T7 in 

contrast to longer incubation times, the T0, T3, and T7 samples were thus selected for deep 

pyrosequencing of the chiA gene. 
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Figure 2. Abundance of total bacterial (A) and actinobacterial (B) 16S rRNA and chiA gene copy numbers (C) 

measured at seven time points during the microcosm experiment. Days of sampling are indicated below the 

columns. Error bars represent SEs of the mean results of three replicate experiments. 
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Figure 3. DGGE patterns from principal coordinate analysis based on Jaccard similarity. (A, a) 16S rRNA. (B, b) 

Actinobacterial 16S rRNA. (C, c) chiA gene. Uppercase letters represent comparisons of samples at pH 5.7. 

Lowercase letters represent comparisons of samples at pH 8.7. Empty circles represent samples without chitin and 

filled circles samples with chitin addition. Positions of circles represent the mean positions of the replicates. The 
DGGE photos can be found in the supplemental material (appendix). 
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Analysis of the relationship between enzymatic activity, bacterial community, and 

treatment  

Multiple regression analyses were performed in order to identify the factors that 

explained most of the variations in the enzymatic activities measured in the microcosms 

(Table 1). Bacterial abundance (16S rRNA gene copy numbers) was the best predictor of 

chitinolytic activities for both β-N-acetyl-glucosaminidase activities (P<0.0001) and 

chitobiosidase activities (P<0.0001), explaining 67% and 54% of the variations, 

respectively. In both cases, increases in bacterial abundances correlated well with increases 

in enzymatic activities. The remaining variation was explained by pH, which significantly 

affected both measured enzymatic activities (P <0.0001), with increases of activity at 

higher pH values. 

 

 

 

Table 1. Best regression models for enzymatic activity in microcosm experiment. 

Enzyme Model R2 P 

β-N-acetyl-

glucosaminidase  
-17.2(±1.96)***+11.57(±2.49)***×16SrRNA+0.24(±0.02)***×pH 0.75 0.001 

chitobiosidase -22.73(±4.29)***+12.36(±5.1)***×16SrRNA+0.36(±0.05)***×pH 0.63 0.001 

*** P<0.0001; All models have to be restricted only to a maximum of two parameters (see Materials & Methods) 

    

 

 

RADs 

In order to better understand underexamined processes in microbial communities, we 

focused on rank-abundance distributions (RADs). We examined the effects of chitin and pH 

on the bacterial community structures (evenness) over time, and the evenness of the RADs 

of OTUs obtained from the pyrosequencing analysis was examined. The shape (slope) of a 

distribution curve is associated with evenness; lower values are observed if more of the 

OTUs have similar numbers of individuals (higher evenness). The shape parameter, m, was 

plotted over time for each of the treatments (Figure 4). Although slight shifts in the 

evenness of the microbial communities (m values ranging from -0.82 to -0.85) between 

chitin-untreated and chitin-treated soils were observed at native pH, these changes were not 

significant (P>0.05). In the chitin-treated pH 8.7 soils, the general trend was different, as a 

significant shift toward higher evenness (the m value increased from -0.84 to -0.80; 

P=0.031) was found after day 7 of incubation. 

 

 

 



92 

 

 
Figure 4. Changes in the shape parameter, m, which  characterizes the evenness of the rank-

abundance distributions (RADs) over time. 

 

 

Analysis of the diversity of the chiA gene across treatments 

Given the fast activity and bacterial responses to the chitin amendment and pH 

change, our interest in the immediate responses to the treatment was raised. Thus, the 

samples taken at T0, T3, and T7 were selected for deep pyrosequencing of the chiA gene. 

Sequencing was performed for all four treatments, each in three replicate experiments. In 

total, 592,924 sequence reads of, on average, 450bp were obtained; of those, 322,167 reads 

passed the filtration settings. For each replicate per treatment, an average 8,949 reads were 

thus obtained, giving 26,793 reads per treatment (Table 2).  

We defined chiA-based OTUs on the basis of an 80% similarity criterion. OTU-

based analyses were performed on normalized numbers of sequences (3,854 sequences). 

Good’s coverage estimator (Table 2) then revealed that the main fraction of family 18 chiA 

sequence types (OTUs) was detected across all samples. Based on the Chao1 and 

abundance-based coverage estimator (ACE) richness estimators, the chiA gene richness 

decreased over time in the pH 8.7 soil, especially after chitin addition (Chao1 T0 versus T3; 

P=0.018), suggesting a doubly selective effect of pH and chitin. The T7 samples of this 

treatment yielded the lowest predicted richness values (ACE, 582±59; Chao1, 418±9).  
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Table 2. Observed richness and diversity estimates based on 80% OTU clusters.  

  Average score ± Standard Error   

    Richness estimatord 
Diversity 

indexd 
  

Sample 
Nr of 

Sequences 
Sobs

a ACE Chao1 Shannon Coverageb 

T0 pH8.7 

chitinc 
5825±1946 478±5 1202±8 888±25 4.96±0.01 0.88 

T0 pH 8.7 6735±197 508±12 1278±61 932±26 5.09±0.02 0.88 

T0 pH 5.7 5506±593 476±13 1216±25 876±15 4.87±0.1 0.88 

T0 pH 5.7 

chitin 
5176±425 453±14 930±128 782±37 4.83±0.07 0.88 

T3 pH 8.7 

chitin 
11799±1530 177±15 580±125 421±67 1.95±0.08 0.96 

T3 pH 8.7 9505±214 339±6 907±74 705±73 3.45±0.05 0.94 

T3 pH 5.7 6315±375 428±15 1032±86 767±51 4.74±0.02 0.92 

T3 pH 5.7 

chitin 
11151±1049 243±9 625±25 465±12 2.33±0.09 0.92 

T7 pH 8.7 

chitinc 
13091±564 227±2 582±59 418±9 2.42±0.02 0.95 

T7 pH 8.7  10199±548 369±23 983±92 739±74 3.76±0.16 0.90 

T7 pH 5.7  7586±452 458±7 1175±86 855±35 4.78±0.07 0.91 

T7 pH 5.7 

chitin 
19631±8849 267±14 728±34 511±33 2.78±0.18 0.99 

aObserved richness ,b Good's coverage: the number of OTUs that have been sampled once/ the total number of individuals in 

the sample, c Average of two replicates. 

Similarly, the chiA gene diversity, expressed as the Shannon index, decreased over time in 

the pH 8.7 soil supplemented with chitin (T0 versus T3, P=0.035; T0 versus T7, P<0.001) 

and in comparison to the control (T3, P =0.004; T7, P=0.001), with the lowest value at T3 

(1.95±0.08; Table 2). In both native-pH microcosms, the decrease of richness was observed 

from T0 to T3, with an increase at T7 (Table 2).  

Representatives of each OTU were then used for a BLAST-P query against the 

database. The number of OTUs affiliated with each of the best-hit chitinases and the 

identities between best hit and representatives of OTUs are given in Table S1 in the 

supplemental material (Appendix).  

The BLAST-P results revealed high similarities between the chiA gene profiles in 

all four treatments at T0 (Figure 5). Hence, there were no immediate changes related to the 

chitin addition and pH modulation that were applied. Furthermore, the chiA gene diversity 

and composition remained stable in the native control soil over the T7 experimental period. 
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Addition of chitin lowered the observed diversities in both native-pH and pH 8.7 soils. 

Also, strong chiA gene diversity shifts concomitant with the pH were observed (see 

Appendix table S2). Stenotrophomonas maltophilia-related chiA sequences dominated in 

the pH 8.7 soil (both with and without chitin) at T3 (P <0.001) (Figure 5; see also 

Appendix table S2), with increased dominance in the chitin-treated soil. Although still 

present at T7, the relative abundance of the S. maltophilia-related sequences had decreased. 

After T7, Isoptericola jiangsuensis-type gene sequences dominated the chiA gene pools in 

the chitin-treated pH 8.7 soils (increase from <1% to 30%; P<0.001) (Figure 5; see also 

Appendix table S2). Thus, this type was the second dominant chiA gene type after that of S. 

maltophilia. Also, in native-pH soil treated with chitin, there was an increase of such 

sequences but not to the same extent as in the pH 8.7 soil (from <1% to 8%; P<0.001) 

(Figure 5; see also Table S2 in the supplemental material). The native-pH soil treated with 

chitin was already dominated by Janthinobacterium lividum-type chiA sequences at T3 

(48%; P<0.001) (Figure 5; see also Appendix table S2). 

The same trends in the chiA gene diversity as described above became visible at 

the phylum level (see Figure S2 in the supplemental material). Irrespective of time-, chitin-, 

and/or pH-related differences, Gamma- and Betaproteobacteria-like chiA gene sequences 

became predominant after the addition of chitin to the soil used. There were clear 

differences between the native-pH and pH 8.7 soils in the gene sequence composition. In 

pH 8.7 soils with and without added chitin, Gammaproteobacteria-like chiA sequences 

dominated, with higher percentages in the chitin-treated versus untreated soil at T3 (96% 

versus 66%, respectively). At T7, these percentages had decreased and were comparable 

between the two systems (61% versus 55%). In the native-pH soil treated with chitin, 

Betaproteobacteria-like chiA sequences dominated (an increase from 6.6% at T0 to 48% at 

T3 and T7). However, there was also an increase in the percentage of 

Gammaproteobacteria-like chiA gene sequences. The relative abundance of sequences with 

similarity to chiA genes from Actinobacteria also shifted, as it appeared that both the chitin 

treatment and pH increase had a negative effect on the relative numbers of sequences 

assigned to this phylum. 
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Figure 5. Comparison of levels of chiA gene diversity at different sampling points. The stacked- column graph represents the relative distributions of chiA genes affiliated 
with different bacterial species based on BLAST-P analysis. All calculations were performed on normalized data. Average relative abundance data from 3  replicates were 

calculated as the ratio between the sequence type abundance and the total number of sequences in the group. Sequence types represented by less than 1% of the sequences 

are grouped and presented on the graph as the “<1%” group. 
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Discussion 

In general terms, microbially driven chitin degradation is well documented at the 

overall process level. Chitin degradation in soil  has been shown to be a relatively fast 

process (60% mass loss of buried chitin in soil nets after 180 days (Sato et al., 2010), 40% 

mass loss after 5 months (Krsek & Wellington, 2001). However, in spite of previous 

important work (Kobayashi et al., 2001; Williamson et al., 2000; Sato et al., 2010), there 

still is a paucity of knowledge on the actual successions that take place, in the face of chitin 

supplementation, during chitin degradation in soil among the chitinolytic and other 

microbial communities. For instance, no deep-sequencing studies have been conducted that 

would provide a more comprehensive insight into the effects of chitin and pH on the chiA 

gene diversity in soil. Here, we combined enzymatic assays with bacterial abundance and 

diversity assessments and deep chiA gene sequencing in order to shed light on such effects. 

Chitin addition to soil was shown to stimulate the overall community chitinase 

activities, which is likely to reflect the activity and growth of a chitinolytic microbiota. In 

the process, it is likely that the microbial growth following chitin amendment was affected 

and possibly limited by other prevailing conditions, such as the availabilities of other 

compounds that became limiting (e.g., phosphorus and/or iron) or predatory forces exerted 

by protozoa. It is also important that the chitinase activity assays measure the total 

enzymatic activity of the soil community and are not specific for bacterially driven chitin 

degradation. In natural or agricultural soils, chitin polymers are mainly of fungal origin, 

fungi also being among major degraders of this compound. Thus, it is expected that the 

measured enzymatic activity also reflects fungus-based chitin degradation (Kellner & 

Vandenbol, 2010). Moreover, there is no clear distinction between endo- and 

exochitinolytic activities (LeCleir et al., 2007). However, our results showed the best 

predictors of chitinolytic activities for both β-N-acetylglucosaminidase and chitobiosidase 

activities were correlated with bacterial abundance and soil pH (explaining 89% and 77% 

of the variations, respectively). Indeed, for both enzymes, the increases in bacterial 

abundances were related to increases in enzyme activities. Hallmann et al. (1999) observed 

that bacteria respond much faster than fungi to chitin amendment of soil. Species (OTU) 

richness is considered to reflect the stability of an environment (Ives et al., 2000; Li & 

Stevens, 2010). Indeed, in our study, the number of chiA-based OTUs was highest in the 

control soil microcosm. As expected, OTU richness decreased after chitin addition and/or 

pH changes, probably as a result of the necessary adaptation of the soil microbiota to the 

new conditions. The evenness of the species distribution allows an evaluation of the overall 

biological activity of a habitat, as high biological activity often coincides with low 

evenness. This suggests that the conditions created in soil by chitin addition as well as pH 

alteration induced changes in local conditions, allowing selection of particular bacterial 

groups. Such differential responses thus allow a better understanding, and possibly mining, 

of the chitinolytic activities from such different locally responsive communities. 
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Actinobacteria, which are widely distributed in soil, have been pinpointed as 

important decomposers of complex organic molecules in the soil environment. They are 

also often taken as representative models of chitin degradation in soil (Krsek & Wellington, 

2001; Metcalfe et al., 2002a; Williamson et al., 2000). Actinobacteria are indeed 

commonly found in soil screens for chitinolytic activities by culture-based approaches (Sato 

et al., 2010). However, in our study, their numbers were negatively correlated with the soil 

chitin level. This was observed for both the actinobacterial 16S rRNA gene quantification 

and the actinobacterium-related chiA gene sequences. One explanation could be that these 

organisms exhibit slower responses to chitin addition to soil than those of other groups. 

Moreover, they may show better culturability than other bacterial groups, thus showing up 

abundantly on plates, including those supplemented with chitin. Indirectly, this is consistent 

with “the great plate count anomaly” (Staley & Konopka, 1985), corroborating the fraction 

of known culturable bacteria that is known to possess chitinolytic activity (Das et al., 

2010). However, being aware of molecular technique biases (e.g., accounting for genome 

copy numbers, DNA extraction efficiency, or the presence of inhibitors in the DNA extracts 

influencing PCR efficiency), we are not able to measure absolute gene/bacterium 

abundances.  

To analyze the changes in richness and diversity of the chiA gene in our system, 

we employed analyses using chiA OTUs (defined at the amino acid sequence level using an 

80% similarity cutoff). The initial BLAST-P analyses of our sequences gave an impression 

of rather low chiA gene richness in our systems. However, our analyses may have been 

biased by the depth with which the available reference sequences represent the genes found 

in ecosystems. The existing database may actually be rather limited, and so our data set 

adds a large amount of novelty to the database.  

Furthermore, although we tentatively assigned affiliated species to the partial chiA 

sequences obtained, reliable identification of the chiA gene-carrying bacterial species is 

clearly difficult on this basis. The reason for this cautionary note is that 16S rRNA gene-

based phylogeny is often not consistent with chiA gene based phylogeny. Cottrell et al. 

(2000) revealed a closer relationship of chiA genes of the gammaproteobacterium Vibrio 

with those of Alphaproteobacteria than with those of bacteria belonging to the 

Gammaproteobacteria. Moreover, Xiao et al. (2005) showed that the chiA genes obtained 

from the taxonomically divergent Janthinobacterium lividum, Cytophaga sp., and 

Stenotrophomonas sp. shared surprisingly high (95%) identity. Similarly, Ramaiah et al. 

(2000) showed that the chiA gene of Vibrio sheri did not group with that of other Vibrio 

types. Horizontal gene transfer is suggested to be responsible for these observations of 

unexpected high sequence similarities between similar gene types in unrelated taxa. In 

contrast to these findings, Metcalfe et al. (2002a,b) found a perfect match between chiA and 

16S rRNA gene sequence-based phylogenies in Streptomyces as well as in 

Stenotrophomonas maltophilia. Thus, given these contrasting findings, more data 

comparing chiA and 16S rRNA gene sequence phylogenies on the basis of the same 
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organisms are needed to allow a definition of the relationship between these two genes. 

With respect to this, we have referred to “-type” or “-like” sequences rather than to defined 

affiliations.  

Our data demonstrated, irrespective of time-, chitin-, and pH related differences, 

that Gamma- and Betaproteobacteria-like chiA gene sequences became predominant after 

the addition of chitin to the soil used. An abundance of Gammaproteobacteria (studies 

based on the 16S rRNA gene marker) in chitin-amended soil has recently been reported 

(Das et al., 2010), with dominance of Cellvibrio species (Sato et al., 2010). However, 

although C. gilvus-like sequences were also identified in the current study, they covered 

only about 0.01% of the total chiA gene diversity and their relative abundance was not 

affected by chitin addition.  

The main group of sequences found in our study, mainly as responders to chitin 

addition, was related to sequences from a limited number of Gram-negative organisms. 

Interestingly, by inference, organisms potentially involved in plant pathogen suppression 

were thus stimulated. One major gene type was affiliated with the chiA gene of S. 

maltophilia. Stenothrophomonas and Lysobacter, which were also identified in our study, 

are rather opportunistic organisms which can respond extremely quickly to emerging 

ecological opportunities in soil. The former genus is under investigation as a candidate for 

the biological control of, primarily, plant-pathogenic nematodes (Dunne et al., 1997; Dunne 

et al., 2000; Kobayashi et al., 2005; Messiha et al., 2007). S. maltophilia strains have an 

extraordinarily high hydrolytic enzyme potential (Ryan et al., 2009). In addition to 

chitinases, they produce diverse proteases, glucanases, DNases, RNases, lipases, and 

laccases. Both chitinolytic and proteolytic activities are thought to contribute to their 

biocontrol capacity. S. maltophilia as well as Lysobacter spp. occur widely in soils 

(Hayward et al., 2010). The second major chiA gene type found was related to a 

Janthinobacterium lividum chiA gene. Janthinobacterium species are common in soil 

(Gleave et al., 1995) and aquatic (Saeger & Hale, 1993) environments. J. lividum was 

recently found to inhibit fungal pathogens of amphibians (Becker & Harris, 2010; Brucker 

et al., 2008; Harris et al., 2009), again highlighting a potential role in pathogen suppression. 

The third major chiA gene type was related to Isoptericola jiangsuensis chiA. Two 

chitinases, i.e., Is-chiA (with chitobiosidase activity) and Is-chiB (showing endochitinase 

activity), have been recently identified and characterized in I. jiangsuensis. Interestingly, 

the optimal pH of Is-chiB was observed to be around 9.0 and the enzyme retained 80% of 

its activity during 1 h of incubation in buffers from pH 7.0 to 10.0, with the highest stability 

at pH 8.5. The enzyme does not reveal a chitin-binding domain; however, this did not affect 

its activity toward a soluble substrate. The genus Isoptericola comprises six identified 

species; however, only I. jiangsuensis was shown to have chitinolytic activity (Wu et al., 

2010; Wu et al., 2011). Strikingly, we found that, in spite of their established role in chitin 

degradation, Actinobacteria were not among the primary responders to the added chitin. 

This finding can be explained by the fact that we placed a focus on the immediate 
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responders to the substrate, which may well have been mainly the r-responding Gram-

negative bacteria described. In contrast, K responding Actinobacteria may be among the 

late responders, which in this study fell beyond the chosen focus on the immediate 

responders. 

In summary, this study showed that modulation of chitin availability and pH in an 

agricultural soil induces shifts in the chitin degrading microbial communities, which has 

potential relevance for the pathogen-suppressive nature of soil. The soil used, Vredepeel, 

had been treated with chitin in the field, and indeed its suppressiveness toward particular 

pathogenic nematodes has been raised (Molendijk, 1999). Our study lays the basis for 

further work on the specific activities exerted by the substrate-responsive communities. In 

particular, their exact role in the suppressiveness needs elucidation, as well as the 

specificity of the enzymes they produce for biotechnological purposes. 
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Abstract  

A long-term experiment on the effect of chitin addition to soil on the suppression 

of soil-borne pathogens was set up and monitored for eight years in an experimental field, 

Vredepeel, The Netherlands. Chitinous matter obtained from shrimps was added to soil top 

layers at two different occasions and the suppressiveness of soil towards Verticillium 

dahliae as well as plant-pathogenic nematodes was assessed, in addition to analyses of the 

abundances and community structures of members of the soil microbiota. 

The data revealed that chitin amendment had raised the suppressiveness of soil, in 

particular towards Verticillium dahliae, 9 months after the (second) treatment, extending to 

two years following treatment. Moreover, major effects of the added chitin on the soil 

microbial communities were detected. First, shifts in both the abundances and structures of 

the chitin-treated soil microbial communities were found, both of total soil bacteria and 

fungi. In addition, the abundances and structures of soil Actinobacteria and 

Oxalobacteraceae were affected by chitin. At the functional gene level, the abundance of 

specific (family-18 glycoside hydrolase) chitinase genes carried by the soil bacteria also 

revealed upshifts as a result of the added chitin. The effects of chitin noted for the 

Oxalobacteraceae were specifically related to significant upshifts in the abundances of the 

species Duganella violaceinigra and Massilia plicata. These effects of chitin persisted over 

the time of the experiment. 
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Introduction 

Interest in the control of plant pathogens using environmentally friendly 

approaches has increased greatly in the last decade. For soil-borne diseases, a major issue is 

the suppressiveness of soil towards pathogens that may occur in the soil (Weller et al., 

2002). In this context, it has long been suspected that suppressiveness can be enhanced by 

adding biopolymers such as chitin and derivatives. For instance, soil treatment with chitin 

and/or chitosan from shrimp waste has been shown to temporarily increase root growth 

(e.g. of tomato) and decrease the rate of infection of plant roots by nematodes (Green et al., 

2006; Radwan et al., 2012; Sarathchandra et al., 1996). Although not definitely proven in 

all cases, the mechanisms behind this suppressiveness enhancement most often relate to a 

change in the structure and/or activity of the microbiota in soil, which thus confers 

suppression of plant pathogens (Mendes et al., 2011; Weller et al., 2002). Presumably, 

chitinolytic microorganisms, which are capable of hydrolyzing the chitinous hyphae of 

pathogenic fungi, increased their numbers and/or activities in response to the chitin added. 

Alternatively, secondary responders to the added chitin confer pathogen suppression. 

Chitin is a biopolymer that is distributed among many soil organisms (i.e. it is a 

major constituent of the cell walls of fungi and the exoskeleton of invertebrates). In soil, 

chitin can be degraded at a substantial rate. It has been cogitated that, due to the enormous 

abundance and diversity of bacteria in most soils and the presumed presence of chitinases 

in a considerable fraction of these, chitin degradation is mainly a bacterially driven process 

(Gooday, 1990a; Pillai et al., 2009). However, we still ignore how and to what extent 

different bacteria with different chitin degradation functions are responsible for the 

chitinolytic process in soil and whether fungi also cannot have a major role in this process. 

From previous work based on isolated microbial community members, it has been 

postulated that the addition of chitin to soil stimulates bacterial communities more than 

fungal ones (Gooday, 1990b; Manucharova et al., 2007). Among the bacterial isolates 

obtained in several studies, members of the genus Streptomyces were dominant 

(Manucharova et al., 2006), followed by Stenotrophomonas and Bacillus (Hjort et al., 

2010; Weller et al., 2002; Whips, 2001). The presence of these bacterial chitinolytic groups 

was confirmed by analyses based on the 16S rRNA and chitinase (chiA) genes (Hjort et al., 

2010; Krsek & Wellington, 2001). Experiments performed in plots of natural fields, in 

which chitin was placed in litter bags, have addressed and revealed the molecular diversity 

of the chitinases produced by Streptomyces (Metcalfe et al., 2002a,b). However, the 

intricacies of the bacterial responses in soil under chitin amendment, in particular with 

respect to which bacterial groups function at what point in time and what types of 

successions may take place, is still poorly understood. Moreover, our understanding of the 

relationship of chitin and chitin degradation status to crop rotation and soil characteristics is 

also limited (Hallmann et al., 1999; Krsek & Wellington, 2001). As suggested from the 

above studies, members of the Actinobacteria, which are ubiquitous in, and have been 

widely isolated from, agricultural soils, have been indicated as key degraders of complex 
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organic molecules like chitin in the field (Hjort et al., 2010; Kawase et al., 2006). However, 

in experiments performed in microcosms under laboratory conditions, particular members 

of the Gamma- and Betaproteobacteria were found to become dominant after the addition 

of chitin (Kielak et al., 2013). Remarkably, studies of successions in bacterial communities 

during plant development as affected by compost amendment and seed colonization 

revealed a role for members of the family Oxalobacteraceae (Green et al., 2006; Green et 

al., 2007). Following their activation by added chitin, such bacteria might also interact with 

fungi in the soil. Thus recent studies on bacterial-fungal interactions in soil microcosms 

showed the role of two bacterial types, i.e. Oxalicibacterium and Streptomyces, in the 

transformation of calcium oxalate produced by fungi (Martin et al., 2012; Junier et al., 

2012).   

Given the continued interest in the utilization of chitinous products for enhancing 

the suppressiveness of soil towards soil-borne plant pathogens, the objective of this study 

was to examine the multi-year effect on the soil microbiota of the addition to soil of a 

particular chitin product prepared from shrimps on soil in the field. We placed a focus on 

soil bacteria, soil fungi and specific soil bacterial groups, i.e. actinobacteria and 

oxalobacteraceae. The investigation of oxalobacteraceal communities was supported by 

previous findings in our laboratory of oxalobacteraceal dominance based on 454-

pyrosequencing of chitinolytic bacteria. The chiA-gene-based analyses showed that 

particular Oxalobacteraceae may be important colonizers of chitin-amended soils and 

rhizosphere, as well as other underexplored habitats (Cretoiu et al., 2012). Additionally, 

recent reports   (Hornung et al., 2013; Lee et al., 2012) of the genome sequences of the 

plant-growth-promoting Herbaspirillum sp. GW103 and the antifungal bacterium 

Janthinobacterium sp. HH 01, both members of the family Oxalobacteraceae, support the 

hypothesis that members of this group can be involved in soil pathogen suppressiveness. 

We thus assessed both the suppressiveness and the abundance and diversity of the soil 

microbial communities over eight (suppressiveness) and three (microbial communities) 

years. Changes in the structures and diversities of the selected microbial communities were 

analyzed based on the bacterial 16S rRNA and chiA genes, as well as the 18S rRNA gene, 

reporting on total fungi.  

 

Materials and methods 

Experimental set-up and sampling  

The site chosen for the field experiment and subsequent sampling was an 

agricultural field located at the experimental farm De Vredepeel in the south-east of the 

Netherlands (51
o
32’ 27.10” N and 5

o
51’14.86” E). The experimental field was in 

cultivation since 1955 and served for monitoring different agricultural practices. The 

Vredepeel field contains an agricultural sandy soil used for long-term experiments 

(http://www.wageningenur.nl/en/location/PPO-Vredepeel-1.htm). The chitin amendment 

experiment implied the set-up of replicate (often triplicate) small (5x5 m) soil plots 
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amended with chitin (obtained from shrimp waste) next to unamended control plots. The 

chitin amendment was initiated in March 2007 in the field monitored since 2005, and the 

treatment was followed by a second treatment in October 2009. Specifically, the soil was 

supplemented with 1.8% of shrimp waste chitin (20 tons/ha) calculated over the topsoil (20 

cm). Prior to the amendment, the shrimp waste was disinfected overnight by treatment with 

NaOH and HCl according to a previously described protocol (Kjartansson  et al., 2006; Xu 

et al., 2008). Crops were rotated over the years, as follows: wheat prior to chitin 

amendment (2006), potato after the chitin treatments (2007 and 2010). The intercrops were: 

lily (2008), wheat (2009), carrot (2011) and maize (2012). Soil samples for soil chemistry 

and suppressiveness testing were taken regularly over the time of the experiment. Those for 

molecular analyses of the soil microbiota were collected five times over three years. The 

latter sampling times were: December 2009 (further referred as Dec-09), June 2010 (further 

referred as June-10), November 2010 (further referred as Nov-10), March 2011 (further 

referred as March-11) and April 2012 (further referred as April-12). Specifically, in all 

cases, triplicate 4-kg soil samples were obtained as composites of 8-10 individual samples 

taken from the 10-cm topsoil, both from the amended and non-amended plots. For all 

sampled, before the analysis, the soil was homogenized by passing through a 2-mm mesh 

sieve.  

 

Soil chemical analyses and suppressiveness testing 

Subsamples of 1 kg soil, taken from the composited primary samples, were used to 

characterize several chemical parameters. Thus, fractions of clay (<2 mm), silt (2-50 mm) 

and sand (50-200 mm) were determined. Further, soil samples were dried, ground and 

analysed. Parameters measured included pH, organic matter (OM in %), nitrate (NO3
-
 

mg/kg soil) and ammonium (NH3 mg/kg soil). The pH was determined as pH-KCl. The 

OM% was calculated as 50% of the measured C content in the soil. C and N contents were 

determined using a CHN1110 Element Analyser (Carlo Erba Instruments, Milan, Italy). 

Soil suppressiveness was tested in triplicate samples per treatment by measuring the 

efficiency of antagonistic activity against the fungal plant pathogen Verticillium dahliae as 

well as against root lesion nematodes of the genus Pratylenchus. These assays have been 

previously described (Korthals et al., 2010). Briefly, the effect on V. dahliae was estimated 

based on the average number of microsclerotia per 10 g dry soil. The effect against 

nematodes was reported as the difference in the average populations of pratylenchidae per 

100 ml soil. 

 

Soil DNA extraction 

DNA was isolated from 250 mg of soil, taken from the composited primary 

samples, using the PowerSoil™ DNA isolation kit according to the manufacturer's 

specifications (MoBio Laboratories, Carlsbad, CA, USA). The cells were disrupted by bead 

beating (bead beater; BioSpec Products, USA) three times for 60 s. Following the 
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extraction, the quality and quantity of DNA extraction was assessed by agarose gel 

electrophoresis and spectrophotometry (Nanodrop; ThermoFisher Scientific, St. Leon-Rot, 

Germany) measurements. All subsequent analyses were performed on triplicates. 

 

Real-time PCR (qPCR) 

Absolute quantification by qPCR was carried out on the ABI Prism 7300 (Applied 

Biosystems, Life Technologies Europe BV, Bleiswijk, The Netherlands) using Maxima 

SYBR green mix (Fermentas, ThermoFisher Scientific, St. Leon-Rot, Germany). Three 

technical replicates of DNA were used from each of the three biological replicate. The 

genes targeted were: general bacterial, actinobacterial and Oxalobacteraceae 16S ribosomal 

RNA (rRNA) gene, bacterial family-18 chitinase, chiA and fungal ITS. Primers and  

amplification conditions, previously described (Dohrman & Tebbe, 2005; Fierer et al., 

2005; Green et al., 2007; Williamson et al., 2000; Yergeau et al., 2007), are detailed in 

Table 1. Standard curves were obtained using serial dilution of plasmid DNA containing 

the cloned specific gene (Table 1). Tenfold dilutions of the standard concentrations were 

estimated to 10
1
 10

8
 gene targets per reaction. qPCR analysis was performed according to 

the known and well-accepted recommendations (Bustin et al., 2009) as to DNA extraction, 

technical replicates of biological replicates reagents, instruments and target gene. 

 

 

Table 1. qPCR primers, conditions and bacterial strains used to generate the standard. 

Gene Primers  qPCR conditions 

Control strain used 

to generate the 

standard 

Reference 

Bacterial 16S 
rRNA gene 

Eub338/ 
Eub518 

60oC; 40 cycles Burkholderia terrae 
BS001 

Fierer et al. 2005 

Oxalobacteraceae 

16S rRNA gene 

Ox225Fw/

Ox656Rev 

65oC; 40 cycles Janthinobacterium 

lividum 

Green et al. 2007; 

Dohrmann 
&Tebbe 2005 

Actinobacteria 

16S rRNA gene 

Actino235/

Eub518 

62oC; 40 cycles Streptomyces 

griseus 

Fierer et al. 2005 

Bacterial chitinase 

chiA 

GA1F/ 

GA1R 

57oC; 40 cycles Streptomyces 

griseus 

Williamson et al. 

2000; Yergeau et 

al. 2007 

Fungal ITS 5.8S/ ITS1f 53oC; 40 cycles Rhizoctonia solanii Fierer et al. 2005 

 

 

PCR-DGGE analysis 

The genetic regions selected for quantitative amplification were also the subject of 

PCR-DGGE analysis. PCR amplifications were set up for all samples in parallel using the 

biological triplicate soil DNA (1-5 ng/µl). Bacterial 16S rRNA genes were amplified using 

primers F968-GC  and R4101.1b (Brons & van Elsas, 2008). Specific 16S rRNA genes of 
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Oxalobacteraceae were amplified using a PCR system based on primers OX225F and 

OX1249R, as previously described (Green et al., 2007). Actinobacterial 16S rRNA gene 

amplicons were obtained using primers F243 and R513GC (Heuer et al., 1997). The fungal 

ITS region was first amplified with primers EF4 and ITS3, followed by a second round of 

amplification with primers ITS1f-GC and ITS2 (Gardes & Bruns, 1993; White et al., 

1990;). Similarly, the bacterial chiA gene was amplified first using primers GA1F/GA1R 

followed by re-amplification with the forward primer equipped with a GC clamp 

(Williamson et al., 2000). All PCR conditions are described in Table 1B. All amplifications 

were carried out on a Mastercycler-nexus thermocycler (Eppendorf, Nijmegen, The 

Netherlands). Approximately 200 ng of PCR product was loaded onto a 6% (w/v) 

polyacrylamide gel in the Ingeny Phor-U system (Ingeny International, Goes, The 

Netherlands). The gels were prepared using an optimized denaturant gradient for each type 

of gene (Table 2; Brons & van Elsas, 2008; Cretoiu et al., 2012; Gardes & Bruns, 1993; 

Green et al., 2007; Heuer et al., 1997; White et al., 1990; Smit et al. 1999). DGGE profiles 

were obtained using 16h of electrophoresis at an optimized voltage in 0.5X TAE buffer at 

60
o
C. The gels were stained for 60 min in 0.5 µg/liter SYBR Gold (Invitrogen, Breda, The 

Netherlands) and visualized on a UV transilluminator.  

 

 

Table 2. PCR-DGGE – genes amplified and conditions. 

Gene 

PCR - 

annealing 

temperature 

DGGE -% UF 

denaturant 
Reference 

Bacterial 16S rRNA gene 
touchdown,                   

60oC to 55o C 
40-65% Brons & van Elsas 2008 

Oxalobacteraceae 16S 

rRNA gene 
65oC 20-60% Green et al. 2007 

Actinobacteria 16S rRNA 

gene 
63oC 40-60% Heuer et al. 1997 

Bacterial chitinase chiA 57oC 40-50% Cretoiu et al. 2012 

Fungal ITS 57oC 20-55% 
White et al.1990; Gardes & 

Bruns, 1993; Smit et al. 1999 

 

 

Cloning and sequencing of Oxalobacteraceae 16S rRNA gene amplicons from selected 

samples 

Three clone libraries consisting of Oxalobacteraceae 16S rRNA gene fragments 

were generated using the specific primer set to compare the communities in soils from 

December 2009, June 2010 and November 2010. The three sampling pointe were selected 
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based on the observed changes of relative abundances of this community. The libraries 

included clones from the three replicates of unamended and chitin-amended soil. Briefly, 

after gel purification with Wizard SV Gel and PCR CleanUp System (Promega, Madison, 

Wi, USA) the amplicons were ligated into pGEM-T easy vector (pGEM 242-T Vector 

System II, Promega, Madison, WI, USA). Further, the plasmids were introduced into 

Escherichia coli JM109 cells by transformation according to the manufacturer’s 

recommendations. In total 288 (48 for each time point, chitin amended and control) white 

colonies were picked and the insert sequenced with primers system T7-Sp6 (LGC 

Genomics, Berlin, Germany). 

 

Analysis of Oxalobacteraceae diversity 

A total of 288 sequences was obtained. Sequences were grouped based on their 

origin (sampling point and treatment) and considered per sample / replicates. Considering 

their closeness as to relative abundances, we then also considered these as pooled groups 

over the three replicates per treatment. The sequence qualities were checked manually and 

possible chimera formation was assessed using Bellerophon v.3 (Huber et al., 2004;  

http://greengenes.lbl.gov). Eight sequences were removed after the quality checks, and no 

chimera’s were found. The sequences were assigned to operational taxonomic units 

(OTUs),  based on a 80% similarity cutoff, using Mothur (Schloss et al., 2009). Sequence 

alignments were carried out using the Kimura-two parameter algorithm with bootstrap tests 

of inferred phylogeny with 1,000 replications. The 97% similarity criterion was used to 

assign an OTU at the “species” level, and 95% at the “genus” level. The closest 

phylogenetic relatedness was determined by BLAST-N versus the non-redundant NCBI 

database. All sequences generated in this study were deposited in GenBank 

(http://www.ncbi.nlm.nih.gov/genbank/index.html) under the numbers KF188803 - 

KF189070.  

 

Analysis of DGGE fingerprints 

DGGE profiles generated with different primer sets (see above) of all three 

replicates were analyzed using GelCompar software (Applied Maths, Sint-Martens, Latem, 

Belgium). The diversity of the thus visualized dominant microbial communities was thus 

assessed based on the PCR-DGGE profiles of all replicates tested. The patterns were 

clustered using the unweighted pair group method with arithmetic averages (UPGMA). 

Similarity matrices were generated using Jaccard correlation coefficient. The Shannon 

index of bacterial diversity was calculated as H=-ΣPilogPi based on the relative band 

intensities (Pi) as previously formulated (Eichner et al., 1999). Bacterial (total, 

Actinobacteria, Oxalobacteraceae) and fungal abundances were analyzed by one-way 

analysis of variance (ANOVA) (SPSS Statistic 20; IBM Corp, Armok, NY, USA) to 

determine the significance of the differences between the sampling points. In addition, the 

data derived from Jaccard correlation (band based analysis) were used in principal 
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coordinate analysis (PCoA) performed in Canoco (Canoco 4.55; Plant Research Institute, 

Wageningen, The Netherlands).  

 

Results 

Soil characteristics and suppressiveness towards soil-borne plant pathogens 

The unamended soil was characterized as a sandy soil with pH 5.7±0.2 and 

3.3±0.1% OM. Chitin addition clearly raised the OM level to about 3.5 ±0.1%. 

Furthermore, it raised the suppressiveness of the soil towards of the soil-borne pathogens 

Verticillium dahliae and Pratylenchus in connection to wheat, potato and lily grown on the 

field. First, the average number of V. dahliae microsclerotia per 10 g dry soil decreased in 

all cases in the chitin- amended soil as compared to unamended soil. The decrease was 

significant (P<0.05) in two of three cases (April-07 and April-10, potato) (Figure. 1A). A 

similar suppressive effect of the chitin amendment, was observed against Pratylenchus 

nematodes  with average population densities of pratylenchidae decreasing in the chitin-

amended soil as compared to unamended (Figure 1B). Although there was a trend in five 

out of six samples the difference was significant in only one (P<0.05). These observations 

suggested that the chitin incorporated into the top soil layers is a main driver of 

suppressiveness against two important potato pathogens, V. dahliae and potato-pathogenic 

nematodes, irrespective of season. 

 

Dynamics of the abundance of bacterial communities as assessed by 16S rRNA gene 

based qPCR 

The bacterial abundances in both the chitin-amended and unamended soils, 

assessed along the five sampling times (Dec-09 through April-12), were consistently in the 

range 10
8 

to 10
10

 gene copies/g dry soil. In the unamended soil (Figure 2A), these 

abundances were statistically similar, at about 10
9
 /g dry soil, among the samplings 

(P>0.05). In the chitin-amended soil, we observed a rapid increase of the 16S rRNA gene 

copy abundances, i.e. from about 1 x 10
9
 to 1 x 10

10
 (gene copies / g dry soil), from Dec-09 

to June-10 (P= 1.5 x 10
-4

) (Figure 2A). After this, the values remained raised, with 

insignificant variations from the June-10 values, until April 2012. The maximum 

abundance, i.e. 1.4  x 10
10

 gene copies/g dry soil, was observed in the March-11 samples. 

Overall, the abundances of the bacterial communities were significantly higher (P<0.05) in 

the chitin-amended than in the unamended soil samples, except the April-12 samples. 

Finally, the bacterial abundance found in the chitin-amended April-12 soil sample was 

similar to the one in the unamended soil (4.5±0.7 x 10
8
 gene copies /g) and this value was 

not significantly different from that in the Dec-09 unamended soil sample. 
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Figure 1. Effect of chitin amendment on soil-borne pathogens. (A) Verticillium dahliae and Pratylenchidae 

(nematodes) over the all sampling points. (B) Verticillium dahliae variation over sampling points and crops. 
Average of triplicate measurements, standard error bars, significant values (P<0.05) assigned with “*” (adapted 

from Korthals et al., 2010). 

 

 

Structure of bacterial communities as assessed by 16S rRNA gene based PCR-DGGE 

To compare the structures of the bacterial communities in the chitin-amended and  

unamended soils throughout time, we performed PCR-DGGE analysis based on the 16S 

rRNA gene. In both treatments, the profiles generated from all three replicate samples per 

each time point were internally similar, confirming the close similarity of the community 

structures across replicates. Importantly, clear changes in the community structures as a 

result of the added chitin were noted throughout. Thus, cluster analysis showed a clear 

separation of the bacterial community structures in all chitin-treated soil samples from the 
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ones in the unamended soils, as two large clusters that came together at 58% similarity 

were found (Figure 3A). The average band numbers in the first cluster, encompassing the 

profiles of all unamended soil samples, were 45±3. In this cluster, the profiles were divided 

over two subclusters at 66% similarity, one consisting of the Dec-09, June-10 and Nov-10 

samples (72% similarity) and the other one of the March-11 and April-12 samples (74% 

similarity). The profiles of the second (chitin-amended) soil samples, grouping together in 

the second major cluster at 63% similarity, were divided among three major subclusters. 

Considering these, the Dec-09 and June-10 profiles (74% similarity) were separate from the 

Nov-10 ones (64% similarity) and from the March-11 and April-12 ones (72% similarity). 

On average, the numbers of bands were 42±5, with raised numbers in June-10 (Appendix 

supplementary figures S1A, S2A). In the latter case, extra bands were observed in the high-

GC regions of the profiles as compared to the rest of the chitin treatment samples. 

 

Dynamics of the abundance of fungal communities as assessed by internally transcribed 

spacer (ITS) targeted qPCR 

As expected, the fungal abundances fluctuated (yet did not significantly change) in 

the unamended soils, revealing values of 10
7 

to 10
9
 gene copies/ g dry soil, over 

experimental time (Figure 2B). In the chitin-amended soils, the abundances increased 

slightly, from 10
8 

(Dec-09) to 10
9
 gene copies/g dry soil (June-10), decreasing significantly 

(P<0.05) thereafter, to about 10
7
 and 10

6
 (respectively, Nov-10 and March-11). Significant 

changes in fungal densities (P<0.05) were also observed from March-11 to April-12, when 

the values measured increased from 10
6
 to 10

9
 gene copies/gram soil (Figure 2B). On 

average, the abundance of fungi in the chitin-amended soil was 10- to 100-fold lower than 

that of bacteria. This effect was maintained up to 1.5 years after the amendment. 

 

Structure of fungal communities as assessed by fungal-specific PCR-DGGE 

Analysis of the fungal PCR-DGGE profiles based on the fungal 18S rRNA–ITS 

gene region showed the occurrence of rather diverse communities in all samples. Small 

variation among replicates (90% similarity) was observed. At 40% similarity, the fungal 

community profiles were divided among two major groups. One group encompassed the 

chitin-amended soil samples of June-10 and Nov-10 (42% similarity), the second one 

consisted of all unamended soil samples plus the chitin-amended ones of Dec-10, March-11 

and April-12 (44% similarity) (Figure 3B). Although there was no significant variation of 

species richness estimated based on band similarity matrices, visual inspection of DGGE 

profiles showed a decreasing number of bands (from 32 in Dec-09 to 22 in June-10) in the 

amended soil (Appendix supplementary figures S1B, S2B). This suggested a reduction of 

diversity, which was maintained to up to 2.5 years after the amendment. 

 

Abundances of Actinobacteria and Oxalobacteraceae  

Given the presumed importance of members of the Actinobacteria and 
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Oxalobacteraceae in chitin degradation in soil, the abundances of the relevant specific 16S 

rRNA genes were measured by qPCR. In the unamended soil, the abundances of both 

communities fluctuated, but showed insignificant changes over the time points, from 2009 

to 2012 (Figure 2C and 2D). The actinobacterial abundances tended to vary slightly, but not 

significantly (P>0.05), from about 10
6
 (Dec-09 and April-12) to about 10

7
(June-10, Nov-10 

and March-11) gene copies/g dry soil. The Oxalobacteraceae abundances in the 

unamended soil ranged between about 10
4
 (Dec-09 and Nov-10) and 10

5
 (June-10, March-

11 and April-12) gene copies/g dry soil.  

In the chitin-amended soil, the abundance of Actinobacteria varied from 10
6
 (Dec-09) to 

10
8 

(June-10, Nov-10 and March-11) gene copies/g dry soil (Figure 2D). In this treatment, 

the soil Oxalobacteraceae numbers ranged between 10
4
 (Dec-09) and 10

7
 (June-10, Nov-

10, March-11) gene copies/g (Figure 2C). The abundances of both the Actinobacteria and 

Oxalobacteraceae were, thus, positively correlated with the amendment of soil with chitin. 

Immediately after the second treatment, i.e. in December 2009, we observed a minor 

increase in the abundances, whereas eight months after the treatment, in June 2010, both 

Actinobacteria and Oxalobacteraceae showed significant increases in their abundance in 

the chitin-amended soil as compared to the unamended soil (P<0.05), amounting to up to 2 

log units.  

 

Community structures of Actinobacteria  and Oxalobacteraceae  

The PCR-DGGE profiles of the Oxalobacteraceae communities revealed simple 

community structures, with band numbers ranging from 9 (chitin-amended soil, Dec-09) to 

15 (amended soil, June-10). Again, all replicates clustered closely together, confirming 

their close similarity. Cluster analysis of these PCR-DGGE profiles indicated a clear 

separation of all chitin-treated soil communities from the unamended soil ones (36% 

similarity), the exception being the Dec-09 unamended soil sample (Figure 3C). The effect 

of chitin amendment was most apparent in the June-10, Nov-10 and March-11 samples.  

The actinobacterial PCR-DGGE profiles were less uniform. In general, the profiles were 

rather simple, with numbers of bands varying from 10 (Dec-9, unamended) to 21 (chitin 

treated soil, Jun-10 and March-11). Cluster analysis of these profiles suggested that the 

effect of chitin on the communities of Actinobacteria was gradual. The Dec-09 chitin-

amended soil sample separated at 31% similarity from the unamended Dec-09 sample 

(Figure 3D). Thereafter, clear shifts in the actinobacterial community structures due to the 

chitin treatment were observed in the June-10, Nov-10 and March-11 samples. Principal 

coordinate analysis based on similarities across sample times indicated a clear effect of 

chitin addition on these communities and persistence of this effect over time (Appendix 

supplementary figures S1C, S1D, S2C, S2D).  
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Figure 2. Relative abundance of total bacteria (A), total fungi (B), Oxalobacteraceae (C), or Actinobacteria (D) in 

unamended and chitin-amended soil. Error bars represents standard errors of the means (geometric) for three  

replicates, and sampling points indicated with “*” were significantly different (comparison of chitin-amended with 

unamended soils, P< 0.05). 
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FIG 3 Clustering of DGGE profiles based on UPGMA and Jaccard correlation coefficient. Shown are total 
bacteria (A), total fungi (B), Oxalobacteraceae (C), or Actinobacteria communities (D) in unamended and 

amended soils. Sampling time points of unamended soils, Dec-09, June-10, Nov-10, March-11, and April-12, are 

referred to as Dec, June, Nov, March, and April. Sampling time points of chitin-amended soils, Dec-09, June-10, 
Nov-10, March-11, and April-12, are referred as Dec, June, Nov, March, and April. Sampling points indicated 

with “*” were significantly different (P <0.05). 
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Analysis of community composition of the Oxalobacteraceae  

As the PCR-DGGE analysis had revealed clear effects of chitin on the 

oxalobacteraceal communities over the first year after the amendment, the chitin-amended 

and unamended samples from Dec-09, June-10 and Nov-10 were selected for the 

construction and analysis of oxalobacteraceal 16S rRNA gene clone libraries.  

After quality and chimera checks, a total of 280 sequences was obtained (on average 47 

sequences split over triplicate samples / treatment). All sequences were affiliated with 

Oxalobacteriaceae 16S rRNA gene sequences found in the NCBI database. Furthermore, 

the sequences were, for the greatest part, >97% similar to those of described species. 

Overall, they covered the following five genera: Duganella, Herbaspirillum, 

Herminiomonas, Janthinobacterium and Massilia. Within these genera, 19 species could be 

distinguished. A comparison of the (relative abundances of) the different oxalobacteraceae 

in chitin-treated versus untreated samples using non-parametric ChaoI analysis (analyzing 

richness and evenness) showed a very clear effect of chitin amendment (Tables 3 and 4).  

 

 

Table 3. Analysis of 16S rRNA gene-based Oxalobacteraceae clone libraries: no. of sequences, levels of 

similarity, and diversity indices. 

Sample 

No. of 

sequences 

No. of 

sequence 

types 

Diversity index value 

ChaoI ACEa Shannon 

Dec-09 48 14 113 117 2,41±0.02 

June-10 48 14 118 158 3,65±0.04 

Nov-10 48 14 115 153 2,84±0.04 

Dec-09 + 48 9 87 218 2,27±0.03 

June-10 + 48 10 107 220 2,47±0.01 

Nov-10 + 48 14 77 215 2,31±0.01 

aACE, abundance-based coverage estimation 

 

 

Using either the genus or species level, we analyzed the relative abundances of the 

different sequence types in each replicate per treatment and time. First, sequences affiliated 

with Duganella violaceinigra consistently dominated the Oxalobacteraceae communities in 

both the chitin-treated and untreated soils, with very little variation across the replicates per 

treatment. In the unamended soils, the relative D. violaceinigra abundances fluctuated 

around 29%, differences remaining insignificant (P>0.05). However, significant (P<0.05) 

increases in these relative abundances were found in the presence of chitin, from about 29% 

(Dec-09) to up to 64% (June-10 and Nov-10). 

  



116 

 

Table 4. Analysis of 16S rRNA gene-based Oxalobacteraceae clone libraries: comparison of chitin-amended soil 

samples with unamended samples. 

  Significance of comparison with samplea     

Sample Dec-09 June-10 Nov-10 Dec-09+ June-10+ Nov-10+   

Dec-09 -             

June-10 NS -           

Nov-10 NS NS -         

Dec-09+ NS NS NS -       

June-10+ * * * * -     

Nov-10+ * * * * NS -   
aANOVA: NS, not significant; *, significant (P<0.05). "+"indicates a chitin-amended sample 

 

 

 
 

Figure 4. Comparison of 16S rRNA gene sequences of the oxalobacteraceal community. The stacked column 

graph shows relative distribution of different bacterial species based on BLASTN analysis. Average relative 
abundance from three replicates as the ratio between sequence type abundance and total number of sequences in 

the group is shown. 

 

 

A second effect of chitin was noted for sequences affiliated with the species 

Massilia plicata, which showed a consistent increase in relative abundance from below 

detection in the unamended soil throughout  (less than about 2.2% of the total) to values 

ranging from 6-12% (average 11%) in the chitin-treated samples. Finally, there were no 

significant increases in the relative abundances of sequences affiliated with those of 

Herbaspirillum seropedicae, Herminiiomonas saxobsidens and Herminiiomonas 

arsenicoxydans. Also, sequences related to the genera Janthinobacterium and Massilia 
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(other than M. plicata) were found throughout, again without significant trends related to 

treatment or time. Overall, the sequence analyses thus enabled to visualize clear positive 

responses of specific members of the Oxalobacteraceae to the chitin amendment, in 

particular revealing a progressively increasing effect over time on Duganella violaceinigra 

and Massilia plicata (Figure 4). 

 

Abundance and structure of bacterial chitinolytic communities as assessed on the basis 

of the chiA gene  

The chiA gene, here used as a proxy for chitinolytic bacteria, has been reported to 

be the most frequently occurring bacterial gene involved in chitin degradation in soil 

(Williamson et al., 2000). The abundance of the chiA gene, measured by qPCR, revealed 

very little variation over time in the unamended soil. In this soil, it consistently fluctuated 

around 10
6
 gene copies/g soil, irrespective of time. Chitin amendment of the soil clearly 

exerted a positive effect on this abundance and the effect was significant (P<0.05). 

Specifically, the chiA gene copy number /g dry soil increased, as a corollary of the chitin 

treatment, from 2x10
6
 in June 2010 to 3.5x10

8
 in March 2011, and the numbers remained 

on the order of 10
8
 up to April 2012 (Figure 5).  

 
Figure 5. Relative abundances of bacterial chitinolytic communities as assessed on the basis of the chiA gene. 

Sampling points indicated with “*” were significantly different between chitin-amended and unamended soils 

(P<0.05). 

 

 

The chiA based PCR-DGGE patterns showed relatively low numbers of bands, 

varying, on average, between 8±2 in the unamended to 11±2 in the chitin-amended soil. 

Within the chitin treatment, the highest numbers of bands were observed in the June-10 and 

Nov-10 samples, suggesting an activation of diverse chitinolytic community members as a 

result of the addition of chitin. The profiles of the communities in the unamended soil 
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samples clustered away from those of the chitin-amended ones, at 64% similarity. In both 

the unamended and amended soils, the profiles formed subgroups defined by the Dec-09 / 

June-10 and March-11 / April-12 samples, with an intermediate profile of Nov-10. Overall, 

chitin treatment was the dominant factor, and time appeared to constitute a secondary driver 

of the chitinolytic bacterial communities (Appendix supplementary figures S2E, S3). This 

was consistent with the data obtained with the unamended soil, where the similarity of the 

samples (80%, except Nov-10), indicated the presence of a stable core group of chitinolytic 

bacteria. 

 

Discussion 

There is still unexplored potential to raise the suppressiveness of soils toward plant 

pathogens by adding biopolymers such as chitin (Radwan et al., 2012; Ladner et al., 2008; 

Downing & Thomson, 2000). Previous work already indicated that amendments of soil 

with chitin modify the soil’s chemistry and structure and, importantly, the structure of the 

microbial communities that occur in association with plants (Sarathchandra et al., 1996; 

Green et al., 2006). Moreover, the chitin added to soil is subjected to progressive 

degradation as a result of the activity of a chitinolytic microbial community in the soil. 

Given the prevalence of chitin-degradative genes across many bacteria, such degradation 

may be mainly bacterially-driven (Manucharova et al., 2007; Williamson et al., 2000; 

Downing & Thomson, 2000). In addition, particular chitinolytic bacteria that are activated 

might act as suppressive agents of plant pathogens that contain chitinous structures (fungi, 

nematodes) following their activation. These might even be developed into biological 

control agents against such fungi, e.g. V. dahliae, or nematodes (Downing & Thomson, 

2000; Gomes et al., 2001; Hjort et al., 2010; Kobayashi et al., 2002; Kotan et al., 2009; 

Ladner et al., 2008). However, in spite of several previous reports on bacterial chitinases in 

soils (Hjort et al., 2010; Metcalfe et al., 2002a,b; Terahara et al., 2009; Sato et al., 2010), 

the responses of the plethora of soil microorganisms to chitin addition are still largely un-

understood. This is particularly true for agricultural fields (Korthals et al., 2010; Timmer et 

al., 2003) in which we do not quite understand how the effect of chitin may be related to 

crop rotation, chemical characteristics of the soil and time.  

In this study, we therefore addressed the possible emergence of pathogen 

(Verticillium dahliae and nematodes of the genus Pratylenchus) suppressiveness in filed 

soil in relation to chitin amendment and the concomitant changes in the microbial 

communities of the soil. Next to assessing the abundance and diversity of total bacteria and 

fungi, we placed particular emphasis on soil actinobacteria and oxalobacteraceae in the 

light of their presumed role in successions related to chitinolysis in soil and their potential 

to serve as biocontrol agents (De Boer et al., 1999; Green et al., 2006; Kielak et al., 2013, 

Leveau et al., 2010; Cretoiu et al., unpublished). We deliberately chose to work with field 

soil to cover all the variables that affect suppression and microbial communities in a “real-

world” situation. Our microbial community measurements were taken upon the observation 
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of enhanced suppression as a result of added chitin, in an attempt to link this suppression to 

changed community structure.  

 

Suppressiveness of soil towards V. dahliae and plant root-lesion nematodes of the genus 

Pratylenchus 

Verticillium wilt, caused mainly by V. dahliae, is among the most important soil-

borne plant diseases. Traditionally, control of the disease has based on reducing the 

population of microsclerotia in the soil, through the use of (volatile) chemicals 

(fumigation). Recently, the use of organic amendments like green manure and chitin was 

shown to reduce the population size of V. dahliae in greenhouse and the field (Giotis et al., 

2012; Ladner et al., 2008; Larkin et al., 2011). In the current study, a clear and consistent 

effect of chitin addition on V. dahliae microsclerotia was observed shortly after the 

amendment, and this effect remained present over 1.5 years. Moreover, a positive 

correlation was observed with the inter-crops, meaning that crop rotation in the chitin-

amended soil enhanced the suppressiveness against V. dahliae. Effects on plant infection 

are further reported in Korthals et al (in preparation). Next to focusing on V. dahliae, we 

also measured the effects of chitin on the levels of (plant-pathogenic) pratylenchidae. 

Although the effect was not as large as that measured for V. dahliae, chitin addition did 

reduce the density of these nematodes for several years. Thus, these observations confirmed 

the multi-year suppressiveness induced by chitin amendment. This also indicated that in the 

Vredepeel soil, which constitutes an important Western European agricultural soil, shrimp-

derived chitin amendment may offer a robust agricultural system that enables to ward off 

key plant (potato) pathogens. 

 

Effects of chitin on the soil microbial communities 

The population densities of bacteria and fungi estimated by qPCR were found to 

be within the range reported for other soil systems (Rousk et al., 2010; Bailey et al. 2002). 

While the analysis of the unamended soil samples indicated that the community sizes did 

not change significantly over the seasons, the addition of chitin raised both microbial 

densities. Strikingly, the average bacterial densities under the chitin amendment were 

orders of magnitude higher than the fungal ones, and this effect persisted over time (up to 2 

years). Critical changes in the abundances were observed in the time interval June to 

November 2010. In the June-10 samples, the bacterial abundances in the chitin-amended 

soil were 10-fold higher than those in the unamended soil, while the fungal abundances 

decreased 10 times. These observations are in accordance with reports from microcosm 

experiments in which soil was incubated for up to 60 days with chitin (Hallmann et al., 

1999; Kielak et al., 2013). Moreover, the soil bacterial community structures were also 

strongly affected by the chitin amendments, as evidenced by PCR-DGGE in which the 

amended soil profiles clustered away from the unamended ones. This suggests that chitin 

added to soil induces quite persistent changes in the local bacterial communities, probably 



120 

 

by creating local nutritive and other conditions that select particular microbial types.  

The clear effect of chitin was also observed at the level of the chiA gene, here used 

as a proxy for the bacterial chitinolytic communities. The abundance of the chiA gene 

increased over time, indicating the positive selection of the respective chiA hosts. It is 

possible that chitin derivatives of lowered complexity become available after first rounds of 

degradation and that, hence, secondary responders to such compounds get stimulated. Other 

reports of chitinolysis taking place in the field have shown that such processes may 

accelerate after successive additions of chitin (Wellington et al., in preparation). In our 

experiment, the relatively stable level of chiA carrying cells in the chitin-treated soils at 

later sampling points may indicate the then stable presence of a chitinolytic community, 

which is useful considering the longevity of the suppressiveness of the soil. 

 

Effects of added chitin on soil Actinobacteria and Oxalobacteraceae   

Members of the Actinobacteria have been indicated as major chitin degraders in 

soil and soil-like environments (Metcalfe et al., 2002a,b). Studies of the rhizosphere have 

shown that the Streptomyces group is often more abundant in rhizosphere compared to non-

rhizosphere soils (Knutson et al., 1980; Lopez-Bucio et al., 2000). There are leads pointing 

at an important role of such actinomycetal chitinolysis in soil treated with chitin (Gooday, 

1990a; Manucharova et al., 2007), while other reports indicate their secondary role 

(Timmer et al., 2003). Moreover, molecular and genetic studies have revealed the presence 

of chitinolytic genes among important members of the Oxalobacteraceae (Hornung et al., 

201; Hoppener-Ogawa et al., 2009; Johnsen et al., 2010; Knutson et al., 1980; Lopez-Bucio 

et al., 2000). Thus, the genus Streptomyces next to Oxalicibacterium (in the presence of 

fungi) might play key roles in disease-suppressive soils as being part of the amendment-

reactive microbiota (Mendes et al., 2011; Martin et al. 2012; Junier et al., 2012; Khammar 

et al., 2009). A further lead, obtained from  chiA-based Roche 454 deep pyrosequencing 

analysis of the June-10 chitin-amended field and soil from a microcosm experiment 

(Cretoiu et al., 2012; Kielak et al., 2013) recently indicated an increase  of the abundance 

of Oxalobacteraceae-like sequences. In the present study, the relative abundances of both 

groups, Actinobacteria and Oxalobacteraceae, were positively correlated with the chitin 

amendment over experimental time. The community size increases of both groups, 

observed from Dec-09 until June-10, suggested that some of their members may be among 

the key responders to chitin addition. In addition, at three sampling times (June 2010, 

November 2010, March 2011), the fungal abundances were negatively correlated with those 

of Actinobacteria  and Oxalobacteraceae. These decreases in fungal abundances may have 

been a consequence of increased bacterial chitinolytic activity, in particular due to bacterial 

β-N-acetylglucosaminidases and chitobiosidases.  

At the level of the Actinobacteria, the changes in the community structures were 

fast, as significant community shifts were found shortly after treatment. It is likely that 

some Actinobacteria, in particular members of the Streptomyces group, colonized the chitin 
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fibers (conglomerates) in soil (Manucharova et al., 2007; Metcalfe et al., 2002a,b). The 

actinobacterial species richness increases over time, from autumn-winter to spring-summer, 

might reflect germination and outgrowth processes that took place related to temperature 

rises. The Oxalobacteraceae community showed a structure of low diversity based on the 

analysis of bands. A core community becoming abundant was observed in the chitin-

amended soils nine months after the treatment and this core community persisted for over 2 

years. Thus, the concomitant occurrence of clear shifts in both the oxalobacteraceal and 

actinobacterial communities and enhanced pathogen suppressiveness as a result of added 

chitin pinpointed chitin as a main factor inducing microbially-based suppressiveness.   

 

Temporal variation of Oxalobacteraceae 

Members of the Oxalobacteraceae have recently been described as being involved 

in seed and root colonization, potentially rising to high abundance in the rhizospheres of 

particular plants (18, 59). We assessed the Oxalobacteraceae communities at the level of 

genus and species. Among the five different genera detected, Duganella, 

Janthinobacterium and Massilia varied under  chitin amendment and over time. In 

particular, Duganella violaceinigra and Massilia plicata showed clear positive responses to 

the added chitin. Massilia, Duganella, as well as Janthinobacterium, constitute genera that 

encompass species that produce and secrete chitinases. Furthermore, Massilia contains 

seed- and root-colonizing organisms that can proliferate rapidly when attached to plant 

surfaces (Gleave et al., 1995; Green et al., 2006; Green et al., 2007; Ofek et al., 2009; Ofek 

et al. 2012). Remarkably, a slight decrease in the abundance of Janthinobacterium, albeit 

insignificant, correlated with the increase of the above Massilia and Duganella species. Soil 

temperature and the availability of chitin oligomers may have been the main factors 

affecting these relative abundances. Considering Janthinobacterium, its type species J. 

lividum was first isolated from a cold soil (Shivaji et al., 1991). The genus is known to 

encompass key producers of chitinases (Gleave et al., 1995). The recently published 

genome sequence of Janthinobacterium sp. HH01 revealed the presence of four putative 

chitinase genes (Lee et al., 2012). These features are to be considered when the 

Janthinobacterium relative abundance in soil in connection to soil chitin amendment is 

evaluated. 

Previous studies of plant root-associated Oxalobacteraceae (Green et al., 2006; 

Ofek et al., 2012) suggested the existence of two groups of Oxalobacteraceae, i.e. the so-

called “short-term active” ones, with as key types Herminiimonas saxobsidens and 

Herbaspirillum seropedicae, and the “long-term active” ones, i.e. Duganella violaceinigra 

and Massilia plicata. The former group can be compared to classical copiotrophic (r 

strategist) and the latter to oligotrophic (K strategist) organisms. The significant stimulus of 

both of the latter long-term active responders in our soil months after the chitin addition is 

consistent with their presumed slow metabolisms. Moreover, Roche 454 pyrosequencing of 

total bacterial 16S rRNA gene amplicons also revealed an increase of the relative 
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abundances of Duganella  and Massilia types (from below 1 to 20%) in the chitin-amended 

soil as compared to the unamended soil (June-10; Cretoiu et al., unpublished data). On the 

other hand, the conspicuous absence of Collimonas-like sequences in our here-reported 

dataset was consistent with these deep sequencing data, which also showed the level of 

members of this bacterial genus to be below 1% (which is undetectable by our clone library 

approach). Collimonas encompasses soil bacteria that have the capacity of growing at the 

expense of intact, living fungal hyphae (De Boer et al., 2004; Hoppener-Ogawa et al., 

2009). Thus, we surmised that the chitin treatment (in which tillage was used) did not 

substantially favor fungal hosts that might have supported Collimonas to build up high cell 

densities. 

 

Relationship between chitin amendment, microbial community shifts and soil 

suppressiveness  

Across the 2.5 years of monitoring, a clear effect of soil chitin amendment on both 

suppressiveness towards two key plant pathogens and selected microbial groups was 

observed in the experimental field. Thus, parameters such as the abundance of total 

bacteria, of total fungi and of actinobacteria and oxalobacteria, next to the respective 

community structures, were clearly correlated with the suppressiveness of soil towards V. 

dahliae and particular Pratylenchus types. However, without a deeper understanding of the 

mechanisms behind pathogen suppression, it is difficult to discern the direct links between 

the two types of observations. It is likely that the responses found in the chitin-amended 

soils related to effect of chitin on the growth and survival of the affected communities, in 

particular the bacterial ones. Whether the rise of such bacterial empires relates, in a direct 

and mechanistic sense, to the suppression, is a question for future research. In such work, a 

focus on particular members of the Actinobacteria next to members of the under-explored 

Oxalobacteraceae, in particular Duganella violaceinigra and Massilia plicata, is 

warranted.  
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Abstract 

Chitin and its derivatives are natural biopolymers that are often used as 

compounds for the control of soil-borne plant pathogens. In spite of recent advances in 

agricultural practices involving chitin amendments, the microbial communities in chitin-

amended soils remain poorly known. The objectives of this study were (1) to investigate the 

bacterial diversity and abundance in an agricultural soil supplemented with chitin that 

turned disease-suppressive and (2) to assess the emergence of chitinolytic bacteria under 

conditions of raised soil pH.  

Amplicon pyrosequencing based on the 16S rRNA genes was used to characterize 

the structures of bacterial communities in soil, chitin-amended or not, with native versus 

raised pH (5.7 vs 8.7), in microcosms and the field. As a result of chitin addition, changes 

in the relative abundances of Actinobacteria, Proteobacteria and Bacteroidetes were 

observed in the field soil. A large and significant increase of the relative abundance of 

Oxalobacteraceae (Betaproteobacteria, Burkholderiales) was found. At the genus level 

Duganella and Massilia revealed large increases. Moreover, responses of Alpha- and 

Gammaproteobacteria appeared shortly after alteration of the soil pH. A significant 

decrease in abundance of Actinobacteria was observed in amended field soil and in 

microcosm at high pH. Overall, the bacterial abundance decreased with the addition of 

chitin. Two groups, Actinobacteria and Oxalobacteraceae, were found to be most 

responsive to the amendment. These results enhance the understanding of responses and 

possible interactions within bacterial community to chitin that can be correlated to soil 

disease suppressiveness.  
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Introduction 

Chitin ( β-1,4-N-acetylglucosamine polymer) is broadly spread among organisms 

of all three domains of life, serving as a major component of their exoskeleton and 

structural elements (e.g. the exoskeletons of invertebrates, the cell wall of fungi). Given the 

prevalence of chitin in fungi as well as insects and the abundance of such organisms in soil, 

naturally chitin-free soil is probably inexistent on Earth (Veldkamp, 1955). Chitin is 

sensitive to natural degradation, and, in particular, bacterial chitinolytic enzymes are 

involved in the degradative process. Such chitinases may also be at the basis of the 

parasitism by bacteria on chitin-containing organisms, under which pathogens of different 

nature (Patil et al., 2000). Therefore, the amendment of soil with chitin has been proposed 

to represent a successful agricultural practice of defense against fungal and nematodal plant 

diseases (Cretoiu et al., 2013; Hjort et al., 2010; Kobayashi et al., 2002; Kotan et al., 

2009). In a few previous studies, chitin has been shown to affect the soil microbiota in 

terms of its abundance and diversity (Hjort et al., 2010; Kielak et al., 2012; Manucharova et 

al., 2007; Manucharova et al., 2011; Metcalfe et al., 2002). However, the data so far 

obtained are rather limited. In the present study, we address the shifts in the bacterial 

community compositions of soil under chitin amendment, as compared to unamended soil, 

both taken from an agricultural field. We also studied the bacterial community changes 

upon chitin addition and a pH upshift in microcosms, in order to assess the immediate 

bacterial community changes. 

 

Experimental set-up and methods used to assess bacterial community 

The site chosen for sampling is an agricultural field located at the experimental 

farm De Vredepeel in the south-east of the Netherlands (51
o
32’ 27.10” N and 5

o
51’14.86” 

E). The chitin amendment experiment encompassed three replicate soil plots amended with 

chitin (thrice) next to unamended control plots. Soil samples were collected in June 2010, 

nine months after chitin amendment of the top 20 cm of the soil (Korthals et al., submitted). 

The soil was characterized as a sandy soil with pH 5.7 and 3.2% organic matter. Soil 

microcosms were also established on the basis of the unamended soil, as previously 

described (Kielak et al., 2013). Briefly, soil was amended with chitin purified from shrimp 

waste (Xu et al., 2008) and the pH was changed to 8.7 using Na2CO3. Control microcosms 

with unamended soil at native pH were also included. After 0, 1, 3, 7, 15, 30 and 60 days of 

incubation, approximately 5 g of soil was removed from each microcosm. Enzymatic 

measurements reported by Kielak et al. (2013) indicated that the chitin-treated soil at day 

three (three days incubation, further referred as T3) had maximal chitinolytic activity. On 

the basis of the field and microcosm data, the samples selected for in-depth analysis of the 

bacterial communities were (1) unamended and chitin-amended field soils, and (2) 

unamended and chitin-amended pH 5.7, as well as and chitin-amended pH 8.7 soils. Three 

biological replicates were used for each treatment. Following standard soil DNA extraction 

and purification, barcoded pyrosequencing of the 16S rRNA gene was performed as 
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previously described (Schluter et al., 2008) and carried out on a Roche 454 GS FLX 

system. The reads were processed (filtering, trimming, homopolymer and chimera removal) 

using Mothur (Schloss et al., 2009). All samples were then harmonized (randomly) to 2,257 

sequences per sample and subjected to phylogenetic analyses.  Phylotypes (operational 

taxonomic units – OTUs) were assigned at the 97% sequence similarity level and the 

taxonomic identity was determined using RDP classifier  (http://rdp.cme.msu.edu/). Alpha-

diversity indices were then calculated. ANOVA tests were applied to the relative abundance 

values obtained from the entire data set. All sequences from this study were deposited in 

the Sequence Read Archive (SRA) under numbers XXX. 

 

Bacterial community composition and ecological significance of selected 

groups 

Overall, 80% of the reads could be assigned to phylotypes, whereas approximately 

20% of each sample remained unclassified. As we were interested in the identifiable 

phylotypes, we focused on the approximately 1,800 sequences for analysis. In these, a total 

of 17 bacterial phyla were found across all samples. Overall, the dominant phylum was 

Proteobacteria, (relative abundance 57.33±17.84%) followed by the phyla Bacterioidetes 

(relative abundance 12.51±6.09%), Firmicutes (relative abundance 8.75±3.74%), 

Actinobacteria (6.71±4.34%) and Acidobacteria (7.52±6.79%) (Figure 1). Phyla with 

minor or incidental occurrence were Armatimonadetes Gemmatimonadetes, Chloroflexi, 

Nitrospora and Verrucomicrobia (minor, up to 2% relative abundance) and Fibrobacter, 

Planctomycetes and Spirochetes (incidental). The distribution of the major phyla was 

different per sample type. In field soil, the relative abundances of Proteobacteria and 

Bacteroidetes increased after chitin amendment, while those of Actinobacteria, 

Acidobacteria and Firmicutes decreased. The microcosm pH 5.7 unamended soil showed 

relative abundances akin to those observed in the unamended field soil, whereas the 

distribution changed towards a predominance of Proteobacteria (from 47.17% to 75.60%) 

upon a pH upshift to pH 8.7. 

The highest number of sequences was affiliated to the phylum Proteobacteria. The 

relative abundance of this phylum was 46±1% in unamended soil (field and microcosm) as 

well as in the chitin-amended pH 5.7 soil, versus 70.14% and 75.6% in chitin-amended 

field and pH 8.7 microcosm soils, respectively (Figure 2).  
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Figure 1. Comparison of bacterial phyla diversity across the field soil samples. Average relative abundance data 

from three replicates were calculated as the ratio between the sequence type abundance and the total number of 

sequences. All calculation were performed on normalized data. 

 

 

 
Figure 2. Distribution of Proteobacteria  classes. Average relative abundance data from three replicates. 

Significant differences (P<0.05) are  indicated with “*”. 
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Among the Proteobacteria, Alpha-, Beta-, Gamma- and Deltaproteobacteria were found in 

all samples (Figure 2). On the basis of data from the Proteobacteria, the treatments were 

divided into two groups: one group was formed by unamended field and microcosm soils in 

addition to the chitin-amended (pH 5.7) microcosm soil, whereas the second group 

encompassed the chitin-amended field and pH 8.7 microcosm soils. In soils of the first 

group (unamended and chitin-amended pH 5.7 soils), Alphaproteobacteria showed the 

highest relative abundance (26±2%), followed by Gammaproteobacteria (10.60% - 

unamended field soil and ~7% - microcosm soil), Betaproteobacteria (4.77±1.67%) and 

Deltaproteobacteria (2.30±1.02%) (Figures 2, 3A, 3B). The insignificant differences 

between unamended and chitin-amended soils at native pH indicated that proteobacteria did 

not respond fast to the amendment under the prevailing conditions. In contrast, the chitin-

amended field and pH 8.7 soils showed significant differences from the unamended soil 

(P<0.05) within the Proteobacteria. The pH raise selected for Alpha- and 

Gammaproteobacteria, mainly belonging to the families Alcaligenaceae, 

Pseudonomadaceae and Xanthomonadaceae. In this case, the highest number of sequences 

was typified as unclassified Alphaproteobacteria (Figure 3A). This observation was similar 

to previous reports on the diversity of bacteria in alkaline environments (Sorokin and 

Kuenen, 2005; Aislabie et al., 2009; Tripathi et al., 2012). In the chitin-amended field soil, 

the relative abundances of proteobacterial sequences were 18.27% for Alphaproteobacteria, 

25.79% for Betaproteobacteria, 21.53% for Gammaproteobacteria and 1.12% for 

Deltaproteobacteria. Comparison of these values with those obtained for the unamended 

field soil revealed highly significant (P=0.0001) differences (upshifts due to the chitin 

addition) at the level of the Betaproteobacteria (Figure 2). 

In particular, the family Oxalabacteraceae revealed a very strong increase, i.e. 

from 0.77% in the unamended to 20.63% in the chitin-amended soil (Figure 3A and 4). 

Deep taxonomic analyses revealed that two genera, i.e. Duganella and Massilia, were most 

responsive to the chitin amendment. The relative abundance of Duganella increased from 

0.02% in unamended to 12.15% in amended soil, while that of Massilia went from 0.26% 

to 4.21% (Figure 4).  
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Figure 3A. Relative abundance (% of sequences) of representative Alpha- and Betaproteobacteria  families. 
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Figure 3B. Relative abundance (% of sequences) of representative Delta- and Gammaproteobacteria families. 

 

 

 

 

 



131 

 

 

 

 

 

Figure 4. Oxalobacteraceae across the field and microcosm soil samples. Significant differences (P<0.05) are  

indicated with “*”. 

 

 

 

 

 

The high abundances resulting from the chitin amendment were in accordance with 

measurements of the relative abundances of Oxalobacteraceae by qPCR as previously 

communicated (Cretoiu et al., 2013). Interestingly, sequences affiliated with another 

oxalobacterial group, Collimonas, were not detected. Previous studies (Green et al., 2006; 

Ofek et al., 2012) have described the role of root-associated Oxalobacteraceae in 

biodegradation of complex compounds and showed a clear response of these organisms to 

amendment of soil with compost. Here, the significant increase in the abundance of 

particular types of oxalobacteraceae following soil amendment with chitin in the field is a 

possible indication of the involvement of such oxalobacteraceal community members in (1) 

the community response to chitin, and (2) the suppressiveness of the soil towards plant 

pathogens. 
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Considering the bacterial distributions in the field and microcosm soils, variations 

in relative abundances were observed for the phyla Firmicutes and Bacteroidetes.  

Firmicutes amounted to relative abundances of 13.6% in unamended field soil, 

5.30% in chitin-amended field soil, and 8.08±0.68% in microcosm soils. A statistical 

comparison across all samples revealed that the relative abundances in the amended field 

were significantly lowered as compared to those in the unamended field soil (P<0.05). 

Firmicutes were mainly represented by members of the Bacillaceae, amounting to 

2.75±1.76% (Figure 5). Among the Bacillaceae, the following genera stood out as 

dominant ones: Bacillus, Geobacillus and Virgibacillus. In particular, the genus Bacillus 

revealed a significant decrease in the chitin-amended field soil. However, the drop  in 

relative abundance was small and, overall, the level of Firmicutes across the samples was 

consistent with that in a previously reported metagenomic screening of forest soil for novel 

cellulases (Xia et al., 2013). 

The phylum Bacteroidetes (Figure 6) was also frequently found in the field soil 

(14% in unamended and 19.82% in chitin-amended soil). Members of this phylum were 

apparently lower in the microcosm soils, with relative abundances of 8% in unamended and 

12.75% in chitin-amended pH 8.7 soils. Within Bacteriodetes, representatives of 

Sphingobacteriaceae were prominent. Their relative abundances were significantly higher 

(P<0.05) in chitin-amended field soil (17.01%) and pH-8.7 microcosm soil (11.58%) than 

in unamended field and microcosm (pH 5.7) soils (4.36%, 0.56%). 

The phylum Actinobacteria, which contains many members that have previously 

been described as responsible for chitin degradation in soil (Gooday, 1990; Metcalfe et al., 

2002; Manucharova et al., 2007; Manucharova et al. 2011), was found to become 

significantly (P=0.001) less abundant in the field soil upon chitin addition as compared to 

the unamended soil (Figure 7). In the microcosm study, we observed an insignificant 

increase in the actinobacterial relative abundance upon chitin amendment of the soil at pH 

5.7 and a significant decrease (P=0.001) in chitin-amended pH 8.7 soil (Figure 7).  
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Figure 5. Changes in the relative abundance of Firmicutes and representative families. Significant differences 

(P<0.05) are  indicated with “*”. 
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Figure 6. Changes in the relative abundance of Bacteroidetes and representative families. Significant differences 
(P<0.05) are  indicated with “*”. 
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Figure 7. Changes in the relative abundance of Actinobacteria and representative families. Significant differences 
(P<0.05) are  indicated with “*”. 
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Throughout all samples, a considerable number (3.43±1.39%) of sequences from 

all samples was classified as affiliated with the Micrococcaceae. On the other hand and 

rather surprisingly, the relative abundances of well-known chitinase producers, such as 

members of the Streptomycetaceae and Streptosporangiaceae were lower. These were 

0.21% in unamended (pH 5.7) soil, 0.15% in unamended field soil and in chitin-amended 

pH 5.7 soil, 0.09% in chitin-amended field soil and 0.01% in chitin-amended pH 8.7 soil. 

Actinobacteria may have been activated ephemerally by the chitin amendment, possibly 

resulting in a slight temporary outgrowth. However, beneficial conditions, e.g. reflecting 

liberated chitin oligomers, may have been created for the other bacterial groups like 

members of the oxalobacteraceae. The overall changes in the actinobacterial communities 

were concordant with data that were recently produced by Wellington (personal 

communication; family-19 chitinase pyrosequencing of amended soil), who also reported 

on chitinolytic communities in a chitin-amended test field.   

 

Conclusion 

Our results show that the bacterial communities in chitin-amended agricultural 

field soils are diverse and responsive to the chitin treatment (as compared to communities 

in chitin-untreated soil). The high abundance of Oxalobacteraceae, particularly of members 

of the genera Duganella and Massilia, indicate the necessity to deeply analyse soil 

microbial communities when soil suppressiveness is to be evaluated. Moreover, the 

selection of particular Proteobacteria in soil under alkaline conditions in the presence of 

chitin suggested that such treated soils may be good reservoirs of novel chitinolytic bacteria 

functioning under alkaline conditions. 
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Abstract 

Metagenomes derived from the microbiota of soils are rich sources of novel genes 

coding for potentially highly active enzymes. Biasing soils towards particular functions, 

e.g. chitin degradation, has been recommended as a strategy to improve hit rates. Here, we 

report on the construction of a metagenomic library from a chitin-amended disease-

suppressive soil, which was screened for novel chitin-active enzymes. The library 

constructed in fosmids in Escherichia coli, comprised 145,000 clones for a total of 

approximately 5.6 Gb of cloned soil DNA. We describe the isolation and characterization 

of several new putative bacterial chitinase genes from it, next to the genomic context of 

such genes. Briefly, library pools were used and repeated chiA gene PCR based screenings 

allowed the singling out of about five single fosmids, each containing 25-35 kb inserts, that 

produced promising amplicons. Subsequent sequencing of the whole fosmid inserts resulted 

in the identification of four putative chitinase genes and one chitin deacetylase gene. De 

novo annotation and comparative genomics of the whole fosmid regions revealed insights 

in the genetic environments of the respective putative chiA genes. 
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Introduction 

Chitin and its derivatives are among the most promising natural biopolymers in 

use for biomedicine, agriculture and the pharmaceutical industry, particularly due to their 

biodegradability and non-toxicity. Enzymes active on chitin and chitin oligomers, here 

denoted as chitinases, are of great interest for use in large-scale applications. Two main 

areas have been described for chitinases, i.e. (1) the development of compounds that allow 

to antagonize chitin-containing phytopathogens and (2) the use as industrial biocatalysts in 

the production of chitin derivatives. Chitinases are glycoproteins with wide ranges of 

molecular weights (20-115 kDa), optimal temperature (18-90
o
C), pH (2-10.5), and pI (3.5-

8) (http://www.brenda-enzymes.org/). Chitinases fall mainly in the glycoside hydrolase 

families 18 and 19. Remarkably, family-18 and -19 enzymes have different structures and 

modes of action. Moreover, based on the structure of the catalytic domain and on the 

position of the hydrolytic site on the polysaccharide chain, chitinases show either endo- or 

exoactivity (Henrissat & Davies, 2000; Van Scheltinga et al., 1994). Chitinases are 

prevalent in the microbiota of ecosystems, as it has recently been shown that the highest 

quantity of chitin is turned over by bacteria and fungi in marine and terrestrial ecosystems 

(Delpin & Goodman, 2009; Poulsen et al., 2008). 

The taxonomic diversity of soil microorganisms involved in the degradation of 

chitin was previously investigated and the importance of diversity in the process in the N 

cycle was reported (Gooday, 1990a,b; Metcalfe et al., 2002a,b; Manucharova et al., 2007). 

Furthermore, chitin-degrading enzymes were shown to constitute important enzymes in 

bacteria-fungi competitive interactions for plant root exudates in the rhizosphere (Bonfante 

& Anca, 2009). Moreover, in the case of agricultural soils, the addition of chitin helps in 

enhancing suppressiveness against soil-borne pathogens by promoting active chitinolytic 

microbial communities (Cretoiu et al., 2013; Kielak et al., 2013; Korthals et al., 2010). 

Recent developments in metagenomic analysis of soil microbiota have enabled the access 

to novel genes and useful biomolecules (Ferrer et al., 2005; Nacke et al., 2011; Simon & 

Daniel, 2009). Furthermore, the use of a “substrate-enriched environment” method (also 

called ecological enhancement) was shown to increase the efficiency of mining for 

enzymes with improved features (Ekkers et al., 2012; Horn et al., 2012). 

In the present study, we assessed the usefulness of a chitin-amended soil as a 

source for the recovery of novel genes encoding chitin-degrading enzymes. We report the 

construction of a large-insert metagenomic library in fosmids in an Escherichia coli host 

from an agricultural field soil amended with chitin. Subsequently, the library was subjected 

to PCR-based screenings for genes encoding relatives of the exo-chitinase chiA gene. 

Whole fosmid inserts were then sequenced using next generation sequencing (Illumina) 

technology. Five positive fosmid clones were retrieved and analyzed. One putative bacterial 

chitinase gene, with predicted novel features, was found and brought up for expression and 

protein characterization. Our results show that functional metagenomics analysis of soil 

enriched with chitin is an important approach for the discovery of novel enzymes from the 
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chitin metabolic pathway.  

 

Materials and methods 

Soil samples 

Soil samples were collected from an experimental agricultural field amended with 

chitin located at the experimental farm “Vredepeel” in the south-east of the Netherlands. 

The field has been used since 1990 by Applied Plant Research (PPO) to test and monitor 

diverse agricultural practices. The soil was supplemented with 1.8% of shrimp waste chitin 

(20 tons/ha) calculated over the topsoil (20 cm). The soil, chitin-amended, was 

characterized as sandy, with pH 5.7±0.2 and 3.2% organic matter. Soil samples were 

homogenized by sieving (2 mm pore size mesh sieve) and 10 g of the homogenates were 

subsampled for DNA extraction.  

 

High molecular weight DNA extraction 

High molecular weight DNA extraction for the construction of the metagenomic 

library was performed using a modification of the protocol previously described by van 

Elsas et al (2008). Ten g of soil were suspended in 10 ml extraction buffer (100 mM Tris-

HCl, 100 mM NaEDTA, 100 mM NaPO4, 1.5% NaCl, 1% CTBA, pH 8.0), shortly 

vortexed and sonicated (water bath sonicator) for 15 minutes. After sonication, 100 µl of 

Proteinase K (10mg/ml) were added followed by 2 hours incubation at 37
o
C with gentle 

shaking (200 rpm). DNA extraction was performed with phenol / chloroform / iso-

amylalcohol (25:24:1) at 60
o
C for 30 minutes (in a water bath). The metagenomic DNA 

was precipitated with 2-propanol and embedded in agarose plugs (1% low melting point 

agarose). Removal of phenolic contaminants and separation of 30-40 kb size DNA fractions 

was performed by Pulsed Field Gel Electrophoresis (PFGE) on 1% agarose gel 

supplemented in the upper part with 2% polyvinylpyrrolidone (PVP). Electrophoresis was 

run in 0.5X Tris-borate-EDTA (TBE) at 14
o
C using a PFGE DRIII System (BioRad) with 

the following parameters: gradient 6 V/cm, included angle 120
o
, initial switch time 0.5 s, 

final switch time 8.5 , linear ramping factor, 20 h. The 2 cm agarose fragments containing 

DNA in the range of 30-40 kb were cut out of gel, without staining and exposing to UV 

radiation. DNA was recovered using β-agarase (New England Biolabs) according to 

manufacturer’s protocol.   

 

Metagenomic library construction 

Construction of a metagenomic library was performed using the CopyControl 

Fosmid Library Production Kit (Epicentre, Madison, WI, USA). The metagenomic DNA 

was  5’- phosphorylated blunt-ended, subsequently ligated into pCC1Fos fosmid vector and 

transformed into Escherichia coli EPI300-T1
R
 (Epicentre, Madison, WI, USA). The 

infected EPI300-T1
R
 cells were plated on LB agar supplemented with 12.5 µg/ml 

chloramphenicol (positive selection of fosmid clones) and incubated overnight at 37
o 

C. 
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The metagenomic library was stored as pools of “transformed  EPI300 cells - amplified 

library” at -80
o
C according to cloning kit manufacturer recommendation’s. 

 

Chitinase A gene (chiA) PCR-based screening strategy 

The primers (GA1Fw and GA1Rev) and PCR conditions were previously 

described and optimized (Williamson et al., 2000). The PCR product, size between 450 and 

600 bp according to a previous study of chitin-amended soil (Cretoiu et al., 2013), was 

determined by standard agarose gel electrophoresis. In order to confirm the presence of 

homologs of the chiA gene, the amplicons were extracted from gel using Wizard SV Gel 

and PCR CleanUp System (Promega, Madison, WI, USA) and directly sequenced using the 

reverse primer (LGC, Berlin, Germany). As a control, the EPI300-T1
R
 and pCC1Fos DNAs 

were tested for the presence of chiA genes by PCR. Additionally, primer sequences were 

locally aligned (standalone BLAST v. 2.2.28+; Altschul et al., 1990) against the whole 

genome sequence of EPI300-T1
R
 and pCC1 plasmid vector provided by the cloning kit 

manufacturer (Epicentre, Madison, WI, USA).  

 

Screening for positive clones 

The metagenomic clones were screened for their possession of chiA-like genes 

using a “pool-subpool-single” PCR strategy as described (Israel, 1993; Peterson et al. 

2002). Clones, pooled, subopooled or single, were cultured overnight in LB broth 

supplemented with 12.5 µl/ml chloramphenicol in 96-well plates. The contents of 2 plates 

(192 clones) were combined for a single plasmid extraction using QIAprep Spin Miniprep 

kit (Qiagen, Venlo, The Netherlands). The resulting mixed DNA template was used for 

PCR reaction. The original clones were stored at 4
o
 and in case of a positive reaction sub-

pools of rows of each plate were tested. Pooling after a single-plate positive result was 

reduced to a single clone level. At “single-row” and “single-clone” level the fosmid copy 

number was induced up to 50 copies by adding 0.4 µl of autoinduction solution (500X) per 

200 µl LB broth (supplemented with 12.5 µl/ml chloramphenicol) according to the 

producer’s specifications (Epicentre, Madison, WI, USA).  

All PCR products were checked for size and integrity by standard agarose gel 

electrophoresis. The presence of chiA-like sequences was confirmed by amplicon 

sequencing as described above. Amplicon sequences were assigned to chitinase genes by 

TBlast-X and aligned with a suite of 22 nucleic acid sequences of characterized chitinase 

(retrieved from GenBank and CAZy), by using Clustal-W (BioLinux7; Field et al., 2006). 

Phylogenetic reconstruction was based on Neighbor-joining tree method with bootstrapping 

(100 repetitions) and substitution model nucleic acid (MEGA 5.2; Tamura et al., 2011b). 

   

Fosmid DNA extraction from selected chiA-like gene containing clones 

PCR positive clones were individually cultured in 2 ml LB broth supplemented 

with 12.5 µl/ml chloramphenicol and the fosmid copy numbers were induced by adding 4 
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µl of autoinduction solution (500X) before incubating overnight at 37
o
C. Fosmid DNA was 

extracted using the Gene Jet Plasmid Midi Preparation Kit (ThermoScientific, St. Leon-Rot, 

Germany). DNA size and integrity were verified by PFGE using the electrophoresis 

conditions described above. DNA concentration was measured by using a 

spectrophotometer (Nanodrop; ThermoFisher Scientific, St. Leon-Rot, Germany).  

 

Sequencing of full-length fosmid insert DNA 

Full-length fosmid inserts (average size 30-40 kb) of selected clones were 

sequenced using a second (next) generation of sequencing methodology on an Illumina 

platform (BaseClear, Leiden, The Netherlands). Prior to sequencing, the concentration and 

quality (the integrity number) of DNA were assessed by microfluidics-based 

electrophoresis (Bioanalyzer, Agilent Technologies, Waldbronn, Germany). Paired-end 

libraries were prepared for each individual fosmid DNA using the Paired-End DNA Sample 

Preparation Kit and specific adaptors (Illumina, Eindhoven, The Netherlands). Sequencing 

was optimized and carried out on HiScanSQ Illumina system. 

 

Assembly and sequence analysis 

Raw data processing was supported by the sequencing company (BaseClear, 

Leiden, The Netherlands) and implied the generation of FASTQ sequence reads, quality 

control and de novo assembly, yielding consolidated contigs. Briefly, FASTQ sequence 

reads were generated using the Illumina Casava pipeline version 1.8.2. Initial quality 

assessment was based on data passing the Illumina Chastity filtering. Subsequently, reads 

containing adapters and/or PhiX control signal were removed using an in house filtering 

protocol. The second quality assessment was based on the remaining reads using the 

FASTQC quality control tool version 0.10.0. The quality of the FASTQ sequences was 

enhanced by trimming off low-quality bases using “Trim sequences” option of the CLC 

Genomics Workbench v. 5.5.1 (CLC Bio, Aarhus, Denmark). The quality filtered sequence 

reads were further filtered by removing sequence reads that could align to the backbone 

vector sequences. Remaining sequences were used to generate the contiguous sequences 

using “De novo assembly” option of the CLC Genomic Workbench v. 5.5. The contigs 

were retained if the average coverage was higher than 500X. The coverage was calculated 

from read mapping against the contig sequences. The final contigs were considered to be 

the representative of the whole insert of each individual fosmid.  

 

De novo annotation of genome fragments 

The final contigs obtained after de novo assembly were confirmed for the presence 

of chiA-like gene sequences obtained during the screening. For each individual fosmid, the 

sequence of the amplicon obtained was aligned against the full-length contigs using the 

BioEdit v. 7.2.0 sequence alignment editor (Hall, 1999) and the alignment was manually 

checked for errors and gaps. Open reading frames (ORFs) were assigned and verified in 
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three ways. First assignment was using GLIMMER v.3.02 (Delcher et al., 1999; 

http://cbcb.umd.edu/software/glimmer/) on a BioLinux v.7 platform (Field et al., 2006). A 

second assignment of ORFs was by using MetaGene software (Noguchi et al., 2006). The 

third assignment of ORFs was performed during the automatic annotation of coding 

sequences using the Rapid Annotation Subsystems Technology (RAST server) provided by 

the National Microbial Pathogen Data Resource (NMPDR) (Aziz et al., 2008). The 

obtained ORFs were compared between the predictive tools.  

The annotation of each ORF obtained from RAST (namely protein-encoding 

genes; further referred as coding sequences, CDS) was manually curated and completed by 

a similarity search against the non-redundant protein (http://www.ncbi.nlm.nih.gov) 

databases using BLASTP (http://blast.ncbi.nlm.nih.gov/Blastp). BLASTP algorithm 

parameters (Table 1A) were optimized according to BLAST Program Selection Guide 

(http://www.ncbi.nlm.nih.gov/guide/training-tutorials/ BLAST tutorials and guides/). The 

closest protein homolog was assessed based on the combined criteria previously described 

(Rost, 1999; Raghava & Barton, 2006): query coverage (%), maximum identity (%), 

aligment scores (maximum and total score) and e-value (Table 1B). RAST annotation also 

included a scan for tRNA genes and classification according to the “Cluster of Orthologous 

Groups” of Protein (COGs). ORFs shorter than 120 bp were discarded when the query 

coverage and maximum identity criteria were not in the established range. Spacers were 

subsequently searched against the non-redundant database (http://www.ncbi.nlm.nih.gov) 

using all BLAST options to ensure that no ORF was missed. Start and stop codons were 

identified for all annotated ORFs. 

 

Prediction of putative chitinase genes  

Prediction of putative chitinase /glycosyl hydrolase family 18 functions was 

performed using the InterProScan (EMBL) integrative tool for search of similarities within 

all available functional annotated protein databases (sequences of proteins, protein super-

families and hidden Markov models) (Quevillon et al., 2005). Furthermore, the secondary 

and tertiary structure of protein was predicted on ITASSER server (Roy et al. 2010, 

http://zhanglab.ccmb.med.umich.edu/I-TASSER/) using default parameters. Bacterial gene 

promoters were predicted using BProm (SoftBerry, http://linux1.softberry.com/berry). 

Ribosomal binding sites (RBS) were identified using the web version of RBS Calculator 

(https://salis.psu.edu/software/; Salis et al., 2009) and manually checked according to 

accepted models (Shultzaberger et al., 2001, Stewart et al., 1998). The taxonomical 

affiliation of genes annotated as chitinase and glycosyl hydrolases family 18 was confirmed 

by comparison with the complete Carbohydrate Sequence Database available (CAZy) using 

Mothra.ornl (CAZymes Analysis Toolkit, Park et al., 2010). 
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Table 1A: Functional annotation criteria. BLASTP settings according to protein size (amino acid residues). 

 Blast 

settings 

Query size (amino acids residues) 

 >85 residues 
50-85 

residues 

35-50 

residues 

<35 

residues 

Weight matrix BLOSUM* 62 BLOSUM 80 PAM*70 PAM30 

Gap cost 11.1 10.1 10.1 9.1 

Low complexity filter on off off off 

E value 10 10 1000 1000 

Word size 3 3 3 or 2 2 

*BLOSUM= Bloks Substitution Matrix. Calculates sequence comparison with less than 62% (default) 

or 80% identity. 

*PAM=Point Accepted Mutation. Calculates sequence comparison based closely related proteins. 

 

 

Table 1B: Functional annotation criteria. BLASTP criteria used to validate the affiliation of ORFs to  proteins. 

Query coverage (%) 
Maximum 

identity (%) 

Alignment 

scores (total & 

maximum) 

E-value 

100% 20-100% best hit <10-15 

50% 48-100% best hit <10-10 

30% 75-100% best hit <10-5 

 

 

 

Phylogenetic analysis of chitinase-like genes 

All recovered chitinases and glycosyl hydrolases (family 18) were aligned using 

Clustal-W (BioLinux v. 7; Field et al., 2006) along with 65 sequences of characterized 

chitinases extracted from CAZy database. Phylogenetic reconstruction was performed by 

Maximum Likelihood (ML) analysis using the amino acid type substitution model of Jones-

Taylor-Thorton (JTT) with uniform rates, partial deletion and site coverage cut-off of 95%. 

The tree was bootstrapped using 100 replicates. A characterized cellulose of Escherichia 

coli P12b was used as an outgroup sequence.  

 

Prediction of the origin of fosmid inserts, comparative genomics and identification of 

potential horizontal gene transfer 

The origin of the inserts was predicted based on the phylogenetic affiliation of 

more than 75% of genes identified. We interpreted these with the cautionary note in mind 

that de novo annotation is relative at the level of bacterial genomes in soil (Raes et al., 

2007) and that the size of insert represented less than 1% of an average annotated genome. 

Synteny of the recovered fosmid inserts with regions of existing genomes and 
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inter-gene regions similarities was determined using the multiple genome alignment 

progressive Mauve software (Darling et al., 2010). Searches for G+C-rich islands were 

performed using CpGFinder (SoftBerry; http://linux1.softberry.com/berry). Nucleotide 

frequency analysis of nucleotide sequences was perfomed for screening of potential 

horizontal gene transfer regions (Scater Plot Viewer; http://www.jcvi.org/cms/research/).  

 

Results  

Construction of a metagenomic fosmid library from chitin-treated soil 

Using 10 g of chitin-amended soil, we produced 0.250 µg HMW total microbial 

community DNA per g soil, with an average fragment size of 40 kb. The DNA was found 

to be pure enough to serve for direct cloning into the fosmid system. Following the cloning 

and plating steps, a total of 145,000 Escherichia coli fosmid clones was generated. These 

were pooled in pools that each contained 1,500 individual fosmids. The estimated size of 

the library was 5.8 GB, which is comparable to the large soil metagenomic libraries that 

were previously reported (Nacke et al., 2011). The percentage of insert-carrying clones was 

estimated at 100%.  

 

Screening for chiA-related genes 

All fosmid pools were successfully screened by chiA based PCR, In total, 18 of 

these gave positive PCR results twice. The resulting amplicons, of 450-600 bp in size, were 

then cloned and subjected to sequence analysis, after which the sequences were compared 

to existing chiA sequences by database comparisons. The analysis showed that 13 

sequences were very remote from the canonical chiA sequences, having < 35% homology. 

Thus, we focused on the remaining five predicted/detectable chiA sequences, with 

homologies > 35%. The thus identified fosmid pools were then subjected to several cycles 

of splitting up in subpools and PCR detection of the chiA gene, until final fosmids that 

generated the signal could be isolated. The chiA amplicon of individual clone was 

confirmed as chitinase by sequencing (Figure 1). These (five) fosmids were subjected to 

further characterization.  

 

De novo annotation and general characteristics of genetic fragments recovered from 

fosmids of the chitin-amended soil metagenomic library 

Five clones - denoted 14A, 22G3, 28C5, 53D1 and 101F8- were retrieved from the chitin-

amended soil metagenomic library based on positive amplification of the chiA gene. All 

clones were confirmed to contain a chiA type gene by amplicon sequencing Phylogenetic 

analysis of chiA amplicon sequencing showed a strong support for the affiliation of genes to 

bacterial GH18/chitinase (Figure 1). Furthermore, the sequences were sufficiently different 

from known chitinases to warrant further investigations. Consequently, the inserts of all 

five fosmids were subjected to full-length  sequencing using Illumina paired-end 

technology. The number of paired reads yielded total sequence information per fosmid 
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amounting to 6.4 to 9.6 Mb, and coverage was, thus, higher than 100 (Table 2A). The sizes 

of the assembled inserts were found to vary from 21.2 to 39.7 kb. The G+C contents of the 

fosmids was, on average, 58.8±6.4%. This was specific per fosmid, and, for each fosmid, 

consistent across the full length of insert (Table 2B). 

 

 

 

 

 

 

Figure 1. Neighbor-joining tree of chiA amplicon sequences. Reference sequences represents nucleic acid 
sequences of characterize chitinases retrieved from GenBank and CAZy. Number near nodes indicate bootstrap 

values (only values ≥25). 
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Table 2. General charactheristics of genetic fragments recovered from chitin-amended soil fosmid library (A) 

Sequence information (B) Fosmids length, gaps, GC%, ORFs. 

A     

 

    

Fosmid 
Consensus  

length (bp) 

Total read 

count 

Single 

reads 

Reads in 

pairs 

Average 

coverage 

14A 22632 7547953 342043 7205910 5645.37 

22G3 21255 8725007 436681 8288326 6428 

28C5 31983 6426283 296701 6129582 47985.18 

53D1 35473 9639420 29260 9610160 13743 

101F8 37907 7863506 14887 7535920 1367.57 

 

B               

Fosmid 
Length  

(bp) 
Gaps GC% 

ORFs 

Total 
Non-

hypothetical 
Hypothetical  Unknown 

14A 22632 3 52.7 18 12 6 0 

22G3 21255 1 58.8 19 11 7 1 

28C5 31983 0 65.2 35 24 11 0 

53D1 35473 1 54.6 34 23 11 1 

101F8 37907 0 59.5 43 33 11 0 

 

 

 

 

Tetranucleotide counts varied from 188 (fosmid 22G3) to 355 (fosmid 101F8). 

Comparisons of nucleotide frequencies indicated potential regions of horizontal gene 

transfer and similarities in sequence composition between fosmids 22G3, 28C5 and 53D1 

(Figure 2).  

ORFs such as N-acetyl-glucosamine transport, sugar ABC transporter, molecular 

chaperone, transcriptional regulator and carbohydrate metabolism were consistently 

predicted by all three annotation methods used (Figure 3). 
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Figure 2. Nucleotide frequency matrix along the whole insert fosmid sequences. Similarity (%) of overlap 

dotpoints indicated in regions identified as significant similar. 

 

 

 
 

Figure  3. ORF orientation and position of selected genes. 
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All inserts were confirmed to have a bacterial origin by using BLAST analyses. 

Furthermore, no tRNA or rRNA genes were identified. Across the fosmids, annotation of 

the putative protein-encoding sequences revealed a range of predicted gene functions 

(Supplementary Tables), being a large fraction of predicted genes involved in housekeeping 

and cell replication functions. The fraction of genes denoted as hypothetical proteins varied 

from 55 to 76%. All predicted protein types and their distributions among the fosmids are 

presented in Table 3.  The overall characterization of the fosmid inserts with respect to 

genes predicted to be chitin-active was based on several criteria. Thus genes related to 

chitin degradation, general carbohydrate metabolism, transmembrane ABC transporters of 

N-acetyl-glucosamine and other sugar-like molecules, transcriptional regulators and 

chaperonines were taken into account. The number of putative genes per fosmid belonging 

to the class “chitinases and general carbohydrate transport/capture and metabolism” ranged 

from 1 (fosmids 22G3, 28C5 and 53D1) and 2 (fosmid 14A) to 5 (fosmid 101F8).  

 

Table 3. Distribution of selected proteins and groups of cellular functions among fosmids. 

 

 

 

Fosmid annotation and closest homolog prediction 

Fosmid 14A 

Eighteen ORFs were predicted to exist in the insert in fosmid 14A (Table S14A). 

The G+C content was 52.7% and three regions with no ORF were identified. The majority 

of ORFs presented a positive transcription frame (Figure 3-14A). The gene length varied 

from 188 bp (CDS8, hypothetical protein) to 2,393 bp (CDS7, closest hit beta-D-

galactosidase CAZy glycoside hydrolase family 2). One CDS (CDS 10, 1,697 bp) was 

annotated as a putative endochitinase gene with best BLAST hit (99% similarity, 99% 

coverage) to a recently described Kitasatospora setae chitinase (Ichikawa et al., 2010). The 

number of genes affiliated to carbohydrate metabolism and sugar ABC transporters was 

low (Table 3). Surprisingly, 33% of CDSs (so 6 genes) were assigned to proteins involved 

in plasmid partitioning next to a phage-type integrase. Another 33% of the putative CDSs 

remained hypothetical. Half of CDS were affiliated to sequences from a Burkholderia-like 

source organism, at a protein level of similarity between 27 (CDS6, ABC transporter) and 

F
o

sm
id

C
h

it
in

a
se

C
h

it
in

 d
e
a

c
e
ty

la
se

 

C
a

r
b

o
h

y
d

r
a

te
 m

e
ta

b
o

li
sm

a

H
y

d
r
o

la
se

b

T
r
a

n
sf

e
r
a

se

A
ld

o
la

se

O
x

id
o

r
e
d

u
c
ta

se

D
e
h

y
d

r
o

g
e
n

a
se

D
e
c
a

r
b

o
x

y
la

se

A
B

C
 s

u
g

a
r
 -

tr
a

n
sp

o
r
te

rc

E
ff

lu
x

 t
r
a

n
sp

o
r
te

r
s

C
h

e
m

o
ta

x
is

 t
r
a

n
sd

u
c
e
r

T
r
a

n
sc

r
ip

ti
o

n
a

l 
r
e
g

u
la

to
r
 

D
N

A
 r

e
p

li
c
a

ti
o

n
 

P
e
r
ip

la
sm

ic
 n

u
c
le

o
ti

d
e
 

b
in

d
in

g
 p

r
o

te
in

M
e
m

b
r
a

n
e
 p

r
o

te
in

C
h

a
p

e
r
o

n
in

D
N

A
 r

e
p

a
ir

N
o

n
-r

ib
o

sa
m

a
l 

p
e
p

ti
d

e
 

sy
n

th
e
ta

se

A
n

a
e
r
o

b
ic

 m
e
ta

b
o

li
sm

A
n

ti
b

io
ti

c
 r

e
si

st
a

n
c
e

D
e
g

r
a

d
a

ti
o

n
 o

f 
o

r
a

g
n

ic
 

c
o

m
p

o
u

n
d

s

P
la

sm
id

-p
a

r
ti

ti
o

n
in

g
 p

r
o

te
in

T
r
a

n
sp

o
sa

se
 /

in
te

g
r
a

se

H
y

p
o

th
e
ti

c
a

l

U
n

k
n

o
w

n

14A 1 0 2 0 0 0 0 0 0 1 2 0 0 2 0 0 0 0 0 0 0 0 3 1 6 0

22G3 1 0 0 0 0 0 0 0 0 1 2 0 2 0 0 2 1 1 2 0 0 0 0 0 7 1

28C5 1 0 0 1 2 1 1 0 0 3 2 1 4 1 1 2 1 0 0 0 0 2 0 1 11 0

53D1 1 0 0 1 0 0 1 1 0 3 2 0 4 1 3 0 1 0 1 0 1 0 0 2 11 1

101F8 2 1 2 1 4 0 0 0 1 0 6 0 4 3 1 2 0 1 2 1 1 0 0 0 11 0

a= other than chitinases & chitinase-like; b= other than carbohydrate hydrolases; c= N-acetyl-D-glucosamine ABC transport system & ABC-type sugar transport component
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82% (CDS14, hypothetical protein) (Appendix table fosmid 14A).  

 

Fosmid 22G3 

Twenty putative ORFs and one gap were identified in fosmid 22G3. The G+C 

content was 58.8%. Only one ORF had a negative transcription frame (Figure 3-22G3; 

Appendix table fosmid 22G3). The size of CDSs was, on average, large, with 63% of these 

having more than 500 bp. One typical chitinase gene was retrieved, which revealed 100% 

identity and coverage with chitinase A of Acidobacterium capsulatum ATCC51196. One 

CDS, for N-acetyl-glucosamine transport (similarity 51%, coverage 86%) was also 

affiliated to a homolog from A. capsulatum ATCC51196), whereas one transcriptional 

regulator (similarity 33%, coverage 78%) similar to a region from Granullicella tundricola 

MP5ACTX9 was found downstream of the chitinase gene. No chaperonins and sugar ABC 

transporter genes were found (Table 3). The majority (55%) of putative CDSs were 

affiliated to an Acidobacterium-like organism. 

 

Fosmid 28C5 

A contiguous sequence of 35 ORFs with positive transcription frame was assigned 

for fosmid 28C5 (Figure 3-28C5; Appendix table fosmid 28C5). The fosmid insert G+C 

content was 65.5%, which was the highest among the inserts. The sizes of the CDSs was 

between 143 (CDS9-hypothetical protein) and 2,309 bp (CDS34- transcriptional regulator). 

One gene (CDS24, 1,190 bp) was annotated as a chitinase with best BLAST hit to a gene 

from Stenotrophomonas maltophilia AU12-09 (45% similarity, 88 % coverage). One N-

acetyl-glucosamine ABC transporter with a  best hit (25% similarity, 85% coverage) to 

Streptomyces bingchenggensis BCW-1 was identified downstream of the chitinase gene. 

Other putative CDSs, such as transcriptional regulators and chaperonin GroEL, were 

affiliated at moderate similarity level (average 38%) and high coverage (98%) to 

se3quences from Chloroflexi-like organisms. One duplicate gene was assigned to an 

organophosphate pesticide hydrolase (similarity 44%, coverage 76%) of Pseudomonas sp. 

Ag1. Overall, the analysis suggested a broad range of putative source organisms such as 

Chloroflexi, Actinobacteria, Firmicutes and Cyanobacteria.  

 

Fosmid 53D1 

A total of 34 ORFs with positive and negative transcription frames and one gap 

were identified in the fosmid 53D1 insert sequence (Figure 3-53D1, Appendix table fosmid 

53D1). The overall G+C content was 54.6%. The minimum gene size was 143 bp (CDS6, 

transposase IS66) and the maximum 2,309 bp (CDS31, putative protein kinase-

transcriptional regulator). Hypothetical protein represented 32% of 53D1 sequence. One 

chitinase gene (CDS20, 1,190 bp) was identified. The best BLAST hit of this gene was with 

“uncultured bacterium” (48% similarity, 94% coverage), followed by Stenotrophomonas 

maltophilia AU12-09 (45% similarity, 87% coverage) and Ktedonobacter racemifer DSM 
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44963 (41% similarity, 93% coverage). Moreover, N-acetyl-glucosamine transporter and 

sugar ABC transporter genes were assigned to Ktedonobacter racemifer DSM 44963 

downstream of the chitinase gene. Similarly, for the CDSs corresponding to transcriptional 

regulators and to hypothetical proteins flanking the chitinase gene, a Chloroflexi-like source 

organism was predicted (Table S53D1). Overall, of the CDS annotated as Chloroflexi-

associated genes, 35% had as close homologs genes from the recently described 

Nitrolancetus holandicus (Sorokin et al., 2012).  

 

Fosmid 101F8 

Fosmid 101F8 yielded the longest contiguous insert sequence of 37,907 bp. In 

total 43 ORFs were found, with positive and negative transcription frames (Figure 3- 

101F8; Appendix table fosmid 101F8). The gene sizes varied from 230 (CDS4, 

hypothetical protein) to 1,580 bp (CDS33, putative sensory transduction protein). The G+C 

content was 59.6%. Two different putative chitinase genes and one putative chitin 

deacetylase gene were found. CDS3 (1,121 bp), with best BLAST hit (100% identity and 

coverage) to a gene region from the Niastella koreensis GR20-10 genome and CDS25 (404 

bp) best BLAST hit (77% similarity, 82% coverage) to Streptomyces avermitilis MA-4680 

were annotated as chitinase genes. CDS5 (869 bp), with best BLAST hit (100% identity 

and coverage) to a region from Thermodesulfatator indicus DSM15286 was assigned as 

belonging to a polysaccharide deacetylase protein family. The fosmid 101F8 sequence also 

contained the functional groups considered for inter-fosmid comparison (chitinase, 

transcriptional regulator, N-acetyl-glucosamine and sugar ABC transporters and 

carbohydrate metabolism). With the exception of the chitinases, putative deacetylase and 

one antiporter protein (CDS26), all CDSs were affiliated, with high similarity and coverage 

value, to Aeromonas genes. At the level of species, 72% of CDS were similar with 

Aeromonas veronii. 

 

Genes and regions of similarity between fosmids 

Although the genomic organization was unique for each fosmid insert, a number 

of common features were identified between them. Fosmids 22G3 and101F8 revealed the 

presence of a chitinase gene close to the 5’ end of the insert. All fosmids contained 

transcriptional regulators (of the LuxR, LitR, LysR types) and sugar ABC transporter 

genes. Fosmids 22G3, 28C5 and 53D1 presented, downstream to the Gh18/chitinase, one 

N-acetyl-glucosamine transporter gene. Nucleotide frequency analyses indicated the 

presence of overlapping tetranucleotides between fosmids 28C5 and 53D1 (40.3% 

similarity), 28C5 and 22G3 (12.07% similarity) and 14A and 22G3 (7.26%). Progressive 

Mauve alignment of the ORF nucleic acid sequences showed 13 regions of significant 

similarity between fosmids 28C5 and 53D1 (Figure 4). Fosmids 14A and 101F8 presented 

lower similarity when compared within the group of fosmids and they were considered to 

have unique sequences. 



152 

 

 
Figure 4. Comparison of full length fosmid insert nucleotide sequences using progressiveMauve global and local 
alignment algorithm. 

 

 

Putative chitinase genes and selection of candidate genes for expression analyses 

All fosmid inserts identified primarily via amplicon chiA sequencing were 

confirmed as being part of chitinase-like gene complexes after complete annotation. 

Phylogenetic analysis of the putative chitinases (predicted protein sequences) showed high-

similarity clustering with reference chitinases of the ChiA class and distant from the 

outgroup sequence of E. coli P12b cellulase (Figure 5).  

In the light of the annotation of the chitinase of fosmid 53D1 (as affiliated with a 

sequence from an uncultured bacterium, followed by best hits to regions of 

Ktetodonobacter racemifer DSm 44963 and Stenotrophomonas maltophilia AU12-09), we 

focused more detailed analyses on this sequence. The 53D1 chitinase ORF was retrieved 

together with 200 nucleotides located upstream to the identified codon start. The essential 

genetic elements (promotor, RNA polymerase interaction site, Shine-Dalgarno sequence, 

start and stop codons) necessary for expression in a heterologous recombination system 

were identified (Figure 6). The sequence of chitinase 53D1 falls into the 14% of bacteria 

with an unusual promotor region and codon start (Tikole &  Sankararamakrishnan, 2006; 

Nakamoto, 2009). The “-35…-10” region revealed the atypical sequence 

“ATGACT…CGGGAT”, while the Shine-Dalgarno sequence was the universal AGGA. 

The start codon was GTG (encoding Val). Overall, the rare reported transcriptional 

elements suggested that chitinase 53D1 had a weak promotor.  
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Figure 5. Maximum likelihood phylogenetic analysis of chitinase protein sequences obtained in this study 

(marked) and 60 sequences of representative chitinases retrieved from CAZy. Substitution model Jone-Taylor-

Thorton, uniform rates, partial deletion and site coverage cutoff 95%. Bootstrap values >25 indicated. 
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Figure 6. Chitinase 53D1 ORF regions. RNA polymerase interaction region (grey shadow), -35 and -10 region, 

mRNA start site, Shine-Dalgarno, start and stop codon marked.  

 

 

Five protein models were used to predict structure, based on both global and local 

structural comparisons with all available proteins from the Protein Data Bank (PDB) by 

using the ITASSER platform. Based on the comparison with proteins of similar folds (from 

the PDB) and multiple alignments, an iterative protein template is generated. This protein 

template is compared with 3D models available from characterized proteins and confidence 

and similarity scores are assigned for each comparison. The best prediction for the fosmid 

53D1 putative chitinase was with chitinase A1 of Bacillus circulans WL-12, with a 

confidence score (C-score) of 0.79 and a structural similarity score (TM-score) of 

0.82±0.08 (protein alignment presented in Figure 7). Considering the accepted scores for 

active enzymes (C-score: -5 - 2; TM: >0.5) the model obtained for the 53D1 sequence 

predicted an active protein. Moreover, identification of the family-18 glycosyde hydrolase 

consensus sequence DGIDIDWE confirmed the existence of a putative conserved active 

site within catalytic domain (Figure 6). This sequence was further offered for gene 

expression and protein characterization studies (work in progress). 
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Figure 7. Protein alignment of putative chitinase 53D1 and Bacillus circulans chitinase A1, as generated with 
ITASSER global and local alignment tool after screening of RCBS Protein Data Bank. 

 

 

Concluding remarks 

Assuming the prevalence of prokaryotic organisms in soil and their average 

genome size estimated to be about 5Mb (Hardeman & Sjoling, 2007), the metagenomic 

library produced from the chitin-amended soil represented approximately 1,200 prokaryotic 

genomes. Genetic screening of this metagenome from the chitin-amended soil had as main 

objective the identification of genes for new amino acid sequences affiliated to the 

functional group of chitin active enzymes. The screening strategy applied proved successful 

in recovering genomic fragments containing putative active chitinases. Five sequences of 

putative novel chitinases were found, next to a considerable number of sequences related to 

the metabolic pathway of carbohydrate degradation, cellular transport and excretion 

systems and regulation of transcription. Given the estimated proportion of chiA genes in 

soil bacteria (roughly 1-5%), the frequency of recovery of chiA positive clones was 

consistent with that in other reports (Wellington et al., in preparation). 

When the source organisms of the recovered genes for chitin-active proteins was 

considered, the diversity of the fosmid inserts was relatively high. All five identified 

fosmids had different predicted origins, being two of them rather close. The majority of the 

putative genes found revealed homologies to gene regions found in the genomes of 

organisms like Burkholderia, Actinobacteria, Stenotrophomonas, Acidobacterium and 

Aeromonas. Particularly fosmids 28C5 and 53D1 comprised genes which were similar to 

those recently described in Nitrolancetus hollandicus (Sorokin et al., 2012) and in 

Ktedonobacter racemifer. Both organisms are members of the phylum Chloroflexi. The 

identification of such a putative chitinase gene in a chitin-enriched habitat can be 

hypothesized as another asset of the remarkable physiology of Nitrolancetus hollandicus 

like organisms. In fact, N. hollandicus has been described as the only known nitrite oxidizer 

that is not affiliated to the Proteobacteria.  
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Chapter IX 

 

 

General discussion, concluding remarks and  

future perspectives 
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In this chapter, the achievements of this study are discussed and placed in the 

context of what was already known as well as the perspectives for future work. We 

repeatedly argued that chitin is an important biopolymer which is produced naturally in 

enormous amounts every year. It is also readily recycled, and microorganisms, among 

which bacteria, are the most active degraders (Gooday, 1990a,b). The chitinolytic process 

implies the synergistic participation of multiple enzymes and carbohydrate-binding 

modules (Aranates & Saddler, 2010; Hoell et al., 2010). There is an increasing number of 

reports on the abundance and  role of chitin-degrading organisms and enzymes in soil and 

aquatic habitats (Beier et al., 2011; Beier & Bertilsson, 2013; Kielak et al., 2013; Hjort et 

al., 2010; Howard et al., 2003; Manucharova et al., 2006; Williamson et al., 2000). In the 

context of a fungal infection, chitinases are secreted by the eukaryotic hosts as part of the 

pathogenesis-related proteins (Legrand et al., 1987; Vega & Kalkum, 2012) and are 

actively involved in inciting an immune response. Chitinases are also reported as molecular 

markers used in the evaluation of different human pathologies such as tumor angiogenesis 

and tissue-remodeling responses (Lee et al., 2011).   

Assessment of chitinolysis has become important since the production and use of 

chitinous materials has increased in different applied areas, from agriculture to 

biomedicine. Counts of chitinolytic bacteria on chitin agar plates have shown a diversity of 

chitinase producing organisms. Numerous studies have thus reported on the 

characterization of bacterial isolates with chitinolytic potential (Gooday, 1990a,b; De Boer 

et al., 1999; Beier & Bertilsson, 2013; Manucharova et al., 2007; Metcalfe et al., 2002a,b). 

On the basis of such cultivation approaches, several bacterial groups have been put forward 

as drivers of chitinolysis, such as (members of) Streptomyces, Arthrobacter, Bacillus and 

Serratia. However, the phenomenon of the great plate anomaly (Staley & Konopka, 1985) 

implies that we possibly observe only a fraction of the chitinolytic potential in nature if 

solely on the basis of cultivation approaches. In addition, the rates of chitin degradation in 

natural systems have been measured and variation has been found in geographically close 

sites in both terrestrial and aquatic systems (Beier et al., 2011; Manucharova et al., 2006; 

Metcalfe et al., 2002a,b). However, such diverse responses have not often been correlated 

with the types of chitinolytic organisms present. 

To overcome the great plate count anomaly, direct molecular approaches have 

been increasingly used lately. Such approaches are commonly based on microbial 

community DNA or RNA which is directly extracted from an environmental habitat. In 

particular, the application of PCR-based systems targeting one key gene involved in 

chitinolysis, i.e. the family-18 chiA gene (Metcalfe et al., 2002a,b; Williamson et al., 2000) 

in soils and  from aquatic (LeCleir et al., 2004) and hot spring habitats (Hobel et al., 2003) 

has shown that the range of chitinolytic organisms / enzymes is higher than can be 

estimated on chitin agar plates. 

In the light of the foregoing, the central idea of the work presented in this thesis 

was to determine the diversity and abundance of bacterial chitinases in different 
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environments and to make use of this diversity for finding new chitinolytic 

genes/organisms. In order to enhance the chances of finding genetic “novelty” in 

chitinolytic enzymes, a metagenomics approach was used to address both aims, i.e. to 

promote our understanding of the ecology of chitin degradation and to find novel enzymes 

with biotechnological potential. Screening of well-described and underexplored selected 

natural habitats for the presence of the chiA gene was performed using protocols that had 

been previously established, as well as direct next generation sequencing. Enzymatic and 

genetic analyses indicated a chitin-amended (plant disease suppressive) field soil as an 

optimal habitat for metagenomics mining. Thus, a fosmid-based library was constructed 

and screened for fosmids containing promising chiA-like sequences. Identification of 

fosmid clones bearing genomic fragments with chiA-like chitinase genes and prediction of 

putative donor organisms offered a new perspective for further exploration of these 

building blocks of chitinolysis. The value of the use of such metagenomics tools together 

with theoretical and practical challenges is also discussed.   

 

Do local habitat conditions shape bacterial chitinolytic communities? 

Previous studies have indicated that microbial communities in most environmental 

habitats are influenced by local factors like nutrient availability, pH, water content, 

temperature and salt concentration. Additionally, for soil, crop management and for aquatic 

systems, contaminants from toxic waste can be mentioned. Hence, the hypothesis can be 

brought forward that chitinolysis is a process which is influenced not only by chitin 

concentration but also by local environmental factors. This hypothesis was addressed by 

investigations of selected diverse terrestrial and aquatic habitats as well as controlled soil 

microcosms (Chapters 4 and 5). The selection of the habitats investigated in Chapter 4 was 

done based on the abundance of chitinolytic microorganisms (i.e., in soils and soil-like 

habitats) and on their potential reservoir function of bioactive molecules (freshwater and 

marine sponges). Taking into account the origin of the samples and their physico-chemical 

differences, enzymatic and molecular analyses were applied and then interpreted with 

caution. At the technical level, the critical factors used in the amplification of both the 16S 

rRNA genes and the chiA gene sequence were the concentration and purity of the 

environmental DNA. Such parameters are of critical importance for amplification rates and 

thus for our picture of the local microbial communities. Considering these, the theoretical 

investigations performed in chapters 2 and 3 were extremely important. Overall, we thus 

assessed the chitinolytic enzyme activity and abundance, as well as the diversity and 

structure, of the bacterial communities present in the selected environmental habitats.  

The enzymatic activity, as estimated by assessment of the degradation of 

fluorescently-labeled glucosamide and chitobioside, varied significantly with the type of 

habitat investigated. Notably, the values obtained for soils, unamended and/or chitin-

amended, were low as compared to those in the remainder of the habitats. Two hypotheses 

were used to explain these low enzymatic activities:  (1) the availability of other local 
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resources may have acted as an inhibitor of chitinolysis, as bacterial cells under such 

conditions do not need to secrete chitinases or (2) inhibitors, such as humic acids or fulvic 

acids may have inhibited the enzymatic reaction. The latter is clearly a potential limitation 

of the method applied in such conditions. In general, limitations of methods based on chitin 

oligomers to evaluate chitinolysis through fluorescence detection or as probes for in situ 

detection have been previously discussed (Wellington, personal communication; Beier et 

al., 2011) and they are commented on in chapter 4. Overall, the enzymatic activities 

measured were found to be higher in systems under chitin amendment in particular at 

alkaline pH. Although not tested, one technical explanation for the raised values at alkaline 

pH might be that the final pH in the assay had been close to the value of 10, knowing that 

4-Methylumbelliferone (the fluorogenic substrate in chitinase assay) develops maximum 

fluorescence at pH 10. 

The assessments of total bacterial abundances based on the 16S rRNA gene 

quantifications provided rather expected values. For instance, the increases of the bacterial 

abundances upon chitin addition were consistent in the soil samples and in accordance with 

previous reports (De Boer et al., 1999; Kielak et al., 2013; Xiao et al., 2005). In particular 

in the microcosm soils, a positive correlation of total bacterial abundance with the presence 

of chitin was observed. In all samples of chitin-amended soil at native pH (5.7), the 

abundance of bacteria was higher than that in those of unamended soil, starting on the first 

day. Although Actinobacteria are known to encompass active chitinolytic groups, the 

calculated relative abundances of this taxon showed a rather slow response to the 

amendment. Considering the considerable number of studies that report on isolation of 

actinobacterial strains on chitin agar, it can be concluded that the predominance of such 

organisms on plates is a typical reflection of the “great plate count anomaly”.  

Overall, the abundance of the chiA gene was consistently positively correlated 

with the estimated (added) chitin. Surprisingly, in the chitin-amended soil, the chiA gene 

abundance per gram fresh material was higher than that in marine sponges. Moreover, 

amendment of soil with chitin appeared to be beneficial to the chitinolytic bacterial 

community in the face of the alkalinized pH. Furthermore, the data showed that the 

bacterial community compositions in soil changed depending on chitin amendment and 

sample origin, as PCR-DGGE based fingerprinting revealed shifted banding patterns. 

Comparison of such patterns showed 70% similar community structures at the level of 

chiA, indicating a core of putative chitinolytic organisms irrespective of the type of habitat. 

Furthermore, the genetic analysis based on chiA pyrosequencing allowed an investigation 

of chiA gene diversity at a more profound level. Thus, this sequencing approach allowed to 

assess the dynamics of the relative abundances of different groups. In addition, presumptive 

chitinase producers were detected on the basis of gene sequences by comparison with 

sequences retrieved from characterized chitinases that were available in web-based enzyme 

repositories such as CAZy. The main group of sequences in soil (field and microcosm) and 

soil-like samples was identified as belonging to the Proteobacteria, while those from 
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Actinobacteria were at levels below 30%. Observations from the soil microcosms showed 

that, among the Proteobacteria, members of the Gamma- and Betaproteobacteria became 

dominant upon chitin adition. When the distribution of sequences was analyzed at the 

species level, few sequence types were shown to be abundant. Bacteria known to produce 

chitinases, such as Janthinobacterium lividum and Lysobacter enzymogenes, were dominant 

in field soil following amendment with chitin. Overall (as detailed in chapter 5), the chiA 

pyrosequencing data demonstrated the role of chitin in favor of bacteria like those affiliated 

with  Stenotrophomonas, Janthinobacterium and Lysobacter, while well-known chitinolytic 

organisms like Vibrio, Cellvibrio and Collimonas were found as less than 1% of the 

sequencing data. We showed that modulation of environmental parameters, in this case 

chitin availability and pH, induced shifts in microbial communities, resulting in the 

domination of just a limited number of sequence types. Chitinolytic communities were 

proven to be highly dynamic in response to these changes. Moreover, we found an 

enormous sequence diversity of the chiA gene. This remarkable diversity suggested that the 

ability to degrade chitin is broad and may remain present in a habitat when local conditions 

vary to extremes, even outside of laboratory conditions. In other words, at the level of the 

protein sequence, there appears to be a huge diversity, which may translate into functional 

redundancy. Such redundancy might be safeguarding the chitinolytic process in 

environmental habitats in the face of stress. Changes of any of the parameters included in 

Table 1 can apparently affect the process in natural settings. The negative correlation of 

some bacterial groups with chitin concentration indicates they may be outcompeted by fitter 

groups under chitin-rich conditions. Furthermore, the prevalence of other, possibly 

unknown, types indicates the potential of this type of experimental approach in finding 

novel enzymes.  

The results obtained in this study also provide a basis for further use of similar 

environments in the exploration of chitin degradation ecophysiology and as well as in 

mining of chitinases for biotechnological applications. Based on the measurements and 

assumptions (which habitat is more active with respect to chitin degradation, abundance 

and diversity of the chiA gene, next to the community structure of chitin degraders) 

discussed in chapters 4 and 5, the contribution of each habitat in understanding the ecology 

of chitin degradation may be conceptualized. Thus the use of any of these natural habitats, 

for instance the soil supplemented with chitin, for discovering novel chitin degradation 

genes and biocatalysts might be rated as to biotechnological promise. 
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Table 1. Habitats and environmental conditions analyzed. The color gradient indicates the relative impact of local 

habitat changes on chitinolysis as measured or predicted in this study. 

 
 

 

Soil chitinases - Chitin amendment, bacterial successions and soil disease 

suppressiveness   

Soil-borne diseases represent a significant problem in crop production system 

across the world. Several chemical and fumigation-based (control) methods have been 

described that might aid in countering such plant diseases and the underlying pathogens. 

However, the current quest for environmentally-friendly control methods points towards the 

use of natural products. Biopolymers like chitin and cellulose are indicated as coadjuvants 

in enhancement of disease suppression. For instance, in several studies suppression has 

been shown to increase after chitin addition to soil (Hjort et al., 2010; Kobayashi et al., 

2002; Sarathchandra et al., 1996). Based on isolation methods, it has been postulated that, 

by supplementing a soil with chitin, the microbial communities may change to bacterial 

dominance (Gooday, 1990a,b; Veldkamp, 1955). The large functional redundancy of 

chitinolysis in soil has also been described (Cottrell et al., 2000; Hjort et al., 2010; Metcalfe 

et al., 2002a,b) and chitinolytic bacteria isolated. In fact, many bacterial species, often 

chitinolytic, have been tested as biological control agents of fungal and/or nematodal 

phytopathogens (Dutta et al., 2004; Gooday, 1990; Gomes et al., 2001; Patil et al., 2000; 
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Weller et al., 2002). Additionally, it has been shown that treatment of plant seeds with 

chitosan increases their germination rate (Zeng et al., 2012; Guan et al., 2009). It is 

possible that this effect has come about as a result of effects on the local microbiota, 

although the effects on local communities have remained obscure. Thus, understanding the 

association between the abundance and structure of microbial populations, chitin or 

chitosan addition and soil function is important and relevant to the use of chitin and its 

derivatives for agricultural purposes.  

In this context, a Dutch agricultural field (“De Vredepeel”), which had been 

employed for long-term monitoring of different agricultural practices (Korthals, personal 

communication), was selected to assess the relationship between chitin amendment and soil 

disease suppressiveness. The amendment was based on incorporation in the top soil of high 

amounts of prepared shrimp waste (20 tons/ h) obtained from a local fishing industry. The 

molecular analyses of the soil microbial communities were combined with classical 

enumeration of selected fungal and nematodal pathogens (Chapters 6 and 7). Both bacterial 

and fungal communities were assessed in order to have a picture of the microbial 

abundance and community structure. Then, we focused on groups that were found to 

change their abundance when chitin was applied, namely Oxalobacteraceae and 

Actinobacteria. At the level of the two countable pathogens, Verticillium dahliae and 

pratylenchous nematodes, the values obtained after amendment were significantly lower in 

chitin-amended soil each time shortly after a rounds of amendment (total: two 

amendments). In addition, in the time period between the two chitin additions, the soil was 

characterized by lowered values of the two phytopathogens. Moreover, at a few sampling 

time points (March 2009 and April 2010), the effect of chitin was detectable even  though 

the level of pathogens in unamended soil was similar to or higher than before initiation of 

the treatment. The microbial abundances were found to have changed, with bacterial 

communities dominating fungal ones. Important critical changes were observed nine 

months and one year after the second chitin amendment, with strongly decreased fungal 

abundances. This type of change was similar to the one that was previously observed in 

chitin-amended soils cultivated with cotton (Hallmann et al., 1999). In the present soil, the 

inhibition of fungi due to chitin addition was significant, although we could not correlate it 

with the crop type standing on the field. We also observed a clear separation of the 

communities in chitin-amended versus unamended soil by PCR-DGGE fingerprinting 

analyses. The occurrence of different shifts in the actinobacterial and oxalobacteraceal 

communities confirmed that chitin amendment of soil does not affect all community 

members to the same extent. Actinobacteria showed a more diverse and faster reactive 

community than Oxalobacteraceae. This was explained as being the consequence of the 

fast colonization of chitin fibers by some Actinobacteria, while the increase of 

Oxalobacterceae might be due to the progressively enhancing availability of chitin 

oligomers. The Oxalobacteraceae 16S rRNA gene clone libraries generated from soil 

revealed a positive response of this group to chitin. In particular, the relative abundances of 
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types affiliated with Duganella and Massilia increased, while, on the other hand, that of 

Janthinobacterium decreased. Furthermore, to obtain details about the shifts in the bacterial 

communities, 16S rRNA gene based analyses through pyrosequencing (amplicon 

sequencing) were applied (Chapter 7). Major changes were observed in the abundances of 

Actinobacteria, Proteobacteria and Bacteroidetes. Significant increases, of up to 20%, 

were found in the chitin-amended soil from June 2010 for types affiliated with the  

Oxalobacteraceae. The two highly abundant genera from the clone library investigation, 

Duganella and Massilia, were confirmed as being at the base of the oxalobacteraceal rise. 

Interestingly, there were no sequences found that were associated with the genus 

Collimonas, a known chitin degrader. The relative abundances of Actinobacteria decreased 

over time in the chitin-amended soil. This decrease was explained as being the consequence 

of progressively developing local conditions (chitin oligomers that emerge in the system 

due to the action of secreted enzymes) that may have stimulated other, competing, bacteria 

like members of the Oxalobacteraceae. The results corroborated those from previous 

reports on Oxalobacteraceae changes as root-associated communities in soils under 

compost amendment (Green et al., 2006; Green et al., 2007; Ofek et al., 2012). The effect 

of chitin amendment remained detectable over time and a correlation with the crops (crop 

rotation in the chitin-amended soil enhanced the suppressiveness against V. dahliae) was 

observed. Overall, the sequencing data confirmed the hypothesis that soil disease 

suppressiveness is a complex process that is modulated by changes in the local bacterial 

communities. The findings offer strong support for the further use of chitin as an enhancer 

of suppressiveness towards pathogens. Monitoring of the chitin-amended soil used 

(Vredepeel, which is one of the most important European agricultural soils), can help to 

improve the methodology of inhibiting plant pathogens.  

 

 

 
Figure 1. Soil suppressiveness assessment – summary of methodology and results. Images adapted from 

www.freeimagines.com (nogmoseedbank.wordpress.com & shrimpmeal.wordpress.com). 
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Construction of large-insert metagenomic libraries and screening for 

chitinases  

One major aim of this study was the identification of novel bacterial chitinase 

genes / enzymes. In order to achieve this objective, five habitats were selected - based on 

their chitinolytic potential - for the construction of large-insert metagenomic libraries. The 

selected habitats were: unamended and chitin-amended disease-suppressive soils (The 

Netherlands), Oxyria digyna (arctic plant, Kilpisjarvi, Finland) rhizosphere, Ephydatia 

fluviatilis (freshwater sponge, Netherlands) and a bog soil (Ljubljana marsh, Slovenia). 

Approximately 400,000 fosmid clones were obtained in total, in the five libraries. The 

libraries were stored in amplified form as clones of Escherichia coli EPI300-T
R
 bearing the 

pCC1FOS fosmid vector with insert. The library produced from the chitin-amended soil 

was further screened for the presence of chitinase genes (Chapter 8), allowing the retrieval 

of five promising clones. This number of positive clones was relatively low when the 

library size (145,000 clones) was considered. Full-length fosmid insert sequencing and gene 

annotation identified a total of 150 ORFs representing a wide range of functions. Two of 

the fosmids (28C5 and 53D1) presented regions of high similarity, but overall no conserved 

syntenic regions were found. The search for potential regions of horizontal gene transfer 

revealed three tetranucleotide overlap regions. This was interpreted as representing a 

possible interaction between the original hosts of cloned genomic fragments (Noble et al., 

1998; Techtman et al., 2012). Following the complete annotation of fosmid inserts, four 

chitinase genes, together with several other genes known from carbohydrate metabolic 

pathways, were assigned. One fosmid (101F8) presented two different chitinase genes and 

one a chitin deacetylase. At the level of annotation and closest homolog prediction, 

selection of the optimal BLAST-P features was critical. Two types of alignment matrix 

were used, blocks substitution matrix (Blosum) and point accepted mutation (PAM) based 

on the length of the amino acid sequence of predicted ORF. Therefore, each ORF was 

manually checked using the established criteria. In each instance, the prediction of the 

closest homolog was performed with caution, bearing in mind that, even though gene 

annotation has maximum accuracy, an analyzed fragment can only represent a small part of 

an original genome. Gene annotations (all genes, not only the chitinase) over all fosmids 

indicated, as likely original hosts, organisms belonging to five dominant bacterial genera: 

Burkholderia, Actinobacteria, Stenotrophomonas, Acidobacteria and Aeromonas. 

Surprisingly, no fosmid presented any Oxalobacteraceae gene, although we found a clear 

increase in the abundance of this group, to up to 20% of the total bacterial abundance as 

revealed by 16S rRNA gene pyrosequencing. A limiting factor in finding oxalobacteraceae 

genes may be the number of individual clones screened. The estimated number of 

individual clones tested for chiA, through the “pooling-subpooling-individual clones” 

method, was less than half of the library size (screening estimated at 40,000 clones out of 

145,000). Also, the lack of detected oxalobacteraceal sequences can be explained by the 

fact that DNA cloning is a stochastic process which is influenced by numerous qualitative 
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and quantitative factors. Moreover, in particular in two fosmids (53D1 and 28C5), we 

found genes similar to those recently described in Chloroflexi such as Nitrolancetus 

hollandicus and Ktedonobacter racemifer (Chang et al., 2011; Sorokin et al., 2012), while 

pyrosequencing data showed a low abundance (<1%) for this phylum. Regarding the 

genetic environment of the chiA-like genes found in the fosmids, no clear  “chitinase” 

operon containing more than one type of chi gene, as previously described (Delpin & 

Goodman, 2009; Li & Roseman, 2004), was found. Nevertheless, the presence of 

transcriptional regulators and of genes from “carbohydrate metabolic pathways”, together 

with the putative chitinase regions, represented suggestive evidence of genomic regions 

active in chitin binding and transformation. Hence, the deep sequence analysis of fosmid 

53D1 which was further offered for protein expression studies, was warranted. 

 

Exploration of our understanding of the ecology of bacterial chitinase 

expression for further biotechnology applications 

The chitinolytic organisms identified across all selected habitats are likely to be 

part of dynamic bacterial communities that show the ability to change when external 

conditions change. Among the factors that potentially drive such communities, chitin was 

shown to exert a main influence on the abundance and distribution of bacteria. However, 

the chitinolytic process was also influenced by pH, whereas we hypothesized that also 

prevailing temperature and salinity affected it. Taking into account that chitin degradation 

is also dependent on hidden factors such as the simultaneous excretion of hydrolases and 

the existence of chitin-binding proteins without catalytic domains, no absolute statement 

can be given about the chitinolytic process and the organisms involved in it, in the habitats 

analyzed here. The limitation (in particular the resolving power) of the enzymatic methods 

in the evaluation of the process was compensated for by using direct molecular methods. 

The chiA gene was used as a marker for the detection and quantification of bacterial chitin 

degraders for two reasons (1) ChiA is a key exochitinase and exochitinases are presumed to 

be more abundant in the chitinolytic process than endochitinases since the non-reducing 

ends of the polymer are more exposed to the enzyme (2) the database of characterized 

bacterial chitinases of the ChiA type is the largest available, facilitating sequence 

comparisons. Therefore, the chiA gene was deemed to be suitable for use as a proxy for the 

screening of environmental metagenomes for novel chitinases. The cloning of large 

fragments of metagenomic DNA in fosmids, followed by full sequencing and sequence 

analysis resulted in the identification of five chitinase-like genes. Despite the biases of the 

metagenomic approach used, a diverse set of genes was recovered next to the desired 

chitinases. The chitin-amended soil “Vredepeel” thus proved to be a good habitat for 

metagenomic mining not only of chitinases but also of other enzymes.  
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Conclusions and perspectives for future research 

In the light of all of these findings, the general conclusions from the work 

performed in this thesis are: 

 Habitat structure and local environmental conditions shape the bacterial communities 

that utilize chitin to meet nutritional (C and N) needs. 

 The type of chitinolyis in soil is influenced by the chitin concentration, whereas pH 

also has an effect.  

 Soil suppressivess towards plant pathogens is enhanced by chitin amendment, which 

raises the abundance of Oxalobacteraceae. The induced suppression of soil-borne 

pathogens can be maintained over years. 

 Chitin-amended “Vredepeel” soil represents an excellent soil for studying the effect of 

chitin amendment on the soil microbiota as well as for finding new enzymes. 

 Metagenomics bioexploration based on cloning of large environmental DNA 

fragments from chitin-amended soil allows to find putative new chitinases. 

 The relatively high percentage (30.6%) of genes for “unknown” function obtained in 

the library fosmids that were studied confirms the potential of chitin-amended soil for 

obtaining “novelty”. 

 Functional metagenomic screening for chitinases cannot be performed without 

considering the ecophysiology of chitinolytic bacteria in their natural settings. 

 

The results obtained in this study open up a perspective for future research in the 

field of chitin degradation ecology and in the biotechnological applications of chitinases. 

The perspective is based on the tenet that local conditions are apparently drivers of the 

types of chitin degraders that are selected. Hence, when the needs of industry are 

considered, local conditions ideally need to mimic the conditions of the industrial process. 

One can thus envisage the successful cloning of chitinases that function optimally at pH 9 

by exploring the bacterial communities in a soil with pH set at a value close to this. 

Moreover, local conditions of salinity (e.g. a dry soil contain higher salt concentrations than 

a wet soil simply due to evaporation) will affect the types of chitinolytic bacteria and 

chitinases that are active, and hence such a condition is to be taken into account when 

chitinases working under high-salt conditions are to be found. Taking such environmental 

variables into account in further work, metagenomic screenings can be optimized. The then 

identifiable gene sequences from libraries, representing the tip-of-the-iceberg of chitinases 

in the system, will incite a more successful production of different proteins with various 

applications. The work performed in this thesis still leaves us far from this desirable aim 

and thus a range of (theory- and methodology-based) questions needs an answer if we want 

to gain better access to the chitinolytic treasure of natural habitats.  

Such questions are: How can we make better use of the information obtained from 

fosmid sequencing and annotation? Can we go back to the environment and extract the 
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most active members of the bacterial community by using specific primers or probes 

designed based on functional annotation of genomic fragments? Can the dynamics of the 

chitinolytic communities, including their successions and mode of action, be quantified in 

this way? What is the mechanism behind the abundance variations in soil, when confronted 

with a supply of chitin, that was observed for the Actinobacteria and Oxalobacteraceae? 

Such abundance variations almost certainly relate to modulations of local conditions, as 

discussed earlier. For instance, are enzymes secreted by the Actinobacteria, that result in 

partially degraded chitin/chitin oligomers, at the basis of the observed increase of the 

abundance of Oxalobacteraceae?  

The enormous diversity of bacteria in most soil systems supports the hypothesis 

that the relationship between chitin amendment, soil disease suppressiveness and bacterial 

community shifts goes beyond the interaction just between two bacterial groups. Therefore, 

the use of a systems-level approach can be cogitated, in which in situ measurements are 

combined with sequencing data and the total data are integrated in a network-type analysis 

with metadata. Sequencing data can be also used to improve the procedure of isolation of 

chitinolytic organisms. Finally, the ecology of underexplored groups of bacteria with 

putative chitinolytic functions, like Chloroflexi and Acidobacteria, should be investigated. 

Moreover, the available large-insert fosmid libraries from very diverse natural habitats and 

yet un-scanned (neither for chitinases nor for other genes) can serve as a starting material 

for experiments that will try to answer the above questions.  

 

 

 
Figure 2. Concept of using chitin waste. 
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In conclusion, the thorough exploration of chitin degradation in the natural, as well 

as and controlled, environments such as applied by us could be used as a model for 

assessing the intricacies of natural processes as well as predicting the biotechnological 

potential of bacterial communities across ecosystems. The functional metagenomics 

approach, resulting in tangible enzymes that are produced, should be combined with 

subsequent ecological studies in order to improve the understanding of ecological behavior, 

which will ultimately allow us to better explore and exploit the biotechnological potential. 

This can lead to a diverse suite of applications of cleaned-up chitin, as well as chitin 

derivatives and also chitin degraders (Figure 2). Thus continued investigation of chitin 

degradation in natural habitats will constitute the basis for developing new chitin-added 

value products. 
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Appendix 

 

Supplementary material Chapter IV 

 

 

 
Figure S1. Relative abundance of chiA gene copy numbers. 
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Figure S2. Rarefaction curves of the average number of OTUs within each of the environmental samples. 

Sequences were classified into OTUs based on the 20 % dissimilarity cutoff. 
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Figure S3. Distribution of total bacterial phyla (chiA pyrosequencing data from all habitats included) identified. 

 

 

 

 

 
Figure S4. Distribution of bacterial phyla across habitats. 
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Table S1. Characteristics of samples used in the study. 

A.  

 
*na – data not available 

 

B. 

 

 

 

 

 

 
 

Table S2. Relative abundance of 16S rRNA gene (A) and chiA (B) copy numbers – significant differences among 

habitats are indicated (P <0.05). 

 

A.  

 
B.  
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Table S3. Average of identity (%) between the most abundant best BLASTP hits and sequences obtained in this 

study. 
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Supplementary material Chapter V 

 
A. 

 
B. 

 
 

C. 



189 

 

 
Figure S1. (A) 16S rRNA (B) actinobacterial 16S rRNA  (C) chiA gene-based denaturing gradient gel 

electrophoresis profiles. Replicates are indicated by the same letter: a- soil pH 8.7 with chitin, b- soil pH 8.7 

without chitin, c- soil pH 5.7 without chitin, d- soil pH 5.7 with chitin. Day of sampling in indicated above photos. 
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Figure S2. Comparison of chiA gene diversity between the different sampling points. Stacked column graph 

represents the relative distribution of the chiA genes affiliated with different bacterial phyla based on BLASTP 

analysis. All calculations were performed on normalized data. Relative abundance was calculated as a ration 
between sequence type abundance and total number of sequences in the group. 
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Table S1. Chitinases identified in as the best blastp hit in de dataset. Species affiliation, chitinase accession 

number, number of OTUs having certain chitinase as the best hit, The range of the identity of OTU representing 

sequence. All calculations were performed on normalized data. 
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Table S2. Mean (standard deviation) chiA-types abundance in microcosm experiment. Relative abundance in 

percents was calculated as a ration between sequence type abundance and total number of sequences in the group. 
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Supplementary material Chapter VI 

 

 

Figure S1. Ordination diagrams based on similarity matrix calculated from DGGE patterns of (A) total bacteria 

(B) total fungi (C) Oxalobacteraceae (D) Actinobacteria communities in unamended and chitin-amended soils. 
Unamended soil samples Dec-09, June-10, Nov-10, March-11, April-12 referred as D, J, N, M and A. Chitin-

amended soil samples Dec-09, June-10, Nov-10, March-11, April-12 referred as D+, J+, N+, M+ and A+. Position 

of circles represent the mean positions of three replicates. Sampling points assigned with “*” were significantly 
different (P<0.05). Values on the axes indicate the percentage of total variation explained by each axis. 
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Figure S2. DGGE profiles (A) total bacteria (B) total fungi (C) Oxalobacteraceae (D) Actinobacteria (E) 

chitinolytic (chiA) communities in unamended and chitin-amended (assigned with “+”) soils.  
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Figure S3. Structure of bacterial chitinolytic community. Clustering of unamended and chitin-amended soils 
DGGE profiles based on UPGMA and Jaccard correlation coefficient. Unamended soil samples Dec-09, June-10, 

Nov-10, March-11, April-12 referred as Dec, June, Nov, March and April. Chitin-amended soil samples Dec-09, 

June-10, Nov-10, March-11, April-12 referred as Dec+, June+, Nov+, March+ and April+. Sampling points 
assigned with “*” were significantly different (P<0.05). 
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Supplementary material Chapter VIII 
Fosmid 14A 

 

 

 

 

CDS Locus
Gene 

lenght
Description

Best match 

accession no.
Source organism

Query 

cover (%)
E-value

Identity 

(%)

1 1203-544 659 hypothetical protein ZP_02433069  Clostridium scindens  ATCC 35704 43% 0.22 42%

2 1422-1769 347 hypothetical protein / phage integrase ZP_06661375 Escherichia col i B088 84% 2.00E-47 30%

3 3164-3919 755 replication initiation protein NP_061424 Escherichia coli  K-12 47% 7.00E-05 55%

4 4507-5673 1166 plasmid-partitioning protein ParA  NC_010804  Burkholderia multivorans  ATCC 17616 76% 0.002 44%

5 5673-6644 971 plasmid-partitioning protein ParB NP_061426 Burkholderia pseudomallei 1710b 50% 0.95 36%

6 6774-7559 785 efflux ABC transporter, permease protein ZP_02505309 Burkholderia pseudomallei  BCC215 94% 2.00E-45 27%

7 7559-9952 2393 beta-D-galactosidase YP_002928937 Escherichia coli  BW2952 39% 7.00E-12 63%

8 10028-10216 188 hypothetical protein UUU_32860 ZP_14290605 Klebsiella pneumoniae  DSM 30104 93% 0.18 50%

9 11480-11019 461 hypothetical protein BACUNI_00159 ZP_02068759 Bacteroides uniformis ATCC 8492 36% 1.3 38%

10 11606-13303 1697 putative endochitinase YP_004905998 Kitasatospora setae KM-6054 99% 0.0 99%

11 13580-13927 347 phage integrase family protein CP001408 Burkholderia pseudomallei MSHR346  91% 8.00E-26 46%

12 15322-16077 755 replication initiation protein AM747720 Burkholderia cenocepacia  J2315 98% 5.00E-11 44%

13 16665-17831 1166 plasmid-partitioning protein ParA NC_016590  Burkholderia sp. YI23 99% 5.00E-41 39%

14 17831-18802 971 hypotethical protein BPSL1549 NP_061426 Burkholderia pseudomallei K96243 17% 9.8 82%

15 18932-19717 785 efflux ABC transporter, permease protein NC_007952 Burkholderia xenovorans  LB400 99% 1.00E-63 36%

16 19717-20103 386 beta-mannosidasee NC_010943  Stenotrophomonas maltophilia  K279a  94% 2.00E-81 68%

17 20111-22108 1997 putative sugar ABC transporter ATP-binding AM747720 Burkholderia cenocepacia  J2315 97% 9.00E-17 54%

18 22184-22372 188 hypothetical protein / phage integrase ZP_06661375 Escherichia coli B088 39% 7.00E-12 63%



197 

 

Fosmid 22G3 

 

  

CDS Locus
Gene 

lenght
Description

Best match 

accession no.
Source organism

Query 

cover (%)
E-value

Identity 

(%)

1 330-43 287 hypothetical protein NC_008536  Candidatus Solibacter usitatus 86% 6.00E-05 29%

2 334-2412 2078 ABC transporter  YP_002977039 Candidatus Koribacter versatilis Ellin345 43% 4.00E-80 50%

3 2413-2550 137 hypothetical protein, partial WP_000469023 Shigella flexneri 100% 5.00E-22 100%

4 2551-4638 2087 chitinase YP_002753183 Acidobacterium capsulatum  ATCC 51196 100% 0 100%

6 6727-7137 410 hypothetical protein Z1010 NP_286554 Shigella flexneri 100% 7.00E-95 100%

7 7138-7899 761 hypothetical protein Z1009  NP_286553 Escherichia coli O157:H7 str. EDL933 100% 0 100%

8 7900-9141 1241 Cardiolipin synthetase NP_286552 Escherichia coli 100% 0.0 100%

9 9142-10098 956 conserved hypothetical protein NC_012483 Acidobacterium  capsulatum  ATCC 51196 98% 6.00E-105 38%

10 10099-10812 713 ABC transporter inner membrane protein YP_593488 Candidatus Koribacter versatilis Ellin345 79% 5.00E-19 42%

11 10873-11517 644 membrane protein YP_002754337 Acidobacterium  capsulatum  ATCC 51196 98% 6.00E-105 48%

12 11518-13539 2021 excinuclease ABC subunit C YP_005058066 Granulicella  mallensis  MP5ACTX8 59% 1.3 28%

13 13540-14595 1055 N-Acetyl-D-glucosamine ABC transport system NC_012483 Acidobacterium  capsulatum ATCC 51196 86% 4.00E-101 51%

14 14596-16314 1718 putative bacterial extracellular solute-binding protein  NZ_ACCL02000054  Bryantella  formatexigens  DSM 14469 89% 2.00E-85 41%

15 16315-16581 266 universal stress protein family protein YP_002753605 Acidobacterium  capsulatum  ATCC 51196 97% 5.00E-28 32%

16 16582-18891 2309 LuxR family transcriptional regulator YP_004218938 Granulicella  tundricola  MP5ACTX9 78% 5.00E-38 33%

17 18892-19359 467 unknown protein AEU38485   Granulicella  mallensis  MP5ACTX8 26% 1.00E-08 37%

18 19360-20541 1181 hypothetical protein Sthe_2283 YP_003320526  Sphaerobacter  thermophilus  DSM 20745 79% 5.00E-19 42%

19 20542-20829 287 hypothetical protein OSG_eHP23_00230 AFH22375 Environmental Halophage  eHP-23 17% 9.2 82%

20 20830-21255 425 non-ribosomal peptide synthetase YP_007362971 Myxococcus  stipitatus  DSM 14675 36% 0.060 50%
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Fosmid 28C5 

 

 
  

CDS Locus
Gene 

lenght
Description

Best match 

accession no.
Source organism

Query 

cover (%)
E-value

Identity 

(%)

1 1-1308 1307 transcriptional regulator, LuxR family ZP_06974075 Ktedonobacter racemifer  DSM 44963 98% 3.00E-31 41%

2 1309-1596 287 hypothetical protein OSG_eHP23_00230 AFH22375 Environmental Halophage  eHP-23 17% 9.8 82%

3 1597-2904 1307 transcriptional regulator, LuxR family ZP_10243899 Nitrolancetus hollandicus  Lb 99% 9.00E-54 36%

4 2905-3192 287 hypothetical protein OSG_eHP23_00230 AFH22375 Environmental Halophage  eHP-23 17% 9.8 82%

5 3193-4500 1307 transcriptional regulator, LuxR family ZP_10243899 Nitrolancetus hollandicus  Lb 99% 1.00E-63 36%

6 4501-5079 578 conserved hypothetical protein ZP_10243899 Nitrolancetus hollandicus  Lb 94% 2.00E-81 68%

7 5080-6594 1514 transposase IS4 family protein ZP_06965924 Ktedonobacter racemifer  DSM 44963 97% 9.00E-176 54%

8 6595-6966 371 hypothetical protein NITHO_490006 ZP_10246048 Nitrolancetus hollandicus Lb 39% 7.00E-12 63%

9 6967-7110 143 hypothetical protein NITHO_490005 ZP_10246047 Nitrolancetus hollandicus  Lb 93% 0.18 50%

10 7111-7716 605 transaldolase ZP_09746516 Saccharomonospora  cyanea  NA-134 36% 1.3 38%

11 7717-8142 425 methyl-accepting chemotaxis sensory transducer YP_001584157 Burkholderia  multivorans  ATCC 17616 43% 0.22 42%

12 8143-10098 1955 hypothetical protein Psta_2746 YP_003371273 Pirellula staleyi  DSM 6068 84% 2.00E-47 30%

14 10273-10530 257 hypothetical protein MODMU_3678 YP_006367565 Modestobacter marinus 47% 7.00E-05 55%

15 10531-10710 179 organophosphate pesticide hydrolase ZP_10474859 Pseudomonas sp. Ag1 76% 0.002 44%

16 10717-11241 524 hypothetical protein Xen7305 ZP_21054152 Xenococcus  sp. PCC 7305 50% 0.95 36%

17 11242-12987 1745 hypothetical protein WP_001567847 Escherichia coli 94% 2.00E-45 27%

18 12988-13428 440 dehydrogenase/reductase family oxidoreductase ZP_14469092 Pseudomonas stutzer i TS44 91% 8.00E-26 46%

19 13429-14631 1202 dihydroorotase YP_003861823  Maribacter  sp. HTCC2170 98% 5.00E-113 44%

20 14632-15312 680 Zn-dependent hydrolase, glyoxylase ZP_18907840 Leptolyngbya  sp. PCC 7375 99% 5.00E-41 39%
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21 15313-15492 179 organophosphate pesticide hydrolase ZP_10474859 Pseudomonas  sp. Ag1 76% 0.002 44%

22 15493-17127 1634 molecular chaperone GroEL YP_001124352 Geobacillus  thermodenitrificans  NG80-2 95% 2.00E-80 36%

23 17128-18831 1703
two component regulator propeller domain-containing 

protein
ZP_24013577  Clostridium termitidis CT1112 99% 1.00E-15 24%

24 18832-20022 1190 chitinase ZP_23766528 Stenotrophomonas maltophilia  AU12-09 88% 2.00E-89 45%

25 20023-21288 1265 hypothetical protein Tter_1563 YP_003323291 Thermobaculum  terrenum  ATCC BAA-798 92% 5.00E-45 36%

26 21289-22386 1097 ABC-type sugar transport system, ATP-binding component ZP_10244076  Nitrolancetus  hollandicus  Lb 99% 1.00E-93 44%

27 22387-23088 701 putative acetyltransferase YP_004591376 Enterobacter  aerogenes  KCTC 2190 39% 3.60E+00 31%

28 23089-24216 1127 ABC transporter YP_003322712 Thermobaculum  terrenum  ATCC BAA-798 98% 3.00E-110 48%

29 24217-25341 1124 ABC transporter B family member 1 NP_181228 Arabidopsis thaliana 58% 7.00E-23 31%

30 25342-26364 1022 ABC-type sugar transport system, permease component ZP_14747165 Rhizobium  sp. CF080 97% 2.00E-49 24%

31 26365-27420 1055 N-Acetyl-D-glucosamine ABC transport system YP_004961886 Streptomyces  bingchenggensis  BCW-1 85% 8.00E-55 25%

32 27478-29139 1661 putative bacterial extracellular solute-binding protein ZP_05344232 Bryantella  formatexigens  DSM 14469 64% 8.00E-06 26%

33 29140-29406 266 conserved hypothetical protein ZP_10244518 Nitrolancetus  hollandicus  Lb 78% 0.019 35%

34 29407-31716 2309 LuxR family transcriptional regulator ZP_21980543 Rhodococcus  triatomae  BKS 15-14 98% 7.00E-105 37%

35 31717-31983 266 putative flavin-nucleotide-binding protein ZP_10012406 Saccharomonospora  glauca  K62 53% 2.00E-04 49%
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1 330-43 288 transcriptional regulator, LuxR family ZP_06974075 Ktedonobacter racemifer  DSM 44963 96% 1.00E-17 54%

2 334-1641 1308
putative Protein kinase/transcriptional regulator, LuxR 

family 
 ZP_10243899 Nitrolancetus hollandicus  Lb 99% 9.00E-54 36%

3 1858-2436 579 conserved hypothetical protein ZP_10245859 Nitrolancetus hollandicus Lb 94% 3.00E-69 68%

4 2485-3999 1514  transposase IS4 family protein ZP_06965924 Ktedonobacter racemifer DSM 44963 97% 3.00E-171 53%

5 4733-4362 371 unknown function YP_007149953 Cylindrospermum stagnale  PCC 7417 100% 2.00E-16 38%

6 4935-4792 143 transposase IS66 YP_578978 Nitrobacter  hamburgensis X14 97% 1.0 43%

7 5968-5363 605 DNAprimase WP_009117856 Neisseria shayegani 41% 0.58 31%

8 6636-6211 425 non-ribosomal peptide synthetase  YP_007362971 Myxococcus stipitatus DSM 14675 30% 0.89 50%

9 8591-6636 1955 conserved hypothetical protein WP_008478050 Nitrolancetus hollandicus Lb 82% 9.00E-35 29%

10 8783-8956 173 major facilitator transporter YP_003336588 Streptosporangium roseum  DSM 43021 91% 6.0 37%

11 9306-9049 257  hypothetical protein MODMU_3678 YP_006367565 Modestobacter marinus 46% 6.00E-05 55%

12 9991-9461 530 succinic semialdehyde dehydrogenase   WP_006508576   Xenococcus sp. PCC 7305 12% 0.01 41%

13 11889-10144 1745 hypothetical protein YO5_01076 WP_008071442 Novosphingobium nitrogenifigens 95% 5.00E-45 28%

14 12140-12580 440
short chain dehydrogenase/reductase family 

oxidoreductase 
YP_001174360 Pseudomonas stutzeri  A1501 90% 2.00E-27 45%

15 12580-13782 1202 hypothetical protein HMPREF9473_05085 WP_006783073 Clostridium hathewayi  WAL-18680 97% 1.00E-134 51%

16 13838-14518 680 beta-lactamase domaincontaining protein YP_822748  Candidatus Solibacter usitatus 94% 5.00E-08 38%

17 14546-14725 179 methyl parathion hydrolase NP_899941 Chromobacterium violaceum 86% 0.032 44%

18 14918-16552 1634 molecular chaperone GroEL YP_001124352 Bacillus clausii KSM-K16 95% 2.00E-80 36%

19 16569-18272 1703  hypothetical protein CLDAP_07830 YP_005440720 Caldilinea aerophila DSM 14535 94% 1.00E-21 27%

BAF02588 uncultured bacterium 94% 2.00E-109 48%

ZP_23766528 Stenotrophomonas maltophilia AU12-09 87% 1.00E-89 45%

ZP_06970122 Ktedonobacter racemifer  DSM 44963 93% 6.00E-81 41%

20 18285-19475 1190  chitinase 
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21 20756-19491 1265  hypothetical protein Tter_1563  YP_003323291 Thermobaculum terrenum  ATCC BAA-798 92% 5.00E-45 36%

22 21866-20769 1097 ABC transporter  YP_003323291 Thermobaculum terrenum ATCC BAA-799 98% 3.00E-97 45%

23 22572-21871 701 hypothetical protein Sinac_4169  YP_007204071 Singulisphaera acidiphila DSM  18658 59%1 1.3 28%

24 23705-22578 1127 sugar ABC transporter ATP-binding protein YP_001637023 Thermomicrobium roseum DSM 5159 86% 4.00E-101 51%

25 24841-23717 1124 sugar ABC transporter ATP-binding protein YP_002250459 Dictyoglomus thermophilum H-6-12 89% 2.00E-85 41%

26 25939-24917 1022
binding-protein-dependent transport

systems inner membrane component
 ZP_06975261 Ktedonobacter racemifer  DSM 44963 97% 5.00E-28 32%

27 26997-25942 1055 N acetyl-glucosamine transport  ZP_06975262 Ktedonobacter racemifer  DSM 44964 78% 5.00E-38 33%

28 28770-27052 1718 extracellular solute-binding protein YP_001635626 Chloroflexus aurantiacus  J-10-fl 26% 1.00E-08 37%

29 28986-29252 266 putative flavin-nucleotide-binding protein WP_005462993 Saccharomonospora glauca K62 53% 2.00E-04 49%

30 29932-30129 197 hypothetical protein Namu_4482 YP_003203754 Nakamurella multipartita DSM 44233 95% 8.9 35%

31 30282-32591 2309
putative Protein kinase/transcriptional regulator, LuxR 

family 
ZP_10243899 Nitrolancetus hollandicus  Lb 94% 4.00E-70 35%

32 32770-33237 467 hypothetical protein Q8ZY16 Pyrobaculum aerophilum  str. IM2 65% 7.3 26%

33 33432-34613 1181 NHL repeat containing protein YP_005009929 Niastella koreensis GR20-10 94% 1.00E-44 33%

34 35343-35023 320 conserved hypothetical protein ZP_06588277 Streptomyces roseosporus NRRL 30% 5 48%
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1 208-1221 1013 UDP-glucose 4-epimerase ZP_11085591  Aeromonas veronii AMC35 100% 0.0 99%

2 1792-1292 500 hypothetical protein HMPREF1168_01549 ZP_17191914  Aeromonas veronii AMC36 100% 4.00E-101 92%

3 1801-2922 1121 chitinase YP_005010140  Niastella koreensis  GR20-10 100% 0.0 100%

4 3115-2885 230 hypothetical protein HMPREF1170_03800 ZP_11085592 Aeromonas veronii  AMC35 84% 5.00E-37 100%

5 3283-4152 869 polysaccharide deacetylase family protein YP_004625545 Thermodesulfatator indicus DSM 15286 100% 0.0 100%

6 4244-5614 1370 UDP-N-acetylmuramate ligase ZP_11085593 Aeromonas veronii AMC35 100% 0.0 99%

7 5611-6222 611 3-octaprenyl-4-hydroxybenzoate decarboxylase UbiX YP_004391328 Aeromonas veronii  B565 100% 5.00E-144 97%

8 6846-6295 551 LitR, transcriptional regulator YP_004391327 Aeromonas veronii B565 100% 1.00E-123 93%

9 7111-7641 530 hypoxanthine phosphoribosyltransferase ZP_17187671 Aeromonas veronii  AER39 100% 3.00E-123 98%

10 7753-8670 917 ABC-type multidrug transporter, ATP binding component ZP_12960923 Aeromonas salmonicida  01-B526 100% 0.0 96%

11 8667-9440 773 ABC transporter permease YP_004391324 Aeromonas veronii B565 100% 5.00E-179 99%

12 9694-10113 419 methylamine utilization protein-like protein YP_004391321 Aeromonas veronii  B565 100% 8.00E-75 96%

13 10118-10645 527 hypothetical protein B565_0668 YP_004391320 Aeromonas veronii  B566 100% 5.00E-124 98%

14 12104-10725 1379 hypothetical protein HMPREF1169_03016 ZP_17197498 Aeromonas veronii AER397 98% 0.0 96%

15 12599-12249 350
antibiotic biosynthesis monooxygenase domain-

containing protein
YP_004391318 Aeromonas veronii  B565 100% 7.00E-80 99%

16 13481-12624 857 pantothenate synthetase ZP_17187681 Aeromonas veronii AER39 100% 0.0 98%

17 14523-13729 794 3-methyl-2-oxobutanoate hydroxymethyltransferase YP_004391316 Aeromonas veronii  B565 100% 0.0 99%

18 15029-14520 509 putative pyrophosphokinase YP_004391315 Aeromonas veronii B565 100% 5.00E-98 96%

19 16471-15041 1430 poly(A) polymerase YP_858006 Aeromonas hydrophila   ATCC 7966 95% 0.0 95%

20 17513-16719 794 glutamyl-queuosine tRNA(Asp) synthetase ZP_11085610 Aeromonas veronii  AMC35 100% 1.00E-176 93%
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21 18188-17739 449 RNA polymerase-binding protein DksA YP_858004 Aeromonas hydrophila   ATCC 7966 100% 2.00E-100 95%

22 19051-18326 725 sugar fermentation stimulation protein ZP_11085612 Aeromonas veronii AMC35 100% 3.00E-171 95%

23 19575-19048 527 2'-5' RNA ligase (polyribonucleotide synthase (ATP) ZP_17191893 Aeromonas veronii  AMC34 100% 2.00E-112 91%

24 19751-21049 1298 ATP-dependent helicase HrpB ZP_11085614 Aeromonas veronii  AMC35 92% 0.0 97%

25 21080-21484 404 chitinase NP_828094 Streptomyces avermitilis  MA-4680 82% 9.00E-48 77%

26 21511-21786 275 Na+/H+ antiporter ZP_10511762 Bacillus mojavensis  RO-H-1 96% 2.00E-11 40%

27 21925-23136 1211 ATP-dependent helicase HrpB YP_004391309 Aeromonas veronii  B565 100% 0.0 96%

28 23210-25525 2315 penicillin-binding protein 1B ZP_17187690 Aeromonas veronii  AER39 100% 0.0 96%

29 25585-25986 401 Glyoxylase I family protein YP_004391307 Aeromonas veronii B565 100% 1.00E-75 92%

30 26372-26052 320 SMR family multidrug efflux pump ZP_08521667 Aeromonas caviae Ae398 100% 6.00E-45 87%

31 26761-26360 401 SMR family multidrug efflux pump ZP_11388620 Aeromonas aquariorum  AAK1 100% 8.00E-72 83%

32 26919-27800 881 LysR family transcriptional regulator YP_001140693 Aeromonas veronii B565 100% 0.0 93%

33 27911-29491 1580 putative sensory transduction protein YP_004391303 Aeromonas veronii B566 100% 0.0 96%

34 29698-30228 530 inorganic pyrophosphatase YP_001140672 Aeromonas salmonicida   A449 100% 1.00E-125 99%

35 30604-30257 347 hypothetical protein HMPREF1167_01280 ZP_17187697 Aeromonas veronii  AER39 100% 1.00E-71 90%

36 30744-31634 890 hypothetical protein HMPREF1168_01518 ZP_17191883 Aeromonas veronii  AMC34 100% 0.0 91%

37 31855-32397 542 hypothetical protein HMPREF1170_03832 ZP_11085624 Aeromonas veronii AMC35 100% 3.00E-123 97%

38 32442-32741 299 hypothetical protein HMPREF1167_01283 ZP_17187700 Aeromonas veronii  AER39 100% 3.00E-59 89%

39 32773-33357 584 hypothetical protein AHA_3556 YP_858026 Aeromonas hydrophila  ATCC 7966 100% 1.00E-97 86%

40 33362-34051 689 antimicrobial peptide ABC transporter YP_004391296 Aeromonas veronii B565 100% 5.00E-158 97%
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Summary 
Chitin is an insoluble natural homopolymer of N-acetylglucosamine which is widely 

distributed among organisms from various taxonomic groups. Chitin occurs as a composite 

material with different mechanical strengths and stabilities. It consists of organized 

crystalline microfibrils that are embedded in a matrix of proteins and minerals. Chitin is the 

main component of fungal cell walls and it forms anatomical protective structures such as 

exoskeletons and cuticulas of invertebrates. Despite the considerable amount produced 

globally (up to 10
11

 tons per year), chitin does not accumulate in natural habitats, thus 

indicating the presence of an efficient recycling system. Organisms that can degrade it use 

chitin as carbon, nitrogen and energy source. It is well known that enzymatic degradation is 

the main mechanism of converting chitin into its oligomers. Enzymes that degrade chitin - 

chitinases - are produced by both chitin- and non-chitin-containing organisms. Particularly, 

microbial chitinases (bacterial and fungal) have been shown to be the primary mediators of 

chitin degradation in natural ecosystems. During the last decade, the use of chitin in 

agriculture (for amendment in soils to enhance its capacity to suppress plant pathogens), 

industry (particularly in the pharmaceutical industry) and biomedicine (for biomaterials 

production, such as artificial skin) called for an increasing biotechnological demand on 

novel chitinases. And, consequently, there is an increasing need to understand the 

ecophysiology of chitin degradation in natural environments. 

In this study, the chitinolytic potential of bacteria inhabiting various terrestrial and 

aquatic habitats was investigated by using new tools that have become available through 

molecular microbiology and metagenomics. The investigation of the bacterial succession 

within the chitinolytic process was coupled to the mining for bacterial chitinases with 

putative enhanced properties. Chapters 2 and 3 of this thesis are dedicated to the evaluation 

of the state-of-the-art methodology for the functional metagenomics of natural habitats and 

to the exploration of plant disease-suppressive soil for the screening for new enzymes. The 

practical aspects of the construction of metagenomic libraries and their screening are 

discussed and serve as a basis for the experimental procedures employed further in this 

study. The use of a soil that significantly suppresses plant pathogens as a model system for 

searching for novel putative chitin degrading enzymes allowed comparison with previous 

reports on suppressive soil metagenomes. From this, we ascertained the importance of 

metagenomic DNA purity when used for cloning and screening. In order to enhance the 

discovery rate of bacterial chitinases in the metagenome, ecological enhancement via 

amendment of soil with chitin was applied. Moreover, the use of next generation 

sequencing for screening for chitinases in chitin-amended soils provided information about 

the bacterial community composition (through 16S rRNA gene sequences) and putative 

function (on the basis of the chiA gene that codes for chitinase). In chapter 4 the assessment 

of terrestrial and aquatic environments that were selected with respect to their chitin-

degrading microbial communities is reported. Genetic screening based on chiA 
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pyrosequencing indicated that the chitin-amended soil was the most promising habitat in 

terms of putative novel chitinases. The use of chiA was proposed as a proxy for identifying 

bacteria possessing novel chitinases. Chapters 5 and 6 describe the analysis of the microbial 

communities and their successions in the chitin-amended soil. This analysis revealed a 

major role for Oxalobacteraceae and a minor role for the well-known chitin degraders such 

as Actinobacteria. A microcosm experiment that was carried out with the selected soil 

(Vredepeel, a key agricultural soil in the Netherlands) indicated a fast response to the chitin 

amendment (3 days after the amendment) of the microbial community and an increase in 

the abundance of certain bacterial types such as Janthinobacterium, Stenotrophomonas and 

Isoptericola. Correlation with high putative chitinolytic activity after chitin amendment and 

alkaline conditions with the increase in abundance of these three bacterial genera was made 

based on previously characterized soil isolates. Oxalobacteraceae and Actinobacteria were 

quantified and the results presented in chapter 6. Chitin addition increased the capacity of 

the soil to suppress plant pathogens, in particular the fungus Verticillium dahliae. 

Significant changes were observed in the abundance and composition among the 

Oxalobacteraceae after chitin amendment. The persistence of these changes (until 1 year 

after amendment) suggested that Oxalobacteraceae might have been the beneficiaries of the 

chitinolysis-active Actinobacteria. The pyrosequencing 16S rRNA gene data described in 

chapter 7 confirmed the changes in the local bacterial communities when chitin was added 

to the soil. Oxalobacteraceae were confirmed as part of the putative active microbial 

community. Moreover, DNA isolated from the chitin-amended field soil was used for 

construction of a large-insert (fosmid-based) metagenomic library, which was further 

screened for the presence of chitinase genes (chapter 8). Using full-length fosmid insert 

sequencing and de novo gene annotation, a large number of functions belonging to 

carbohydrate metabolic pathways was identified and  the genomic fragments that were 

retrieved could be assigned to bacterial groups such as Chloroflexi (Ktedonobacter), 

Acidobacteria and Aeromonas. Overall, the sequencing data and the metagenomic libraries 

offered strong support for further use of chitin-amended plant disease-suppressive soil 

(particularly Vredepeel) in the mining for novel putative chitin-bioactive molecules. 

Linkage of key chitinolytic bacteria to the capacity of soil to suppress plant disease requires 

further research.  
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Samenvatting 
Chitine is een onoplosbaar natuurlijk homopolymeer van N-acetylglucosamine dat 

wijdverspreid voorkomt in organismen uit verschillende taxonomische groepen. Chitine is 

een composiet dat kan verschillen in de mechanische sterkte en stabiliteit. Het wordt 

gevormd uit georganiseerde kristallijne microfibrillen die zijn ingebed in een matrix van 

eiwitten en mineralen. Chitine is de voornaamste component van de celwand van 

schimmels en het vormt de anatomische structuren die ter bescherming van het organisme 

dienen zoals de exoskeletten en cuticulas van invertebrata. Ondanks de enorme hoeveelheid 

die mondiaal geproduceerd wordt (tot 10
11

 ton per jaar), accumuleert chitine niet in 

natuurlijke habitatten hetgeen impliceert dat dit polymeer op efficiënte wijze gerecycled 

wordt. Organismen die chitine afbreken gebruiken het als koolstof-, stikstof-, en 

energiebron. Het is bekend dat enzymatische afbraak het voornaamste mechanisme is 

waarmee chitine wordt omgezet in zijn oligomeren. Chitinases – enzymen die chitine 

afbreken – kunnen worden geproduceerd door organismen die zelf chitine maken, maar ook 

door zulke die dat niet doen. Met name microbiële chitinases (bacteriële en die door 

schimmels worden gemaakt) zijn verantwoordelijk voor de initiële chitine afbraak in 

natuurlijke ecosystemen. Als gevolg van het gebruik van chitine in de landbouw (om de 

capaciteit van de bodem te verhogen om plant pathogene organismen te onderdrukken), 

industrie (vooral de farmaceutische industrie), en biomedische toepassingen (bijvoorbeeld 

als kunstmatige huid), is er gedurende het laatste decennium een groeiende vraag vanuit de 

biotechnologie naar nieuwe chitinases. Daarmee is ook de noodzaak ontstaan om de 

ecofysiologie van de chitine afbraak in natuurlijke milieus goed in kaart te brengen.  

 Dit promotieonderzoek bestudeerde het chitine-afbrekende potentieel van 

bacteriën in verschillende terrestrische en aquatische habitatten waarbij gebruik gemaakt 

werd van nieuwe moleculair microbiologische en metagenomische methodes en technieken. 

Het onderzoek naar de bacteriële successie in relatie tot de chitine afbraak werd gekoppeld 

aan de zoektocht naar bacteriële chitinases met veronderstelde verbeterde eigenschappen. 

Twee hoofdstukken van dit proefschrift (namelijk hoofdstukken 2 en 3) zijn gewijd aan de 

evaluatie van de state-of-the-art methodologie van functionele metagenomics van natuurlijk 

habitatten en aan de exploratie van plantziekte-onderdrukkende bodems als een systeem dat 

geschikt is voor het screenen op nieuwe enzymen. De praktische aspecten van de 

constructie van metagenome bibliotheken en van het screenen worden in deze hoofdstukken 

tegen het licht gehouden en vormen de basis voor de experimentele procedures die verder 

in dit onderzoek werden toegepast. Door een landbouwbodem met een sterk plant 

pathogeen-onderdrukkend vermogen als modelsysteem te kiezen voor de zoektocht naar 

vermoedelijke nieuwe chitine-afbrekende enzymen, kon een vergelijking worden gemaakt 

met eerder gepubliceerde gegevens van het metagenoom van andere plantziekte-

onderdrukkende bodems. Door deze vergelijking werd het belang duidelijk van de 

zuiverheid van het metagenome DNA dat voor de klonering en screening gebruikt wordt. 
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Om de snelheid te verhogen waarmee bacteriële chitinases in het metagenoom ontdekt 

kunnen worden, werd chitine aan de bodem toegevoegd en zo de chitine afbraak 

gestimuleerd. Het gebruik van de nieuwe generatie sequensing technieken (NGS) gaf ook 

informatie over de samenstelling van de bacteriële gemeenschap (doormiddel van de 

analyse van 16S rRNA gen sequenties) en de veronderstelde functie (op basis van het chiA 

gen, dat codeert voor chitinase). In hoofdstuk 4 worden de resultaten gepresenteerd van een 

onderzoek naar chitine-afbrekende microbiële gemeenschappen in een selectie van 

terrestrische en aquatische milieus. Een genetische screening van het chiA gen met behulp 

van pyrosequencing gaf aan dat de bodems waaraan chitine was toegevoegd het meest 

veelbelovend waren voor wat betreft de ontdekking van veronderstelde nieuwe chitinases. 

Daarom werd chiA voorgesteld als een proxy voor de identificatie van bacteriën met nieuwe 

chitinases. In de hoofdstukken 5 en 6 wordt de analyse van de microbiële gemeenschappen 

en de successie van micro-organismen beschreven in bodems waaraan chitine werd 

toegevoegd. Dit onderzoek maakte de grote rol duidelijk die de Oxalobacteraceae 

vervullen terwijl de bekende chitine afbrekers zoals de Actinobacteria veel minder 

belangrijk bleken. Een microkosmos experiment waarbij chitine werd toegevoegd aan een 

speciaal daarvoor geselecteerde bodem (Vredepeel, een typische Nederlandse 

landbouwbodem) gaf een snelle respons (3 dagen na de additie) van de microbiële 

gemeenschap. Er werd een toename in de abundantie van bacterietypes zoals 

Janthinobacterium, Stenotrophomonas en Isoptericola waargenomen. Er bleek een 

correlatie te zijn tussen de hoge veronderstelde chitine-afbrekende activiteit na toevoeging 

van chitine aan de alkalische bodem, en deze drie bacteriële genera.  Deze kon worden 

vastgesteld op basis van de eigenschappen van eerder geïsoleerde en gekarakteriseerde 

bodembacteriën. In hoofdstuk 6 worden resultaten gepresenteerd van de kwantificatie van 

de Oxalobacteraceae en Actinobacteria.  Door de toevoeging van chitine aan de bodem is 

er een toename van het vermogen om plant pathogene micro-organismen in de bodem te 

onderdrukken. Dit is met name het geval voor de schimmel Verticillium dahlia. De 

toevoeging van chitine aan de bodem leidde tot significante veranderingen in de abundantie 

en de samenstelling van de Oxalobacteraceae. Het feit dat deze veranderingen blijvend 

waren (tot 1 jaar na de behandeling) suggereerde dat deze Oxalobacteraceae voordeel 

hadden van de chitine-afbrekende Actinobacteria. De 16S rRNA gen sequentie data die 

beschreven worden in hoofdstuk 7 bevestigen de veranderingen die optreden in de 

plaatselijke bacteriële bodemgemeenschappen na toevoeging van chitine. Zo kon worden 

vastgesteld dat de Oxalobacteraceae daadwerkelijk deel uitmaken van de actieve chitine-

afbrekende microbiële gemeenschap. Het DNA dat werd geïsoleerd van de met chitine 

behandelde bodem werd ook gebruikt voor de constructie van een metagenome bibliotheek 

bestaande uit grote stukken DNA (large-insert fosmid library), die verder gescreend werd 

op de aanwezigheid van chitinase genen (hoofdstuk 8). Door het sequensen van de 

volledige fosmid inserties en het opnieuw annoteren van de genen kon een groot aantal 

functies geïdentificeerd worden die toebehoren aan metabolische routes van koolhydraten. 
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Deze fosmid genoomfragmenten konden worden toegeschreven aan bacteriële groepen 

zoals Chloroflexi (Ktedonobacter), Acidobacteria en Aeromonas. In het algemeen 

bevestigen de sequentiedata en de metagenome bibliotheken dat het gebruik van chitine 

toevoegingen aan plantziekte onderdrukkende bodems (zoals de hier gebruikte Vredepeel 

bodem) succesvol is in de zoektocht naar nieuwe chitine-bioactieve moleculen. Er is meer 

onderzoek nodig om de onderdrukking van plantziektekiemen in de bodem te kunnen 

toeschrijven aan bacteriën die een sleutelrol vervullen bij de chitine afbraak.  
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Rezumat 
Chitina este un polizaharida naturala, insolubila, formata din N-acetil-

glucozamina, larg raspandita printre organismele din toate grupele taxonomice. Chitina este 

un bio-material complex cu grade diferite de rezistenta si stabilitate mecanica. Din punct de 

vedere structural se prezinta sub forma de microfibre incorporate  intr-un matrix de proteine 

si minerale. Chitina este o componenta principala a peretelui celular al fungilor si participa 

la formarea unor structuri anatomice precum exoscheletul si cuticulele nevertebratelor. Cu 

toate ca productia globala de chitina este enorma (pana la 10
11

 tone anual), nu se observa o 

acumulare a acesteia in habitatele naturale, aceasta indicand prezenta unui sistem eficient 

de reciclare. In general, pentru organismele care au acces la ea, chitina reprezinta o sursa de 

carbon, azot si energie. Este cunoscut faptul ca principalul mecanism de degradare al 

chitinei este acela de hidroliza enzimatica pana la nivel de oligomeri.  Enzimele capabile sa 

degradeze chitina - chitinazele - sunt produse de toate tipurile de organisme, indiferent daca 

contin sau nu chitina. In mod particular,  chitinazele microbiene (bacteriene si fungice) au 

fost descrise ca fiind  principalii mediatori ai degradarii chitinei in ecosistemele naturale. In 

ultima decada, utilizarea chitinei in agricultura (ca agent anti-fitopatogen), industrie (in 

special in industria farmaceutica) si biomedicina (pentru producerea de piele artificiala) a 

determinat cresterea cererii de noi chitinaze, in special a celor obtinute prin biotehnologii. 

Ca o consecinta a acestui fapt, necesitatea de a intelege mai mult despre ecofiziologia 

degradarii chitinei in medii naturale a capatat o noua dimensiune.  

Prezenta lucrare are ca tema chitinazele bacteriene si analiza (screening-ul) 

habitatelor naturale (terestre si acvatice) pentru identificarea de noi chitinaze, utilizand 

metode de microbiologie moleculara si metagenomica (studiul colectiv al genoamelor). In 

acest scop, analiza succesiunii diferitelor grupe taxonomice bacteriene in cadrul procesului 

chitinolitic a fost combinata cu screeningul pentru identificarea de chitinaze bacteriene cu 

noi proprietati. 

Capitolele 2 si 3 ale acestei teze sunt dedicate evaluarii metodologiei actuale 

disponibile in cadrul metagenomicii functionale a habitatelor naturale si explorarii solurilor 

supresive fitopatogenilor pentru posibilitatea folosirii lor in screening-ul pentru 

identificarea de noi chitinaze. Aspecte practice, precum construirea colectiilor 

metagenomice si screening-ul lor, sunt discutate si folosite ca baza de pornire pentru 

procedura experimentala implementata in partea practica. Un sol dovedit supresiv 

fitopatogenilor a fost propus ca model de habitat pentru obtinerea de noi chitinaze si 

comparat cu soluri investigate in studii precedente. Astfel, a fost evaluata importanta 

puritatii ADN  metagenomic folosit pentru clonare si screening. In scopul cresterii ratei de 

succes in revelarea chitinazelor bacteriene in metagenom, a fost aplicata “stimularea 

ecologica” prin suplimetarea solului cu chitina. Mai mult decat atat, folosirea metodelor 

moderne de secventiere (next generation sequencing) pentru evidentierea de noi chitinaze a 

permis obtinerea de informatii importante despre compozitia comunitatilor bacteriene (prin 



212 

 

gena pentru  ARNr 16S)  si a functiei chitinolitice (prin gena chiA codanta pentru chitinaza 

A). 

In capitolul 4 a fost investigata capacitatea chitinolitica a comunitatilor microbiene 

din diferite habitate terestre si acvatice. Analiza genetica (screening-ul) bazat pe 

pirosecventierea genei chiA a indicat solul suplimentat cu chitina ca fiind habitatul cel mai 

promitator pentru identificarea de putativ noi chitinaze. Gena chiA a fost propusa ca si 

proximus pentru identificarea bacteriilor producatoare de chitinaze.   

Capitolele 5 si 6 prezinta analiza comunitatilor microbiene si succesiunea lor intr-

un sol suplimentat cu chitina. Aceasta analiza a aratat rolul major al familiei 

Oxalobacteraceae  si un rol minor al reprezentantilor chitinolitici apartinand filumului 

Actinobacteria. Un experiment de tip “microcosm” realizat pe baza solului Vredepeel (un 

sol model folosit in cercetarea agricola olandeza) a indicat un raspuns rapid  (la 3 zile dupa 

suplimentarea cu chitina) al comunitatii microbiene si o crestere a unor tipuri bacteriene, 

cum ar fi Janthinobacterium, Stenotrophomonas si Isoptericola. Crestera activitatii 

chitinolitice in prezenta suplimentului de chitina si a conditiilor alcaline a fost corelata cu 

datele furnizate de rapoartele precedente despre izolarea celor trei genuri bacteriene prin 

cultivare din acelasi tip de sol. Oxalobacteraceae si Actinobacteria au fost cuantificate iar 

rezultatele prezentate in capitolul 6. Suplimentul de chitina a determinat si intensificarea 

capacitatii supresive a solului impotriva fitopatogenilor, in particular Verticillium dahliae. 

Modificari semnificative au fost observate in abundenta si compozitia familiei 

Oxalobacteraceae. Persistenta acestor modificari (pana la 1 an dupa suplimentarea solului 

cu chitina) a sugerat ca Oxalobacteraceae sunt beneficiarii potentiali ai efectului chitinolitic 

rapid exercitat de Actinobacteria. 

Secventierea genei ARNr 16S (folosind metoda pirosecventierii), descrisa in 

capitolul 7, a confirmat modificarile survenite la nivelul comunitatilor bacteriene cand 

chitina a fost adaugata in sol.  Familia Oxalobacteraceae  a fost confirmata ca fiind parte a 

comunitatii microbiene chitinolitice. Mai mult decat atat, ADN izolat din solul suplimentat 

cu chitina a fost folosit pentru construirea unei colectii metagenomice (bazata pe clonare in 

fosmide), care ulterior, in capitolul 8, a fost testata pentru prezenta genelor chitinazelor. 

Folosind metoda secventierii complete a ADN clonat in fosmide si adnotarea de novo a 

regiunilor codificatoare a permis identificarea unui numar considerabil de gene codante in 

caile metabolismului carbohidratilor. Totodata, s-a dedus originea unor fragmente 

genomice acestea fiind atribuite unor grupuri precum Chloroflexi (Ktedonobacter), 

Acidobacteria si Aeromonas.  

Datele generate de secventiere si de scanarea colectiilor metagenomice au oferit un 

suport solid in recomandarea folosirii solului suplimentat cu chitina si dovedit 

antifitopatogenic (in mod special solul Vredepeel) pentru screening in vederea descoperirii 

de posibile noi chitinaze. Investigarea corelatiilor intre prezenta bacteriilor chitinolitice si 

capacitatea solului de a suprima bolile plantelor necesita o cercetare mai profunda in viitor.  
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