
 

 

 University of Groningen

Tuning the lipid bilayer: the influence of small molecules on domain formation and membrane
fusion
Bartelds, Rianne

IMPORTANT NOTE: You are advised to consult the publisher's version (publisher's PDF) if you wish to cite from
it. Please check the document version below.

Document Version
Publisher's PDF, also known as Version of record

Publication date:
2018

Link to publication in University of Groningen/UMCG research database

Citation for published version (APA):
Bartelds, R. (2018). Tuning the lipid bilayer: the influence of small molecules on domain formation and
membrane fusion. [Thesis fully internal (DIV), University of Groningen]. Rijksuniversiteit Groningen.

Copyright
Other than for strictly personal use, it is not permitted to download or to forward/distribute the text or part of it without the consent of the
author(s) and/or copyright holder(s), unless the work is under an open content license (like Creative Commons).

The publication may also be distributed here under the terms of Article 25fa of the Dutch Copyright Act, indicated by the “Taverne” license.
More information can be found on the University of Groningen website: https://www.rug.nl/library/open-access/self-archiving-pure/taverne-
amendment.

Take-down policy
If you believe that this document breaches copyright please contact us providing details, and we will remove access to the work immediately
and investigate your claim.

Downloaded from the University of Groningen/UMCG research database (Pure): http://www.rug.nl/research/portal. For technical reasons the
number of authors shown on this cover page is limited to 10 maximum.

Download date: 24-05-2023

https://research.rug.nl/en/publications/1e188309-e7d0-4947-9c0f-ff143cd462c5


Tuning the lipid bilayer: the influence 
of small molecules on domain forma-

tion and membrane fusion

Rianne Bartelds
2017



Cover: microscopy pictures of vesicles and a schematic representation of their membrane on 
the molecular level.
Cover design: Rianne Bartelds

ISBN:  978-94-034-0371-7 (printed version)
 978-94-034-0370-0 (electronic version)

Printed by: Gildeprint, Enschede

The work was published in this thesis was carried out in the Membrane Enzymology group 
of the Biochemistry Department of the University of Groningen, the Netherlands. The 
research was financially supported by the Netherlands Organisaion for Scientific Research 
(NWO) (NWO ChemThem grant 728.011.202)

Copyright © 2018 by Rianne Bartelds. All rights reserved. No part of this thesis may be 
reproduced, stored in a retrieval system or transmitted in any form or by any means without 
the prior written permission of the autor.



Tuning the lipid bilayer: the influence 
of small molecules on domain forma-

tion and membrane fusion

Proefschrift

ter verkrijging van de graad van doctor aan de 
Rijksuniversiteit Groningen 

op gezag van de rector magnificus prof. dr. E. Sterken
en volgens besluit van het College voor promoties.

De openbare verdediging zal plaatsvinden op

vrijdag 16 februari 2018 om 12.45 uur

door

Rianne Bartelds

geboren op 22 april 1989
te Gieten



Promotor
Prof. dr. B. Poolman

Beoordelingscommissie
Prof. dr. J.A. Killian
Prof. dr.  A. J. M. Driessen
Prof. dr.  D. J. Slotboom



Table of contents

Chapter 1 Cell membrane organization and membrane model systems 7

Chapter 2 Disaccharides impact the lateral organization of lipid embranes 23

Chapter 3 Lipid phase separation in the presence of hydrocarbons in 
giant unilamellar vesicles 51

Chapter 4 A trifunctional linker to study palmitoylation and peptide 
localization in biological membranes 67

Chapter 5 Niosomes, an alternative for liposomal delivery 93

Chapter 6 Membrane fusion: from in vivo to in vitro 113

Summary 133

Nederlandse samenvatting 135

Acknowledgements/dankwoord 137





7

Chapter 1

Cell membrane organization and membrane 
model systems

Rianne Bartelds and Bert Poolman

Groningen Biomolecular Sciences and Biotechnology Institute and Zernike Institute for 
Advanced Materials, University of Groningen, Nijenborgh 7, 9747 AG Groningen, The 
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Organization of the cell membrane

Every living organism consists of one or more cells, which is surrounded by a membrane. 
This membrane is formed by a lipid bilayer with proteins embedded as originally proposed 
by the fluid mosaic model of Singer and Nicolson1. In this model (represented in Figure 1A), 
membrane proteins are depicted as units floating in a phospholipid matrix. The proteins 
have an uncharged core, matching the hydrophobic tails of the lipids, and the ionic and polar 
groups face the aqueous phases. Some proteins as well as lipids can have carbohydrates bound 
and these typically face the outside of the cell. These are called glycoproteins and glycolipids, 
respectively.
Although the fluid mosaic model is still relevant today, 40 years of research has taught us 
that the real situation is far more complicated. It is now generally believed that lipids are 
not equally divided across the membrane (Figure 1B). Both the inner and outer leaflet (can) 
have a different composition, but also laterally the membrane is heterogeneous. There can be 
clusters of more ordered (saturated, more rigid) lipids, often referred as lipid rafts, which float 
in a sea of more disordered (unsaturated) lipids. These rafts are thought to be important for 
protein trafficking, sorting and organization on the plasma membrane (for a recent review2).

Presence of domains
The first indication that the plasma membrane is not homogenous and that domains exist in 
living organisms came from detergent-resistant membranes (DRMs) and fluorescent lifetime 
decay studies3. The domains were studied extensively in polarized epithelial cells4. These 
membranes were obtained by dissolving plasma membranes in a detergent such as Triton 
X-100. The detergent will only penetrate the less ordered (non-raft) portion of the membrane 
and form micelles of the lipids and proteins, leaving the less fluid (raft) phase intact. Later on, 
DRMs were extracted from almost all mammalian cell types and tissues, but also in fish, yeast, 
protozoans and plants5, indicating that differences in membrane order and structure as seen 
with DRMs are a general phenomenon.
The functional relevance of DRMs was highlighted in a study of Brown and Rose4. DRMs 
were found enriched in GPI-anchored proteins and glycosphingolipids, and deprived of 
basolateral markers (markers on the side of the membrane facing the interstitium). These 
results support the theory of Simons and Van Meer6 in which protein sorting into the apical 
membrane (towards the lumen) is depending on the association of the protein with an 
glycosphingolipid-rich environment (raft domain).
However, the results obtained with DRMs are not without controversy. The exact composition 
of DRMs is depending on the detergent used, the concentration of the detergent and the 
temperature at which the membranes are solubilized5 (for detailed review 7). In addition, the 
composition is dependent on cell type8  and therefore, it is unlikely that DRMs reflect the 
situation in the native membrane they are derived from.
Since 1998, several markers have been developed and used to study lipid rafts in living 
cells. Tagging vacuolar proteins revealed that the yeast vacuole membrane phase separates 
in micrometer-scale, stable lipid domains in response to various stresses, as observed by 
fluorescence microscopy9. In most cases, general light microscopy is not suitable to observe 
rafts in vivo as they are considered to be 10-200 nm in size10, which is below the diffraction 
limit of optical microscopy.
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Figure 1. The Singer and Nicolson, 1973 (A) and a new, 2017 (B) model of the eukaryotic 
plasma membrane. A: the fluid mosaic model according to Singer and Nicolson1. Depicted is 
the lipid bilayer with proteins embedded in the membrane. The proteins can be associated to 
the membrane surface (peripheral), or be embedded in the membrane (integral membrane 
proteins). To transport nutrients, waste products and ions, the plasma membrane is equipped 
with membrane channels and transporter as shown here (slice through membrane). 
Both proteins and lipids with carbohydrates bound are found in the membrane, named 
glycoproteins and glycolipids, respectively. B: an updated model of the plasma membrane, 
with lipid domains.  Domains of saturated lipids (shown in red) and cholesterol (orange) are 
enriched in glycolipids, GPI- anchored proteins and proteins with specific modifications such 
as palmitoylation. Other proteins are embedded outside these domains, where the bilayer 
mainly consists of unsaturated lipids (depicted in green).

Electron microscopy achieves nanometer resolution, but the samples are fixed or frozen 
and no dynamic data can be obtained. Nevertheless, electron microscopy revealed clusters 
of glycosphingolipids GM1 and GM3 on the outer leaflet of the membrane of murine 
fibroblasts11, and  an uneven distribution of phosphatidylinositol 4,5-biphosphate in the 
cytoplasmic leaflet of mouse muscle cells12.

1
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Super-resolution microscopy like stimulated-emission depletion (STED), can overcome 
limitations of the diffraction limit. To obtain temporal resolution, STED was combined 
with fluorescence correlation spectroscopy (FCS) to determine lipid diffusion13. With this 
combination of techniques, putative lipid raft marker have been observed in mammalian 
epithelial cells as clusters with a diameter smaller than 20 nm and an average lifetime of 10-
20 ms. Small domains have been found in live HeLa cells14, rabbit erythrocytes and Chinese 
hamster ovary cells15, using other microscopy techniques.
Altogether these data provide direct evidence for a heterogeneous plasma membrane and 
the existence of lipid domains in vivo. However, several questions remain. First, how do 
these domains form? Are lipids sufficient, or are (membrane) proteins required for domain 
formation? What are the components of these domains? Furthermore, what is the function of 
these domains? Studies in model membranes have been used and given some clues on what 
could drive membrane phase separation.

Domain components
From earlier studies with DRMs, the membranes were found enriched in sphingolipids 
and cholesterol16. The interaction of cholesterol with sphingomyelin is favoured over the 
interaction with phospholipids as demonstrated with various methods in artificial model 
membranes (summarized by17 and more recently confirmed by 18–21). Sphingomyelin can act 
both as hydrogen bond donor and acceptor for cholesterol (in contrast to phospholipids that 
can only serve as acceptor), and these hydrogen bonds with cholesterol favour the interaction 
of the two different lipid species22 (depicted in Figure 2). Cholesterol induces order to saturated 
lipids (compared to saturated lipids alone)23, and forms a stable liquid-ordered (Lo) phase with 
sphingolipids or saturated phospholipids24.
The formation of domains is expected to be largely driven by the lipids themselves, since 
a mixture of a saturated lipid, an unsaturated lipid and cholesterol can phase separate into 
liquid ordered (Lo) and liquid disordered (Ld) domains in model membranes 25. Structures of 
the three main lipid groups are depicted in Figure 3. Major candidates to drive segregation in 
vivo are cholesterol and glycosphingolipids, since these are found to be abundantly present 
in the dense apical membrane of mouse intestinal epithelial cells26. In addition, yeast mutants

Figure 2. Interactions between SSM and cholesterol. The direction of hydrogen bonds are 
depicted with arrows. The H-bonds indicated by red arrows also form between phospholipids 
and cholesterol; H-bonds indicated by green arrows are unique for the interaction between 
sphingolipids and cholesterol.
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defective of SM metabolism were found to have decreased order in vesicles made of lipid 
extracts27. The interaction with cholesterol forces the sphingomyelins to stretch, enlarging 
the difference with bulky, unsaturated lipids. The difference in length causes hydrophobic 
mismatch between sphingomyelin plus cholesterol and glycerophospholipids, driving 
segregation of the different types of lipid into a more ordered and a less ordered phase28.
More evidence that phase separation is driven by lipids is given in a molecular dynamics 
study29. Here, a membrane composed of 63 different lipid species was simulated and it phase-
separated into nanometer-size and short-lived (microseconds) domains. The domains were 
asymmetrical, enriched in gangliosides in the outer leaflet and enriched in phosphoinositides 
in the inner leaflet as found in living cells. Together, these data provide an explanation how 
lipid domains could evolve and how they behave.
Besides lipids alone, the actin cytoskeleton in cells is involved in domain maintenance. Phase 
separation is stronger (as indicated by higher mixing temperatures) in GUVs containing 
polymerized actin compared to actin free GUVs30. Ras-signalling protein nanoclusters, 
associated with rafts, dissipate after removal of the actin skeleton in kidney fibroblasts31. 
Sphingolipid diffusion increases after removal of the cytoskeleton in mammalian PtK2 
cells32, and in cortical actin devoid giant plasma membrane vesicles (GPMVs) diffusion is 
faster for several lipid probes and GPI anchored proteins, which is also observed for the same 
molecules in living cells33. Actin binding forms clusters of GPI-anchored proteins34, which 
requires phosphatidylserine on the inner leaflet35. Cluster formation can also be induced from 
the outside of the cell, by binding the GPI-anchored proteins with antibodies, which results in 
the formation of phosphatidylserine patches35.

Figure 3. Structures of the major classes of lipids of the mammalian plasma membrane. 
Depicted are (a) 1,2-dioleoyl-sn-glycero-3-phosphatidylcholine (a glycerophospholipid), 
(b) steaoryl sphingomyelin (a glycerosphingolipid), (c) cholesterol (a sterol) and (d) the 
ganglioside GM1 (a glycerosphingolipid with bulky head group).

1
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Besides proteins or lipids alone, protein-lipid interactions have important roles in domain 
regulation. Some proteins bind specific lipids, e.g. the EGF receptor is inhibited specifically 
by the ganglioside GM336

, and the transmembrane domain of EGFR exclusively interacts with 
one sphingomyelin species (SM 18)37. Other proteins are palmitoylated, a reversible post-
translational modification where a palmitic acid group is attached to mainly cysteine. One of 
the functions of this palmitoylation is to shuttle proteins to raft-like domains38,39.
Without palmitoylation, red blood cells have a decreased amount of detergent-resistant 
membrane40. This suggests that one or more palmitoylated proteins is involved in membrane 
organization. One candidate protein for membrane organization, found in red blood cells, is 
membrane palmitoylated protein 1 (MPP1). Knock down of the gene for this protein results 
in GPMVs with abolished phase separation and overall decreased order of the membrane41. 
Together, these data indicate that protein palmitoylation influences membrane properties 
considerably.

Consequences of heterogeneity
The phase separation is thought to have important consequences for intracellular transport, 
sorting and clustering of proteins. The formation of sphingomyelin-rich domains is required 
for cargo transport from the Golgi membranes to the plasma membrane in the human HeLa 
cell line42. In addition, cholesterol and sphingomyelin content is thought to induce protein 
sorting during the protein synthesis pathway as the cholesterol content varies from 5% in the 
endoplasmic reticulum to over 40% in the plasma membrane43.
Another role attributed to lipid rafts is the clustering of proteins and increasing their local 
concentration, which is best documented for T cell signalling in the immune response. In 
the study of Hashimoto-Tane, different raft-associated proteins were compared to CD3d, a 
component of the T cell receptor. Confocal microscopy showed colocalization of CD3d with 
LAT and Lck44, two proteins earlier associated with membrane rafts and T-cell signalling. 
Similarly, activating regulatory components (e.g. kinases)45 can be separated from inhibiting 
elements (e.g. phosphatases)46.
In conclusion: the plasma membrane is a heterogeneous organelle consisting of a wide range 
of lipids. In this membrane, specific proteins can reside in distinct domains. The existence and 
composition of lipid rafts is still debated: they are nanometer size and short-lived, making it 
a challenge to study them in unperturbed living cells. Nevertheless, nanoclusters of several 
proteins and lipids have been found in living cells. Lipid domain formation has also been 
found in bacterial and organellar membranes but is less well studied than in mammalian 
plasma membranes9,47–49.

Model systems

Because of the small size and short life times, membrane domains are difficult to study in the 
living cell. Therefore, model systems have been developed to study domain formation and 
lipid interactions. A wide variety of systems have been used, differing in complexity. Some 
model systems consist of a few lipids, others of complex lipid mixtures. The lipids can be 
arranged in a planar bilayer or in free-standing vesicles. An overview of model systems and 
their use is given below.
To create a minimal phase-separating membrane, only three components are required. A 
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saturated lipid e.g. sphingomyelin, an unsaturated phospholipid such as 1,2-dioleoyl-sn-
glycero-3-phosphocholine, and cholesterol. Together, the membrane formed will separate 
into a liquid ordered (Lo) and a liquid disordered (Ld) domain25. Phase separation can be 
visualized by addition of a hydrophobic dye, which has a preference for either the Lo or the Ld 
phase (an example is shown in Figure 4).
On a mica or glass substrate a lipid mixture forms a planar supported lipid bilayers (SLBs)50. 
Incorporation of proteins can be achieved by adding protein-containing liposome to the 
support, that by themselves form a lipid bilayer on the support51. SLBs are have been studied 
extensively by both light microscopy and atomic force microscopy (AFM); the AFM allows 
the analysis of nanodomains below the diffraction limit of light microscopy.  Despite their ease 
to use for microscopy and their stability (supported bilayers are stable for over 24 h51), SLBs 
come with some drawbacks. One of the membrane leaflets is in direct contact with the support, 
which can lead to artifacts including hindered diffusion of the membrane components2,50,52. In 
addition, the flat surface and lack of membrane curvature is not a representation of the plasma 
membrane. Many natural lipids will not form a stable planar bilayer, due to their shape.
Free-standing vesicles come in a wide range of sizes, from tens of nanometers up to hundreds 
of micrometers. The largest vesicles, giant unilamellar vesicles or GUVs, resemble a living 
cell in size and their phase separation can be studied with light microscopy53. Their size 
makes them less stable than smaller vesicles. These smaller vesicles (size range from 100 – 
1000 nm, named large unilamellar vesicles or LUVs) are used in biochemical studies using 
spectroscopic, calorimetric and activity assay-based methods.
Phase-separating vesicles can be composed of a simple lipid mixture containing three 
synthetic lipids, but also more complex mixes are used, for example yeast or E. coli total lipid 
extracts. Closely related to mammalians cells are GPMVs directly formed from eukaryotic 
cells. Their composition and structure is thought to resemble that of the plasma membrane 
the lipid components were derived from54. Besides the lipid membrane, native bound proteins 
are preserved as well. GPMVs show phase separation and display Lo and Ld phases55–57 that are 
cholesterol dependent58.

Figure 4. Phase separation in a giant       
unilamellar vesicle. GUVs consisting  
of steaoryl sphingomyelin, 
1 , 2 - d i o l e o y l - s n - g l y c e r o - 3 -
phosphocholine and cholesterol at a 
4:3:3 ratio. The Ld phase was labeled 
with 1,1’-dioctadecyl-3,3,3’,3’-
tetramethylindodicarbocyanine 
(DiD) shown in red, and the Lo 
phase with choleratoxin subunit 
B conjungated to Alexa Fluor 488 
shown in green.

1
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Studies performed in GUVs and GPMVs show different values for lateral diffusion, partitioning 
of raft associated proteins and differences in membrane order between the Lo and Ld phase, as 
summarized by Sezgin and colleagues57. In brief, the difference in membrane order between 
Lo and Ld is an order of magnitude smaller in GPMVs than in GUVs composed of DOPC/
brainSM/cholesterol (2:2:1), which may reflect the biologically more relevant situation. 
Furthermore, many lipid probes associated with rafts in cells also partitioned in the Lo phase 
of GPMVs but not in GUVs. However, depending on the chemicals used to create GPMVs, 
the native proteins can be altered (e.g. depalmitoylated) and the lipid composition changed by 
the membrane isolation procedure57. For instance, Levental and coworkers observed a change 
in miscibility temperature, i.e. the temperature where half of the GPMVs phase separate, 
when comparing GPMVs isolated using different procedures59.
In summary: various membrane model systems have been developed to address questions on 
biological membranes. SLBs are flat systems, ideal for microscopy, in particular AFM. Vesicles 
can be formed in various sizes and different lipid compositions. They have been used to study 
lipid phase separation processes that could also drive domain formation in cells, protein 
diffusion and partitioning, and membrane biophysics. However, it is important to keep in 
mind to which extent the model membrane resembles the plasma membrane of a living cell.

Model systems versus real life

The model systems presented heretofore are used to describe the physical chemical properties 
of the plasma membrane, and often the results are extrapolated to native cell membranes. The 
major differences between the cell membrane of living cells and model systems are discussed 
here and provide a basis background to interpret various datasets.
Lipid complexity, the number of lipid species and their variation in headgroup, carbon chain 
length and degree of saturation, is large in cells. The eukaryotic lipidome consists of hundreds 
to thousands of different lipid species60–63, while in model systems often three or four different 
lipids are used. In living cells, the variety in lipids is required for a stable membrane to allow 
the cell to adapt to physiological and pathological changes. For example, at higher growth 
temperatures, yeast cells contain less unsaturated lipids and their glycerophospholipid tail 
length increases60,62. These changes make up for the increased fluidity of the membrane at 
higher temperatures.
Next to lipid diversity, the distribution of lipids between the leaflets in the living cell is 
inhomogeneous. Some lipids are exported to the outer leaflet (e.g. sphingomyelin), others 
reside mostly in the inner, cytoplasmic leaflet (unsaturated phospholipids with anionic 
headgroups)64–66. In contrast, model membranes in general are symmetrical (although it is 
possible to prepare asymmetrical GUVs67,68, LUVs69 and SLBs70); the lipids opposing each 
other are of the same composition, thus forming thicker Lo and thinner Ld phases.
Besides lipids, the plasma membrane contains a large fraction of membrane proteins. The 
E. coli inner membrane proteins are estimated to make up 10% of the total dry weight of the 
cell, and protein-to-lipid ratios of the inner membrane vary from 70:30 to 50:5071. In other 
words, membranes are highly crowded with proteins and on average only a few layers of 
lipids surround an integral membrane protein (Figure 5). For red blood cell membranes, the 
protein-to-lipid ratio was estimated 23 to 7772. Proteins interacting with each other or with 
lipids in the membrane, diminish the lateral diffusion73. As a consequence, lipid and protein
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Figure 5. Membrane crowding in a 10 x 10 nm area. A top view of a lipid membrane is shown, 
with the transmembrane domains of the β2 adrenergic receptor with ligand (PDB 3SN6) 
shown in blue and green, respectively. Annular lipids, directly surrounding the proteins, are 
depicted in light grey. Other lipids are shown in darker grey.

diffusion is lower in cells compared to GUVs33,73. When reconstituting proteins in model 
membranes, protein concentrations in the membrane are typically orders of magnitudes 
lower than in the living cell57. 
To give structure and shape, eukaryotic cells contain a cytoskeleton. This cytoskeleton 
clusters proteins31,74 and hampers diffusion of for instance the B-cell receptor75. In GPMVs 
that do contain membrane proteins but no cytoskeleton, lipid diffusion is faster than in the 
parental membrane33. Several groups have reconstituted actin in GUVs and coupled it to 
the membrane30,76–78, but more work is required to build synthetic systems akin the native 
membranes.
Membrane packing shows larger variation between the Lo and Ld phase in GUVs compared to 
phase separating GPMVs or cells2. Direct comparison between GUVs and GPMVs was made 
by Kaiser and colleagues79. Generalized polarisation (GP), a measure for membrane packing 
ranging from -1 (fluid) to 1 (solid), varied from -0.3 to 0.8 in phase separating GUVs, 0.5 to 
0.7 in GPMVs and from 0.1 to 0.3 in plasma membrane spheres (cell derived vesicles). Similar 
results were obtained by80. When domains were found in living cells, the maximum difference 
in GP was substantially smaller than between Lo and Ld in phase-separating GUVs81–83.
Various (partly) overlapping nanoclusters of proteins84–86 and lipids11 have been found in cells, 
which means that they can form a sort of continuum in terms of properties. This is in contrast 
to the macroscopic phase separation into Lo and Ld domains in model membranes. Smaller 

1



16

nanodomains have been found in ternary model membranes87–90, but in contrast to cells, these 
domains were strictly separated. So where a wide range of domains is present in cells, model 
membranes contain only one type, which reflects the simpler lipid composition.
Taken together, model membranes differ from plasma membranes regarding their lipid 
complexity, distribution, leaflet (a)symmetry, protein concentration, cytoskeletal interactions, 
lipid packing and variation in properties of the lipid domains. Nevertheless, these simplified 
systems have revealed the underlying mechanisms of lipid-lipid interactions and protein 
clustering. Interpreting data and extrapolation to living cells requires further knowledge of 
membrane model systems; they are indispensable for the elucidation of the organisation and 
complexity of the cell plasma membrane.

Outline of this thesis

In this thesis, model membranes are put in use and several of their properties have engineered 
and studied. Phase-separating GUVs have been studied by confocal microscopy in the first 
part of this thesis, where the influence of small molecules on phase separation is the central 
topic. In Chapter 2, the influence of sugars is explored. Sugars in (sub)molar concentrations 
have been found to protect plants, invertebrates and microorganisms during anhydrobiosis. 
In this state, water is replaced by sugars, to maintain membrane integrity. But how these 
sugars interact with lipids and affect phase separation was unknown, and I show that reducing 
disaccharides such as sucrose and trehalose induce mixing of the lipid membranes. This delays 
the membrane transition from liquid crystalline to the gel phase.
Chapter 3 deals with hydrocarbons and their effect on phase separation. Hydrocarbons are 
pollutants resulting from incomplete combustion. These compounds are very hydrophobic, 
absorbed by cell membranes and reside there until they are metabolized. The preference of 
these compounds for hydrophobic environments has been studied for a long time, but their 
effect on phase separation was unknown. We show that most hydrocarbons keep the phase 
separation intact, but hydrocarbons that distribute equally over Lo and Ld dissipate phase 
separation.
To study the partitioning of the model peptide WALP and the effect of lipid modifications on 
the partitioning, a trifunctional linker was developed to examine the effect of palmitoylation. 
Chapter 4 describes the design and use of the trifunctional linker with the lipid DPPE and 
a fluorescent dye as functional groups. This new membrane probe was used to determine 
partitioning in phase-separating GUVs. Gangliosides have been implicated in WALP 
partitioning to the Lo phase91 but here we found no effect on the partitioning with up to 10% 
of the ganglioside GM1 added to the GUVs. In addition, protein palmitoylation (the addition 
of a palmitic acid moiety) is known to alter protein localization in the cell39,92–94. With the help 
of the linker, two palmitoyl groups were added to the WALP peptide, which also did not alter 
WALP localization in the vesicles.
The second part of this thesis exploits vesicles as tool for drug delivery and the underlying 
mechanisms of membrane fusion. Chapter 5 explores the use of non-ionic surfactants as 
alternative for liposomes. Liposomes composed of phospholipids have been approved as drug 
delivery system, but are rather expensive. An alternative could be provided by niosomes, 
vesicles formed of non-ionic surfactants and cholesterol. In this chapter, the stability of 
niosomes is compared to that of phospholipid vesicles and the suitability of niosomes as drug 
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delivery method is discussed.
Membrane fusion is essential in multiple cellular functions e.g. exocytosis, fertilisation and 
transport. The cell is equipped with a range of proteins to guide this process, but simplified 
systems have been developed. In chapter 6, an overview is given of designs of membrane 
fusogens published in literature. I furthermore present new experimental data to develop 
vesicle fusion assays leading to non-leaky membrane fusion in vitro; the method is potentially 
suitable to introduce membrane and soluble components into synthetic cells to increase their 
complexity.
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Abstract

Disaccharides are well-known for their membrane protective ability. Interaction between 
sugars and multicomponent membranes, however, remains largely unexplored. Here, we 
combine molecular dynamics simulations and fluorescence microscopy to study the effect 
of mono- and disaccharides on membranes that phase separate into Lo and Ld domains. 
We find that nonreducing disaccharides, sucrose and trehalose, strongly destabilize the 
phase separation leading to uniformly mixed membranes as opposed to monosaccharides 
and reducing disaccharides. To unveil the driving force for this process, simulations were 
performed in which the sugar linkage was artificially modified. The availability of accessible 
interfacial binding sites that can accommodate the nonreducing disaccharides is key for 
their strong impact on lateral membrane organization. These exclusive interactions between 
the nonreducing sugars and the membranes may rationalize why organisms such as yeasts, 
tardigrades, nematodes, bacteria, and plants accumulate sucrose and trehalose, offering cell 
protection under anhydrobiotic conditions. The proposed mechanism might prove to be a 
more generic way by which surface bound agents could affect membranes.

Introduction

One of the most intriguing phenomena in biology is the occurrence of anhydrobiosis in the 
life cycle of several organisms from all kingdoms of life such as yeasts, tardigrades, nematodes, 
bacteria, and plants. In the anhydrobiotic state, the amount of liquid water in the organism is 
reduced to a level where the metabolism is completely (but reversibly) stopped1–3. A common 
physiological response to anhydrobiosis is the synthesis of cryo-protective sugars, such as the 
disaccharides sucrose (by plants) and trehalose (mostly by animals), which are accumulated 
intracellular also during temperature drifting, osmotic shifting, and oxidative stress4,5. The 
role of those nonreducing sugars in the protection against the dehydration damage is not 
fully understood. However, they have been shown to stabilize protein conformations and lipid 
bilayers6. 
The direct interaction between lipid and sugar molecules has been demonstrated by a 
diversity of experimental techniques, including infrared spectroscopy, differential scanning 
calorimetry, nuclear magnetic resonance (NMR), and X-ray diffraction7–12. Sugars have proven 
to be effective in protecting membranes by lowering the gel−fluid phase transition upon 
dehydration. This phenomenon has been observed for the monosaccharide glucose and the 
disaccharides sucrose and trehalose13–15. The effect can be explained by a direct replacement 
of the water molecules by the sugars, preventing the increase in the packing of the lipid acyl 
chains in the dry state. This effect is called the “water replacement” hypothesis16–18. Other 
explanations for the protection ability of sugars during dehydration are the “vitrification”, 
the “water-entrapment”, and the “hydration repulsion” hypotheses, which indicate that 
sugars protect biomolecules by the formation of amorphous glasses, by concentrating water 
molecules close to the membrane, or by being excluded from the surface19–21. The latter would 
reduce the compressive stress of the membrane upon dehydration. Even though different 
hypotheses have been put forward, several studies have indicated that different mechanisms 
of protection may act simultaneously18. 
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In fully hydrated membranes, the nature of sugar−lipid interactions is debated, and they 
have been classified on the basis of either “interaction” or “exclusion” hypotheses. In the first 
one, the sugars interact directly with the lipid membranes as seen by an expansion of the 
phospholipid monolayers when sucrose or trehalose is added22–25. The increased membrane 
area is caused by the sugars intercalating between the lipid headgroups. On the contrary, 
the “exclusion” hypothesis describes a partial depletion of sugar in the hydration zone of the 
lipid bilayer11,13,21,25. Andersen and co-workers demonstrated that the two opposing views 
on lipid−sugar interactions might both be true and take place simultaneously. At low sugar 
concentration the attractive contribution between sugar and lipid by hydrogen bonding 
dominates, resulting in the intercalation of the sugars in between the lipid headgroups. At 
higher concentrations the interface saturates, and kosmotropic contributions dominate, 
causing a general depletion of additional sugars from the interface25. 
So far, studies have been mostly directed at simplified model membranes. Real membranes, 
however, consist of a complex mixture of hundreds of different lipid types and proteins. The 
current view describes biomembranes as a heterogeneous material in which preferential 
association of certain lipids, sterols, and proteins can lead to the formation of nanodomains, 
so-called “lipid rafts”. Such rafts, enriched in cholesterol and saturated lipids, display 
physicochemical properties different from those of their disordered fluid surroundings, and 
they are believed to play an important role in the self-assembly of membrane proteins into 
functional platforms26,27. Thus, a complete overview of the mechanism of action of different 
sugars should be analyzed and compared in terms of membranous lateral heterogeneity. 
In this work we have used molecular dynamics (MD) simulations together with fluorescence 
confocal microscopy to study the effects of sugars on membranes with coexisting liquid-
ordered (Lo) and liquid-disordered (Ld) domains, a prototypical raft-mimicking model 
system. We find that the lateral organization of the membrane is affected by the interaction 
with small sugars. Single monosaccharides (glucose and fructose) and reducing disaccharides 
(including palatinose, maltose, and gentiobiose) do not affect coexisting Lo and Ld phases, 
while nonreducing disaccharides (e.g., trehalose and sucrose) disrupt the domains and 
promote lipid remixing, resulting in more vesicles with a single phase of mixed lipids. 

Results 

Liquid-ordered domains dissolve when coated with disaccharides in computer 
simulations. 
To probe the effect of sugars on phase-separated membranes, we modeled a ternary membrane 
system composed of dipalmitoylphosphatidylcholine (DPPC), dilinoleylphosphatidylcholine 
(DLiPC), and cholesterol (4:3:3 molar ratio), which is laterally partitioned into two coexisting 
fluid domains: a Lo domain rich in saturated lipids (DPPC) and cholesterol, and a Ld domain 
containing a high amount of the polyunsaturated lipid (DLiPC) and a reduced level of 
cholesterol. We performed MD simulations of this system at a coarse-grained (CG) level of 
resolution, using the Martini force field28.
Figure 1A shows the CG topology for the different lipid and sugar molecules simulated, 
together with the starting structure of the system. In the absence of sugars, the domain 
separation is stable, in line with the experimental phase diagram for similar ternary mixtures29. 
However, after the addition of 200 mM of sucrose, we observe a clear destabilization of the 
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Lo and Ld domains as illustrated in the graphical snapshots from the simulation (Figure 
1B). To quantify the mixing of the lipid constituents, the fraction of contacts between the 
saturated and unsaturated lipids was calculated (Figure 1C). The number of contacts steadily 
increases during the simulation, pointing to a destabilizing effect of sucrose on the domains. 
Toward the end of the simulation, after 2 μs, an almost homogeneously mixed membrane is 
observed. The mixing process seems to occur very fast, with nearly 75% of the final fraction 
of contacts established within 0.5 μs. We obtain similar results when we replace sucrose by 
another disaccharide, trehalose (Figure 1C). While the disturbing effect is observed with both 
disaccharides, the lateral distribution is more strongly affected by the addition of sucrose. At 
high sugar concentrations, 600 mM, the effect of trehalose is smaller than that of sucrose and 
even smaller than that of 200 mM trehalose. 
Remarkably, performing the simulations with the monosaccharide glucose, the domains 
appear perfectly stable (Figure 1C). To make sure this difference does not arise solely from 
the amount of sugar rings, we compared different concentrations of monosaccharide and 
disaccharides containing the same moles of rings, e.g., 400 mM glucose compared to 200 mM 
trehalose/ sucrose, and 200 mM glucose compared to 100 mM sucrose. The results indicate 
that even when the same number of rings is present only trehalose and sucrose are affecting 
the membrane organization.

AF-CTB is the most suitable Lo marker. 
To visualize both domains we first tested three different ways of labeling the Lo and Ld domains 
(see Figure S2). GUVs composed of sphingomyelin (SSM), dioleoylphosphatidylcholine 
(DOPC), and cholesterol (4:3:3) were formed in 10 mM KPi (see Figure 2 for structures of 
all compounds used). Three different ways of labeling the liquid-ordered phase were studied 
as shown in Fig. 3. Head-labeled GM1 is localized in both, Lo and Ld, phases (Fig. 3A), albeit 
with a preference for Lo. Tail-labeled GM1 with BODIPY localizes in the Ld phase, as seen 
by the co-localization with the Ld marker DiI-C18 (Fig. 3B). Bacia and coworkers already 
showed how initially the monomeric GM1 is localized in the Ld phase before being clustered 
by its natural ligand cholera toxin30. Free GM1 in the presence of AF-CTB is predominantly 
localized in the Lo phase and excluded from the Ld marker DiI-C18 (Fig. 3C). The toxin clusters 
the ganglioside by binding to different subunits. Those cluster have a stronger preference for 
the Lo phase than monomeric GM1. This method proved most suitable for discriminating Lo 
and Ld phases and mixing of lipid phases upon addition of saccharides.

Confocal imaging confirms the potent effect of nonreducing disaccharides on membrane 
organization. 
To test the in silico predictions, we analyzed the lipid organization of GUVs by confocal 
fluorescence microscopy at 20, 40, and 50 °C; the latter is above the phase transition 
temperature of sphingomylin, and one expects mixing of the lipids irrespective of the 
presence of sugars. GUVs were now formed in the presence of different saccharides dissolved 
in KPi buffer instead of KPi buffer alone. The disruption of the membrane organization was 
quantified by calculating the percentage of vesicles that show full mixing of the two lipid 
phases, i.e., fluorescence colocalization of Lo and Ld domains in the presence of sugars. 
Figure 4A,B shows an example of a vesicle with lipids from the Lo and Ld domain mixing and 
no mixing, respectively. The quantification of the vesicles with lipid mixing in the presence 
of different concentrations of glucose, sucrose, and trehalose is shown in Figure 4C. The two
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Figure 1. Domain mixing induced by disaccharides. (A) Starting configuration, membrane 
phase separated into Lo and Ld domains enriched in saturated DPPC (green) and unsaturated 
DLiPC (red) lipids, respectively. Cholesterol (gray) and sugars (white) are also depicted. 
Water is not shown. (B) Time series of lipid mixing after the addition of 200 mM sucrose. 
The membrane is viewed from the top; sugars and water are not shown. Scale bars represent 
5 nm. (C) Number of contacts between saturated and unsaturated lipids, normalized for 
the total number of lipids, after the addition of 600 mM sucrose (red diamonds), 600 mM 
trehalose (blue diamonds), 200 mM sucrose (red squares), 200 mM trehalose (blue squares), 
100 mM sucrose (red circles), 400 mM glucose (black diamonds), and 200 mM glucose (black 
squares). (D) Number of contacts between saturated and unsaturated lipids, normalized for 
the total number of lipids, after the addition of 200 mM artificially modified sucrose, either 
with weaker interactions between the sugars and lipid headgroups (orange), or with a more 
flexible glycosidic bond between the sugar rings (purple), or with a longer glycosidic bond 
(magenta). The profile for normal sucrose at 200 mM is shown as reference (red).
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Figure 2. Structure and names of the compounds used in this study.

disaccharides, sucrose and trehalose, increased the mixing of the lipid domains more than 
the monosaccharide glucose did. At the highest concentration of trehalose, 800 mM, the 
mixing effect seems to decrease, while sucrose reaches maximum mixing at 800 mM. In line 
with the simulations, high concentrations of trehalose have a less disruptive effect on the 
membrane organization than sucrose (Figure 1C). In addition we tested glycerol, which also 
has no effect on the lipid organization (see Table 1). The number of sugar rings cannot explain 
the remarkable effect of the disaccharides; doubling the concentration of monosaccharides 
would yield the same effect, and it clearly does not as shown in Figure 5A. The lipid mixing 
by 600 mM glucose is almost negligible (less than 1%) and lower than the 4.3% mixing of 
300 mM sucrose. Furthermore, if we compare 300 mM sucrose with a mixture of the two 
monosaccharides that constitute sucrose, i.e., glucose and fructose at equal concentration, 
the lipid mixing is again much lower in the presence of the two monosaccharides (less than 
1%). These results indicate that the linkage between the two rings of the sucrose is crucial for 
the effect on the membrane organization of this nonreducing disaccharide. MD simulations 
confirm the importance of the linkage, as discussed further below. 
The fact that disaccharides are able to alter the membrane organization could be due to a
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Figure 3. Images of GUVs with different Lo labeling strategies. (A) Head-labeled AF488-
GM1. (B) Tail-labeled BODIPY-GM1. (C) AF-CTB bound to GM1.

change in the lipid compositions of the GUVs by the presence of the sugars during vesicle 
formation. To rule out this possibility, we analyzed the vesicle samples at 20 and 40 °C. We 
find an increased lipid phase mixing at the higher temperature with sucrose but not with 
glucose, maltose, or buffer control (Figure 6A and Table 2).
The experiment also shows a phase transition temperature above 40 °C for the lipid mix-
ture SSM:DOPC:cholesterol (4:3:3), because no lipid phase mixing is observed in the control 
vesicles made in buffer. Next, we quantified the phase mixing of one and the same batch of 
vesicles at different consecutive temperatures: starting at 20 °C, then heating the sample to 40 
°C, followed by cooling to 20 °C again (Figure 6B). We clearly see that the lipid phase mixing 
is caused by interactions of the disaccharide with the membrane rather than sugars affecting 
the lipid composition during vesicle formation.
The vesicle formation is very heterogeneous with not all the vesicles constituted by a ternary 
mixture of SSM, DOPC, and cholesterol. This observation is known to occur during GUV 
electroformation of ternary mixtures31. In all the samples we observe a substantial fraction of 
vesicles with only Lo or Ld staining, which we assume to be caused by the presence of predom-
inantly one or two types of lipid (see Table 1). To increase the fraction of vesicles with both 
Lo and Ld domains, we formed the vesicles in water instead of phosphate buffer. To rule out 
possible effects on the lipid mixing by AF-CTB binding to GM1, we also analyzed the vesicles 
by using DiI-C18 only. Figure 4D,E shows an example of a vesicle with lipids from the Lo and 
Ld domain mixing and no mixing, respectively. In this approach of vesicle formation and 
domain analysis, we find a higher fraction of vesicles with distinct Lo and Ld domains, but the



30

Figure 4. Domain mixing induced by saccharides in GUVs. (A) 3D projection of a GUV 
showing lipid mixing with the Lo and Ld domains colocalized. (B) 3D projection of a GUV 
with no lipid mixing, the Lo and Ld domains are segregated. Scale bars represent 2 μm. (C) 
Percentage of vesicles with mixed lipid phases upon addition of glucose (full squares), sucrose 
(full circles), and trehalose (empty circles) to SSM:DOPC:cholesterol (4:3:3) GUVs. (D) 3D 
projection of a GUV showing lipid mixing and (E) phase separation with only DiD as a lipid 
marker, scale bars represent 10 μm. (F) Percentage of vesicles with mixed lipid phases for 
GUVs containing a single lipid marker, the Ld marker DiD, formed at 50 °C and analyzed first 
at 40 °C, and then again at 50 °C (above the Tm of the lipid with the highest melting tem-
perature). Black bars represent vesicles formed in water and gray in 400 mM sucrose. Errors 
represent standard deviation from two independent experiments.

effect of sugars is qualitatively similar. The disaccharide sucrose induces lipid mixing when 
the vesicles are analyzed below the phase transition temperature (Figure 4F); the control ex-
periment at 50 °C shows that sucrose has little effect above the phase transition temperature 
of SSM. Thus, in the alternative protocol we find a higher fraction of vesicles with distinct Lo 
and Ld domains, and accordingly, we observe a higher fraction of vesicles with lipid mixing in 
the presence of sucrose. Overall, the MD simulations and experimental data are in qualitative 
agreement with each other.
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Table 1. Results of all saccharides used in this study. 

Osmo-lal-
ity (Osm/

kg)

Mixed 
GUVs (%)

Separated 
GUVs (%)

Green 
GUVs (%)

Red GUVs 
(%)

Effective 
mixed 

GUVs (%)a

KPi 0 0 0 ± 0 83.5 ± 5.1 13.9 ± 2.1 2.6 ± 0.1 0 ± 0

Glucose

50 0.052 0 ± 0 73.9 ± 5.3 18.8 ± 1.5 7.3 ± 0.7 0 ± 0

100 0.113 0 ± 0 62.2 ± 3.7 22.4 ± 1.2 15.4 ± 1.1 0 ± 0

300 0.325 0.2 ± 0.01 57.8  ± 1.3 36.5  ± 0.6 5.5  ± 0.2 0.4  ± 0.03

400 0.439 0.4  ± 0.01 68.2  ± 5.5 27.2  ± 2.3 4.1  ± 0.4 0.7  ± 0.02

600 0.616 0.8  ± 0.02 70.5  ± 3.4 23.5  ± 2.4 5.2  ± 0.02 1.1  ± 0.04

800 0.817 1.3  ± 0.07 71.7  ± 1.3 24.5  ± 1.4 2.5  ± 0.1 1.9  ± 0.1

Sucrose

50 0.04 0.4  ± 0.001 67.5  ± 0.1 22.6  ± 0.9 9.5  ± 0.5 0.6  ± 0.002

200 0.214 1.3  ± 0.001 59.8  ± 0.3 35.7  ± 0.5 3.2  ± 0.06 2.0  ± 0.005

300 0.299 4.3  ± 0.2 64.5  ± 0.1 26.0  ± 0.4 5.2  ± 0.06 6.3  ± 0.3

400 0.405 8.5  ± 0.3 63.8  ± 9.7 23.5  ± 4.6 4.2  ± 0.6 11.8  ± 1.1

600 0.604 14.6  ± 0.3 56.5  ± 6.2 22.8  ± 3.0 6.1  ± 0.5 20.5  ± 0.5

800 - 16.3  ± 0.01 54.9  ± 0.5 22.6  ± 0.1 6.2  ± 0.1 22.9  ± 0.05

Trehalose

100 0.118 2.0  ± 0.06 69.9  ± 1.3 22.2  ± 0.6 5.9  ±  0.02 2.8  ± 0.1

200 - 7.8  ± 4.7 74.5  ± 17.1 16.2  ± 5.1 1.5  ± 0.7 9.3  ± 7.7

400 - 4.9  ± 0.5 42.2  ± 7.7 23.1  ± 5.6 29.8  ± 12.8 10.4  ± 0.7

600 0.584 11.8  ± 0.5 51.9  ± 9.1 19.1  ± 1.5 17.2  ± 1.8 18.3  ± 2.8

800 - 8.0  ± 0.5 41.5  ± 2.3 32.1  ± 9.1 18.3  ± 5.7 16.2  ± 1.1

Fructose + 
Glucose 300 - 0.8  ± 0.001 60.0  ± 3.8 26.8  ± 2.0 12.6  ± 5.5 1.4  ± 0.02

Palatinose 400 0.399 1.3  ± 0.04 68.2  ± 4.0 25.1  ± 2.7 5.4  ± 0.08 1.8  ± 0.05

Gentobiose 400 0.395 1.6  ± 0.01 70.6  ± 1.3 21.6  ± 0.4 6.2  ± 0.1 2.3  ± 0.04

Maltose
300 0.284 0.7  ± 0.007 73.4  ± 1.5 20.6  ± 0.6 5.3  ± 0.1 0.9  ± 0.01

400 0.420 0.7  ± 0.03 73.3  ± 0.3 17.4  ± 2.5 8.6  ± 2.6 0.9  ± 0.06

Maltitol 400 0.402 1.4  ± 0.03 75.4  ± 3.0 21.6  ± 2.0 1.6  ± 0.1 1.8  ± 0.06

Meth-
yl-malto-

side
400 - 7.3  ± 0.07 67.7  ± 2.5 19.0  ± 11 5.9  ± 0.2 9.8  ± 0.005

Glycerol 600 0.570 0  ± 0 72.5  ± 9.9 25.6  ± 5.1 1.9  ± 0.7 0  ± 0
a Concentration calculated without considering the single color GUVs, red and green.

Saccharides interact with lipid headgroups in a concentration-dependent manner. 
We have shown that disaccharides are able to modify the lateral organization of lipids in model 
bilayers, whereas monosaccharides do not. Moreover, the strength of the effect depends on the 
amount of carbohydrates in solution. A direct interaction between the sugars and lipids seems 
required to explain these effects. We therefore investigated the membrane surface affinity of 
the sugars by analyzing the electron density profiles across the membrane, obtained from
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Figure 5. Domain mixing induced by saccharides in GUVs. GUVs were prepared from 
SSM:DOPC:cholesterol (4:3:3). (A) Percentage of vesicles with mixed lipid phases upon 
addition of 300 mM sucrose, 300 mM mixture of glucose and fructose and 600 mM glucose. 
(B) Lipid mixing with the non-reducing sugars sucrose and trehalose, several reducing sugars 
e.g. palatinose, gentobiose and maltose; and two analogues of maltose, maltitol and methyl-
maltoside; each at a concentration of 400 mM. Error bars represent standard deviations of the 
biological replicates. (C) The percentage of vesicles with mixed lipid phases upon addition of 
the non-reducing sugar sucrose, the reducing sugar maltose, the monosaccharide glucose and 
buffer to SSM:DOPC:cholesterol (4:3:3) GUVs (empty bars) and DPPC:DOPC:cholesterol 
(4:3:3) GUVs (full bars). The concentration of all sugars was 400 mM. Error bars represent 
standard deviations of the biological replicates.

Figure 6. Temperature and lipid composition dependence of lipid phase mixing. (A) The 
percentage of vesicles with mixed lipid phases by sucrose, maltose, glucose, and buffer 
in SSM:DOPC:cholesterol (4:3:3) GUVs at 20 °C (empty bars) and 40 °C (full bars). The 
concentration of all sugars was 400 mM. Error bars represent standard deviations of the 
biological replicates. (B) Percentage of vesicles with mixed lipid phases by sucrose (black 
bars) or glucose (gray bars), measured consecutively at 20 °C, after heating at 40 °C and 
subsequently upon cooling of the vesicle sample at 20 °C. The concentration of sugars was 
400 mM. Error bars represent standard deviations of technical replicates.



33

2

Table 2. Percentage of GUVs at 40°C. 

Conc. 
(mM)

Osmo-lality 
(Osm/kg)

Mixed 
GUVs (%)

Separated 
GUVs (%)

Green 
GUVs (%)

Red GUVs 
(%)

Effective 
mixed 

GUVs (%)a

KPi 0 0 0.2 ± 0.01 57.2 ± 0.5 33.5 ± 2.2 9.1 ± 0.9 0.4 ± 0.02

Glucose 400 0.439 0.9 ± 0.02 70.2 ± 2.8 23.9 ± 1.8 5.0 ± 0.006 1.3 ± 0.03

Sucrose 400 0.405 24.4 ± 0.9 54.4 ± 2.6 14.8 ± 2.2 6.4 ± 0.1 31.4 ± 0.04

Maltose 400 0.420 1.1 ± 0.08 69.5 ± 2.9 19.6 ± 0.8 9.8 ± 0.6 1.6 ± 0.1
aConcentration calculated without considering the single color GUVs, red and green. 

additional simulations of Lo and Ld membrane mimetics. The resulting profiles are shown in 
Figure 7A,D; a close up of the interfacial distribution is shown in Figure 8. In general, we see 
that sugars are able to reside at the membrane−water interface up to the level of the glycerol 
linkage, both for Lo and Ld mimicking membranes. At higher sugar concentrations (600 mM),  

Figure 7. Interaction of Lo and Ld domains with sugars. Electron density profiles for glucose, 
sucrose, and trehalose interacting with Lo (A–C) or Ld (D–F) membranes. Panels A and D 
show a close up of the interaction between the sugars and the membrane (glucose in black, 
sucrose in red, and trehalose in green) at different concentrations (open circles represent 60 
mM, closed squares 200 mM, and open diamonds 600 mM). The total membrane density is 
represented by the gray area. The average position of the lipid glycerol moiety is located at z 
= 2.0 nm (Lo) and z = 1.5 nm (Ld). Snapshots of the sugar distribution across the lipid–water 
interface for glucose interacting with Lo (B) and Ld (E); sucrose interacting with Lo (C) and 
Ld (F) membranes at 200 mM sugar. Interfacially embedded sugars are indicated by white 
arrows.
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Figure 8. Interfacial accumulation of disaccharides to Ld phase. (A) Electron density 
profiles for 60 mM sucrose, with two Gaussian fits distinguishing a membrane-bound and 
free population. (B) Electron density profiles of sucrose at different concentrations, showing 
the change from preferred adsorption (at 60 mM) toward relative depletion (at 600 mM), 
and electron densities for trehalose and glucose at 60 mM, showing the stronger interfacial 
adsorption of the disaccharides, in particular of sucrose. All electron densities are normalized 
with respect to the total number of sugar rings present in the system. The grey area denotes 
the total membrane density. The peak in the density of the membrane bound sugar population 
coincides with the average position of the lipid glycerol moeities.

saturation of the interfacial sugar population is observed with a concomitant increased 
tendency toward clustering of the carbohydrates in the aqueous subphase. Although the 
absolute number of sugars at the interface still increases with increasing concentration, 
the relative concentration with respect to the bulk concentration decreases (Figure 8). 
Interestingly, the interfacial accumulation of sugars is more pronounced for the disaccharides, 
in particular in the Ld phase, whereas the Lo phase appears to accommodate glucose more 
easily (especially noticeable at the highest concentration of 600 mM). A graphical view of the 
binding mode of glucose and sucrose, at 200 mM, is shown in Figure 7B,C (Lo) and Figure 7E,F 
(Ld). The presence of both a membrane-bound (indicated by white arrows) and membrane-
depleted population at this concentration is visible. Noticeable is the stronger embedding of 
the disaccharide in the Ld phase. The embedding of the interfacially bound sugars is in fact 
very similar to that observed in all-atom MD simulations32,33. Our results are also consistent 
with the experimental data reported by Andersen and coworkers25. On the basis of neutron 
scattering data combined with thermodynamic measurements, they show strong binding of 
sugars to membranes at low concentration and gradual repelling at concentrations exceeding 
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~200 mM when the interface is saturated. 
Taken together, our results indicate that sugars are in direct contact with the phospholipid 
headgroups, and that this interaction is strongly affected by the amount of carbohydrates 
in solution. The Ld membrane favors direct interactions with disaccharides, whereas the 
Lo membrane interface more readily accommodates monosaccharides. However, bilayer 
properties such as membrane thickness or area per lipid are hardly affected by the presence 
of the sugars, and a destabilization of either Ld or Lo phase seems an unlikely mechanism to 
account for the lipid mixing. 

Surface defect hypothesis to account for disaccharide induced lipid mixing. 
Despite a stronger interfacial binding of disaccharides compared to monosaccharides, we 
find no clear evidence for a destabilizing effect of disaccharides on either the Ld or Lo phase. 
The only way to account for the disappearance of the domain segregation is, it seems, to 
assume stabilization of the mixed state with respect to the domain segregated state. Here, 
we put forward a hypothesis that would explain such an effect, involving surface defects, 
i.e., sites available at the interface that can accommodate a sugar molecule. The notion of 
surface defects is similar to the packing defects recently introduced by Vamparys et al.34 to 
account for differences in membrane binding of amphipathic peptides. However, whereas in 
the work of Vamparys et al. packing defects were defined as local surface areas exposing part 
of the hydrophobic interior, here we consider more shallow defects exposing the lipid glycerol 
moieties. In Figure 9A we show the distribution of these surface defects (visible as white spots 
in the figure) in the initial, phase-separated system. A striking difference can be observed 
between the surface density, as well as size, of such defects in the Ld versus the Lo domain, 
rationalizing the increased affinity of disaccharides for the Ld phase (cf., interfacial peak 
of the sugar distribution, Figure 7D, Figure 8A). Upon domain mixing, however, the total 
amount of surface defects increases, as illustrated in Figure 9B. Thus, our hypothesis is that 

Figure 9. Surface defect hypothesis. (A, B) Top view of the initial, phase separated membrane 
(A) and the final mixed membrane after 2 μs upon addition of 200 mM sucrose with glycerol 
exposing areas (“surface defects”) visible as white spots. Only headgroups (green, DPPC; red, 
DLiPC; gray, cholesterol) are shown. (C) Time evolution of the number of sugar–lipid contacts 
upon addition of 200 mM sucrose (open symbols) or 600 mM glucose (solid lines). In case of 
sucrose, the total number of contacts increases during mixing of the domains, in particular 
due to an increase in sugar–DPPC contacts (dashed lines).
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the availability of surface defects that are large enough to bind a disaccharide, a favorable 
interaction, drives domain mixing. If this is true, one anticipates an increase in lipid−sugar 
contacts during domain mixing. This is indeed the case, as shown in Figure 9C. 
To test our surface defect hypothesis, we performed additional MD simulations in which the 
pairwise interaction between the sugars and the headgroup part of the lipids was weakened 
(see Methods for details). If interfacial embedding of the disaccharides is to drive the lipid 
mixing, we expect to see less efficient binding of the “weakened” disaccharides, and hence a 
reduced driving force for domain mixing. The results, shown in Figure 1D in terms of a plot of 
the contact fraction between saturated and unsaturated contact lipids over time, confirm our 
expectation. To further test our hypothesis, we focused on the importance of the disaccharide 
geometry. Therefore, we performed MD simulations in which the glycosidic linker was either 
made longer (an increase in size from 0.429 to 1.0 nm), or made completely flexible (i.e., all 
the dihedral terms corresponding to the plane− plane orientation were excluded). The effect 
of these changes in disaccharide geometry on lipid mixing is shown in Figure 1D in the case 
of 200 mM sucrose. Remarkably, sucrose in which the two monomers are linked at a larger 
distance is unable to disperse the domains. Keeping the linkage at the natural distance but 
increasing its flexibility, on the other hand, results in fast mixing of the lipids. The magnitude 
of the domain disruption and lipid remixing is even larger compared to normal sucrose. 
We conclude that the close proximity of two sugar rings, a distinguishing feature of 
disaccharides, causes the destabilization of Lo/Ld coexistence via a mechanism involving 
surface defects. The amount of surface defects that can accommodate a disaccharide is 
optimized in the mixed state, providing the driving force for domain mixing. 

Membrane organization is exclusively altered by nonreducing sugars. 
We show that sucrose and trehalose affect the lipid organization of the membranes, whereas 
glucose does not. Our in silico data suggest that the presence of two sugar rings linked closely 
together is a prerequisite for this effect. To further prove that we need disaccharides to disrupt 
the membrane organization, we checked other disaccharides with our experimental setup. 
Surprisingly, none of the disaccharides tested (palatinose, gentiobiose, and maltose) have an 
actual effect on mixing the lipid domains at 400 mM (Figure 5B). As opposed to sucrose 
and trehalose, which are nonreducing disaccharides, these disaccharides are reducing sugars. 
In solution, reducing sugars can have one of the monosaccharide rings (reducing ring) 
open containing an aldehyde group, which is in equilibrium with the hemiacetal (when the 
pyranose ring is formed) and can act as a reducing agent. In order to verify whether the lack 
of lipid mixing of the reducing sugars is due to the opening of the hemiacetal to aldehyde, 
we analyzed two analogues of maltose, maltitol, and methyl-maltoside (see structures in 
Figure 1). Maltitol is a hydrogenated maltose and does not possess an aldehyde in its open 
form, so the reaction back to the hemiacetal (closed pyranose) is not possible, giving rise to 
a fully open ring. In contrast to maltitol, methylmaltoside has an extra methyl group in the 
hydroxyl of the hemiacetal, eliminating the equilibrium toward the aldehyde and locking the 
saccharide in its closed form. As shown in Figure 5B, maltitol acts similarly to the regular 
maltose, having a low effect on lipid mixing. On the contrary, methyl-maltoside causes a 
significant increase in the percentage of vesicles with lipid phase mixing. These results show 
that only disaccharides containing two closed rings, either the two nonreducing (sucrose and 
trehalose) or the synthetic maltose analogue methyl-maltoside, are able to disrupt the lipid 
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organization. 
To test whether the ring opening of the reducing saccharides is favored upon binding to the 
lipid bilayer, we performed measurements of maltose in solution and in the presence of the 
SSM:DOPC:cholesterol (4:3:3) bilayer using solid-state NMR spectroscopy (ssNMR). We 
compared 13C ssNMR spectra of maltose in solution, and in the presence of membranes 
(Figure 10A). In the latter case, a reference spectrum, using dipolar CP transfers that are most 
sensitive to rigid molecular components, was dominated by lipid signals. This observation 
implies that maltose remains loosely associated with the membrane and allowed us to 
concentrate on spectral regions characteristic of maltose ring positions. In this spectral region, 
we observed small chemical shift changes for the anomeric carbons of maltose (Figure 10A). 
Second, we detected an additional peak at 81.0 ppm which resonates downfield of the fourth 
position of maltose (80.0 ppm) in line with the 13C spectrum of maltitol (85.1 ppm) in which 
the reducing ring is irreversibly opened (Figure 10B). 
Taken together, the NMR measurements provide qualitative evidence that there is a change in 
the maltose structure in the presence of membranes. We speculate that a significant fraction 
of maltose has the reducing ring in an open form in the presence of membranes, which might 
be the reason that maltose is not able to disrupt the membrane organization. Our work thus 
indicates that not all disaccharides are able to disturb the membrane organization. The closed 
conformation of the second monosaccharide ring is a key factor in the lipid mixing. Among 
all saccharides tested, the nonreducing sugars sucrose and trehalose are the only two capable 
of reorganizing the lipids of the membranes. 

Discussion

The picture emerging from our combined computational and experimental approach is the 
following. Mono- and disaccharides interact with the lipid membrane by direct interactions 
of the carbohydrates with the phospholipid headgroups as shown by the MD simulations. 

These interactions affect the organization of lipid domains present in membranes formed by 
saturated lipids, unsaturated lipids, and cholesterol. The extent of lipid mixing is directly 
related to the amount of sugar present in solution. However, the disruptive properties are 
exclusive to nonreducing disaccharides such as sucrose and trehalose, which insert quite 

deeply at the membrane/water interface when compared to glucose. Moreover, sucrose and 
trehalose are composed of two pyranoses without a free hemiacetal. Those disaccharides are 
much bulkier and require more space to fit in between the lipid headgroups. We show that 

interfacial spaces, or sites, to accommodate the disaccharides are more abundant in the 
disordered state, and hence provide a driving force for disappearance of the Lo phase as 
formulated by our surface defect hypothesis. In other words, both the Ld and the mixed 

phase exhibit defects to which disaccharides can bind and thus lower the free energy. Any 
membrane area taken up by an Lo phase is “wasted” for this effect. This shifts the balance 

away from demixing. Thus, the disaccharides promote mixing by lowering the free energy of 
the mixed state. Monosaccharides, on the other hand, are small enough to even fit in the 

surface defects present in the ordered domains. Reducing sugars, once they are bound to the 
lipids, might be stabilized in the open form where only the first pyranose ring is present. 

This conformation might not be bulky enough to require lipid mixing, i.e., essentially they 
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Figure 10. 13C ssNMR spectra of maltose and maltitol in solution and after addition of lipid 
membranes. (A) The bottom panel highlights the entire spectra and the top panel focuses 
on signals specific for maltose and the chemical-shift changes in the presence of lipids. 
Spectra were recorded using direct excitation schemes for maltose in solution (red) and in 
SSM:DOPC:cholesterol (4:3:3) membranes (blue). In the latter case, a CP spectrum (green, see 
methods) was recorded as a reference. (B) Top panel: 13C NMR spectra and peak assignments 
of maltose and maltitol in solution (red and blue, respectively; http://sdbs.db.aist.go.jp/sdbs/
cgi-bin/cre_index.cgi). The superscript prime refers to the non-reducing ring. Bottom panel: 
Comparison between maltose (red) and maltitol (blue) in solution and in the presence of 
SSM:DOPC:cholesterol (4:3:3) (maltose-green and maltitol-yellow) with the polar head 
group and cholesterol peaks annotated.
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behave as a monosaccharide. Reducing sugars change their structure in water almost without 
any energy loss, so opening the reducing ring does not require a lot of energy. There is no 
quantitative data available about the opening and closing of reducing sugars in the presence 
of membranes, but the observations of maltose and maltitol opposed to those of methyl-
maltoside in the lipid mixing together with the structural observations by ssNMR support 
this hypothesis. 
The MD simulations and the experimental observations are in qualitative agreement, even 
though the level of mixing observed in the experiments (up to 25%) is lower than what is 
seen in the simulations (effectively 100% mixing). However, it is important to keep in mind 
the limitations of the simulation setup. First of all, to be able to observe domain mixing, a 
coarse-grain model was used. Although our specific model has been validated with respect to 
a large variety of both experimental data and results from all-atom simulations, eventually our 
predictions should be reproduced using more detailed models. One of the main limitations in 
the representation of sugars, as well as the aqueous solvent, is the loss of the directionality of 
hydrogen bonds. Within the resolution of the Martini model, hydrogen bonds are necessarily 
isotropically averaged. Interestingly, the H-bond directionality does not seem to play a major 
role in reproducing the key experimental findings, in particular the behavior of mono- versus 
disaccharides. The disordered nature of the membrane/water interface likely accounts for the 
decreased importance of H-bond directionality compared to overall H-bonding strength. 
Nevertheless, capturing the subtle differences between sucrose and trehalose is challenging. 
Furthermore, to make the simulations feasible, the in silico membranes are limited in size to 
the nanometer length scale. Domain mixing on this scale cannot be quantitatively compared 
to domain mixing on the scale of full liposomes, as probed experimentally. Importantly, 
the qualitative trends of lipid mixing as a function of sugar type are in agreement. Another 
difference is that, in the initial experiments, the Lo phase was composed of a different type of 
saturated lipid. The MD simulations were performed with DPPC, whereas in the experiments 
SSM was used. A control experiment showed the same behavior on lipid mixing by sucrose, 
maltose, and glucose with membranes composed of DPPC instead of SSM (Figure 5C and 
Table 3). Finally, we emphasize that vesicles with Lo and Ld staining have the three types of 
lipids, but the ratio of SSM:DOPC:cholesterol can vary among the vesicles. We attribute the 
incomplete lipid phase mixing in the experiments to heterogeneity in the lipid composition of 
the vesicles, which precludes quantitative comparisons with the MD simulations. 

Table 3. Percentage of GUVs with a membrane composition of DPPC:DOPC:cholesterol at 
4:3:3, molar ratio. 

Conc. 
(mM)

Osmo-lal-
ity (Osm/

kg)

Mixed 
GUVs (%)

Separated 
GUVs (%)

Green 
GUVs (%)

Red GUVs 
(%)

Effective 
mixed 

GUVs (%)a

KPi 0 0 0 ± 0 86.1 ± 9.6 11.2 ± 4.9 2.7 ± 1.8 0 ± 0

Glucose 400 0.439 0.2 ± 0.01 78.1 ± 2.8 19.3 ± 1.6 52.4 ± 0.1 0.3 ± 0.02

Sucrose 400 0.405 6.2 ± 0.1 79.6 ± 0.4 10.6 ± 0.3 3.6 ± 0.2 7.2 ± 0.2

Maltose 400 0.420 1.2 ± 0.01 87.4 ± 0.9 8.1 ± 0.3 3.3 ± 0.4 1.3 ± 0.01
aConcentration calculated without considering the single color GUVs, red and green.
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We note that nematodes, embryonic cysts of crustaceans and yeast/fungi, can accumulate high 
amounts of trehalose up to 30% of their dry weight, which is equivalent to concentrations in
the molar range. The nonreducing sugars sucrose and trehalose are the only two saccharides 
known to accumulate in molar amounts by numerous organisms under conditions of complete 
dehydration35,36. Sugars like trehalose are also synthesized or taken up under conditions of 
osmotic stress (partial dehydration), in which case the cytoplasmic levels are in the submolar 
range37. It is well-accepted that these sugars may replace the water molecules around the 
polar residues of membranes and proteins. This stabilizes the membranes by avoiding the 
shrinkage, lateral stress, and the increase in the phase transition temperature when water is 
removed in the process of drying38. Here, we add the possibility that sucrose and trehalose 
prevent membrane phase separation. If these sugars have similar effects on the structure of 
native membranes, then the synthesis or accumulation of nonreducing disaccharides might 
dissolve the nanoscale assemblies present in the plasma membrane of eukaryotes, which may 
impact the functioning of several membrane proteins. The change in the membrane lipid 
environment could affect the function and more importantly the stability of proteins, which 
is likely to be critical during anhydrobiosis. This membrane domain destabilization effect 
could be a more general mechanism of action of membrane-active compounds including 
anesthetics, phytochemicals, and amphiphilic drugs. A comprehensive study on a large array 
of small hydrophobic molecules, lowering critical mixing temperatures in plasma membrane 
vesicles, corroborates this idea39 and provides a possible general mechanism for anesthetic 
action40. Hydrophobic compounds in general were found to reshape membrane domains, 
with aromatic ones stabilizing, and aliphatic compounds destabilizing, domains41. Vitamin 
E, an example of an amphipathic compound, has been shown to decrease the tendency to 
form domains in ternary model membrane systems42. Alcohols, including benzyl alcohol 
and ethanol, were also found to destabilize ordered membrane domains43,44. Similarly, a 
series of 2-hydroxyfatty acid derivatives affects lipid mixing and the localization and activity 
of membrane proteins involved in signaling cascades45. Taken together, there is growing 
evidence for the role of membrane active compounds as powerful modulators of cell response 
through lateral membrane reorganization. 

Methods

Molecular dynamics simulations: system setup. In our representation of a lipid raft patch, 
three different lipid models were used: dipalmitoyl-phosphatidylcholine (diC16:0PC, DPPC), 
the unsaturated lipid dilinoleoyl-PC (diC18:2PC, DLiPC), and cholesterol. The system is 
composed of 769 DPPC, 507 DLiPC, and 538 cholesterol molecules (4:3:3 molar ratio). Lipids 
were randomly placed in a lamellar configuration and fully solvated with 40,000 coarse grain 
water beads. After reaching equilibrium (5 μs), the membrane showed the typical liquid-
ordered (Lo)/liquid-disordered (Ld) segregation, as reported elsewhere46. The final dimension 
of the patch was 21x21x12 nm3 , and shown in Figure 1A of the main manuscript. Different 
sugars (glucose, sucrose, and trehalose) were added to the equilibrated membrane by replacing 
the water beads. Three different concentrations were tested: 60 mM, 200 mM, and 600 mM. 
Additionally, two simulations were performed at 100 mM of sucrose and 400 mM glucose. 
Similarly, we set up systems containing 200 mM artificially modified sucrose in order to test 
the influence of the glycosidic bond and the interactions between the sugar beads and the 
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lipid head groups with respect to the stability of the raft patch. The effect of the sugars was 
also tested in separate membrane domains; Lo and Ld domains were simulated independently 
at different carbohydrate concentrations (60, 200, and 600 mM). The Lo membrane is 
composed of 328 DPPC and 164 cholesterols (2:1 ratio), the Ld membrane of 448 DLiPC and 
44 cholesterols (10:1 ratio). We refer to table S4 for an overview of the systems simulated.
Molecular dynamics simulations: force field details. Simulations were performed using the 
GROMACS (version 4.0.5) molecular dynamics package47, with the MARTINI force field for 
lipids48 and carbohydrates49. Note, in the current study the DLiPC lipid was modeled with C3 
tail particles rather than C4 tail particles as in 46. This change results in less strong segregation 
of the Lo and Ld domains, bringing the systems closer to those probed experimentally. In all 
simulations, the non-bonded interactions were cutoff at a distance rcut of 1.2 nm. To reduce 
the generation of unwanted noise, the standard shift function of GROMACS 4 is used in 
which both the energy and force smoothly vanish at the cutoff distance. The Lennard-Jones 
(LJ) and Coulomb potentials are shifted from r=0.9 and r=0.0 nm to the cutoff distance, 
respectively. Coulombic interactions are screened with a relative dielectric constant of εr=15. 
The time step used to integrate the equations of motion is 20 fs. Zero tension of the bilayers was 
maintained by weak semi-isotropic coupling at 1.0 bar with a relaxation time of 1.0 ps using 
the Berendsen barostat50. Temperature of the systems was maintained at 288 K by coupling of 
the solvent, membrane and sugars separately to a Berendsen heat bath50 with a relaxation time 
of 1.0 ps. We tested the influence of the glycosidic bond in the sugar-dependent disrupting 
effect by manually increasing the equilibrium length of the glycosidic linkage of sucrose from 
0.429 to 1.0 nm (labeled “longer” in Figure 1D). Additionally, the internal dihedral potentials 
of the sugar were switched off in order to allow free rotation around the bond connecting 
two consecutive rings (denoted “flexible”). Finally, in order to study the critical interactions 
between the sugar beads and the different components of the membrane, the non-bonded 
interactions between the sugar beads and lipid head groups were weakened by excluding 
pairwise interactions between {B1, B2, B3, B4, B5 and B6} sugar beads and {PO4, NC3} head 
group beads (denoted “weaker”). The nomenclature of the coarse grain beads can be found 
in the original publications48,49. An overview of all simulations performed is given in Table 4. 
Molecular dynamics simulations: validation. The MARTINI model is a coarsegrain (CG) 
force field, aimed at semi-quantitative predictions of biomolecular processes with a focus 
on cellular membranes. The MARTINI force field is based on a combined top-down and 
bottom-up parameterization strategy. Experimental data, in particular thermodynamic data 
such as partitioning free energies of small organic compounds, are used as main targets for 
parameterization of the non-bonded interactions, and all-atom simulations are used to derive 
effective bonded interactions. Careful calibration of the Martini building blocks has resulted 
in a versatile CG model that still retains a close link to the underlying chemical structures it 
represents. Due to the reduced number of degrees of freedom, as well as the speedup resulting 
from the smoothening of the energy landscape and the ability to use larger time steps, the 
MARTINI model samples phase space about three orders of magnitude faster than all-atom 
models. The length and time scale of the simulations reported in the main manuscript require 
the use of a CG model. However, continued validation of the model remains an issue of 
great importance. Concerning the lipids used in the current study, a large body of previous 
work exists showing the validity of the MARTINI lipid parameters in reproducing a large 
variety of structural and mechanical properties of lipid membranes, including experimental 
phase diagrams28,51. The sugar model has been extensively parameterized by Lopez et al.49. 
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Table 4. Compositional details of membrane systems simulateda.

Conc 
(mM)

DPPC DUPC Chol CG WA-
TER

GLC SUC TRE

Raft-patch

Glucose 60 779 507 538 37612 272 - -

200 779 507 538 20760 700 - -

400 779 507 538 21000 1385 - -

600 769 507 538 22870 2730 - -

Sucrose 60 779 507 538 37612 - 273 -

100 779 507 538 34565 - 273 -

200 779 507 538 20760 - 700 -

600 769 507 538 22870 - 2730 -

Trehalose 60 779 507 538 37612 - - 273

200 779 507 538 20760 - - 700

600 769 507 538 22870 - - 2730

Independent domain

Lo glu-
cose

60 328 - 164 14240 100 - -

200 328 - 164 13525 300 - -

600 328 - 164 11483 900 - -

Lo su-
crose

60 328 - 164 14144 - 100 -

200 328 - 164 13204 - 300 -

600 328 - 164 10583 - 900 -

60 328 - 164 14144 - - 100

200 328 - 164 13204 - - 300

600 328 - 164 10583 - - 900

Ld glu-
cose

60 - 448 44 13979 100 - -

200 - 448 44 13267 300 - -

600 - 448 44 11219 900 - -

Ld su-
crose

60 - 448 44 13861 - 100 -

200 - 448 44 12932 - 300 -

600 - 448 44 10330 - 900 -

Ld treha-
lose

60 - 448 44 13861 - - 100

200 - 448 44 12932 - - 300

600 - 448 44 10330 - - 900
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Table 4. (continued)

Conc 
(mM)

DPPC DUPC Chol CG WA-
TER

GLC SUC TRE

Modified linkage 

Long bond 
sucrose

200 779 507 538 20760 - 700 -

No dihe-
dral su-
crose

200 779 507 538 20760 - 700 -

Non-bonded exclusion

Sugar 
beads-
PO4/NC3

200 779 507 538 20760 - 700 -

a Simulations were carried out at 288 K for 2 µs.

In line with the general MARTINI philosophy, common mono- and disaccharides are shown 
to partition between aqueous and organic phases consistent with experimental data and/
or results obtained from all-atom simulations. Furthermore, sugar-sugar interactions were 
calibrated to reproduce the experimental density versus concentration dependence49. Here,   
we use these standard MARTINI lipid and sugar models to study membrane-sugar interactions. 
Additional validation of these cross-interactions is given by the following observations made 
with the MARTINI model: (i) addition of glucose to DPPC membranes suppresses the main 
phase transition temperature, in agreement with experimental data49; (ii) sugars are bound 
to membranes at low concentration (Figure S4A), in agreement with the experimental data 
of Andersen et al. 25, and consistent with the picture emerging from all-atom simulations33,52; 
(iii) disaccharides bind stronger than monosaccharides (Figure S4B), again agreeing with the 
work of Andersen et al.25; (iv) disaccharides bind to the membrane at an average location of 
around 2 nm from the membrane center (Fig S4A), in good agreement with data from all-
atom simulations; (v) at higher concentrations (exceeding ~200 mM), a relative depletion 
of sugars from the interface occurs (Figure S4B), similarly observed in the experiments by 
Andersen et al. 25, as well as in all-atom simulations33,52. Therefore, despite the CG nature of 
the MARTINI model, the essential physics of membrane-sugar interactions appears to be 
captured at least at a semi-quantitative level.

Molecular dynamics simulations: contact analysis. The degree of mixing is calculated as the 
relative number of contacts p between the saturated and unsaturated lipid species, normalized 
with the total number of lipids in the system:  

where cA denotes the number of unsaturated lipids in contact with saturated ones, and nA 
the number of unsaturated lipids. Using this formula random mixing would give p=0.50. 

GM1 labeling with AF-488. Labeling was done according to previously reported method 
with minor modification53. Briefly, GM1 was kept on ice for 30 min with oxidizing reagent 
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(sodium meta-periodate). After the oxidation of GM1, sodium sulfite was used to quench 
excess of sodium meta-periodate instead of using ultrafiltration54. Subsequently, Alexa Fluor 
488 hydrazide was added. The reaction was conducted at room temperature for 2 hours, 
after which GM1 was separated from free AF488 by size-exclusion chromatography (GE 
Healthcare NAP5 Sephadex G-25 column). 
GUVs Preparation. GUVs were prepared by electroformation55,56. Briefly, a lipid mixture 
of N-stearoyl-D-erythro-sphingosylphosphorylcholine (SSM), 1,2-dioleoyl-sn-glycero-
3-phosphocholine (DOPC), and cholesterol was prepared from the lipid stock solution 
in chloroform/methanol (9:1) with a molar ratio of 4:3:3 (lipids were purchased from 
Avanti Polar Lipids). The fluorescent lipid marker DiIC18 (1,1’-dioctadecyl-3,3,3’,3’-
tetramethylindodicarbocyanine perchlorate, Molecular Probes, Invitrogen) dissolved in 
chloroform, and the ovine brain ganglioside GM1 (GM1, Avanti Polar Lipids) dissolved 
in methanol:H2O (1:1) were added to the lipid mixture at the amount of 0.1 mol %. The 
lipid mixture was applied to indium-tin-oxide-coated glasses, solvents were evaporated, and 
glasses were prewarmed at 50 °C before placing them in the electroformation chamber of 
Nanion Vesicle Prep Pro (Nanion Technologies GmbH, Munich, Germany). The chamber 
was filled with buffer (10 mM KPi, pH 7.2) or water, or buffer or water containing different 
concentrations of saccharides, prewarmed at 50 °C. An alternating current was applied across 
the cell unit with 1.1 V, 10 kHz of frequency, and 50 °C for 1 h. Sugar solutions osmolarities 
were checked on OSMOMAT 030 (Gonotec). GUVs had a diameter of 5−15 μm. As a control 
we repeated some of the experiments with DPPC instead of SSM similar to the MD simulations 
(data shown in Figure 5C and Table 3). 
Confocal Fluorescence Microscopy and Data Analysis. GUVs were incubated for 10 min 
with the Alexa Fluor 488 conjugate of cholera toxin B subunit (AF-CTB, Molecular Probes, 
Invitrogen), for which GM1 is the natural receptor; the complex GM1-CTB was detected only 
in areas from which DiI-C18 was strongly excluded57. Thus, AF-CTB reports SSM-enriched 
(Lo) domains and DiI-C18 reports DOPC-enriched domains. After incubation, GUVs were 
immobilized with the hydrogel ArtiCYT (Nano-FM), previously adjusted to the desired 
saccharide concentration to avoid osmotic stress. Samples were imaged on a commercial 
laser-scanning confocal microscope, LSM 710 (Carl Zeiss MicroImaging, Jena, Germany), 
using an objective C-Apochromat 40×/1.2NA, a blue argon ion laser (488 nm), and a red 
He−Ne laser (633 nm) at 20 or 40 °C. The pixel dwell time for the laser-scanning was 2.55 
μs with a pixel step of 0.2 μm. Images were collected from at least two independent lipid 
preparations (biological replicates) for each sugar concentration, and each preparation was 
analyzed three times (technical replicates). A total of 500 GUVs were analyzed from randomly 
chosen images of each sugar concentration. GUVs were classified in four categories: mixed 
(where the probes of the liquid-ordered and disordered phases colocalize), separated (where 
the two probes are localized in different domains), red (vesicles stained with DiI-C18 and 
reporting the liquiddisordered phase), or green (vesicles stained with AF-CTB and reporting 
the liquid-ordered phase). The purely red and green vesicles are likely due to the heterogeneity 
in the GUV formation; i.e., not all the vesicles constitute a ternary mixture of SSM, DOPC, 
and cholesterol as observed by Kahya and co-workers for the same vesicles58. For each 
concentration, weighted averages and standard deviations were calculated (considering the 
number of GUVs per image) for the technical replicates and for the biological replicates. 
The percentages of vesicles with lipid phase mixing were also calculated considering only 
vesicles with ternary mixture of lipids by omitting the red and green vesicles. These effective 
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percentages were plotted in the all the figures and are shown together with the rest of the 
statistics in Table 1. The standard deviation of the percentage of vesicles of a given category 
varies, in particular when the fraction is low. Taking the data as a whole we estimate the 
uncertainty in the measurements to be on the order of 20% of the value presented.
Solid state NMR. All ssNMR experiments were conducted using a 3.2 mm tripleresonance 
(1H, 13C, 15N) probe head at a static magnetic field of 18.8 T corresponding to 800 MHz (1H 
resonance frequency). The lipid based samples were prepared by ultracentrifugation for 
1h at 120,000 g. The pellet was gellified by incubating it in a 37 ˚C incubator for 2-3 days 
prior to filling in 3.2 mm zirconia rotors. Solutions of maltose and maltitol were pipetted 
into the ssNMR rotors. Solutions and lipid-based samples were spun at magic angle spinning 
(MAS) rates of 3 kHz and 12 kHz, respectively, at 25 ˚C. 13C detected experiments were 
obtained using direct excitation (Fig. 10A, red & blue) or cross polarization (CP59, Fig. S5A, 
green) that favors the detection of rigid molecular components. Similar experiments were 
conducted using maltitol (see Supplementary Material Fig. 10B). The CP contact time of 1 
ms was employed using radio frequency field strengths of 83 kHz (1H) and 50 kHz (13C) with 
SPINAL64 1H decoupling60 at 83 kHz during detection periods. All data were processed using 
Bruker Topspin 2.1, Patch Level 6 and referenced using published values for lipids59,60 and 
maltose61,62.
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Abstract

Hydrophobic hydrocarbons are absorbed by cell membranes. The effects of hydrocarbons on 
biological membranes have been studied extensively, but less is known how these compounds 
affect lipid phase separation. Here, we show that pyrene and pyrene-like hydrocarbons can 
dissipate lipid domains in phase separating giant unilamellar vesicles at room temperature. 
In contrast, related aromatic compounds left the phase separation intact, even at high 
concentration. We hypothesize that this behavior is because pyrene and related compounds 
lack preference for either the liquid-ordered (Lo) or liquid-disordered (Ld) phase, while larger 
molecules prefer Lo, and smaller, less hydrophobic molecules prefer Ld. In addition, our 
data suggest that localization in the bilayer (depth) and the shape of the molecules might 
contribute to the effects of the aromatic compounds. Localization and shape of pyrene and 
related compounds are similar to cholesterol and therefore these molecules could behave as 
such. 
Keywords: biological membranes; lipid phase separation; unilamellar vesicles; hydrocarbons; 
membrane partitioning; polycyclic aromatic hydrocarbons; fluorescence microscopy

Introduction

The plasma membrane is the main permeability barrier of the cell and consists of hundreds to 
thousands of different lipid species in addition to a wide range of proteins that allow the cell to 
sense the environment and transport specific molecules in and out of the cell. The lipids of the 
membrane are not randomly distributed but can form distinct domains, often referred to as 
lipid rafts, and associate with specific proteins1–3. Rafts are associated with specific membrane 
proteins, thereby affecting signaling and protein trafficking in the membrane as summarized 
by Levental and Veatch4. 
Hydrocarbons affect the membrane properties as they interfere with the interaction of proteins 
with their neighboring lipids. Alternatively, the hydrocarbons can bind to hydrophobic 
pockets or surfaces of proteins and thereby influence their activity. Local anesthetics exert 
their effects by e.g. decreasing the miscibility temperature of lipids as shown in giant plasma 
membrane vesicles5, thereby increasing the membrane fluidity. In another study, hydrophobic 
phytochemicals were shown to perturb the phospholipid bilayer and the proteins embedded 
in there6. In general, hydrocarbons alter membrane properties such as membrane thickness, 
head group hydration and fluidity, all of which can affect membrane proteins7.
The toxicity of hydrocarbons and other molecules is frequently related to the hydrophobicity 
of the compounds. A measure for hydrophobicity is the logP value, the partitioning of 
a molecule over octanol and water. The more hydrophobic the compound (as indicated by a 
higher, positive logP value), the more it partitions in octanol and accordingly the higher the 
concentration in the membrane8,9. For instance, 20 mg of petroleum hydrocarbons per gram 
lipids have been found in oysters10 and 93 µg/g lipid in maple leaves11. Organisms respond to 
hydrophobic pollutants by changing their membrane composition, by degrading PAHs and 
by expressing efflux pumps to expel the molecules from the membrane7,12,13. It has been shown 
that Escherichia coli and Ralstonia eutropha cells change their lipid saturation to make up for 
the fluidizing or ordering effects of the pollutant when exposed to phenol or biphenyl14,15.
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Aliphatic hydrocarbons localize in the central part of the bilayer16,17. Molecular dynamics 
(MD) simulations confirm experimental studies and found that aliphatic hexane18 and ethane19 
reside in the hydrophobic center of the bilayer. As a general rule, amphipathic molecules 
partition near the bilayer interface, while more hydrophobic molecules reside near the bilayer 
center. In the center of the bilayer, aliphatic hydrocarbons interact with the acyl chains of the 
phospholipids and increase the area occupied by a phospholipid 20. This localization prevents 
Van der Waals interactions between neighboring lipids, thereby fluidizing the membrane. In 
contrast, long chain alkanes interdigitate between the leaflets, thereby increasing the overall 
degree of ordering in the membrane16.
The effects of cyclic hydrocarbons on biological membranes were studied extensively in the 
early 90’s8, reviewed in Sikkema et al. It was found that the partitioning in the membrane of 
cyclic hydrocarbons scales linearly with the logP values of the molecules and they expand 
the membrane7. In membrane vesicles derived from Escherichia coli cells the hydrocarbons 
thicken the bilayer and increased the membrane fluidity. In addition, the membranes became 
more permeable to protons, and, accordingly, it became more difficult to maintain a proton 
motive force. It was then concluded that global deformation of the membrane likely accounts 
for the toxicity effects.
Polycyclic aromatic hydrocarbons (PAHs) are found as pollutants in the environment, mainly 
as a result of incomplete combustion. PAHs are very stable and persistent once formed, and they 
may accumulate in the center of lipid bilayers7. Such localization was found for the aromatic  
benzene19,21,22 and pyrene23–25. Simulation data on the interaction of small, aromatic molecules 
are described in 26. The toxicity of PAHs in eukaryotes is dual and relates in part to their 
hydrophobicity. First, these molecules accumulate in lipid membranes and affect membrane 
function. Second, to remove these compounds from the cell membrane, the PAHs are 
chemically activated by epoxidation, but the modified compounds can also react with other 
molecules in the cell such as DNA. Depending on where the PAH epoxidation takes place, 
these metabolites are carcinogenic27.
Biological membranes are heterogeneous and consist of domains28 that are on the nanometer 
scale and short-lived29, making it a challenge to study their properties. We use giant unilamellar 
vesicles (GUVs) with detergent-resistant membrane domains (DRMs) as model systems to 
study mixing effects of hydrocarbons on lipid domain formation. Phase-separating GUVs can 
be made from a minimum of three components: typically a saturated lipid, an unsaturated 
lipid and a sterol. At the right ratio of lipids, the GUVs have a liquid-ordered (Lo) phase, 
enriched in the saturated lipid and cholesterol, and a liquid-disordered (Ld) phase, mainly 
consisting of the unsaturated lipid30,31. Detergent-resistant membranes (DRMs) derived from 
phase-separating vesicles are closely related to the Lo domains. Lipids associated with the Lo 
phase were enriched in DRMs32, and the DRM fraction can only be obtained from vesicles 
that are phase-separating or in the Lo phase33,34. In addition, the Lo phase of phase-separating 
supported bilayers was found detergent resistant35. These model membranes mimic the 
behavior of natural lipid mixtures36–39. 
In previous work, the aromatic Lo preferring dye naphtopyrene was found to perturb the 
membrane around the miscibility transition temperature at concentrations of 0.3 mol%40. A 
recent molecular dynamics study by Barnoud and coworkers41 indicated a difference between 
the effects of aromatic and aliphatic compounds. While aliphatic compounds induced mixing 
of a phase-separating membrane, aromatic hydrocarbons stabilized the phase separation. 
To better understand the toxicity of PAHs in eukaryotic cells, we determined their effects 
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(Figure 1) on the lipid phase separation in GUVs. We benchmarked the effects of aromatic 
compounds of varying size against unsubstituted aliphatic compounds as the molecules are 
expected to interact differently with lipids and are expected to partition in different places of 
the lipid bilayer. Indeed, we find that the effects on phase separation are highly dependent 
on the partitioning behavior of the hydrocarbons. Furthermore, we find differences for 
membranes with DPPC or SSM as the saturated lipid component, indicating that subtle 
variations in the membrane lipid composition can have major impact when membrane-active 
compounds are present in the environment. The lipid mixing effect of PAHs and differences 
between experiments and simulations are discussed and put in perspective. 

Materials and Methods

Materials. DPPC, SSM, DOPC and cholesterol were purchased from Avanti Polar Lipids. 
ATTO 550 DOPE and ATTO 655 DOPE were used as fluorescent probes to visualize the Ld 
phase and obtained from ATTO-Tec. The dyes are both hydrophilic but differ in their charge 
(cationic versus zwitterionic). We used both dyes to minimize the possibility of artifacts due 
to interactions between dye and lipids or and dye and PAHs. The hydrocarbons naphthalene, 
tetracene, chrysene, pyrene, perylene, triphenylene, coronene, octane and hexadecane were 
purchased from Sigma-Aldrich, and of fluorescence grade when available. Corannulene was 
purchased from TCI Europe. Structures of the hydrocarbons used in this study are presented 
in Figure 1 and their properties are listed in Table 1.
GUV formation. GUVs were prepared by electroformation as described previously31. Lipid 
mixtures consisting of DPPC/DOPC/cholesterol or SSM/DOPC/cholesterol in a 4:3:3 ratio 
(all in chloroform/methanol 9:1) were prepared out of 5 mM stocks. To visualize the GUVs, 
0.1% ATTO 550 DOPE or ATTO 655 DOPE was added. 15 µL of the lipid mixture was placed 
on a conductive indium tin oxide (ITO) coated glass plate. Solvents were removed by placing 
the coverslips with lipids in a vacuum desiccator for 1 h. A rubber ring (Ø15 mm) was placed 
around the lipids with grease. After preheating the glass plates and water to 50 °C, the ITO-
plate containing the lipids was placed on the Vesicle Prep Pro (Nanion Technologies). 200 µL 
water was added and the chamber was closed by putting a second ITO plate on top. A voltage 
of 1.1 V was applied for 1 h, at 10 Hz and 50 °C to form the GUVs. Afterwards, the chamber 
was disassembled and the GUVs were studied by confocal microscopy. 
Addition of hydrocarbons. Hydrocarbons dissolved in chloroform/methanol 9:1 or when 
indicated in dimethylformamide (DMF) were added to the lipid mixture or to GUVs. As solvent 
control, the maximal solvent concentration was taken as extra condition. To study the effect of 
hydrocarbons, the compounds dissolved in chloroform/methanol 1:1 were added to the lipid 
mixture. The GUVs formed were imaged on a commercial LSM 710 confocal microscope 
(Zeiss), using a 40× C-Apochromat Corr M27 with NA 1.2 water immersion objective. ATTO 
550 DOPE was excited with a 543 nm HeNe laser, ATTO 655 DOPE with a 633 nm HeNe 
laser. Perylene was excited with a 405 nm diode laser.
Data analysis. To quantify the effect of hydrocarbons on phase separation, the partitioning 
of the dyes over the Lo and Ld phases was used and reported as pLo/Ld ratio. This ratio is 
equivalent to the partitioning coefficient (Kp) that was used by Levental and coworkers1. A 
5 pixel wide line was drawn through the middle of a GUV to avoid polarization effects, as 
shown in Figure 2. The maxima of both peaks were determined and the pLo/Ld was calculated. 



55

Table 1. Properties of hydrocarbons used in this study.
Compound Molecu-

lar for-
mula

Mw (g/
mol)

Boiling 
point 
(°C)

log Pc XLog P3d Absorp-
tion max 
(nm)

Absorp-
tion 
max 
(nm)a

Em max 
(nm)a

Naphtha-
lene

C10H8 128.17 218 3.3/3.35 3.3 221, 
275.5, 
286, 311

220, 275, 
286, 311

322, 334

Phenan-
threne

C14H10 178.23 340 4.46 4.5 210, 219, 
242, 251, 
273.5, 
281, 
292.5, 
308.5, 
314, 
322.5, 
329.5, 
337, 345 

Tetracene C18H12 228.29 450b 5.76–
6.02b

5.9

Chrysene C18H12 228.29 448 5.73/5.9 5.7 222, 258, 
268, 295, 
353, 361, 
344, 320

Pyrene C16H10 202.25 404/399 4.88 4.9 273, 306, 
320, 335 

241, 273, 
335

349, 381

Triphenyl-
ene

C18H12 228.29 425b 4.83–
5.84b

4.9

Benzo(e)
pyrene

C20H12 252.31 310–312 6.44 6.4

Perylene C20H12 252.31 350–400 
(sub-
limes)

5.82 5.8 245, 251, 
368, 387, 
406, 434 

387, 408, 
436

436, 463, 
497

Corannu-
lene

C20H10 250.29 6

Coronene C24H12 300.35 525b 5.4–8.2b 7.2

Octane C8H18 114.23 126 5.18 3.9

Hexadecane C16H34 226.44 286.5 8.25 (est) 8.3
Data from Pubchem database, except 
ahttp://omlc.org/spectra/PhotochemCAD/index.html; 
bMackay D, Shiu WY, Ma KC, et al. (2006) Handbook of Physical-Chemical Properties and 
Environmental Fate for Organic Chemicals, 2 Eds., CRC Press. 
clogP = log ([solute]octanol/[solute]water); dXlogP3 = a calculated logP value42.

At least 50 GUVs per condition for each experiment were analysed.
Detergent-resistant membranes (DRMs). To probe the partitioning of the PAHs, DRMs 
were prepared from multilamellar vesicles as previously described43, with slight modifications. 
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Figure 1. Structures of the compounds used in this study.

Briefly, multilamellar vesicles were formed by thin film hydration. The appropriate  amount of
lipids, dissolved in chloroform/methanol 9:1, were mixed and solvents were evaporated by 
rotary evaporation. Next, the lipidfilm was hydrated in 10 mM Tris-HCl, 150 mM NaCl, 
pH 7.4 by repeated vortexing at 60 °C; the final lipid concentration was made 1 mM. To 
isolate DRMs, ice cold Triton X-100 was added to chilled MLVs in a 1:1 mol Triton X-100 
to lipid ratio. These conditions were chosen to observe similar perylene partitioning in the 
vesicles with DRMs as in the GUVs with Ld and Lo phases (see Figure 5). After 30 minutes of 
incubation on ice, the DRMs were obtained by ultracentrifugation at 227,000 g for 1 h at 4 °C. 
The supernatant was removed and the pellet resuspended in the same volume of Tris/NaCl 
buffer. Fluorescence of the pellet and the supernatant was measured on a fluorimeter (Jasco 
FP-8300).

Figure 2. Fluorescent quantification of pLo/Ld. Partition coefficients of the dyes were 
quantified by a 5 pixel width line scan through the domains. Only GUVs with both domains 
in the middle (as in the left picture) were analyzed. When no phase separation was visible, a 
line was drawn from left to right through the middle of the GUV (as in the right panel).
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Results

Pyrene and related compounds prevent phase separation
Pyrene, triphenylene and benzo(e)pyrene prevented phase separation in GUV, composed of 
DPPC, DOPC and cholesterol when added to the lipid mixture in a 1 to 1 molar ratio (Figure 
3A). The other tested aromatic hydrocarbons, i.e. naphthalene, phenanthrene, tetracene, 
chrysene, perylene, coronene and corannulene, retained phase separation, even at such high 
concentrations. Also for the aliphatic octane and hexadecane, no effect on phase separation 
was observed. The majority of the GUVs are either phase separating (indicated by a pLo/Ld 
close to 0) or uniform (indicated by a pLo/Ld close to 1). In the GUVs analyzed, few vesicles 
displayed an intermediate appearance between phase separation and one phase (where phase 
separation is maintained, but the dye partitioning is not as black and white as in the example 
shown in Figure 2), which is indicated by a pLo/Ld value between 0.2 and 0.8 (Figure 3B). 

Figure 3. Pyrene and related molecules prevent phase separation in GUVs composed 
of DPPC/DOPC/cholesterol. A: GUVs composed of DPPC/DOPC/cholesterol at a 
ratio of 4:3:3 and the solutes dissolved in chloroform/methanol were used. The pLo/
Ld ratio was determined using ATTO 550 DOPE as probe and the hydrocarbons were 
added to the lipid mixture prior to GUV formation. The error reflects variations in 
different GUV preparations. All compounds are present in a 1 to 1 mol ratio with the 
lipids. In green: aromatic hydrocarbons; in red: aliphatic hydrocarbons. B: Distribution 
plot of one representative experiment, for three conditions. pLo/Ld values of individual  
GUVs (indicated by a symbol) are ordered from 0 (lowest pLo/Ld ratio measured for that 
condition) to 1 (highest pLo/Ld ratio measured) according to the their pLo/Ld ratio; the 
pLo/Ld ratios are plotted against the GUV number. We normalized the values of the  
x-axis, because the GUV numbers are not the same for the three conditions. Black line: 2.5 
mol% pyrene; red line: 10 mol% pyrene; green line: 50 mol% pyrene. In A, values are mean 
± standard deviation of at least three independent experiments (biological replicates) except 
for naphthalene, tetracene, coronene, octane and hexadecane (n = 2), and triphenylene and 
corannulene (n = 4). 
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Irrespective of whether the hydrocarbon was introduced prior to or after GUV formation, 
pyrene dissipated phase separation in the GUVs (Figure S1A). Adding pyrene dissolved in 
DMF to phase-separating GUVs increased the pLo/Ld from 0.07 to 0.86. Various fluorescent 
probes, used to visualize membranes, have been shown to alter the miscibility temperature of 
membranes40,44–46. Therefore, to rule out possible effects of the cationic membrane probe (ATTO 
550 DOPE), the experiments were repeated with the zwitterionic ATTO 655 DOPE but the results 
were similar (see Figure S1B). 

Phase separation only disappears at high PAH to lipid ratios and is lipid composition 
dependent
To study if the mixing effect of pyrene is lipid specific, the effect of pyrene was also studied 
in GUVs prepared from SSM/DOPC/cholesterol (Figure 4). At similar pyrene to lipid 
ratios, phase separation was maintained in SSM/DOPC/cholesterol GUVs but not in 
vesicles prepared from DPPC/DOPC/cholesterol. These results are consistent with previous 
measurements47–50, which showed that the interaction between SSM and cholesterol is stronger 
than the interaction between DPPC and cholesterol. Accordingly, the impact of pyrene and 
most likely other PAHs on phase separation is clear when DPPC is present, in contrast with 
the sphingolipid.

PAH localization depends on hydrophobicity and shape
The localization of PAHs was studied in DRMs, since these resemble the Lo phase and PAH 
partitioning can be determined spectroscopically. Here, we observe that the more hydrophobic 
the compound (as indicated by the logP values; Table 1) the higher the partitioning in the DRM 
(Figure 5). Small PAHs such as naphthalene and phenanthrene have a preference for the Ld 
phase (indicated by the Ipellet/Isupernatant < 1), while the larger compounds tetracene and coronene 
reside mainly in the Lo phase (Ipellet/Isupernatant > 1). Strikingly, with the exception of corannulene, 
the three compounds that prevent phase separation in GUVs equally partitioned in both 
phases (Ipellet/Isupernatant ≈ 1). To check if the partitioning of hydrocarbons in DRMs is comparable 
to partitioning in GUVs, the localization of perylene was tested by an independent method. 
Perylene absorbs blue light and has a fluorescence emission maximum at 436 nm and can 
therefore be followed by confocal microscopy. The fluorescence-based analyses in GUVs were 
compared to the results from DRMs (Figure 6), and indeed a similar localization was found.

Figure 4. Phase separation disappears at high 
PAH to lipid ratios and is dependent on lipid 
composition. The pLo/Ld ratio estimated from 
the ATTO 550 DPPE partitioning in GUVs 
composed of DPPC/DOPC/cholesterol or 
SSM/DOPC/cholesterol (mol ratios of 4:3:3) 
with and without the indicated mol% of 
pyrene. Values are mean ± standard deviation 
of at least two independent experiments. 
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Figure 5. PAH localization in detergent 
resistant membranes. The Ipellet/Isupernatant 
was calculated from the fluorescence of 
the pellet (DRM) and the fluorescence 
of the supernatant at the maximum 
emission. All compounds were present 
at 2 mol% hydrocarbon-to-lipid ratio to 
prevent excimer formation. Values are 
mean ± standard deviation of at least two 
independent experiments.

Conclusions

We find that at room temperature high concentrations of the hydrocarbons naphthalene, 
phenanthrene, tetracene, chrysene, perylene, corannulene, corulene, octane and hexadecane 
have a rather small effect on lipid phase separation in vesicles composed of DPPC, DOPC and 
cholesterol. Differences in phase separation are not visible even when hydrocarbons are present 
in amounts stoichiometric with the membrane lipids. Pyrene, benzo(e)pyrene and triphenylene 
form an exception, in that these compounds induce lipid mixing in phase-separating 

Figure 6. Perylene localization in GUVs and DRMs. A: the pLo/Ld ratio of perylene in both 
DPPC/DOPC/cholesterol and SSM/DOPC/cholesterol GUVs (mol ratios of 4:3:3) GUVs; 2 
mol% perylene was added to the lipid mixture prior to GUV formation. B: the Ipellet/Isupernatant 
of perylene were determined in multilamellar vesicles of the aforementioned lipid mixtures 
with 2 mol% perylene. Values are mean ± standard deviation of at least two independent 
experiments. 
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GUVs containing DPPC but not when DPPC is replaced by SSM. The specific effect of 
pyrene-like compounds is likely due to their partitioning in both the Lo and Ld phase, which 
is explained by the shape and hydrophobicity of the hydrocarbon. 
According to MD simulations and fluorescence quenching experiments, pyrene is localized 
predominantly in the highly ordered upper region of the acyl chains of POPC/DPPC 
membranes23,24, at a similar position as cholesterol51. Pyrene does not reach as deep as 
cholesterol into the bilayer, thereby leaving space below the pyrene molecule and the center 
of the membrane. The tails of unsaturated lipids such as DOPC can occupy this space51. 
Hexadecane is located in a similar fashion as pyrene according to X-ray diffraction data 16. 
On the contrary, octane is localized between the two leaflets in the same study. To the best of 
our knowledge, for the other compounds used in this study no localization data is available.
Besides its position in the upper region of the acyl chains, pyrene has more in common with 
cholesterol. In MD simulations, pyrene had an ordering effect on neighboring DPPC molecules 
in the fluid phase, while it has a disordering effect on the same molecules in the gel phase21. 
This is similar to the effect of cholesterol in DPPC membranes52. In addition, pyrene has a 
diamond shape and occupies the equivalent geometric volume of the membrane51. Compared 
to e.g. tetracene or chrysene, more space is available below the pyrene molecule. If indeed 
pyrene behaves as cholesterol, the membrane becomes saturated and differences between the 
Lo and the Ld phase become smaller. Eventually, both phases mix as seen in ternary lipid 
mixtures (e.g. DPPC, DOPC, and cholesterol30) that contain over 40% cholesterol and this is 
what we find here with pyrene.
Large PAHs have a preference for the Lo phase39, while benzene and fullerene end up in the 
Ld phase of phase-separating bilayers in MD simulations41. This is in agreement with the 
localization of PAHs in DRMs measured here. The large rigid compounds induce order by 
forcing the acyl chains to arrange themselves around the molecule, which occurs with an 
entropic penalty24. In the already more ordered Lo phase, the costs are lower than in less 
ordered Ld phase, hence the preference of these compounds for Lo. 
The exact localization of pyrene in phase-separating membranes has not been reported but can 
be deduced from literature using similar compounds. The partitioning of aromatic dyes is not 
only dependent of their hydrophobicity but also of their size and shape. Relatively small dyes 
such as perylene and rubicene were found in both the Lo and Ld phase of GUVs composed of 
brain SM, DOPC and cholesterol, larger dyes such as terrylene and naphthopyrene partitioned 
in the Lo phase53. Naphthopyrene also partitions into the Lo phase of GUVs composed of 
DPPC/DOPC/cholesterol54. However, the dye phase preference varies between lipid mixtures. 
For example perylene has Lo preference in GUVs composed of egg SM (mainly consisting of 
short chain (C16) saturated SM), DOPC and cholesterol55, while in brain SM (consisting of 
longer chain SMs (C18 to C24) and 20% unsaturated chains), DOPC and cholesterol GUVs 
perylene does not have a preference for any of the phases53. These studies indicate that the 
more hydrophobic the dye, the more likely it is that it localizes in the Lo phase, but only few 
very hydrophobic compounds end up in that Lo phase and it depends on the lipid mixture used 
how a dye is distributed across both phases (a Lo phase in one lipid mixture is different from a 
Lo phase in another lipid mixture). 
The dissipation of phase separation with pyrene and related compounds was only observed 
in vesicles containing DPPC. Although it is often claimed that DPPC and SM act similar in 
phase separating mixtures, the strength of the interaction of these lipids with e.g. cholesterol 
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is different. The preference of cholesterol for SM is explained by the presence of the N-linked 
acyl chain. The amide of SM can act as hydrogen bond donor and acceptor with the hydroxyl 
moiety of the cholesterol56. Due to the stronger interactions between cholesterol and SSM, 
pyrene most likely cannot perturb phase separation, i.e. under conditions that it does in 
GUVs with DPPC instead of SSM. Other studies have shown different partitioning of the dye 
DiI C18:0, depending on the saturated lipid component. The DiI C18:0 dye partitions into the 
Ld phase of brain SM-containing GUVs and in the Lo phase in distearoylphosphatidylcholine-
containing GUVs53. The authors explain this effect due to the preferential interaction of 
cholesterol with SM (excluding the DiI C18:0 from this phase) compared to saturated 
phospholipids. This is also confirmed by 2H-NMR47,50, solid-state NMR combined with DSC49 
and DPH anisotropy measurements, using a fluorescent cholesterol analogue48.
Aliphatic hydrocarbons had no effect on phase separation in GUVs composed of DPPC, 
DOPC and cholesterol, analyzed at room temperature. This is in contrast to previous MD 
simulations, where these molecules act as lineactant and decrease phase separation41. 
We attribute the differences in the experiments and simulations to either differences in 
lipid composition (the simulation studies use polyunsaturated lipids to increase the phase 
separation) or setup (small periodic lamellar patches with a surface in the order of 520 nm2 
in case of the MD simulations versus GUVs in the experiments). An older study found that 
the aromatic benzene and toluene increase membrane fluidity, but the aliphatic cyclohexane 
and hexane did not alter membrane fluidity as measured by pyrene excimer formation57. This 
is in line with the results presented here, where only some aromatic compounds alter phase 
separation.
In conclusion, we show that at room temperature hydrocarbons have a distinct effect on lipid 
phase separation, and the effect is dependent on the strength of the interaction of cholesterol 
with the saturated lipid component. Pyrene and pyrene-like compounds dissipate phase 
separation in mixtures containing DPPC as saturated lipid component but not in GUVs 
containing SSM instead of DPPC. We speculate that pyrene and related compounds act as 
cholesterol, thereby decreasing the difference between the Lo and Ld phase and eventually 
leading to domain mixing. Furthermore, PAHs larger than pyrene-like compounds prefer Lo, 
whereas smaller ones partition in Ld. 
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Abstract

Palmitoylation is an important, reversible post-translational modification of proteins that 
involves the covalent attachment of a palmitic acid moiety typically to a cysteine on the protein. 
To study palmitoylation in vitro, we designed two different trifunctional linkers based on 
propargylglycine or tyrosine that combine the hydrophobic membrane peptide, a fluorescent 
group and the palmitoyl moiety. The synthesis of the linker is described here, followed by 
experimental studies in giant unilamellar vesicles (GUVs) with part of the membrane in the 
liquid-ordered (Lo) and part in the liquid-disordered (Ld) phase. The linker was coupled to 
the synthetic α-helical model peptide WALP and the pore forming cell penetrating peptide 
alamethicin. The localization of the fluorescent peptide with and without the palmitoyl 
moiety was determined in giant unilamellar vesicles. Both peptides incorporate well in the 
membrane, and their localization was not altered by introduction of the palmitoyl group. In 
all cases we find that the peptides localize in the liquid-disordered phase, also in the presence 
of GM1, which has been reported to shuttle the WALP peptide to the interface of the Lo and 
Ld phase in GUVs. 

Introduction

The localization of membrane proteins is determined amongst other factors by protein signal 
sequences1–3. Changes of only one amino acid have been shown to relocate lipoproteins from 
the inner to the outer membrane in Escherichia coli and vice versa4. Modification of one amino 
acid of the K-Ras anchor altered its preference for specific anionic lipids and the sorting of 
those lipids in nanodomains5. These small changes can have huge effects: the signal output of 
K-Ras and concomitantly its biological function changed by substituting one cationic lysine 
for an zwitterionic glutamine5.
Another factor determining membrane protein localization is palmitoylation, a reversible 
post-translational modification whereby a palmitic acid group is attached to a cysteine 
residue (or more seldom a serine or threonine residue)6–9. The palmitic acid group changes the 
hydrophobicity of the protein and its preference for certain membrane domains9. For example, 
LAT enrichment in the raft phase was dependent on palmitoylation in cell derived vesicles10. 
In cells, the double palmitoylated H-Ras protein is localized in a different compartment as the 
unpalmitoylated K-RAS despite their high similarity11.
Hydrophobic mismatch has been suggested as sorting principle for membrane proteins. 
When the thickness of the membrane is not sufficient to embed the hydrophobic residues of 
the transmembrane segment, the membrane surrounding this protein distorts at energetic 
costs12,13. To overcome the energetic penalty, proteins preferentially reside in domains with 
matching thickness, which leads to segregation of proteins with different hydrophobic 
thickness14–17. Besides signal sequences, protein palmitoylation and hydrophobic matching, 
the ganglioside GM1 has been shown to affect membrane localization of the α-helical model 
peptide WALP and the linker for activation of T cells (LAT), at least in a molecular dynamics 
study18. The GM1 ganglioside is a glycosphingolipid with a large headgroup involved in Ca2+ 
signalling, neuronal differentiation and immune response (for a review, see 19), but the ability 
to alter protein localization was not shown before. 
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Trifunctional linkers and scaffolds are ubiquitous in chemistry – any molecule that has 
three functional groups can be considered trifunctional - and serve a great variety of 
purposes. Even the simplest example bearing three identical reactive groups can already 
achieve a great variety of potential outcomes, based on stochastic coupling, or clever (sub-
stoichiometric) introduction of the groups20–22. Trifunctional linkers bearing three different 
reactive groups are more of a challenge, but several have been developed 23–25. A very elegant 
option example is a molecule based on a tri-orthogonal “click” scaffold, combining inverted 
Electron Demand Diels-Alder (between a cyclooctyne and a tetrazine moiety) with a copper-
catalyzed alkyne azide coupling and a thiol-Michael reaction (addition of a thiol to e.g. a 
maleimide), as developed by Knall et al.26. Another option proposed by Jiracek et al. is based 
on the combination of two CuAAC click reactions with an aldehyde and/or activated ester 
coupling27. However, synthesis of such a molecule is too elaborate to reproduce in a non-
synthetic chemistry lab. Here, we report the synthesis of a trifunctional linker to couple a 
fluorescent group and lipid moiety to the hydrophobic peptides WALP and alamethicin.
To explore the interaction between WALP and GM1 further, we studied the partitioning of 
the hybrid peptides in phase-separating giant unilamellar vesicles (GUVs) in the presence 
of GM1. The GUV separated the membrane into Lo and Ld phases, which differ in lipid 
composition, lipid order and lateral diffusion28,29. In addition, we studied the effect of 
palmitoylation and hydrophobic mismatch in this system. We find that this trifunctional 
linker is a valuable tool to study the effect of palmitoylation on peptide partitioning. We show 
that the lipid modifications do not have an effect on WALP partitioning. We conclude that the 
Lo phase formed in lipid mixtures composed of DPPC, DOPC and cholesterol is too rigid to 
accommodate peptides.

Results

A trifunctional linker to couple WALP, fluorophore and palmitoyl moiety
Amino acids have been considered to serve as base for trifunctional linkers, as they by default 
have three functional groups. The R-group can be readily varied, either by modification of a 
‘standard’ amino acid, or by synthesizing a new one from the ground up. In previous work, the 
versatility of propargylglycine was demonstrated by coupling a photostabilizer and various 
dyes to DNA and proteins30. For the trifunctional linker designed here, a maleimide was 
introduced on propargylglycine, followed by the phospholipid 1,2-dipalmitoyl-sn-glycero-3-
phosphoethanolamine (DPPE) to mimic two palmitoyl moieties, a fluorescent dye (TAMRA), 
and finally modification with the GC-WALP peptide (Scheme 1); the amino acid sequence 
of GC-WALP is GCGWW(LA)8LWWA. All reactions were carried out under nitrogen 
atmosphere unless described otherwise.

Scheme 1. Use of 
propargylglycine 1 and a 
trifunctional scaffold as the 
proposed hybrid construct (2)
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Propargylglycine itself was readily available in good overall yields following a procedure by 
Granja et al.31 with minor deviations from the original protocol for reasons of convenience 
(scheme 2).
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Scheme 2. Synthesis of L-propargylglycine. a) AcCl, NEt3 CH2Cl2 b), EtONa, Propargylbromide, 
EtOH c) LiOH, H2O. 

Scheme 3. Synthesis of DPPE and dye-functionalized peptides GC-WALP and dULC-ALM. 
a) 6-maleimidohexanoic-O-succinimide, K2CO3 b) i)NHS, DCC; ii) DPPE, 2,6 lutidine; c) 
Dye-Azide, TBTA, CuSO3, sodium-ascorbate; d)GC-WALP or dULC-ALM in TFE.
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Experiments with a six-carbon linker gave the intended product in good yield, using a similar 
protocol as in 30. In the next step, DPPE was introduced on the carboxylic acid in a two-
step procedure. First an activated ester was generated in excess, followed by rapid removal 
of the insoluble urea side-products. The activated ester was added to the solution containing 
DPPE and stirred for 17h, resulting in the phospholipid-modified scaffold in acceptable yield. 
The solvent system for solubilising DPPE was a combination of chloroform and 2,6-lutidine, 
which greatly improved the yield and scalability of the reaction compared to the supplier-
recommended system of chloroform and methanol.
The functionalization of the DPPE-modified linker with TAMRA and Sulfo-Cy3 dyes gave 
the penultimate products and did not require further optimization; the final yield was 
approximately 30%. The subsequent functionalization of TAMRA-modified scaffold 10 with 
GC-WALP gave the product as identified by high resolution mass spectrometry (HRMS), and 
most, if not all, starting scaffold could be removed successfully by trituration. However, due to 
the hybrid properties of the final product – poorly soluble in any solvent but trifluoroethanol, 
DMSO and DMF, – it proved difficult to obtain a pure product by chromatography (HPLC/
UPLC/Flash/(Prep-)TLC) or crystallization. However, the complete lack of starting materials, 
and the observed characteristics of the product mixture after trituration to remove the starting 
materials, indicate the successful formation of the hybrid construct.
We also developed a synthetic route on the basis of doubly protected Boc-tyrosine methyl 
ester, following the same overall strategy. This route could potentially save 3 steps and would 
not suffer from lengthy deracemization steps or aqueous couplings midway the synthesis. 
Starting from protected Boc-tyrosine methyl ester, we first propargylated the molecule in 
good yield,

 

Scheme 4. Synthesis of a tyrosine-derived scaffold. a) propargyl bromide, K2CO3; b) HCl in 
MeOH (anhydrous) c) 6-maleimidohexanoic acid, Et3N, DIC; d) Me3SnOH, DCE, reflux; e) 
i) NHS, DCC; ii) DPPE, 2,6-lutidine. 
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Scheme 5. Synthesis of the final constructs based on tyrosine as a scaffold. a) dye-azide, 
CuSO4, TBTA, sodium ascorbate; b) GC-WALP or dULC-ALM, TFE.

Scheme 6. Synthesis of Alexa Fluor 488-labelled C-WALP. 
a) H2O; b)triethylamine, Alexa Fluor 488 C5 maleimide. 
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followed by quantitative Boc-deprotection. Subsequently, a 6-maleimido hexanoic acid was 
introduced using DIC as coupling agent, resulting in the amide in moderate yields. Using 
the Nicolaou ester hydrolysis reaction, employing trimethyltin hydroxide, the free acid was 
obtained in near-quantitative yields32. DPPE was then introduced using the same protocol 
as in the previous section, giving the scaffold in moderate yield. Tamra and Sulfo-Cy3 were 
introduced to give the penultimate products. The final products were formed by reacting the 
respective scaffolds with either dULC-ALM or GC-WALP. Here again, product formation 
was observed in HRMS and the unreacted starting scaffolds could be removed by trituration.

Partitioning of the trifunctional linkers and WALP in phase separating GUVs
Next, we studied the partitioning of WALP with and without lipid modification in phase-
separating GUVs. The first approach was to label C-WALP (CGWW(LA)8LWWA) directly 
with the fluorophore Alexa Fluor 488 (scheme 6). The labelled peptide, molecule 27 partitioned 
in the Ld phase of phase separating GUVs consisting of SSM, DOPC and cholesterol in ratio 
of 4/3/3 (Figure 1). The trifunctional linkers with palmitoyl moiety (10 and 20) partitioned 
in both the Lo and Ld phase of GUVs consisting of DPPC, DOPC and cholesterol (Figure 
1). Localization was quantified by determining the pLo/Ld, that is, the intensity of TAMRA 
coupled to the GC-WALP peptide (molecule 10 or 20) in the Lo phase divided by the intensity 
of the Ld phase33. This yields a value below one when the GC-WALP was found in the Ld phase 
and a value above one when GC-WALP resides (mainly) in the Lo phase. For the tyrosine 
linker we find a two-fold preference for the Ld phase, whereas the glycine linker shows a two-
fold preference for the Lo phase (Figure 2). 

Effect of palmitoylation on peptide partitioning in phase-separating membranes
Modifying GS-WALP with two palmitoyl groups (12 and 22) resulted in preferential 
partitioning of the hybrid molecules in the Ld phase of phase-separating GUVs as shown 
by co-localization of the Tamra-labelled GC-WALP with the Ld marker ATTO 655 DOPE 
(Figure 2). Both linkers used (12 and 22) gave similar results as shown by a pLo/Ld of 0.31 ± 
0.10 and 0.19 ± 0.03, respectively.

GM1 does not alter the localization of WALP
Molecular dynamics simulations have shown that GM1 shuttles WALP peptides to the 
interface of the Lo and Ld domain. We therefore determined the effect of GM1 on palmitoylated 
GC-WALP (12 and 20) incorporated in GUVs composed of DPPC, DOPC and cholesterol. 
GM1 was added at the expense of DPPC, to maintain the same degree of lipid saturation. 
GM1 was incorporated at concentrations up to 10 mol%, which is physiologically relevant as 
gangliosides compromise 5 to 10% of membranes isolated from neuronal synapses34, where 
GM1 is one of the most abundant species35,36. No difference in WALP localization was seen 
at GM1 concentrations of 2 and 10% (Figure 2). In all cases, the Ld marker ATTO 655 DOPE 
co-localized with palmitoylated GC-WALP (12 and 22). WALP is excluded from the Lo phase 
even more in the presence of GM1, since the pLo/Ld decreases from 0.31 ± 0.10 to 0.22 ± 
0.11 and from 0.19 ± 0.03 to 0.11 ± 0.05 for 12 and 22, respectively, when 10 mol% of the 
ganglioside is present in the lipid mixture.
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Figure 1. Confocal images of giant unilamellar vesicles: Localization of AF488-labelled 
C-WALP (27), TAMRA-labeled glycine-based linker with palmitoyl moiety (10), and 
TAMRA-labelled tyrosine-based linker with palmitoyl moiety (20). DiD was used as Ld 
marker for 27, in the other conditions, ATTO 655 DOPE was used as Ld marker.

Effect of hydrophobic mismatch
Hydrophobic mismatch between the WALP peptide and the Ld phase was induced by 
increasing the length of the WALP peptide. By doing so, the peptide might fit better in the Lo 
phase, which is 0.7 to 1 nm thicker than the Ld phase37–39. WALP27 is 4 amino acids longer 
than the C-WALP, which results in an increase in the length of the hydrophobic domain of 
0.6 nm40. WALP27 labelled with Alexa Fluor 488, colocalized with the Ld marker DiD in the 
phase separating GUVs composed of SSM, DOPC and cholesterol (Figure 3). Addition of 5% 
GM1 did not affect the partitioning, as seen for the shorter GC-WALP (Figure 2). 
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Figure 2. Localization analysis of the trifunctional scaffolds (10 and 20, condition 1) and 
trifunctional scaffolds bound to the GC-WALP (12 and 22, conditions 2-4) in the presence 
and absence of GM1. Localization was studied in GUVs composed of DPPC, DOPC and 
cholesterol, with 0 (condition 1 and 2), 2 (condition 3) and 10% GM1 (condition 4) added. 
Glycine-based molecules (10 and 12) are indicated by black bars, tyrosine-based molecules 
(20 and 22) by grey bars. Shown are the mean and standard error of at least three independent 
experiments.

Alamethicin localizes in the Ld phase
To show the versatility of the trifunctional linkers, we probed the membrane partitioning of 
the well-studied pore forming cell penetrating peptide alamethicin. We used the glycine  (13) 
and tyrosine linkers for coupling of alamathecin to the lipid moiety and TAMRA fluorophore 
(23). Partitioning of the hybrid alamethicin was studied in phase-separating GUVs composed 
of DPPC, DOPC and cholesterol in the absence and presence of GM1 (Figure 4 and S1). 
In all conditions, alamethicin colocalized with the Ld marker ATTO 655 DOPE. Thus, both 
the model membrane peptide WALP and alamethecin strongly favour the liquid-disordered 
phase of the membrane, even when functionalized with long-chain saturated fatty acid chains.

Discussion

Here we show the synthesis and use of two trifunctional linkers to study the localization 
of peptides in phase-separating giant-unilamellar vesicles (GUVs). The linkers allow great 
flexibility in fluorophores and peptides (or proteins) to be examined. Despite alterations in the 
membrane by addition of the ganglioside GM1 or alterations to the peptide by palmitoylation 
or increasing peptide length, WALP and alamethicin partitioned into the Ld phase.
WALP and derivative peptides are commonly used as α-helical model membrane peptides and 
their interaction with lipid membranes has been studied extensively41–43. WALP (sequence: 
GWW(LA)8LWWA) has previously been shown to localize in the Ld phase of phase-
separating GUVs44. Also, it is found in the detergent-soluble fraction of phase-separating 
large unilamellar vesicles45, which is analogous to the Ld phase46–49. Our findings confirm these 
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findings.

  

Figure 3. Confocal images of giant unilamellar vesicles: hydrophobic mismatch and GM1 do 
not alter localization of WALP27. WALP27 was labelled directly with AF 488. DiD was used 
as Ld marker.

Localization of alamethicin has not been reported previously.
GM1, a ganglioside, is often used as raft marker50–52 and associated with the Lo phase53–55. 
GM1 has been shown to interact with WALP and LAT, thereby favouring the partitioning 
of the peptides in the Lo phase, at least in coarse grained molecular dynamics simulations18. 
All-atom simulations contradict these findings and show depletion of GM1 near WALP56. We 
note that the latter experiments were carried out in uniform phospholipid bilayers rather than 
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phase-separating membranes. 

 

Figure 4. Confocal images of giant unilamellar vesicles: GM1 does not alter localization of 
alamethicin. Alamethicin was labelled with TAMRA using the glycine-based linker carrying 
the palmitoyl moiety (13). ATTO 655 DOPE was used as Ld marker.

GM1 could form small nanodomains inside the Lo phase54,57,58, thereby preventing interaction 
with WALP. Clusters of GM1 were found in cell membranes57, but also in supported 
bilayers53,54,58.  In any case, direct interaction of GM1 and WALP in phase-separating 
membranes seems unlikely, at least in our experimental system, since they are spaciously 
separated with GM1 in the Lo phase and WALP in the Ld phase44,45.  
Palmitoylation has been shown to affect the membrane localization of LAT and hemagglutinin59. 
The long, saturated palmitoyl moieties of e.g. DPPE favour the Lo phase and the attachment 
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the acyl chains to α-helical membrane peptides or proteins would shift their partitioning 
from Ld to Lo, but this is not what we observe in phase-separating GUVs composed of DPPC, 
DOPC and cholesterol, although changes in behaviour due to the linker cannot be excluded. 
Also, increasing the hydrophobic length of WALP by 0.6 nm did not affect the partitioning of 
palmitoylated peptide. The apparent difference in partitioning might be due to the high order 
of the Lo phase in GUVs compared to more natural systems or the membrane systems used 
in the MD simulations29,60. In fact, LAT, which has been associated with lipid rafts, does not 
partition into the Lo phase of phase-separating GUVs61. In addition, palmitoylation of LAT 
did not affect LAT partitioning into the Ld phase61. 
We did not test alternative membrane systems with a smaller difference in order between the 
Lo and Ld phases. For example, giant plasma membrane-derived vesicles have been shown 
to phase separate with a smaller difference in lipid order between the Lo and Ld phase29, and 
here LAT has been shown to localize in the Lo phase of these vesicles10,16. Another option is to 
prepare GUVs from lipids that are known to form Lo and Ld domains of minimal mismatch, 
as used by Lin and London15. They found that perfringolysin O inserts into the Lo phase of 
vesicles with a thick Lo phase, while it inserts into the Ld phase of vesicles with a thick Ld phase 
and a thin Lo phase. For both approaches, the trifunctional linkers developed here would 
provide important tools to further explore the factors that determine membrane protein 
localization.

Materials and methods

Materials. All solvents were purchased from commercial suppliers and used without 
further purification. Reagents were purified if required, following procedures described 
in62. dULC-ALM-F30 was obtained synthetically, as described in following the automated 
synthesis protocol first published by DeGrado et al63. WALP peptides (GC-WALP: Ac-
GCGWW(LA)8LWWA-NH2; C-WALP: Ac-CGWW(LA)8LWWA-NH2; GCG-WALP27: Ac-
GCGGWW(LA)10LWWA-NH2) from Bachem. 1,2-dipalmitoyl-sn-glycero-3-phosphocholine 
(DPPC), N-stearoyl-D-erythro-sphingosylphosphorylcholine (SSM), 1,2-dioleoyl-sn-
glycero-3-phosphocholine (DOPC), cholesterol, and GM1 ganglioside were purchased from 
Avanti Polar Lipids. ATTO 655 DOPE was obtained from ATTO-Tec. Alexa Fluor 488 C5 
Maleimide and DiD (1,1’-dioctadecyl-3,3,3’,3’-tetramethylindodicarbocyanine perchlorate) 
from Thermo Fisher Scientific. 5(6) Tamra azide from Tenova Pharmaceuticals. Sulfo-
Cyanine3 (Sulfo-Cy3) from Luminiprobe.
Synthesis of the trifunctional linker: reaction monitoring. Reactions were monitored by 
TLC Silica 60 (Merck Millipore), examined under UV (365 nm and 254 nm), and stained by 
KMnO5, ninhydrin, vanillin or H2SO4 in MeOH (1%). Chromatography was performed on 
Silica gel 60 (0.040-0.063 mm) from Merck Millipore as previously described64. 
The 1H NMR spectra were recorded at 400 MHz and 13C NMR spectra were recorded at 100 
MHz. The chemical shifts are reported in ppm relative to the residual solvent peak. 
Analytical RP-HPLC was performed on a Shimadzu LC-10AD VP machine using XTerra MS 
C18 Column, 125Å, 3.5 µm, 4.6 mm X 100 mm
Semi-preparative RP-HPLC purification was performed on a Sunfire ODB C8 Prep Column, 
100Å, 5 µm, 10 mm X 150 mm, with a flow rate of 2.0 mL/min @ 60°C
The solvent system was: A = 20% MeOH in iPrOH with 0.1% FA, B = 0.1% FA in H2O (dd)
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Absorbance was monitored at 210 nm, 254 nm and the absorption maximum of the 
respective dye (550 nm range) product percentages are given by peak areas at 210 nm for 
non-fluorescent compounds (e.g. alamethicin F30), or at the absorption maximum (550 nm 
range) for dye containing compounds. For reasons of convenience, yields were based on the 
molar absorptivity coefficient of the parent dye, not compensating for the presence of lipid, 
linker or the peptide (assumed to not absorb in that region).
Low-resolution mass spectra were recorded on a Waters XEvo LC-QTOF (ESI, pos/neg) using 
direct injection of the sample (bypass of the LC system).
High-resolution mass spectra were recorded on an Orbitrap XL (Thermo Fisher Scientific; 
ESI pos. or neg. mode).

Synthesis of 2-acetamido-diethylmalonate 4. In a 500 mL three-neck 
flask equipped with a magnetic stirrer, 2-aminodiethylmalonate (10.18 g, 
50 mmol, 1 equiv.) was dissolved in CH2Cl2 (250 mL). Triethylamine (20.8 
mL, 150 mmol, 3 equiv.) was added and the mixture cooled to 0°C. Acetyl 
chloride (3.5 mL, 50 mmol, 1 equiv.) was added using a syringe pump over 
30 minutes. The resulting solution was stirred for an additional hour, after 

which it was washed with dilute HCl (2 x 200 mL, 1M), water (200 mL), saturated NaHCO3 
(200 mL) and brine (200 mL). The organic phase was then dried using Na2SO4, filtered and 
concentrated in vacuo. The product was obtained as a white solid and used without further 
purification (9.65 g 44.5 mmol, 89%). 1H-NMR (400 MHz, DMSO-d6): δ (ppm) 8.75 (d, J = 
7.4 Hz, 1 H), 5.05 (d, J = 7.5 Hz, 1 H), 4.15 (m, 4H), 1.90 (s, 3H), 1.18 (t, J = 7.0 Hz, 6 H). 
13C-NMR (100 MHz, DMSO-d6): δ (ppm) 169.9, 166.5, 62.8, 56.6, 24.0, 14.0.

Synthesis of 2-acetamido-2-propargyl-diethylmalonate 5. 
2-acetamido-diethylmalonate (5.4 g, 25 mmol, 1 equiv.) and EtONa (2.2 
g, 32 mmol, 1.25 equiv.) were dissolved in freshly dried, distilled EtOH 
(200 mL) in a 500 mL three-neck flask under a nitrogen atmosphere and 
stirred for 30 minutes. Freshly distilled propargyl bromide (3.2 mL, 32 
mmol, 1.25 equiv.) was added in 10 minutes using a syringe pump, after 

which the solution was brought to reflux for 4 hours, until TLC indicated full consumption 
of the starting material. The solution was concentrated in vacuo and subsequently dissolved 
in Et2O (150 mL), washed with saturated ammonium chloride (100 mL), NaHCO3 (100 mL), 
water (100 mL) and brine (100 mL), dried over Na2SO4, filtered and concentrated in vacuo, to 
obtain the crude product as a white powder. Recrystallization using Et2O/pentane over three 
crops afforded the product as fluffy white needles (5.01 g, 19.64 mmol, 79%). %). 1H-NMR 
(400 MHz, CDCl3): δ (ppm) 6.94 (s, 1H), 4.25 (m, 4H), 3.26 (d, J = 2.7 Hz, 2H), 2.05 (s, 3H), 
1.96 (t, J = 2.7 Hz, 1H), 1.25 (t, J = 7.2 Hz, 6H); 13C-NMR (100 MHz, CDCl3): δ (ppm) 169.5, 
166.4, 78.3, 71.7, 66.0, 63.4, 24.1, 23.2, 14.3.

Synthesis of 2-acetamido-2-propargylmalonic acid 6. 2-acetamido-2-
propargyl-diethylmalonate (2.5 g, 10 mmol, 1 equiv.) was added to a solution 
of LiOH (1 g, 40 mmol, 4 equiv.) in water (100 mL, 0.4 M) and refluxed for 
17 h. The resulting clear solution was acidified to pH ≤ 2 using 1M HCl (aq), 
and subsequently extracted with EtOAc (3 x 150 mL). The organic phase 
was dried over Na2SO4, filtered and concentrated in vacuo. The product was 

obtained as a brittle, hard and white solid and was used without further purification (1.9 g, 9.5 
mmol, 95%). 1H-NMR (400 MHz, DMSO-d6): δ (ppm) 8.10 (s, 1H), 3.01 (d, J = 2.7 Hz, 2H), 
2.84 (t, J = 2.7 Hz, 1H), 1.91 (s, 3H). 13C-NMR (100 MHz, DMSO-d6): δ (ppm) 173.2, 173.1, 
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79.9, 71.9, 53.0, 22.5, 22.4.
Synthesis of rac-N-acetyl propargylglycine 7. 2-acetamido-2-
propargylmalonic acid (1 g, 5 mmol, 1 equiv.) was dissolved in water (25 
mL) and refluxed for 3 h. The solution was acidified to pH ≤ 1 using 1M 
HCl (aq) and extracted with EtOAc (5 x 50 mL). The organic phase was 
dried over Na2SO4, filtered and concentrated in vacuo. Recrystallisation of 

the crude product from CHCl3/pentane afforded the final product as white thin needles (640 
mg, 4.1 mmol, 82%). 1H-NMR (400 MHz, MeOD): δ (ppm) 8.05 (br.s, 1H), 4.53 (t, J = 6.2 Hz, 
1H), 2.69 (ddd, J = 9.0 Hz, J = 6.2 Hz, J = 2.7 Hz, 2H), 2.35 (t, J = 2.7 Hz, 1H), 1.99 (s, 3H). ); 
13C-NMR (100 MHz, MeOD): δ (ppm)  173.3, 169.0, 82.9, 71.5, 50.7, 30.2, 22.3, 14.8.

Synthesis of L-propargylglycine L-1. Racemic N-acetyl propargylglycine (1 
g, 6.45 mmol, 1 equiv.) was dissolved in dd H2O (70 mL) and neutralized with 
aqueous LiOH (1 M) to pH 7.5-8.0, by digital pH-meter. Acylase I (5.2 mg; 
8.3 U/mmol of acetyl L-amino acid – follow instructions on the package) was 
added and the resulting mixture stirred at 37°C for 24 h in the oven (water 
bath works too). The mixture was then adjusted to pH = 5.0 by dropwise 

addition of 1M HCl (aq) and filtered over fresh activated charcoal. The filtrate was acidified to 
pH ≤ 2.0 and extracted with EtOAc (6 x 30 mL). The resulting aqueous layer was concentrated 
in vacuo to 1-2 mL and applied to a Dowex-50 (H+) column. The column was rinsed with 
dd H2O until the outflow was of neutral pH, after which the column was eluted with 10% 
NH4OH (aq). The resulting solution was concentrated in vacuo and subsequently crashed 
with acetone to yield the product as a hygroscopic white solid (310 mg, 2.7 mmol, 42%). 
1H-NMR (400 MHz, MeOD): δ (ppm) 3.49 (dd, J = 7.4 Hz, J = 4.3 Hz, 1H), 2.75 (ddd, J = 
17.2, J = 4.3, J = 2.7, 1H), 2.62 (ddd, J = 17.2, Hz, J = 7.4 Hz, J = 2.7 Hz, 1H), 2.43 (t, J = 2.7 Hz, 
1H); 13C-NMR (100 MHz, MeOD): δ (ppm) 169.8, 77.4, 75.6, 52.1, 22.1; LCMS (ESI-POS): 
C5H8NO2 [M+H]+: 114.05 m/z, found: 114.05 m/z.

Synthesis of 2-(6-(2,5-dioxo-2,5-dihydro-1H-pyrrol-1-
yl)hexanamido)pent-4-ynoic acid 8. Propargylglycine 
(260 mg, 2 mmol, 1 equiv.) and K2CO3 (500 mg, 4 mmol, 
2 equiv.) were dissolved in dd H2O (4 mL, 0.5M) under a 
nitrogen atmosphere in a 15 mL schlenk flask equipped 
with a magnetic stirrer. 6-maleimido hexanoic acid 

N-hydroxysuccinimide ester (680 mg, 2.4 mmol, 1.2 equiv.) in 1,4 dioxane (2 mL) was added 
and the resulting mixture stirred for 2 hours. The mixture was then acidified to pH = 1 using 
1M HCl (aq) and extracted with EtOAc (5 x 20 mL). The organic phase was dried over Na2SO4, 
filtered and concentrated in vacuo. Flash chromatography of the crude (silica, 5% EtOH in 
CH2Cl2 to 15% in 2 steps) afforded the product as a clear oil that later solidified to form white 
brittle crystals (310 mg, 1 mmol, 50%). 1H-NMR (400 MHz, CDCl3): δ (ppm)  6.67 (s, 2H), 
6.43 (d, J=7.42 Hz, 1H) 4.70 (dt, J=7.62, 4.78 Hz, 1H), 3.49 (t, J=7.22 Hz, 2H), 2.77 - 2.82 (m, 
2H), 2.26 (t, J=7.62 Hz, 2H), 2.04 - 2.08 (m, 1H), 1.53 - 1.72 (m, 4H) 1.31 (quin, J=7.71 Hz, 
2H); 13C-NMR (100 MHz, CDCl3): δ (ppm) 173.5, 173.2, 170.9, 134.1, 78.29, 71.9, 37.6, 36.1, 
28.2, 26.1, 24.9, 22.0. HRMS (ESI pos), calculated for C15H19N2O5 [M+H]+: 307,12885, found: 
307.12896. 
Synthesis of (2S)-3-(((2-((S)-2-(6-(2,5-dioxo-2,5-dihydro-1H-pyrrol-1-yl)hexanamido)
pent-4-ynamido)ethoxy)(hydroxy)phosphoryl)oxy)propane-1,2-diyl dipalmitate 9. 
2-(6-(2,5-dioxo-2,5-dihydro-1H-pyrrol-1-yl)hexanamido)pent-4-ynoic acid (92 mg, 
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0.3 mmol, 3 equiv.) was 
dissolved in dry THF (3 mL) 
in a 10 mL schlenk flask 
under an argon atmosphere. 
N-hydroxysuccinimid (41 
mg, 0.4 mmol, 4 equiv.) and 
dicycolhexylcarbodiimide (75 

mg, 0.36 mmol, 3.6 equiv.) were 
added and the mixture was stirred for 4h until the starting material was fully consumed on 
TLC. The mixture was then filtered over celite to remove the white precipitation and condensed 
to about 1 mL in volume. While stirring the first solution, a second mixture of DPPE (70 mg, 
0.1 mmol, 1 equiv.) in chloroform (4 mL) was made using a few drops of 2,6-lutidine to 
aid the dissolving process (repeated heating/sonication cycles were required, even with the 
added base – typically the process will take half an hour before a clear and stable solution 
is obtained). After cooling down the DPPE-solution to room temperature, it is placed in a 
sonicating bath before the concentrated solution containing the O-succinimide is added drop 
by drop, making sure the solution does not precipitate. If the new solution remains clear after 
addition, it is left to stir for 12-15 h. The mixture is then diluted to 10 mL using additional 
chloroform and washed with 0.1 M HCl (10 mL), water (10 mL) and brine (10 mL). The 
organic layer was then dried over Na2SO4, decanted and dried in vacuo, to obtain the crude 
as a yellow oil. Flash chromatography (silica, MeOH/CH3Cl/NH3 5/95/0.1 to 20/80/0.1 in 3 
steps) afforded the product as a clear oil that later dried into a glassy film (41 mg, 0.042 mmol, 
41%). 1H-NMR (400 MHz, CDCl3): δ (ppm) 7.62 (br. s., 1H), 6.91 (d, J=7.0 Hz, 1H), 6.68 (s, 
2H), 5.22 (br. s., 1H) 4.61 (d, J=5.5 Hz, 1H), 4.34 (dd, J=11.9, 3.3 Hz, 1H), 4.00 - 4.22 (m, 4H), 
3.60 (br. s., 1H), 3.49 (t, J=7.2 Hz, 2H), 2.62 - 2.90 (m, 2 H), 2.20 - 2.40 (m, 6H), 2.08 - 2.15 
(m, 1H), 1.49 - 1.74 (m, 8H), 1.02 - 1.43 (m, 52H), 0.79 - 0.94 (m, 6H); 13C-NMR (75 MHz, 
CDCl3) (indicative peaks): δ (ppm) 173.4,173.0, 134.1, 61.9, 34.2, 34.0, 37.9, 29.7, 29.5, 29.4, 
29.3, 29.2, 28.2, 26.1, 24.9, 22.7, 14.1;  HRMS (ESI POS) Calculated C52H91N3O12P [M+H]+: 
980.63349, found: 980.62959. Retention time (HPLC): 43-45 min.

Synthesis of N-Boc-O-propargyl-L-Tyrosine methyl ester 17. Boc-L-
tyrosine methyl ester (6 g, 20 mmol, 1 equiv.) was dissolved in dry DMF 
(100 mL, 0.2 M), K2CO3 (11 g, 80 mmol, 4 equiv.) was added and the 
suspension was stirred vigorously. Propargylbromide (80% in toluene, 
5.2 mL, 40 mmol, 2 equiv.) was added and the resulting mixture stirred 
for 6h. The solution was concentrated to approx. 15 mL in vacuo and 
diluted with EtOAc (100 mL). The organic phase was then washed with 
saturated ammonia (100 mL), water (100 mL), 3M LiCl (3 x 100 mL) 
and brine (100 mL), dried over     Na2SO4, filtered and concentrated 

in vacuo. Flash chromatography of the crude (silica, 10% EtOAc in heptane) afforded the 
product as a white solid (5.84 g, 17.5 mmol, 88%). 1H-NMR (300 MHz, CDCl3) δ (ppm) 7.05 
(d, J=8.7 Hz, 2H), 6.90 (d, J = 8.7 Hz, 2H), 4.94 (br. s., 1H), 4.66 (d, J=2.1 Hz, 2H), 4.54 (br. 
s., 1H), 3.71 (s, 3H), 2.89 - 3.12 (m, 2H), 2.51 (t, J=2.3 Hz, 1H), 1.41 (s, 9H); 13C-NMR (75 
MHz, CDCl3): δ (ppm) 173.0, 157.0, 155.5, 130.7, 129.3, 115.1, 80.0, 78.6, 75.5, 55.8, 54.5, 
52.1, 37.4, 28.1.
Synthesis of O-propargyl-L-Tyrosine methyl ester HCl salt 17B. N-Boc-O-propargyl-L-
Tyrosine methyl ester (5 g, 15 mmol, 1 equiv.) was dissolved in anhydrous MeOH (50 mL) 
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under a nitrogen atmosphere. Anhydrous HCl in MeOH was generated 
by slowly adding Acetyl chloride (2.5 mL, 40 mmol, 2.4 equiv.) to dry 
methanol (20 mL) cooled to 0°C. Upon completion of the acetyl chloride 
addition, the HCl solution was added via cannula to the Boc-tyrosine 
solution and left to stir for 30 min. The mixture was then concentrated 
in vacuo, and triturated with CHCl3 (3 x 50 mL), to afford the pure 
product as a white fluffy powder (4 g, 15 mmol, quant.). 1H-NMR (300 
MHz, DMSO-d6) δ (ppm) 7.10 (d, J=8.7 Hz, 2H), 6.93 (d, J = 8.7 Hz, 

2H), 4.94 (br. s., 1H), 4.66 (d, J=2.1 Hz, 2H), 4.54 (br. s., 1H), 3.75 (s, 3H), 
2.95 - 3.18 (m, 2H), 2.49 (t, J=2.3 Hz, 1H).

Synthesis of methyl (R)-2-(6-(2,5-dioxo-2,5-
dihydro-1H-pyrrol-1-yl)hexanamido)-3-(4-(prop-
2-yn-1-yloxy)phenyl)propanoate 18. O-propargyl-
L-Tyrosine methyl ester HCl salt (1 g, 4 mmol, 1 
equiv.) and 6-maleimidohexanoic acid (1.3 g, 6 mmol, 
1.5 equiv.) were dissolved in CH2Cl2 (50 mL) at 0, 
diisopropylethylamine (1.7 mL, 10 mmol, 2.5 equiv.) 
was added, followed by diisopropylcarbodiimide 
(0.95 mL, 6 mmol, 1.5 equiv.) and a single crystal of 

DMAP. After 30 min, the reaction was allowed to warm to room temperature, on which the 
reaction was stirred for an additional 3 h, until full consumption of the starting material was 
observed by TLC. The mixture was filtered over a sintered glass filter (P4) and subsequently 
diluted with CH2Cl2 (50 mL) washed with 1M HCl (100 mL), saturated NaHCO3 (100 mL) 
and brine (100 mL). The organic phase was then dried over Na2SO4, filtered and concentrated 
in vacuo. Flash Chromatography (silica, 50% Et2O in heptane) afforded the product as a clear 
oil (860 mg, 2 mmol, 50%). %).  1H-NMR (300 MHz, CDCl3): δ (ppm) 7.01 (d, J=8.6 Hz, 2H), 
6.90 (d, J=8.6 Hz, 2H), 6.68 (s, 2H), 5.85 (d, J=7.4 Hz, 1H), 4.81 - 4.88 (m, 1H), 4.66 (d, J=2.3 
Hz, 2H), 3.72 (s, 3H), 3.49 (t, J=7.2 Hz, 2H), 3.06 (ddd, J=25.0, 13.7, 5.9 Hz, 2H), 2.52 (t, J=2.3 
Hz, 1 H) 2.16 (t, J=7.4 Hz, 2 H) 1.60 (dquin, J=16.1, 7.7, 7.7, 7.7, 7.7 Hz, 4H), 1.22 - 1.32 (m, 
2H). 13C-NMR (75 MHz, CDCl3): δ (ppm) 172.1, 170.8, 156.7, 134.04, 130.3, 128.8, 115.0, 
78.5, 75.5, 55.8, 53.0, 52.3, 37.6, 37.0, 36.2, 28.2, 26.23, 24.9. HRMS (ESI-POS): calculated for 
C23H28N2O6 [M+H]+: 424.18636, found: 875.57884 [2M+H+]+

Synthesis of (R)-2-(6-(2,5-dioxo-2,5-dihydro-
1H-pyrrol-1-yl)hexanamido)-3-(4-(prop-2-
yn-1-yloxy)phenyl)propanoic acid 18d. Methyl 
(R)-2-(6-(2,5-dioxo-2,5-dihydro-1H-pyrrol-1-yl)
hexanamido)-3-(4-(prop-2-yn-1-yloxy)phenyl)
propanoate (430 mg, 1 mmol, 1 equiv.) was dissolved 
in DCE (5 mL, 0.1 M) in a sealed tube. Me3SnOH 
(360 mg, 2 mmol, 2 equiv.) was added and the 
solution was refluxed (80°C) for 2-3 h, until full 

consumption of the starting material. The solution was then concentrated in vacuo and flash 
chromatography (silica, 8% EtOH in CH2Cl2) afforded the product as a clear oil that solidifies 
to a white solid over the course of several days (353 mg, 0.86 mmol, 86%). %).  1H-NMR (300 
MHz, CDCl3): δ (ppm) 7.09 (d, J=8.7 Hz, 2H), 6.91 (d, J=8.7 Hz, 2 H) 6.68 (s, 2 H) 6.12 (d, 
J=7.2 Hz, 1 H) 4.84 (dd, J=11.8, 5.6 Hz, 1 H) 4.66 (d, J=2.1 Hz, 2 H) 3.48 (t, J=7.2 Hz, 2 H) 
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3.12 (ddd, J=33.8, 14.4, 5.1 Hz, 2 H) 2.53 (s, 1 H) 2.19 (t, J=7.4 Hz, 2 H) 1.50 - 1.67 (m, 4 H) 
1.20 - 1.33 (m, 3 H); 13C-NMR (75 MHz, CDCl3): δ (ppm) 174.3, 173.5, 170.9, 156.7, 134.1, 
130.4, 128.7, 115.0, 105.0, 78.6. 75.6, 55.8, 53.2, 37.5, 36.1, 28.1, 26.1, 24.88; HRMS (ESI-pos): 
calculated C22H25N2O6 [M+H]+: 413.17071.

Synthesis of (2S)-3-(((2-
((R)-2-(6-(2,5-dioxo-2,5-
dihydro-1H-pyrrol-1-yl)
hexanamido)-3-(4-(prop-
2 - y n - 1 - y l ox y ) p h e ny l )
prop anami d o)e thoxy)
(hydroxy)phosphor yl)
o x y ) p r o p a n e - 1 , 2 -
diyl dipalmitate 19. 
( R ) - 2 - ( 6 - ( 2 , 5 - d i o x o -
2 , 5 - d i h y d r o - 1 H -

pyrrol-1-yl)hexanamido)-3-
(4-(prop-2-yn-1-yloxy)phenyl)propanoic acid (100 mg, 0.25 mmol, 2 equiv.) was dissolved 
in freshly distilled THF (3 mL) in a 10 mL schlenk flask under an argon atmosphere. 
N-hydroxysuccinimid (40 mg, 0.35 mmol, 2.6 equiv.) and dicycolhexylcarbodiimide (65 mg, 
0.3 mmol, 2.4 equiv.) were added and the mixture was stirred for 2h until the starting material 
was fully consumed on TLC. The mixture was then filtered over celite to remove the white 
precipitation and condensed to about 1 mL in volume. While stirring the first solution, a 
second mixture of DPPE (50 mg, 0.08 mmol, 1 equiv.) in chloroform (4 mL) was made using 
a few drops of 2,6-lutidine to aid the dissolving process (repeated heating/sonication cycles 
were required). After cooling down the DPPE-solution to room temperature, it is placed in 
a sonicating bath before the concentrated solution containing the O-succinimide is added 
drop by drop, making sure the solution does not precipitate. If the new solution remains clear 
after addition, it is left to stir for 20 h. The mixture is then diluted to 10 mL using additional 
chloroform and washed with 0.1 M HCl (10 mL), water (10 mL) and brine (10 mL). The 
organic layer was then dried over Na2SO4, decanted and dried in vacuo, to obtain the crude 
as a yellow oil. Flash chromatography (silica, MeOH/CH3Cl/NH3 5/95/0.1 to 20/80/0.1 in 3 
steps) afforded the product as a clear oil that later dried into a glassy film (43 mg, 0.04 mmol, 
53%). 1H-NMR (300 MHz, CDCl3): δ (ppm) 7.14 (d, J=8.2 Hz, 2 H) 6.84 (d, J=8.2 Hz, 2 H) 
6.69 (s, 2 H) 5.17 (br. s., 1 H) 4.83 (br. s., 1 H) 4.64 (s, 2 H) 4.33 (d, J=10.8 Hz, 1 H) 3.66 - 4.12 
(m, 5 H) 3.47 (s, 2 H) 3.39 (t, J=6.9 Hz, 2 H) 3.01 - 3.12 (m, 1 H) 2.82 (br. s., 1 H) 2.53 (s, 1 H) 
1.98 - 2.38 (m, 9 H) 1.17 - 1.59 (m, 59 H) 1.06 (br. s., 2 H) 0.87 (t, J=6.4 Hz, 6 H) 13C-NMR (75 
MHz, CDCl3) (indicative peaks): δ (ppm) 134.1, 130.25, 58.9, 55.7, 34.0, 31.9, 29.7, 29.4, 29.2, 
24.8, 22.7, 14.11. HRMS (ESI-pos): calculated for C59H97N3O13P [M+H]+: 1086.67535, found: 
1086.67387. Rentention time (HPLC): 42 min.
General procedure for the incorporation of Dye Azide (example: TAMRA). The appropriate 
alkyne (5 µmol, 1 equiv.) and Tamra-azide (5 mg 10 µmol, 2 equiv.) were added to a stained 
(brown) HPLC-vial (1.5 mL) equipped with a screw-cap and solubilized using a mixture of 
THF/tBuOH (0.5 mL, 9:1 v/v). A mixture of CuSO4

 (9 mg, 0.06 mmol) and TBTA (53 mg, 0.1 
mmol) in dd H2O/tBuOH (20 mL 1:19 v/v) was prepared simultaneously and a small quantity 
(approx. 0.2 mL) of the ‘click mix’ was added to the reaction vial. Finally, sodium ascorbate 
(3 mg, 15µmol, 3 equiv.) was added, and the mixture agitated for 24 h. The mixture was then 
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passed to a 10 µm filter and purified using semi-preparative HPLC (60% A in B to 90% A over 
20 minutes, then 100% A in 1 minute, for 10 minutes). The product was obtained as a purple 
film after lyophilisation.

Synthesis of 
Prop arg y lg lycine-b as e d 
linker with DPPE and 
Tamra 10. Maleimidohexyl 
( d i p a l m i t o y l - g l y c e r y l -
phosphatidyl)-ethanolamide 
modified propargylglycine 
23 (5 mg, 5 µmol, 1 equiv.) 
was treated according to the 
above procedure, resulting 
in a brittle purple film (2.4 
mg, 1.6 µmol, 32%). HRMS: 
HPLC retention time: 38-40 
min (broad). HMRS (ESI-Pos) 
Calculated for  C80H119N9O16P 
[M+H]+: 1492.85069, found 
1492.84424.

Synthesis of tyrosine-
based linker with 
DPPE and Tamra 
20. Maleimidohexyl 
(dipalmitoyl-glyceryl-
p h o s p h a t i d y l ) -
ethanolamide modified 
O-propargyloxytyrosine 
33 (5 mg, 4 µmol, 1 equiv.) 
was treated according 
to the above procedure, 
resulting in a brittle purple 
film (3.1 mg, 1.9 µmol, 
38%). HRMS: HPLC 
retention time: 40-43 min 

(broad). HMRS (ESI-Pos) Calculated for  C87H125N9O17P [M+H]+: 1598.89256 m/z, found: 
1598.90736 m/z.
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Synthesis of 
p r o p a r g y l - b a s e d 
linker with DPPE 
and Sulfo-Cy3 11. 
M a l e i m i d o h e x y l 
(dipalmitoyl-glyceryl-
p h o s p h a t i d y l ) -
ethanolamide modified 
propargylglycine (1.2 
mg, 1 µmol 1 equiv.) 23 
was treated in line with 
the above procedure, 
now using Sulfo-
Cy3 azide (approx. 1 
mg, 2 µmol, 2 equiv.) 
dissolved in tBuOH/
DMSO (0.2 mL, 3:1 
v/v). After purification, 

the product was 
recovered as a lilac/purple film in trace quantities (100-200 µg, 0.1 µmol, 10%). HPLC 
retention time: 29-32 min (broad. HMRS: Chemical Formula: C86H134N8O13P+
Exact Mass: 1517,98025

Synthesis of 
tyrosine-based 
linker with DPPE 
and Sulfo-Cy3 21. 
Maleimidohexyl 
( d i p a l m i t o y l -
g l y c e r y l -
phosphat idy l ) -
e t h a n o l a m i d e 
m o d i f i e d 
propargylglycine 
(1.2 mg, 1 µmol 
1 equiv.) 33 was 
treated in line 
with the above 
procedure, now 

using Sulfo-Cy3 azide (approx. 1 mg, 2 µmol, 2 equiv.) dissolved in tBuOH/DMSO (0.2 mL, 
3:1 v/v). After purification, the product was recovered as a lilac/purple film in trace quantities 
(400-600 µg, 0.3 µmol, 30%). HPLC retention time: 31-35 min. HMRS: Chemical Formula: 
C92H139N9O14P+
Exact Mass: 1625,01736
General procedure for peptide-dye-phospholipid hybrids on a single scaffold. The 
appropriate scaffold was dissolved in degassed trifluoroethanol (so that the concentration 
lies around 100 µM) under inert conditions, protected from light. The peptide (100 nmol, 2 
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equiv.) is dissolved in trifloroethanol and degassed as well – the scaffold (500 µL, 50 nmol, 1 
equiv.)) is then added to the peptide and the mixture is gently agitated under inert conditions 
and shielded from light for the next 48 h. The mixture was subsequently crashed out using 
freshly distilled THF. The residue was then taken up again in a minimum of trifluoroethanol 
and the cycle was repeated up to three times in order to remove all unreacted linker from the 
mixture and obtain the product as a mixture with unreacted peptide – HPLC-purification 
proved to be impossible to date.
Direct labelling of the WALP peptides. WALP peptides were directly labelled according to 
the protocol of Holt et al.65. First, 1 mg of peptide was dissolved in 200 μL trifluoroethanol. 
10 μL H2O was added and after deoxygenizing the sample with N2 gas, 2 μL trimethylamine 
and 1.5 equivalents Alexa Fluor 488 C5 maleimide dissolved in methanol were added. The 
reaction mixture was stirred in the dark for three days at 4 ⁰C after which the peptides were 
precipitated in 10 mL of ice-cold  methyl tert-butyl ether/n-hexane (1:1, v:v).
GUV formation and imaging. GUVs composed of DPPC, DOPC and cholesterol or SSM, 
DOPC and cholesterol in a 4:3:3 molar ratio were formed by electroformation as described 
earlier28. GM1 was added up to 10 mol% of total lipid content at the expense of DPPC, thereby 
keeping the degree of (un)saturation of the lipid tails constant. The labelled WALP peptide 
together with the Ld phase markers ATTO 655 DOPE or DiD were added in a 1:1000 molar 
ratio to the lipid mixture. These Ld markers were chosen since both are excited in the far 
red and ATTO 655 DOPE is a water-soluble, zwitterionic dye coupled to a lipid to prevent 
interaction of the dye with the membrane. Lipids, Ld marker and WALP were spotted on 
a conductive indium tin oxide (ITO)-coated glass plate. After removal of the solvents 
under vacuum, GUVs were formed in 200 mM sucrose on the Vesicle Prep Pro (Nanion 
technologies) with a voltage of 1.1 V at 10 Hz for 1 h at 50 ⁰C. Afterwards, GUVs were imaged 
on the Zeiss LSM 710 confocal microscope with a 40x C-Apochromat Corr M27 with NA 
1.2 water immersion objective. ATTO 655 DOPE and DiD ere excited with a 633 nm HeNe 
laser, the TAMRA coupled to the WALP peptide with a 543 nm HeNe laser. Images for both 
channels were taken separately to avoid cross talk.
Image analysis. To determine localization of the linker and WALP peptide, a 5 pixel width 
line was drawn through the GUVs from the Lo phase to the Ld phase (indicated by the Ld 
marker ATTO 655 DOPE). The intensity of the TAMRA fluorophore bound to the linker in 
the Lo phase was divided over the intensity of this dye in the Ld phase, giving the pLo/Ld.
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Abstract

Niosomes are used in studies for drug delivery or gene transfer. However, their physical 
properties and features relative to liposomes are not well documented. To characterize and more 
rationally optimize niosome formulations, the properties of these vesicle systems are compared 
to those of liposomes composed of phosphatidylcholine and phosphatidylethanolamine lipids 
plus cholesterol. Niosomes are highly stable and only slightly more leaky than liposomes as 
assayed by calcein leakage; the permeability for protons is higher than that of liposomes. The 
differences in proton permeability between liposomes and niosomes are larger for mixtures 
of unsaturated than for saturated amphiphiles. Contrary to liposomes, the size of niosomes 
decreases substantially upon freezing in liquid nitrogen and subsequent thawing, as shown by 
cryo-EM and dynamic light scattering.  The packing of niosomal membranes was determined 
by laurdan fluorescence and is slightly lower than that of liposomes.  We did not succeed in the 
functional reconstitution of the L-arginine/L-ornithine antiporter ArcD2 in niosomes, which 
we attribute to the non-ionic nature of the surfactants. The antimicrobial peptides alamethicin 
and melittin act similarly on niosomes and liposomes composed of unsaturated components, 
whereas both niosomes and liposomes are unaffected when saturated amphiphiles are used. 
In conclusion, in terms of stability and permeability for drug-size molecules niosomes are 
comparable to liposomes and they may offer an excellent, inexpensive alternative for delivery 
purposes.

Introduction

Niosomes are vesicles composed of non-ionic surfactants, amphipathic compounds with an 
overall neutral charge (see Figure 1 for the structures of the surfactants used in this study). 
These non-ionic surfactants are cheap and safe for use in biomedicine, e.g. as niosomal 
drug carriers for both hydrophilic and hydrophobic drugs. The in vitro and in vivo effects of 
niosome-encapsulated drugs are reviewed in1 and more recent studies by2, but little is known 
about the biophysical properties of niosomes. Throughout this paper, vesicles (mainly) 
composed of non-ionic surfactants are called niosomes, while vesicles (mainly) composed of 
phospholipids are indicated as liposomes.
Niosomes have been shown to confine many compounds as measured by their entrapment 
efficiency. The entrapment efficiency of water-soluble dyes depends on the vesicle formation 
method, with the ether injection method giving a higher carboxyfluorescein entrapment than 
vesicle formation by lipid solvation via mild mechanical treatment or sonication3. Cholesterol 
was found to increase the entrapment efficiency of Span 60 and Span 80 niosomes4,5 but also 
of bolaform surfactants6. The stability of niosomes has been mostly referred from the time-
dependent release of water-soluble dyes 3. Kato and coworkers found that the stability of Span 
80 niosomes is temperature-dependent.  At 42 ⁰C, the niosomes fused, while at 4 and 25 ⁰C 
they formed stable structures. They reported that leakage of the water-soluble dyes brilliant 
blue FCF and indigo carmine from niosomes is greater than from liposomes7. Hayashi et al, 
found that the headgroups of Span 80 niosomes are more motile and less hydrophobic than 
those of zwitterionic lipids in liposomes8. This results in a higher water permeability compared 
to liposomes. In a follow-up study, it was shown that Span 80 vesicles perturb and hemifuse 
to phospholipid vesicles9. This is an important feature for delivery, since full fusion 
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Figure 1. Examples of non-ionic surfactants used in this study. 

of niosomes with phospholipid vesicles transfers the niosomal content and is a first step for
fusion to mammalian cells and delivery of drugs or genes in those cells. So far, fusion between 
niosomes and cells has not been reported. All these studies were carried out using Span 80 
vesicles (which sometimes contained cholesterol and/or phospholipids), niosomes composed 
of other amphiphiles and amphiphile mixtures have been used for drug delivery (reviewed 
by1,2). Cholesterol has been shown to diminish the leakage of carboxyfluorescein from 
niosomes3. 
To better understand the delivery properties and to improve the formulations used, we 
studied niosomes of different compositions and compared them to liposomes. We report 
the stability, permeability and membrane fluidity of niosomes, using vesicles composed of 
the saturated surfactants Tween 60, Span 60 and cholesterol or the unsaturated surfactants 
Tween 80, Span 80 and cholesterol, and compare the niosomes to liposomes composed of 
the saturated phospholipids DPPC, DPPE and cholesterol or the unsaturated phospholipids 
DOPC, DOPE and cholesterol.  The results and use of niosomes as alternative in drug and 
gene delivery are discussed. 

Materials and methods

Materials. Span 60, Span 80, Span 85, Tween 60, Tween 80, calcein, ETH-157, L-ornithine 
monohydrochloride and L-arginine were obtained from Sigma-Aldrich. 1,2-dipalmitoyl-

5
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sn-glycero-3-phosphocholine (DPPC), 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC), 
1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine (DPPE), 1,2-dioleoyl-sn-glycero-
3-phosphoethanolamine (DOPE), 1,2-dioleoyl-sn-glycero-3-phosphoglycerol (DOPG), 
and cholesterol were purchased from Avanti Polar Lipids. Laurdan and 8-hydroxy-1,3,6-
pyrenetrisulfonate (pyranine) were obtained from Thermo Fisher Scientific. Melittin and 
alamethicin were from Serva Electrophoresis and Santa Cruz Biotechnology, respectively, and 
obtained via Bio-Connect Life Sciences. Radiolabeled L-[14C(U)]-arginine was ordered from 
Moravek, Inc.
Vesicle formation. Both niosomes and liposomes were formed from the corresponding 
amphiphiles by thin film hydration. The amphiphiles, lipids or non-ionic surfactants, dissolved 
in chloroform:methanol (9:1) were mixed and dried by rotary evaporation and subsequently 
hydrated in the appropriate buffer. Liposomes were flash-frozen in liquid nitrogen and 
thawed (5x) and stored in liquid N2, after which the multilamellar vesicles were extruded 15x 
through a 200 nm polycarbonate filter (Avestin). Unless indicated otherwise, niosomes were 
not frozen in liquid nitrogen prior to extrusion, since this reduces the size of the vesicles (see 
Results section). Niosomes formed by thin film hydration were stored at room temperature 
and were extruded 15x through a 200 nm polycarbonate filter (Avestin). The liposome and 
niosome compositions are presented in table 1.
Detergent treatment and vesicle solubilization. To 1 mL vesicles at 2 mM of lipids or 
surfactants, 20 or 50 μL 1 or 10% Triton-X100 was added. The change in turbidity of the 
vesicle suspension was recorded at 540 nm on a spectrophotometer. The A540 of the vesicles 
prior to the addition of Triton X100 only was set to 1; dilution due to Triton-X100 addition 
was corrected for.
Cryo-EM and dynamic light scattering (DLS). For cryo-EM, niosomes composed of 
unsaturated surfactants or liposomes composed of unsaturated lipids were subjected to 
five freezing and thawing cycles as indicated above and extruded 15x through a 200 nm 
polycarbonate filter (Avestin). To examine the effect of the freezing and thawing, similar 
vesicles were formed with the freezing and thawing step omitted. Vesicles (10 mM of lipids or 
surfactants) were placed on a grid and vitrified using a vitrobot (FEI). Images were recorded 
on a Tecnai T20 microscope (FEI) with a Gatan cryo-stage (model 626) operating at 200 
keV. Images were recorded under low-dose conditions on a slow scan CCD Camera. DLS 
was performed using the Dynapro Nanostar apparatus, and the results were analyzed with 
dynamics software, version 7.
Cobalt-calcein assay for cargo leakage and activity of antimicrobial peptides (AMPs). This 
assay is based on a procedure described by10. Vesicles were prepared in 20 mM Na-MOPS, 
0.8 mM calcein, 1 mM CoCl2, 90 mM NaCl, pH 7.5. Unencapsulated material was removed 

Table 1. Lipid composition of niosomes and liposomes used in this study

Mixtures Composition Molar ratio
Unsaturated lipids + cholesterol DOPC; DOPE; cholesterol 2:1:1
Saturated lipids + cholesterol DPPC; DPPE; cholesterol 2:1:1
Unsaturated surfactants + cholesterol Tween 80, Span 80; cholesterol 35:35:30
Saturated surfactants + cholesterol Tween 60, Span 60; cholesterol 35:35:30
Unsaturated lipids, incl. anionic DOPC; DOPE; DOPG 12:50:38
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on a  Sephadex G-75 column, eluted with 20 mM Na-MOPS, 50 mM NaCl, 10 mM EDTA, 
pH 7.5. Leakage of calcein was followed for up to 24 hours on a Jobin Yvon fluorescence 
spectrophotometer with excitation at 495 nm and emission at 515 nm (slit widths of 3 nm 
for excitation and emission).  To achieve 100% leakage (Imax), 0.25% (v/v) Triton X-100 was 
added. The percentage of calcein leakage was calculated by:

where It is the intensity measured at the indicated time point and I0 the intensity at the start 
of the experiment. To determine the release of calcein via AMPs, we tested melittin (dissolved 
in water) and alamethicin (dissolved in methanol); the final methanol concentration was kept 
below 1% (v/v), and controls showed that methanol had no influence on the leakage. 
Lipid/surfactant packing. Lipid packing was determined with the probe Laurdan. This 
probe, dissolved in chloroform:methanol (9:1), was added to the vesicles, prepared in 20 mM 
Na-MOPS, 100 mM NaCl, pH 7.5.  The fluorescence of the vesicles was measured on a Yvon 
Jobin fluorescence spectrophotometer, with excitation at 340 nm, emission at 440 and 490 
nm, according to11. The generalized polarization (GP), a measure of lipid packing, is given by:

where I440 and I490 are the emission intensity measured at 440 nm or 490 nm, respectively.
H+ permeability. The H+ permeability was assessed using the pH sensitive dye pyranine. 
Vesicles were prepared in 20 mM Na-MOPS, 100 mM NaCl, 100 μM pyranine, pH 7.5. To 
remove unencapsulated pyranine, the vesicles were eluted over a Sephadex G-75 column 
with 20 mM Na-MOPS, 100 mM NaCl, pH 7.5. The fluorescence was measured at 510 nm, 
with excitation at 400 and 450 nm and slit widths of 5 nm for excitation and emission.  The 
measurements were done at an initial pH of 7.5 on the inside and outside, after which the 
pH on the outside was lowered to approximately 6 through addition of 10 mM HCl (final 
concentration). The pH on the inside of the vesicles was followed for 10 minutes. As a measure 
of pH, the logarithm of the fluorescence intensity at 450 nm divided by the fluorescence 
intensity at 400 nm was taken12; the value decreases with decreasing pH. The emission 
intensit ies  at  excitat ion wavelengths of  450 and 400 nm were converted to 
pH values by using standard cur ves of  F450/F400 versus pH for  pyranine in 20 
mM Na-MOPS, 100 mM NaCl. 
Mechanical stability and osmotic effects. The effect of osmotic shock on vesicles was 
studied by recording the calcein fluorescence. Vesicles were prepared in 20 mM Na-MOPS, 
5 mM calcein, 100 mM NaCl, pH 7.5. This concentration of calcein is at the low end of self-
quenching13. Calcein fluorescence (quenching) was measured as described above.
Stopped-flow measurements. For fast changes in calcein fluorescence after an osmotic 
upshift, a stopped-flow apparatus (SX20, Applied Photophysics Lim.) was used. To impose 
the osmotic upshift, KCl or glycerol was loaded in one syringe and the liposome or niosome 
solution in the other syringe, and both were rapidly mixed (1:1 mixing ratio with 2 ms dead 
time) and then injected into the optical cell (20 μl volume and 2 mm path length). The band 
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pass of the monochromator was set to 0.5 nm. Calcein was excited at 495 nm. The emitted 
light was filtered by a Schott long-pass filter (cut-off wavelength at 515 nm) and detected by 
a photomultiplier tube (Hamamatsu R6095) with 10 μs time resolution. The voltage of the 
photomultiplier was automatically selected and kept constant during each set of experiments. 
The fluorescence intensity kinetics after the osmotic upshift was recorded with logarithmically 
spaced time points to better resolve faster processes. For noise reduction, 5 acquisitions were 
performed for each experimental condition. The raw data were processed in Matlab (R2015b, 
MathWorks Inc.) for further analysis. The 5 curves obtained in every experimental condition 
were averaged and the resulting kinetic curves F(t) were normalized to one at time zero 
(F(t)/F(0)), i.e. the mixer dead time (t 0 = 2 ms). 
Reconstitution of arginine/ornithine antiporter ArcD2. The expression and purification of 
ArcD2 will be described elsewhere (Pols et al., manuscript in preparation). Purified ArcD2 
was reconstituted into vesicles composed of unsaturated phospholipids, niosomes composed 
of unsaturated surfactants and niosomes composed of saturated surfactants. Vesicle 
compositions are given in Table 1. Reconstitution in niosomes and liposomes was performed 
as described previously14, using a protein to lipid (w/w) ratio of 1:400. The vesicles were 
prepared in 50 mM KPi, pH 7.0 containing 200 mM L-ornithine.
Transport assays. After 15x extrusion through a 200 nm polycarbonate filter, the vesicles 
were diluted 4000x into 50 mM KPi, pH 7.0 without ornithine and collected by centrifugation 
(25 min, 444.000 x g (Rmax), 4 °C). Vesicles were resuspended in 50 mM KPi, pH 7.0 to a 
final concentration of 1 µg ArcD2/μl. To start the uptake assay, 2 µg of reconstituted ArcD2 
was added to 100 µl of 50 mM KPi, pH 7.0 with 25 µM radiolabeled L-[14C(U)]-arginine 
(specific activity of 20 mCi/mmol), while stirring at 30 °C. As a negative control, 200 µM of 
ornithine was included in the uptake buffer. At given time points, reactions were stopped by 
addition of 2 ml of quenching buffer (ice cold 50 mM KPi, pH 7.0) and filtration over a 0.45 
μm pore size nitrocellulose filter (GE-Healthcare). Filters were washed with an additional 
2 ml of quenching buffer and dissolved in 2 ml of Ultima Gold MV scintillation solution 
(PerkinElmer). After vortexing, radioactivity was determined by liquid scintillation counting 
in a Tri-Carb 2800TR liquid scintillation analyzer (PerkinElmer).
Miscellaneous. Purified ArcD2 fractions and proteovesicles were separated on a 12.5% SDS-
PAGE gel, after which Western blotting and gel imaging was done as previously described15. 
All results presented in the manuscript are based on replicate experiments that have been 
carried out at least twice, and each experiment typically constitutes of several technical 
replicates.

Results

Niosomes composed of unsaturated surfactants shrink due to freezing and thawing
Initial experiments were performed with niosomes composed of unsaturated surfactants and 
formed using a procedure to prepare liposomes as indicated in the methods section, employing 
freezing and thawing to swell the vesicles. However, this procedure yielded niosomes with a 
very low encapsulation efficiency compared to niosomes not subjected to freeze-thaw cycles 
(data not shown). These observations can be explained by a decrease in vesicle size or a high 
permeability of the vesicles that had undergone the freeze-thaw cycles. Cryo-EM and DLS 
show that niosomes formed with the freeze-thaw procedure were smaller than niosomes 

Figure 2. Filter-extruded niosomes decrease in size upon freezing and thawing. A: Size of 
vesicles composed of unsaturated surfactants plus cholesterol (green: without freezing and 
thawing; red: with freezing and thawing), and vesicles composed of unsaturated lipids plus 
cholesterol (black: without freezing and thawing; blue: with freezing and thawing), measured 
by dynamic light scattering. Prior to the analysis the vesicles were extruded 15 times through 
a 200 nm polycarbonate filter. B-C: Cryo-EM pictures of niosomes composed of unsaturated 
surfactants plus cholesterol without (B) and with five freeze and thaw cycles (C). Niosomes 
appear smaller due to the freezing and thawing steps. As guidance, all niosomes are indicated 
with a red arrow in the right picture. In contrast, cryo-EM pictures of liposomes composed 
of unsaturated lipids plus cholesterol without (D) and with five freeze and thaw cycles (E) 
appear similar in size but the degree of multilamellarity decreases by the freezing-thawing 
and subsequent extrusion step.
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Figure 2. Filter-extruded niosomes decrease in size upon freezing and thawing. A: Size of 
vesicles composed of unsaturated surfactants plus cholesterol (green: without freezing and 
thawing; red: with freezing and thawing), and vesicles composed of unsaturated lipids plus 
cholesterol (black: without freezing and thawing; blue: with freezing and thawing), measured 
by dynamic light scattering. Prior to the analysis the vesicles were extruded 15 times through 
a 200 nm polycarbonate filter. B-C: Cryo-EM pictures of niosomes composed of unsaturated 
surfactants plus cholesterol without (B) and with five freeze and thaw cycles (C). Niosomes 
appear smaller due to the freezing and thawing steps. As guidance, all niosomes are indicated 
with a red arrow in the right picture. In contrast, cryo-EM pictures of liposomes composed 
of unsaturated lipids plus cholesterol without (D) and with five freeze and thaw cycles (E) 
appear similar in size but the degree of multilamellarity decreases by the freezing-thawing 
and subsequent extrusion step.
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Figure 3. Membrane stability and packing depend on lipid and surfactant composition. 
A: Graphical representation of calcein leakage across membrane. B: Leakage of calcein from 
liposomes and niosomes. Green lines: niosomes composed of unsaturated surfactants plus 
cholesterol; red lines: niosomes composed of saturated surfactants plus cholesterol; black lines: 
liposomes composed of unsaturated lipids plus cholesterol; blue lines: liposomes composed of 
saturated lipids plus cholesterol. Representative traces of one out of two experiment are shown. 
C: Stability of niosomes and liposomes in the presence of Triton X-100. The data are corrected 
for dilution; line/symbol color as in B. The upper x-axis is for the liposomes composed of 
saturated lipids plus cholesterol. Representative traces of one out of two experiment are 
shown.  D: Membrane packing of niosomes and liposomes, measured using the environment-
sensitive dye laurdan; line/symbol color as in B. The average of two independent experiments 
is shown. The spectra of the corresponding vesicles without laurdan were used to correct for 
background signal.

formed without this step (Figure 2A-C). In subsequent experiments niosomes were prepared 
without freezing and thawing as described in the Methods section. For liposomes composed 
of unsaturated lipids, the freeze-thaw step did not affect vesicle size (Figure 2A, D-E).

Niosomes and liposomes are stable for more than 24 h
We monitored the leakage of the water-soluble dye calcein from niosomes and liposomes, 
prepared from saturated and unsaturated amphiphiles. The fluorescence of calcein is 
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quenched by cobalt, but upon leakage of calcein into the outside medium containing EDTA, 
the quenching is abolished6. All vesicles were stable over a 24 hour time period, as indicated 
by a leakage smaller than 10% (Figure 3B). The release of calcein from liposomes composed of 
saturated lipids could not be quantified because these vesicles are resistant to solubilization by 
Triton X-100, but clearly the release was minimal. In order to obtain the values in Figure 3A, 
the maximum fluorescence of unsaturated liposomes was taken, assuming equal encapsulation 
efficiency. Thus, both niosomes and liposomes retain molecules like calcein for at least one 
day, even when the membranes are composed of mostly unsaturated 
amphiphiles.
Detergent stability of liposomes composed of DPPC, DPPE and cholesterol was confirmed 
by turbidity measurements. With increasing detergent concentration, the vesicles ultimately 
become fully solubilized and the turbidity (A540) decreases to almost zero as seen for 
liposomes composed of unsaturated phospholipids, niosomes composed of unsaturated 
surfactants plus cholesterol, and niosomes composed of saturated surfactants plus cholesterol 
(Fig 3C). However, the behavior is different for niosomes and liposomes: with niosomes the 
A540 gradually decreases upon addition of Triton X-100, whereas liposomes composed of 
unsaturated phospholipids show a characteristic maximum in A540; the point at which the 
membrane is saturated with detergents16–18, at higher detergent concentration the vesicles 
become solubilized. Liposomes composed of saturated lipids are much less affected by Triton 
X-100 and only a 20% decrease in A540 is observed with 80 mM Triton X-100 (Figure 3C, 
upper x-axis). 

The membrane environment of niosomes probed by Generalized Polarization
The membrane order was probed with the environment sensitive dye laurdan. Depending on 
the polarity of the environment, the maximum emission wavelength varies from 440 (apolar) 
to 490 nm (polar). The Generalized Polarization (GP) was calculated from  fluorescence 
intensity at 440 and 490 nm as explained in the materials and methods section11. A GP value 
of -1 indicates highly disordered and +1 corresponds to a highly ordered membrane. We 
found values of 0.1 ± 0.007 and 0.5 ± 0.09 for niosomes composed of unsaturated surfactants 
and saturated surfactants, respectively (Figure 3D). Liposomal membranes composed of 
unsaturated lipids had a GP of 0.3 ± 0.1 and membranes with saturated lipids had a GP of 
0.6 ± 0.05. The packing of membranes composed of surfactants is thus somewhat less tight 
than that of phospholipid membranes, both in case of saturated and unsaturated membrane 
components. 

Niosomes are more permeable to protons than liposomes
We compared the permeability of niosomes and liposomes for protons by monitoring the 
internal pH upon acidification of the external medium (Fig 4B and C). In all cases, we observe 
a fast drop in signal that is partly attributed to residual pyranine, sticking to the surface of 
membranes containing zwitterionic amphiphiles, as reported by others previously19. The 
slower kinetic component takes place over long periods as the membranes are relatively 
impermeable for protons . In liposomes with unsaturated lipids and cholesterol, the internal 
pH dropped from 7.5 to 7.1 when the external pH was lowered from 7.5 to 6.3 (Fig 4B, green 
line). To determine if the proton permeability was limited by the buildup of a membrane 
diffusion potential, we performed experiments in the presence of the sodium ionophore ETH-
157. ETH-157 enhanced the pH decrease when the outside pH of liposomes was lowered

5
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Figure 4. Membrane permeability of niosomes and liposomes. A: Graphical representation 
of the ion permeability of the vesicles. B: Proton permeability measured by fluorescence of 
the pH-sensitive dye pyranine in liposomes composed of unsaturated lipids plus cholesterol 
in the presence and absence of the sodium ionophore ETH-157. ETH-157 (5 µM, final 
concentration) or ethanol (0.1% v/v) were present from the start of the experiment. At time 
point 0 (indicated by an arrow), the medium pH was decreased from 7.5 to 6.3 by the addition 
of 10 mM HCl (large pulse) or from 7.5 to 7.0 by the addition of 4 mM HCl (small pulse). 
Black line: ethanol, small pulse; red line: ETH-157, small pulse; green line: ethanol, large 
pulse; blue line: ETH-157, large pulse. For comparison, liposomes composed of saturated 
lipids plus cholesterol subjected to a large HCl pulse (in the absence of ETH-157) are shown 
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in grey. Average values of two experiments are shown. C: Proton permeability of niosomes 
composed of unsaturated surfactants plus cholesterol in the absence (0.1% v/v ethanol) or 
presence of the sodium ionophore ETH-157 (5 µM, final concentration). At time point 0 
(indicated by an arrow), the medium pH was decreased from 7.5 to 6.3 by the addition of 
10 mM HCl (large pulse) or from 7.5 to 7.0 by the addition of 4 mM HCl (small pulse). 
Black line: ethanol, small pulse; red line: ETH-157, small pulse; green line: ethanol, large 
pulse; blue line: ETH-157, large pulse. Niosomes composed of saturated surfactants plus 
cholesterol subjected to a large HCl pulse (in the absence of ETH-157) are shown in grey. 
Average values of two independent experiments are shown. D: KCl permeability of liposomes 
and niosomes filled with the fluorescent dye calcein (5 mM) after osmotic upshift by KCl. 
The arrow at 50s indicates the moment 0.4 M KCl (final concentration) was added. Green 
lines: niosomes composed of unsaturated surfactants plus cholesterol; red lines: niosomes 
composed of saturated surfactants plus cholesterol; black lines: liposomes composed of 
unsaturated lipids plus cholesterol; blue lines: liposomes composed of saturated lipids plus 
cholesterol. Representative traces of one out of three independent experiments are shown. 
E: Stability of liposomes and niosomes filled with the fluorescent dye calcein (5 mM) after 
osmotic upshift by glycerol. At 50s (indicated by a black arrow), 0.667 M glycerol was added 
(osmolarity comparable to that of 0.4M KCl); line color as indicated under B. Representative 
traces of one out of two independent experiments are shown. F: Stopped-flow measurements 
of the effects of osmotic upshift elicited by glycerol (red line) or KCl (green line) in niosomes 
composed of unsaturated surfactants plus cholesterol. Buffer (black line) is shown as a control. 
Representative traces of one out of two independent experiments are shown.

from 7.5 to 6.3  (Fig 4B, blue line), indicating that indeed the proton permeability is limited 
by counterion flux and thus a membrane potential (inside positive) is formed by the large pH 
jump. The effect of ETH-157 was small when the pH was lowered from 7.5 to 7.0 (Fig 4, black 
and red lines), which is in accordance with previous observations that with small gradients 
diffusion potentials are negligible20. 
In niosomes with unsaturated surfactants (Span 80, Tween 80) and cholesterol, a rapid 
decrease in internal pH was observed in the absence and presence of ETH-157. Thus 
irrespective of whether a large (pHout 7.5 to 6.3) or small (pHout from 7.5 to 7.0) pH shift 
was imposed the internal and external pH equilibrated in less than one min, and it was not 
necessary to increase the permeability for the balancing ion (here, Na+ via ETH-157). Thus, 
niosomes composed of unsaturated surfactants are significantly more permeable for protons 
than liposomes composed of unsaturated phospholipids (Fig 4C). In niosomes with saturated 
surfactants (Span 60, Tween 60) and cholesterol, the internal pH stabilized at ~7.1 when 
pHout was lowered from 7.5 to 6.3 (Fig 4B). Similarly, the internal pH of liposomes composed 
of saturated lipids (DPPC, DPPE and cholesterol), leveled off to a value of ~7.3 over a period 
of 10 min (Fig 4B). 

Mechanical stability and osmotic stress
Next, we determined the mechanical stability of the vesicles by imposing an osmotic upshift, 
using membrane impermeable (KCl; Fig 4D) and membrane permeable (glycerol; Fig 4E) 
osmolytes. After an osmotic upshift by the addition of KCl or glycerol to the outside medium, 
the vesicles release water and deform (shrink). This leads to a higher level of self-quenching 
of calcein and decreased fluorescence intensity. If the membrane is relatively permeable for 
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the osmolyte (e.g. glycerol) then the vesicles will return to their normal shape and volume 
within seconds or minutes, which is observed as relief of self-quenching. With relatively 
impermeable osmolytes (e.g. KCl) the vesicles maintain their shrunken state up to hours. We 
found that all the vesicles remain intact (stable) after an osmotic upshift with KCl, except for 
the niosomes composed of Tween 80, Span 80 plus cholesterol. Here, we observed a small 
relief of the quenching, indicating that potassium or/and chloride ions are diffusing slowly 
across the membrane with unsaturated surfactants. 
We found that the relief of quenching upon addition of glycerol takes minutes in niosomes 
prepared of Tween 60, Span 60 plus cholesterol; similar effects are observed in liposomes 
composed of saturated lipids plus cholesterol. In contrast, self-quenching is not observed in 
niosomes composed of Tween 80, Span 80 plus cholesterol, and it is barely visible in liposomes 
composed of unsaturated lipids plus cholesterol. We hypothesized that in niosomes composed 
of unsaturated amphiphiles the membranes are so permeable for glycerol that the time 
resolution (sec) of our measurements is insufficient to probe the transient shrinkage of the 
vesicles. Indeed, in stopped flow experiments where we have a time resolution better than 10 
ms, we clearly observe the kinetics of glycerol permeation. In Fig 4F we show the shrinkage of 
the vesicles (calcein quenching) upon addition of glycerol (red line) and KCl (green line). The 
niosomes recover from the glycerol stress within 1 sec; with KCl the shrinkage is permanent 
on the sec to min timescale. 
We cannot explain the gradual decrease in fluorescence in niosomes composed of unsaturated 
surfactants and cholesterol upon addition of glycerol (Fig 4E, green line). It must due to 
bleaching of calcein that is caused by the combination of glycerol and unsaturated amphiphiles 
or an unknown component herein. Overall, the results presented in figure 4 indicate that both 
liposomes and niosomes composed of saturated amphiphiles form stable vesicles and that 
their membranes are relatively impermeable to ions and moderately permeable to glycerol. 
Niosomes composed of unsaturated amphiphiles are more permeable to ions (protons, KCl) 
than liposomes composed of unsaturated lipids. 

Antimicrobial peptides act on niosomes 
The membrane lipid composition can have major impact on the function and activity of 
antimicrobial peptides (AMPs), e.g. on the interaction of the peptides with the membrane20–22 
or the mechanism of pore formation23. When alamethicin or melittin were added to 
niosomes composed of Tween 80, Span 80 plus cholesterol, a rapid release of calcein was 
observed, similar to the release of calcein from liposomes composed of the unsaturated lipids 
DOPC, DOPE plus cholesterol (Figure 5A and B).  Both peptides act in the micromolar 
range, corresponding to AMP to amphiphile ratios of roughly 1 to 20 for melittin and 1 to 
4 for alamethicin. As expected, both AMPs did not affect vesicles composed of saturated 
amphiphiles, be it niosomes or liposomes.  

Membrane transporter activity
Given the finding that alamethicin and melittin act functionally in niosomes, we wondered 
whether we could reconstitute a simple secondary transporter in membranes composed of 
Tween 80, Span 80 plus cholesterol. The L-arginine/L-ornithine antiporter ArcD2 does not 
require an electrochemical ion gradient or other source of metabolic energy for transport. 
ArcD2 was reconstituted in niosomes composed of unsaturated surfactants, niosomes 
composed of saturated surfactants and in liposomes composed of the unsaturated lipids 
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Figure 5. Melittin and alamethicin induce calcein leakage. A: To vesicles filled with 20 mM 
Na-MOPS, 1 mM CoCl2 and 0.8 mM calcein, 90 mM NaCl, pH 7.5, 1 μM melittin (final 
concentration) was added at the time of the black arrow. To obtain the maximum signal, 
0.25% (v/v) Triton X-100 was added after 350 s (indicated by the blue arrow). Green lines: 
niosomes composed of unsaturated surfactants plus cholesterol; red lines: niosomes composed 
of saturated surfactants plus cholesterol; black lines: liposomes composed of unsaturated 
lipids plus cholesterol; blue lines: liposomes composed of saturated lipids plus cholesterol.  
Representative traces of one out of two independent experiments are shown. B: To vesicles 
as in A, 5 μM alamethicin (final concentration) was added at the time of the black arrow. To 
obtain the maximum signal, 0.25% Triton X-100 was added after 350 s (indicated by the blue 
arrow); line color as indicated under A.  Representative traces of one out of two independent 
experiments are shown.

Figure 6. The L-arginine/L-ornithine antiporter ArcD2 is active in liposomes with anionic 
lipids but not in vesicles that do not contain lipids or surfactants with anionic headgroups. 
ArcD2 was reconstituted in liposomes and niosomes at 1 to 400 protein to lipid ratio (w/w). 
A: Schematic representation of the transport reaction. B: ArcD activity was measured using 
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radiolabeled arginine. Green lines: niosomes composed of unsaturated surfactants plus 
cholesterol; blue lines: liposomes composed of unsaturated lipids plus cholesterol; black lines: 
liposomes composed of unsaturated lipids of which 38 % is anionic (phosphatidylglycerol). 
Representative traces of one out of three independent experiments are shown. C: Incorporation 
of ArcD2 into vesicles was confirmed by Western blot analysis. 1: solubilized ArcD2, purified 
protein before reconstitution; 2: Unsaturated surfactants + cholesterol; 3: Saturated surfactants 
+ cholesterol; 4: Unsaturated lipids + cholesterol.

DOPC, DOPE and cholesterol, but in all cases we did not detect any transport activity (Figure
6B). When analyzing the niosomes and liposomes on Western blot we found that ArcD2 is 
associated with all the vesicles, although the protein reconstitutes much better into liposomes 
than niosomes (Figure 6C). The molecular weight of ArcD2 is 56.7 kDa but migrates at a 
position of about 40 kDa, which is typical for hydrophobic proteins24. Contrary to the 
reconstitution into niosomes and liposomes composed of unsaturated, neutral lipids, antiport 
activity was observed in the liposomes composed of unsaturated lipids with a fraction being 
anionic rather than zwitterionic (Figure 6B). 

Discussion

We present a first characterization of the functional properties of niosomes composed ternary 
surfactant mixtures and benchmark the measurements against liposomes composed of satu-
rated or unsaturated phosphatidylcholine-, and phosphatidylethanolamine-based lipids plus 
cholesterol. Most measurements were done in buffer at pH 7.5 and at room temperature. We 
find that niosomes leak little or no calcein (hydrophilic fluorophore with a molecular weight 
of 623 g/mol) over a period of 24 hours, but niosomes composed of unsaturated amphiphiles 
are more permeable to protons and larger ions (KCl) than conventional lipid-based liposomes. 
Similar to liposomes, niosomes composed of saturated amphiphiles are more stable and less 
leaky when tested below the phase transition temperature (TM ) than vesicles composed of 
unsaturated components; the TM of Span 60 is 55 ⁰C4,26 and TM of Span 80 is -20.3 ⁰C. The anti-
microbial peptides melittin and alamethicin permeabilize both niosomes and liposomes, but 
we were not able to functionally reconstitute into niosomes the amino acid antiporter ArcD2. 
Taken together, niosomes behave in many aspects similar to phospholipid-based vesicles but 
they may not provide the right lipid head-group composition for functional membrane trans-
port, that is, the requirement of many transporters for a fraction of anionic headgroups27.
Since liposomes are widely used as vehicles for drug delivery and gene transfer, their stability 
and permeability properties of lipid-based vesicles have been widely studied. For instance, 
small unilamellar vesicles (SUVs) retain 80-95% of carboxyfluorescein (CF) in SUVs over 
a period of 1 hour at 37 ⁰C, depending on the type of lipids used28. Crommelin and Van 
Bommel29 found that liposomes composed of saturated lipids with or without cholesterol had 
over 90% of the CF entrapped after one month of storage at 4 oC. EggPC liposomes with or 
without cholesterol were found to leak 50% of the encapsulated calcein over 200 hours at 22 
⁰C, although this value is decreased to 23 hours at 37 ⁰C30. 
For niosomes, much less data is available on the leakage of water-soluble compounds than for 
liposomes. Span 60/cholesterol/dicetyl phosphate vesicles release 25% of their carboxyfluo-
rescein compared to 45% in Span80/cholesterol/dicetylphosphate over a time period of 6h4, 
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indicating that niosomes containing saturated surfactants are more stable. In addition, under 
conditions comparable to that in our work, Span 80 vesicles released about 85% of brilliant 
blue after 24h7. These results are in line with the less than 10% leakage found by us and shows 
water-soluble dyes are well retained by surfactant-based membranes. 
The permeability of membranes to ions and non-ionic solutes is dependent on the polarity 
and membrane charge, with cation permeability increasing with the fraction of anionic lip-
ids31. Cationic membranes are relatively more permeable for anions (e.g. Cl-) than zwitterion-
ic or anionic membranes. The permeability of zwitterionic membranes is higher for Cl anions 
than for Na+ or K+ cations32,33. The presence of cholesterol typically decreases permeability of 
phosphatidyl choline membranes for Cl-32. These data are consistent with the findings we re-
port here, but our niosomes composed of unsaturated amphiphiles are more permeable than 
the tested liposomes of unsaturated phospholipids. 
The proton permeability of membranes is highly dependent on the head group, acyl chain 
length (membrane thickness) and lipid saturation dependent, and five orders of magnitude 
differences in permeability have been reported34–36. These differences are attributed to dif-
ferences in pH gradient (driving force for proton permeability) and the ability of protons to 
move along hydrogen bonds37. The H+ permeability is several orders of magnitude higher 
than the permeability of similar membranes for larger cations (10-3 to 10-8 cm s-1 for protons37 
versus 10-10 to 10-12 cm s-1 for sodium35). The rate of proton permeability depends on the extent 
of the pH difference. However, a large pH gradient (> 1 pH unit) can result in a diffusion po-
tential and thereby limit the further permeation of protons 34, which is what we see in vesicles 
composed of the unsaturated lipids DOPC and DOPE plus cholesterol. For niosomes, no val-
ues for ion permeability have been reported so far. Our data indicate that the H+ permeability 
in niosomes composed of saturated amphiphiles is comparable to that of the corresponding 
liposomes. However, the H+ permeability in niosomes composed of unsaturated amphiphiles 
is significantly higher than that of the corresponding phospholipid vesicles.
In contrast to ions, non-ionic solutes such as glycerol permeate membranes composed of un-
saturated phospholipids quickly38. The permeability for glycerol is increased when the degree 
of saturation and chain length of the phospholipids decreases39. Cholesterol decreases the 
permeability off egg lecithin, POPC, DOPC plus DLPC liposomes for glucose, glycerol and 
rubidium ions39,40. The effect of (un)saturation on permeability is confirmed here and found 
for niosomes and liposomes. We find that glycerol equilibrates within seconds over mem-
branes composed of unsaturated phospholipids plus cholesterol and even faster in niosomes 
composed of the unsaturated surfactants Tween 80, Span 80 plus cholesterol, while it takes 
minutes for vesicles composed of the saturated phospholipids plus cholesterol or niosomes 
composed of the saturated surfactants Tween 60, Span 60 plus cholesterol. 
The laurdan measurements indicate that the membrane packing of niosomes is somewhat less 
dense than that of liposomes. The GP range found for liposomes tested here are comparable to 
values reported in the literature11,41. For vesicles composed of lipids that are in the gel phase, a 
GP value of 0.6 was found, as compared to a value of -0.2 for membrane in the liquid crystal-
line phase11. For the liquid ordered (Lo) and liquid disordered (Ld) phase of GUVs, prepared 
from stearyl sphingomyelin, DOPC and cholesterol, GP values of 0.9 and 0.2 were found, re-
spectively41. Another study found GP values of 0.6 and -0.2 for similar GUVs42. These last two 
GUV studies were performed with microscopy instead of spectroscopy, so direct comparison 
should be taken with caution. 
The membrane penetrating peptides melittin and alamethicin induced calcein leakage in nio-
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somes and liposomes composed of unsaturated amphiphiles. Melittin is reportedly inactive 
on DPPC membranes below the phase transition temperature, but induces micelle forma-
tion in small unilamellar vesicles (SUVs) below the transition temperature43. Below the phase 
transition temperature, melittin binds less efficiently to phospholipids as shown by trypto-
phan dequenching experiments44. Furthermore, the more unsaturated the lipid tails are, the 
more effective melittin inserts into the membrane and induces leakage45. However, a study by 
Rex46 shows that liposomes with one unsaturated bond per lipid (POPC) shows more leakage 
after exposure to melittin than DOPC with unsaturated bonds in both acyl chains. When 
cholesterol is present, DPPC membranes become even more resistant to melittin47,48. The 
membrane-stabilizing effect of cholesterol is also observed for other lipid mixtures49, and cho-
lesterol even prevents melittin action by preventing the peptide to bind to the membrane50. 
Wessman and coworkers have proposed that cholesterol decreases the affinity between mel-
ittin and the membrane, but that the effective concentration of melittin in the membrane 
required for leakage remains the same51. We find that melittin acts similarly for calcein release 
from niosomes and liposomes.
In conclusion, niosomes exhibit physical chemical properties similar to those of liposomes, 
albeit that permeability for small ions/solutes is higher, which make them potentially attrac-
tive as drug carriers or delivery systems for all sorts of molecules (reviewed in2). Compared 
to liposomes, niosomes have the advantage that the components are extremely cheap com-
pared to phospholipids, and both the lipids and non-ionic surfactants are similarly stable. A 
disadvantage is that the currently commercially available surfactants (Spans and Tweens) are 
polydisperse. Drug incorporation into niosomes has been accomplished and we show that for 
retention of cargo the vesicles should not be frozen and thawed. Initial animal studies have 
been performed with niosomes, but clinical studies have not been reported2. For drug ad-
ministration with liposomes52,53, the requirements of liposomes as delivery vehicles have been 
formulated54. Many of these (size, charge and stability) are met with the niosomes described 
here. 
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Abstract

Membrane fusion is essential for cell function. To guide this process, eukaryotic cells are 
equipped with SNARE proteins. Syntaxin and SNAP-25 on the target membrane and 
synaptobrevin on vesicle membranes form a coiled coil to provide force for membrane bending 
and ultimately fusion. To study the process of membrane fusion, in vitro systems to monitor 
lipid mixing and content mixing have been developed. In addition, simplified model systems 
have been designed to find the determining factors for membrane fusion. Here membrane 
fusion is discussed, from in vivo to in vitro. Different alternative methods for vesicle fusion 
are discussed in the light of leakiness and efficiency of the specific vesicle the fusion process.

Vesicle fusion inside living cells

In a eukaryotic cell, vesicle fusion is an essential process for transport and delivery of membrane 
proteins, neurotransmitters and hormones (Figure 1). To do so, cells are equipped with SNARE 
(soluble N-ethylmaleimide-sensitive factor attachment protein receptor) proteins. SNARE 
proteins mediate the intracellular fusion of vesicles, such as the protein transport from the 
ER to the Golgi for post-translational modification or the release of neurotransmitters via 
exocytosis. The SNARE protein family is conserved throughout eukaryotic cells and consists 
of over 30 members in humans1. 
SNARE proteins are located both on the vesicle and the target membrane. One SNARE motif, 
the R-SNARE contains a highly conserved arginine, is located on the vesicle membrane. The 
other three motifs, the Qa-, Qb- and Qc-SNARE each contain a highly conserved glutamine 
and are found on the target membrane. The four different unstructured SNARE motifs 
together form a helical core complex (Figure 2). The R-SNARE motif is found in the vesicular 
protein synaptobrevin (also known as VAMP), the Qa-SNARE in syntaxin and the Qbc-
SNARE in SNAP-251. 
The SNARE complex forms in a zipper-like fashion, starting from the N-termini of 
the SNARE motifs. The whole process of coiling to a SNARE pin is guided by regulatory 
proteins such as the Sec1/Munc18 related (SM) proteins to form the acceptor complex on 
the target membrane. Complexins and synaptotagmin assist later in the fusion process when 
the R-SNARE is bound, allowing the formation of a tight SNARE-complex2. The formation 
of the SNARE complex creates an inward facing force, pulling the membranes together2. 
According to the stalk hypothesis (Figure 3)3, first the outer leaflets of the membranes form a 
continues layer (the hemifused state), then a fusion-pore opens and widens until full fusion 
is accomplished4. The various states of membrane fusion have been observed in single vesicle 
studies, supporting the theory5,6.
For fusion to occur, membranes must be in close proximity and the lipid bilayer needs to be 
disturbed. This requires removal of hydration layers, local membrane bending, merging of 
the two leaflets (hemifusion), formation of the fusion pore and expansion of the pore8. The 
total energy required has been calculated at 50-100 kBT per event9. The zippering of a single 
SNARE complex releases 23-35 kBT10–12, so only 2-4 complexes are required for membrane 
fusion2,13. However, experimental evidence suggests that one SNARE complex is sufficient14,15.
Formation of the SNARE complex alone brings membranes in 10-20 nm proximity, but for 
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Figure 1. SNARE protein mediated membrane fusion events in the cell. In eukaryotic cells, 
transport of newly synthesized proteins and lipids from the ER to the Golgi and the Golgi to 
the membrane, is mediated by vesicles. In addition, molecules taken up by endocytosis end 
up in endosomes, which can fuse with each other or with lysosomes. Yeast and plant cells 
contain vacuoles as storage compartments. Those vacuoles can fuse together with the aid of 
SNARE proteins.

Figure 2. The SNARE complex. The complex is formed by synaptobrevin/VAMP on the vesicle 
membrane (in red, R-SNARE), SNAP25 (blue = N-terminal domain, Qc-SNARE; green = 
C-terminal domain, Qb-SNARE)  and syntaxin (beige, Qa-SNARE) on the target membrane. 
Synaptobrevin and syntaxin are anchored to the membrane by a C-terminal transmembrane 
domain, SNAP25 is connected to the membrane by palmitoyl moieties shown by the wedged 
lines. The linker connecting the two α-helices of SNAP25 is not drawn to scale. Adapted by 
permission from Macmillan Publishers Ltd: Nature Reviews Neuroscience7, copyright 2002.

6
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Figure 3. The stalk hypothesis. Membrane fusion is thought to occur in several steps. First, 
the membranes need to be in close proximity (step I). Next, a hemifusion stalk forms with the 
proximal leaflets fused and the distal leaflets unaltered (step II). The stalk expands paralel to 
the membrane to a diaphragm (step III). From this diaphragm or the stalk directly (step II), 
the fusion pore opens (step IV).  Here, the contents mix. 

efficient fusion, the membrane also needs to bend8. Synaptotagmin has been proposed to 
bend the membrane, by binding both the SNARE complex and Ca2+ 16. Ca2+ in turn interacts 
with anionic lipids present near the SNARE complex17,18. In addition, Zhou et al. propose that 
the synaptotagmin interactions with Ca2+ work synergistically with the polybasic region of 
the SNARE-synaptotagmin complex that binds to anionic lipids in the membrane close to 
the SNARE regions, thereby deforming the membrane19. This enables stalk formation and 
subsequent fusion8.
Three SNARE proteins (syntaxin 1A, SNAP-25 and synaptobrevin 2) alone have been 
shown to fuse vesicles in vitro14,20,21. However, not all fusion assays report fusion with this 
minimal set of proteins, many require the aid of additional proteins such as complexin 1 and 
synaptotagmin6,22,23. How to interpret the various datasets and a summary of fusion studies 
using SNARE proteins is given by4. Some approaches to measure fusion are given in the next 
paragraph.  

Studying vesicle fusion

The first step prior to the actual fusion is to bring vesicles together. As a result of vesicle docking 
and aggregation, the scattering of light increases. This can be observed in simple absorbance 
measurements. For an actual measure of average vesicle size and the size distribution, 
dynamic light scattering (DLS) has been applied. Aggregation does not necessarily lead to 
membrane fusion, but is easily measured using a spectrophotometer without the need of dyes. 
It provides information if the vesicles find each other. To confirm genuine membrane fusion, 
other methods are required.
To probe membrane fusion, lipid mixing is often used as a read-out. To do so, two spectrally 
overlapping membrane fluorophores are added to one batch of vesicles and mixed with empty 
vesicles24 (depicted in Figure 4A). When the overlapping fluorophores are in close proximity, 
resonance energy transfer caused by excitation of the first fluorophore will excite the second 
one, a phenomenon called Förster resonance energy transfer (FRET). Upon membrane 
fusion the distance between the fluorophores will increase and the FRET signal will decrease.  
Another option is to use a fluorophore together with a quencher25  or use a self-quenching 
concentration of membrane-bound dye on one of the vesicles26. However, lipid mixing can 
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Figure 4. Assays for vesicle fusion. A: A FRET assay to study lipid mixing. Two fluorescent 
membrane dyes are added to one vesicle in a high concentration so the resonance energy 
from the excited fluorophore is transferred to the other. This results in fluorescence from the 
acceptor fluorophore. When the vesicle fuses with unlabeled vesicles, the distance between 
the two fluorophores increases. The amount of FRET is decreased, thereby mainly fluorescence 
from the donor is observed. B: A content mixing assay. Tb3+ by itself is weakly fluorescent, but 
upon chelation with DPA it forms a very strong fluorescent complex. Tb3+ is encapsulated in 
one vesicle and DPA in the other and when both vesicles fuse, the complex forms and 
fluorescence increases.

also occur when vesicles are in hemi-fusion state, therefore such assays do not discriminate 
between hemi-fusion and full fusion27. 
To follow true fusion, content mixing assays are applied (Figure 4B). Content mixing assays 
make use of a self-quenching concentration of a water-soluble dye such as sulphorhodamine, 
carboxyfluorescein or calcein. Upon fusion with empty liposomes, the dye concentration 
drops below self-quenching concentrations and the fluorescence increases. However, when 
the fusion process is leaky, the dye concentration will also decrease, hence the fluorescence 
will increase, and so appropriate controls must be performed. 
A method to discriminate genuine non-leaky from leaky fusion is based on molecules that 
together form a fluorescent complex. For example, Tb3+ forms a highly fluorescent complex 
with dipicolinic acid (DPA)28,29, and EDTA chelates the Co2+ of Co2+-quenched calcein. Thus, 
by incorporating Tb3+ (or EDTA) in one type of vesicles and dipicolinic acid (or Co2+-calcein) 
in the other type, an increase in fluorescence will indicate non-leaky fusion30. A variant is co-
encapsulation of a fluorophore and a quencher, e.g. ANTS and DPX31  (Figure 5). With ANTS 
in one batch of vesicles and DPX in another, only upon non-leaky fusion the fluorescence 
signal will drop. Total fusion and leakage are measured by encapsulating both ANTS and 
DPX in one vesicle31, making this an versatile assay that genuinely gives a full picture of fusion 
and leakage.
A third method is based on the selective cleavage of a fluorogenic substrate by an enzyme 
present in the other type vesicles. Examples are fluorescein di-β-D-galactopyranoside that is 
cleaved by b-galactosidase32 and 4-methylumbelliferyl phosphate that is cleaved by alkaline 
phosphatase30. Only when vesicles containing the enzyme fuse with vesicles containing 
substrate will the fluorescence increase. However, this assay cannot give precise kinetic 

6
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Figure 5. Molecules used in content mixing assays. On top, the fluorophore ANTS and its 
quencher DPX are shown. Below left, the fluorescent Tb3+-DPA complex. On the right, the 
non-fluorescent Co2+-calcein complex; The quenching is relieved by chelation of the Co2+ by 
EDTA.
 
information of the fusion proces, due to the enzymatic reaction nor discriminate between 
leaky and non-leaky fusion.
Typically, a combination of methods is used to demonstrate membrane fusion and to 
discriminate leaky from non-leaky fusion. This is often necessary to obtain the full picture 
of the extent and leakiness of the fusion process. Several fusion systems have been developed 
over the years. Some are based on SNARE-protein mimics, others employ viral fusion peptides 
or even use a completely different (synthetic) approach. An overview of well-characterized 
approaches is given next.

Model systems for membrane fusion

Already since the 1970’s, vesicle fusion is known to be triggered by divalent cations such as 
Ca2+ or Mg2+ 33,34. These cations interact with anionic lipids and destabilize membranes within 
seconds. Millimolar concentrations of divalent cations are sufficient to fuse membranes 
consisting of at least 25 mol% anionic DOPS35. The membrane destabilization leads to massive 
fusion but also loss of content28. However, using the anionic lipid DOPG we observe Ca2+ 
induced fusion without substantial leakage (Figure 6). In addition, DOPS vesicles fused with 
Mg2+ without massive leakage (Figure 6). 
In the 1980’s, fusion between cationic and anionic lipid vesicles (liposomes) was accomplished. 
Depending on the lipid composition, the concentration of anionic and cationic lipids, the 
amount and type of salt, the extent of membrane fusion and content leakage could be tuned36. 
Later on, this methodology was proven successful in fusing giant unilamellar vesicles (GUVs), 
and here the fusion events could be followed by optical microscopy37. Again, the more anionic 
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Figure 6. Cation-induced fusion and leakage. Fusion of DOPS  and DOPG vesicles with 
CaCl2 and MgCl2, respectively. NaCl is used as control. The salt concentration was 10 mM for 
the DOPS vesicles (A-C) and 20 mM for the DOPG vesicles (D-F). Black line: CaCl2; green 
line: MgCl2; red line: NaCl. A and D: Vesicle aggregation in DOPS (A) and DOPG (D) vesicles 
measured by absorbance at 400 nm. At the arrow, the salt was added. B and E: Vesicle fusion 
measured by fluorescence of ANTS quenched upon fusion by DPX. C and F: Contents leakage 
measured by fluorescence of ANTS. 

and cationic lipids were used, the more fusion and vesicle rupturing was observed. The fusion 
induced by electrostatic interactions is rapid and also leaky, which prohibits its usefulness for 
many applications. A study of Stamatatos and coworkers showed that for some conditions, the 
amount of fusion can be substantial without leakage depending on the lipids and ionic strength 
of the buffer used36. Testing various lipid mixtures in our lab resulted in rapid aggregation of 
vesicles, but after minutes, the amount of scattering reduced, indicating disentanglement of 
the vesicle aggregates (Figure 7). Some fusion might still occur, but our data suggest that the 
balance between non-leaky fusion and leaky fusion is small when induced by mixing anionic 
vesicles with cationic vesicles.
In nature, viruses fuse with the target cell using viral fusion proteins after initial activation of 
the viral fusion proteins (e.g. by  recognition of specific cell-surface receptors and/or low pH)38. 
These proteins bring the viral and target membrane together and contain a hydrophobic loop 
that is inserted in the target membrane, thereby disturbing its organization39,40. In vitro, the 
hydrophobic loops of the viral proteins have been shown to fuse liposomes (accompanied with 
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leakage), e.g. the N-terminal part of hemaglutinin HA-2 from the influenza virus41–43 or the 
N-terminus of gp41, a HIV surface protein44,45. Torres and Bong46 created a library of variants 
of the HIV fusion peptide and concluded that the peptide can tolerate many modifications 
and still elicit membrane fusion, as long as the hydrophobic domain is combined with a 
cationic sequence. These findings reveal (part of) the mechanism by which the gp41 peptide 
destabilizes membranes, and this work shows that electrostatic interactions between the 
fusion peptide and membrane are crucial for membrane fusion. 
Fusogenic peptides have also been synthesized de novo (summarized in47), to better 
understand their mode of action and the structural requirements for membrane fusion. One 
of the best-studied examples is the α-helical WAE peptide, an 11 amino acid hydrophobic 
and anionic peptide. Only when bound to one type of liposomes, it fuses the liposomes with 
cationic target liposomes without much leakage of contents48. The rate of fusion is related 
to headgroup spacing, since the more space between the headgroups, the higher the fusion 
rate49. Similar peptides also induced lipid mixing, but here the loss of vesicle contents was 
much higher50. 
Next to minimal viral fusion peptides, model systems based on reduced SNARE proteins 
have been constructed. A well-studied example is the E/K system developed by Litowski and 
Hodges51 and characterized for fusion by the Kros group52–54. The E/K system consists of two 
membrane-anchored peptides with the sequence (EIAALEK)3 and (KIAALKE)3 coupled via 
a PEG12 linker to a lipid anchor. The E peptide contains anionic glutamic acid and the K 
peptide cationic lysine residues, forming a coiled coil when interacting with each other by 
electrostatic interactions. Fusion without substantial leakage takes minutes to hours but is 
efficient52–54. The energy released by pairing of this E and K peptide has been calculated to 
be 14 kBT52. For membrane fusion, 50-100 kBT is required9 and thus 3-6 helices should be 
sufficient to fuse two membranes together. Remarkebly, orientation of the peptides did not 
change the amount of fusion, since zipper and parallel placed coils induced content mixing at  
similar levels55. The lipid anchor determines fusion efficiency, with cholesterol being the most

Figure 7. Vesicle aggregation induced 
by electrostatic interactions. Anionic 
vesicles contained 15% DOPG, cationic 
vesicles 20% DOTAP. Scattering 
caused by aggregation was followed 
over time. Black line: DOPC/DOPE/
DOTAP (40/40/20) + DOPC/DOPE/
DOPG (42.5/42.5/15) vesicles; red line: 
DOPC/DOPE/cholesterol/DOTAP 
(27.5/27.5/25/20)  + DOPC/DOPE/
cholesterol/DOPG (30/30/25/15)  
vesicles; green line: DOPC/DOPE/
cholesterol (45:15:25) vesicles; orange 
line: DOPC/DOPE/cholesterol/

DOTAP (27.5/27.5/25/20)  + DOPC/DOPE/DOPG (42.5/42.5/15); blue line: DOPC/DOPE/
DOTAP (40/40/20)  + DOPC/DOPE/cholesterol/DOPG (30/30/25/15). At  the start, cationic 
vesicles were present and at the arrow anionic vesicles were added at a mol/weight ratio of 1 
to 1. Aggregation was followed measuring the absorption at 400 nm. 
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potent of all amphiphiles tested56. 
Instead of using peptides to form a coiled coil, DNA has been used as a SNARE mimic. 
Experiments using DNA coupled to cholesterol, showed lipid mixing and content mixing 
accompanied by excessive leakage57,58. Chan and coworkers also used DNA to fuse vesicles, 
but with to two saturated C18 tails instead of an cholesterol anchor59,60. They measured a 
maximum of 10% content mixing after 1h, using a 24 oligonucleotide thymine strand and 
its complementary adenosine strand. By using random bases only 2% content mixing was 
obtained. A single molecule study using the same poly-T/A strand revealed that only 5% 
of the docking events lead to fusion61. Increasing the temperature to 50 ⁰C increased fusion 
yields drastically to 60%, allowing multiple rounds of fusion without substantial leakage62.
A variant of lipid-DNA amphiphiles, using modified uracils as anchor, lead to aggregation 
and full fusion63 but did not induce fusion in our lab (Figure 8). The molecules U4T and 
CrU4T auto-insert into vesicles and could be very useful in connecting two types of vesicles, 
but they should then subsequently be fused by an additional trigger such as calcium (as long 
as the vesicles contain a fraction of anionic lipids). 

Figure 8. Lipid-DNA amphiphile-induced fusion and leakage. Fusion of zwitterionic vesicles 
composed of DOPC, DOPE and cholesterol in 2:1:1 ratio decorated with the complementary 
modified DNA strands U4T and CrU4T. Black line: no lipid-DNA amphipile added; red line: 
lipid-DNA amphipile in 1 to 10,000 lipid ratio; green line: lipid-DNA amphipile in 1 to 1000 
lipid ratio; blue line: lipid-DNA amphipile in 1 to 100 lipid ratio. A: sequences and structure 
of the lipid-DNA amphiphiles used. B: Vesicle aggregation measured at 400 nm. From the 
start, lipid-DNA amphiphile containing liposomes were present, and, at the arrow, vesicles 
with complementary DNA were added. C: Vesicle fusion measured by fluorescence of ANTS 
quenched upon fusion by DPX. D: Leakage measured by fluorescence of ANTS.

6
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Another SNARE mimic uses peptide-nucleic acid (PNA) connected to a transmembrane 
α-helix as anchor64. In contrast to DNA, the PNA backbone is zwitterionic, so repulsive forces 
as found between two strands of DNA are circumvented. However, the observed 2% content 
mixing in 20 minutes is far from optimal.
In conclusion the efficiency of DNA/PNA-mediated vesicle fusion is low at room temperature 
and the process is slow. But, so far, no systematic studies have been performed to optimize the 
anchor and/or the number of base pairs. A larger extent of vesicle fusion without substantial 
leakage has been shown for lipid-DNA amphiphiles but at high temperatures62. So, it is feasible 
to accomplish membrane fusion using DNA-lipid amphiphiles, but the molecules need to be 
optimized to increase the amount of fusion at room temperature. These studies have taught 
us what is required to overcome the barriers for vesicle fusion.

Requirements for non-leaky specific fusion

So far, various systems have been described for vesicle fusion, some more useful than 
the other. In our view, the most promising system is the peptide-mediated fusion 
that the Kros group employs. The coiled coil formation brings the membranes close 
together and disturbs the lipid bilayer, leading to efficient fusion. In addition, another 
group65 coupled the E and K peptide to the transmembrane domains of syntaxin 1A and 
synaptobrevin 2. Similar kinetics and content mixing yields were obtained with this anchor 
as with the cholesterol anchor55, giving confidence that this system is robust and versatile. 
From these studies, we can deduce what is required to fuse liposomes in vitro. The first step is 
specific interaction between differently tagged liposomes. This brings the membranes together, 
a prerequisite for fusion. This connection by itself can be sufficient for liposome fusion, as shown 
by Loosli and coworkers66. Here, liposomes with modified lipids, named clickosomes, were 
connected using Cu(I)-catalized click chemistry and larger particles were found after a few days.
One can speed up the process of membrane fusion by disrupting the membrane structure, e.g. by 
using electrostatic interactions or inducing curvature. In the cell, proteins, e.g. synaptotagmin, 
induce curvature during vesicle fusion39. Curvature is induced by lipids having a head group 
smaller or larger than the area (apparent diameter) of their acyl tails. For example DOPE, a 
phospholipid with a small head group relative to the acyl tails, induces negative curvature 
and lyso-phosphatidylcholine, a phospholipid with only one tail, induces positive curvature. 
Increasing negative curvature was shown to aid stalk formation and subsequent fusion48,67. 
The importance of curvature is highlighted by diacylglycerol (DAG)-induced fusion. 
This lipid species has a strongly negative curvature. Fusion of biological membranes 
increases upon addition of diacylglycerol, both by direct addition or enzymatic cleavage of 
phospholipids68–70. In synthetic membranes, addition of 1-oleoyl-2-arachidonoylglycerol, 
a form of DAG, facilitates fusion induced by Mg2+ 71. This was confirmed in other lipid 
mixtures using Ca2+ or Ba2+ to induce fusion72,73. In vivo, DAG is generated by cleavage of 
the headgroup from phospholipids such as phosphatidylcholine or phosphatidylinositol by 
phospholipase C (PLC). PLC from various bacteria have been purified and characterized74–77. 
PLCs differ in properties regarding membrane destabilization; some induce aggregation 
only, others induce leaky fusion or even non-leaky fusion78–80. PLC from Bacillus cereus 
was estimated to generate 10% DAG and induce 50% of content mixing without leakage78.
Commercial obtained PLC was able to induce vesicle fusion in our lab (Figure 9). PLC from 
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Clostridium perfingens induced leaky fusion, whereas PLC from B. cereus instead causes fusion 
without leakage as described by78 and shown in Figure 9B and C. Initial leakage is found at the start 
of the experiment with PLC from B. cereus, depending on the PLC concentration. However, over 
the five minute time course of the experiment, the amount of leakage remains constant. Therefore, 
we attribute this leakage to some impurity in the sample rather than an action of the PLC itself.
In the aforementioned studies, DAG was added to the lipid mixture and distributed across 
both leaflets. However, PLC induces curvature in one leaflet only thereby causing rapid and 
massive fusion events. Induction of negative curvature is sufficient for lipid fusion as shown 
by Bailey and Cullis, using amino-lipids81. These amino lipids are similar to diacylglycerol 
except that the glycerol moiety is replaced by 3-(N,N-dimethylamino)-1,2,-propanediol. 
These molecules have a pKa between 6.6 and 7.6, which allows shuttling from to the other 
leaflet of the membrane by using a pH gradient. Upon dissipation of this pH gradient, the 
amino-lipids distribute again over the two leaflets of the membrane and cause fusion81. 

Figure 9. PLC-induced fusion and leakage. Fusion of zwitterionic vesicles composed of 
DOPC, DOPE and cholesterol in 2:1:1 ratio. PLC was obtained from B. cereus (A-C) or C. 
perfringens (D-F). Black line: no PLC but buffer added; red line: 0.01 U/mL PLC; green line: 
0.1 U/mL PLC; blue line: 1 U/mL PLC. A and D: Vesicle aggregation by PLC from B. cereus 
(A) and C. perfingens (D) measured by absorbance at 400 nm. At the arrow, PLC was added. 
B and E: Vesicle fusion measured by fluorescence of ANTS quenched upon fusion by DPX. C 
and F: Contents leakage measured by fluorescence of ANTS. 

6
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The liposome size affects fusion as well. Small unilamellar vesicles (SUVs) (< 100 nm) 
experience a high strain on the membrane (increased curvature), making them more prone to 
fusion. The fusogenity of large unilamellar vesicles (LUVs; size 100-1000 nm) and SUVs has 
been compared for Ca2+-induced fusion29 and polyethylene glycol induced fusion82. In both 
cases faster and a higher degree of fusion was observed for SUVs. Electrostatic interactions 
aid SNARE-mediated fusion in the cell, e.g. synaptotagmin with its polybasic region19  and the 
cationic sequence near the membrane of synaptobrevin and syntaxin83. In vitro, electrostatic 
interactions alone can also induce vesicle fusion36,37. The more opposite charges on each 
membrane, the more fusogenic the vesicles. However, the most efficient fusion is accompanied 
with significant leakage36,37.
The membrane anchor and its hydrophobicity influences the fusogenity of minimal SNARE 
models in vitro56,58,84. For peptide-induced fusion it was found that the more hydrophobic the 
anchor, the higher the fusion rate56. This also holds for DNA-mediated fusion. Stengel and 
colleagues measured an increase from 8 to 17% content mixing when they used two instead of 
one cholesterol anchors58. From 2 to 10% increase in content mixing was obtained when two 
hexadecane tails were replaced for a solanesol anchor84.
A liquid-crystaline state is not a requirement for vesicle fusion and can even prevent fusion, 
as shown by calorimetric studies combined with the transfer of radiolabeled lipids from SUVs 
to LUVs or content mixing assays33,85. For some conditions, fusion was completely inhibited 
above the transition temperature. This does not only hold for Ca2+-induced vesicle fusion, 
and phase separation is essential for HIV gp41-mediated fusion86. In both papers, the authors 
speculate that phase-separating or gel state membranes have irregularities in lipid packing 
and hydration, which may trigger fusion. 
In summary: bringing vesicles together and disturbing the membranes are essential for non-
leaky vesicle fusion. Both can be accomplished in different ways, via coiled-coil formation, 
DNA hybridization, and click-reactions to couple the liposomes, and via hydrophobic 
peptides, electrostatic interactions, and curvature induction to destabilize the membrane. 
However, the available literature data suggest that there is a small window between no fusion 
and leaky fusion, where non-leaky fusion can be accomplished. A new approach is to first 
bring the membranes together e.g. using clickosomes or lipid-DNA amphiphiles and then 
disturb the membrane. To disturb the membrane, the exploitation of PLC holds great promise 
since it has been shown to induce leakage free and fast fusion78,80.

Experimental procedures

Materials. 1,2-dioleoyl-sn-glycero-3-phosphoserine (DOPS), 1,2-dioleoyl-sn-glycero-3-
phosphoglycerol (DOPG), 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC), 1,2-dioleoyl-
sn-glycero-3-phosphoethanolamine (DOPE), 1,2-dioleoyl-3-trimethylammonium-
propane (DOTAP), and cholesterol were purchased from Avanti Polar Lipids. ANTS 
(8-aminonaphthalene-1,3,6-trisulfonic acid) and DPX (p-xylene-bis-pyridinium bromide) 
were obtained from Thermo Fisher Scientific and Biotium.
Vesicle preparation. Lipids dissolved in chloroform:methanol (9:1) were mixed and dried by 
rotary evaporation. Lipids were hydrated in the appropriate buffer (20mM MOPS, 100 mM 
NaCl, pH 7.5 for aggregation measurements and 20 mM MOPS, 25 mM ANTS, 40 mM NaCl, 
pH 7.5 or 20 mM MOPS, 90 mM DPX, pH 7.5 for the content mixing assay; 20 mM MOPS, 
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12.5 mM ANTS, 45 mM DPX, 20 mM NaCl, pH = 7.5 for the leakage assay) and after 5 freeze 
and thaw cycles extruded at least 15x through a 100 nm polycarbonate filter (Avestin). For all 
buffers, the osmolality was measured on the Osmomat 030 osmometer and set to equal values 
(maximum difference: 20 mOsmol/kg) to avoid osmotic effects.
Vesicle aggregation. Vesicle aggregation is followed spectrophotometrically in the Varian 
Carry 100 Bio spectrophotometer, using 0.2 mM of lipids and measuring the absorbance at 
400 nm.
Content mixing assay. To assay content mixing, the protocol from Ellens et al. was followed31. 
In short, vesicles containing the dye ANTS were mixed with vesicles containing the quencher 
DPX. Upon non-leaky fusion, the fluorescence of ANTS is quenched by DPX. Upon leaky 
fusion, the quencher is diluted so much, that fluorescence remains high. Unencapsulated 
ANTS and DPX were removed before the experiment by eluting the vesicles over a 
Sephadex-G75 column with 20 mM MOPS, 100 mM NaCl, pH 7.5. Fusion was followed by 
fluorescence of ANTS (excitation at 350 nm, emission at 520 nm) on a Jobin Yvon fluorimeter. 
The percentage fusion reflects the amount of quenching relative to the fluorescence of the 
ANTS vesicles alone.
Leakage assay. Leakage was followed using a similar protocol as for content mixing31, but 
now ANTS and DPX were incorporated in one vesicle. Upon leakage, the ANTS and DPX 
were diluted in the surrounding medium and quenching was be relieved. 0.1% Triton X-100 
was added at the end of each experiment to obtain maximum signal that would correspond 
to 100% fusion.
Addition of lipid-DNA amphiphiles. For in situ modification of liposomes, liposomes 
were formed as described above and lipid-DNA amphiphiles (in water) were added at ratios 
indicated in the figure legends. To insert the lipid-DNA amphiphiles in the vesicles, the 
mixture was incubated for 1 hour at 50 ⁰C after which aggregation content mixing or leakage 
was followed.
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Summary
The eukaryotic cell membrane is a highly regulated, heterogeneous lipid bilayer that embeds 
transport, receptor and channel proteins as well as membrane-bound enzymes. Saturated lip-
ids and cholesterol have been shown to form distinct domains in the cell membrane, named 
rafts, when present at certain concentrations together with non-saturated lipids. Proteins as-
sociate with rafts or are excluded, which brings proteins together or isolates them from others. 
Since these rafts are very small (10-200 nm) and short-lived, model membranes have been 
developed to study lipid-lipid interactions and protein partitioning in larger, longer-lived 
domains. One of these model membrane systems are giant unilamellar vesicles (GUVs), mi-
crometer-size vesicles that can be studied by optical microscopy. Three component GUVs 
consisting of a saturated lipid, an unsaturated lipid and cholesterol can phase separate into a 
dense liquid-ordered (Lo) and more fluid liquid-disordered (Ld) phase.
In this thesis, I have shown that small molecules such as some sugars, specific hydrocar-
bons and certain lipids influence the phase separation of this model membrane. In chapter 
2, non-reducing sugars were found to induce mixing of the Lo and Ld domain, a feature that 
could explain the protective effects of these non-reducing sugars seen during anhydrobiosis 
in plants, invertebrates and microorganisms. In chapter 3, similar effects were observed for 
aromatic hydrocarbons. Here, dissipation of phase separation was seen for molecules of sim-
ilar size as pyrene, and these compounds partitioned equally over both the Lo and Ld phase. 
In chapter 4, the partitioning of the model peptide WALP is described. This peptide localizes 
in the Ld phase and the influence of palmitoylation (the addition of a saturated lipid tail) was 
studied using a newly synthesized trifunctional linker. Addition of this palmitoyl moiety did 
not alter peptide partitioning, nor did elongating the peptide or altering the membrane by 
addition of the ganglioside GM1, which contrasts observations made by molecular dynamics 
observations.
The second part of this thesis focuses on small vesicles, so-called large-unilamellar vesicles 
(LUVs), with a diameter from 100 to 500 nm. I have explored the use of LUVs as drug delivery 
vehicle or membrane system for building a synthetic cell through membrane fusion. Vesicles 
were made from non-ionic surfactants, single-chain amphiphiles, are characterized in chapter 
5. These molecules are shown to form closed, stable vesicles that may be a cost-effective alter-
native for already existing liposome-based drug formulations.
To create a synthetic cell, many compartments have to be brought together. This could be 
achieved by fusing two or more populations of vesicles. Approaches to do so are summa-
rized in chapter 6, together with new data that I generated in the course of my thesis work. 
I show that fusion requires a delicate balance between disturbing the membrane, needed for 
fusion, and minimizing content leakage. I show that non-leaky fusion with relatively high 
yields can be obtained using a commercially available enzyme that cuts off a fraction of lipid 
head groups.
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Nederlandse samenvatting
Alle levende organismen bestaan uit cellen omgeven door een membraan. Dit membraan 
bestaat uit een lipide bilaag welke transport-, receptor- en kanaaleiwitten bevat. Lipiden met 
volledig verzadigde vetzuren en cholesterol vormen domeinen, genaamd ‘rafts’, wanneer ze 
in de juiste verhouding worden gemengd met lipiden die onverzadigde vetzuren bevatten. 
Eiwitten associeren met deze rafts of worden juist buitengesloten, waardoor bepaalde eiwitten 
dicht bij elkaar komen of juist bij elkaar uit de buurt worden gehouden.
Omdat rafts zo klein zijn (10-200 nanometer) en dynamisch, zijn modelsystemen ontwik-
keld om interacties tussen lipiden en eiwitlocalisatie te kunnen onderzoeken. Één van deze 
model membranen zijn gigantische unilamellaire vesikels (GUVs), welke tientallen microm-
eters groot kunnen zijn en daardoor bestudeerd kunnen worden met lichtmicroscopie. GUVs 
bestaande uit drie ingrediënten namelijk lipiden met verzadigde vetzuren, lipiden met onver-
zadigde vetzuren en cholesterol scheiden in twee fasen: een dichte geordende vloeibare Lo fase 
en een meer vloeibare Ld fase.
In dit proefschrift heb ik laten zien dat kleine moleculen zoals suikers, koolwaterstoffen en 
bepaalde lipiden de fase scheiding  beïnvloeden. In hoofdstuk 2 beschrijf ik hoe niet-reduc-
erende suikers de menging van lipiden vergroten waardoor de Lo en Ld fasen kunnen verd-
wijnen, een eigenschap die zou kunnen verklaren hoe deze niet-reducerende suikers planten, 
ongewervelden en microorganismen beschermen tegen uitdroging. De suikers vertragen het 
moment waarop membranen onder droogtestress over gaan van vloeibaar kristallijn naar 
gelachtig. In hoofdstuk 3 zijn soortgelijke effecten gezien voor aromatische koolwaterstof-
fen. Hier verdween de fase scheiding alleen bij moleculen met een grootte vergelijkbaar aan 
pyrene en welke zich verdeelden over zowel de Lo als Ld fase.
In hoofdstuk 4 beschrijf ik de verdeling (partitie) van het model peptide WALP over de Lo en 
Ld domeinen van de membraan. WALP localiseert normaliter in de Ld fase, maar computer-
simulaties hadden laten zien dat palmitoylering (de toevoeging van een lipide met verzadigde 
vetzuurstaarten) de overgang van Lo naar Ld mogelijk maakt. In samenwerking met een colle-
ga in de organische chemie is een nieuwe trifuctionele linker ontwikkeld en gesynthetiseerd. 
Toevoeging van de palmitoylgroep veranderde de verdeling van het peptide over Lo en Ld niet; 
ook verlenging van het peptide of verandering van het membraan door toevoeging van de 
ganglioside GM1 hadden geen effect.
Het tweede deel van dit proefschrift is gericht op kleinere vesikels, zogenoemde grote-unil-
amellaire vesikels (LUVs). Ik heb onderzocht of LUVs gebruikt kunnen worden om medici-
jnen te beschermen tegen te vroege afbraak en of vesikels geschikt gemaakt kunnen worden 
om te laten fuseren met andere membranen. Vesikels gemaakt van niet-ionogene oppervlak-
te-actieve stoffen zijn gekarakteriseerd in hoofdstuk 5. Ik laat zien dat deze vetachtige stoffen 
gesloten vesikels kunnen vormen, niosomen genoemd, die qua eigenschappen te vergelijken 
zijn met vesikels gebaseerd op lipiden. De niosomen zouden een kosten-effectief alternatief 
kunnen vormen voor bestaande op lipiden-gebaseerde liposomen die nu veelal worden geb-
ruikt voor medicijnafgifte.
Om een synthetische cel te vormen moeten verschillende onderdelen bij elkaar worden geb-
racht. Één benadering om dat te doen is om twee of meerdere populaties van vesikels met 
elkaar te laten fuseren. Benaderingen om dat te doen worden samengevat in hoofdstuk 6, aan-
gevuld met eigen resultaten. In dit hoofdstuk wordt duidelijk dat fusie een delicate balans is 

Sa
m

en
va

tti
ng

Sa
m

en
va

tti
ng



136

tussen het verstoren van het membraan en handhaven van de permeabiliteitsbarriere. Ik ben 
er in geslaagd membraanfusie te realiseren zonder noemenswaardige lekkage van de vesike-
linhoud door gebruik te maken van een commercieel verkrijgbaar enzym welke de kopgroep-
en van een deel van de lipiden afknipt. Hierdoor wordt de buitenste helft van de membraan 
verstoord en kan deze fuseren met die van een naburige vesikel, zonder dat de inhoud van de 
vesikels naar buiten lekt.
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