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Abstract

Recent advances in analytical chemistry have set the stage for metabolite profiling to help 
understand complex molecular processes in physiology. Despite ongoing efforts, there are 
concerns regarding metabolomics workflows, since it has been shown that internal (enzyme 
activity, blood contamination and the dynamic nature of metabolite concentrations) as well as 
external factors (storage, handling, and analysis method) may affect the metabolome profile. 
Many metabolites are intrinsically instable, particularly some of those associated with central 
carbon metabolism. While enzymatic conversions have been studied in great detail, non-
enzymatic, chemical conversions received comparatively little attention. This review aims to 
give an in-depth overview of non-enzymatic energy metabolite degradation/interconversion 
chemistry. Special attention will be given to qualitative (degradation pathways) as well 
as quantitative aspects, that may affect the acquisition of accurate data in the context of 
metabolomics studies. Problems related to the use of isotopically labeled internal standards 
hindering the quantitative analysis of common metabolites will be presented with an 
experimental example. Finally, general conclusions and perspectives are given.
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2.1 Introduction

Metabolites are small molecule intermediates and products of metabolism, associated with 
multiple biological functions including energy storage and utilization, production of biomass, 
regulation of gene expression and cellular signalling [1]. In this sense, metabolomics aims to 
assess metabolic changes in a comprehensive and global manner in order to infer biological 
functions and provide the detailed biochemical responses of cellular systems derived from 
physiological changes [2]. Recent advances in analytical chemistry have set the stage for 
metabolite profiling to help us understand complex molecular processes in physiology. As an 
intermediate phenotype, metabolite signatures capture a unique aspect of cellular dynamics, 
providing a distinct view on cellular function [3]. While genomics and proteomics focus 
on upstream gene and protein products, metabolomics focuses on downstream outputs of 
global cellular networks. As a result of their downstream nature, changes in the metabolome 
may be amplified in comparison with changes in the transcriptome and proteome. Thus, the 
metabolome represents a functional portrait of cells or the organism, reflecting the cellular 
phenotype and metabolic alterations in the body/tissue/cells in response to a disorder [1]. 

In combination with multivariate statistical analysis tools, metabolomics has the power to 
allow for the interpretation of metabolite profiles in complex biological systems [4], holding 
great promise for pharmaceutical research, nutrition and health, metabolic engineering and 
the identification of biomarkers [5]. However, despite ongoing efforts, there are concerns 
regarding metabolomics workflows. Studies in different biological fluids have shown 
that internal (enzyme activity, blood contamination and the dynamic nature of metabolite 
concentrations) as well as external factors (storage, handling, and analysis method) crucially 
affect the metabolome profile [6], since many metabolites, particularly some of those involved 
in central carbon metabolism, are intrinsically instable. 

As a ubiquitous biochemical process in all cells, central carbon metabolism is particularly 
relevant [7]. The metabolites considered here (also called energy metabolites) belong 
to the most prominent metabolic pathways in intracellular carbon oxidation: glycolysis 
(metabolizing glucose to pyruvate), the citric acid cycle (degrading pyruvate to carbon 
dioxide) and the phosphate pentose pathway (Figure 1). These metabolites comprise sugars, 
phosphorylated sugars and other phosphorylated metabolites, derived from them, as well as 
carboxylic acids and thioesters of the CoA family. Important participants in central carbon 
metabolism are the cofactors that facilitate the enzymatic reactions such as ATP and NAD(P)
(H) [8]. 
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Figure 1. Central carbohydrate metabolism of E.coli most of which is conserved throughout many 
different organisms and cells. Solid squares show 12 intermediate metabolites, D-glucose-6-phosphate 
(G6P), D-fructose-6-phosphate (F6P), D-ribose-5-phosphate (R5P), D-erythrose-4-phosphate (E4P), 
D-glyceraldehyde-3-phosphate (GAP), glycerate-3P (3PG), phosphoenolpyruvate (PEP), pyruvate 
(PYR), acetyl-CoA (ACA), 2-ketoglutarate (2KG), succinyl-CoA (SCA) and oxaloacetate (OXA), and 
glycerate-1,3P (BPG), that are essential for a net gain of ATP in central carbon metabolism. The purple 
squares contain downstream end products of the biosynthetic pathways that branch out from central 
carbon metabolism. Reproduced from [70] with permission of the publisher.
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Many energy metabolites are “activated” for chemical transformations and are therefore 
instable to various degrees. While the enzymatic conversions of energy metabolites have been 
studied in great detail [6,9], non-enzymatic, chemical conversions received comparatively 
little attention. Non-enzymatic degradation has, however, a major impact on the quality of 
analytical data, be it qualitative or quantitative. For sound energy metabolomics, it is essential 
to fully understand the non-enzymatic degradation pathways of energy metabolites as well as 
their quantitative impact on the analytical results.

In a metabolomics context, chemical degradation does not always mean disappearance but may 
also lead to interconversion into other chemical species that are by themselves metabolites of 
interest. Taking into account that an increase in analyte concentration cannot be corrected for 
by the use of internal standards and therefore needs to be prevented, this review aims to give 
an overview of non-enzymatic energy metabolite degradation/interconversion chemistry. We 
will focus on qualitative (degradation pathways) as well as quantitative aspects, with the 
goal of defining sample handling protocols, allowing acquisition of reliable and accurate 
quantitative data in energy metabolomics.

2.2 General metabolomics workflow

Metabolomics approaches have been applied in several fields, including food and nutrition 
science [10,11], clinical [12–14], biological [15–17], pharmaceutical [18–20], toxicological 
[21] and biotechnological [22] research. Usually, high-quality analytical instrumentation, 
and bioinformatics data evaluation by experienced personnel are prerequisites for successful 
metabolomics projects. However, since the acquisition of reliable and valid quantitative data, 
and therefore the success of metabolomics research studies, is highly dependent on the pre-
analytical phase, a comprehensive standardization of the procedures involved at this stage is 
mandatory. 

As depicted in Figure 2, the pre-analytical phase consists of two major steps: first, the 
experimental design, in which the metabolomics study is planned to answer a given biological 
question; and second, the sample processing steps that comprise appropriate sampling, 
storage, sample handling, metabolism quenching and subsequent metabolite extraction. All of 
these processes must be performed according to strictly developed and controlled protocols, 
following standard operating procedures in order to avoid undesired alteration of the samples’ 
metabolome which may lead to biased results. Although examination of the different steps 
associated with the sample processing stage is critical to guarantee a successful metabolomics 
study, those aspects are not covered in this review but have been discussed elsewhere [23–27]. 
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Instead, in the next sections of this work, we will focus on the physicochemical conditions 
during the pre-analytical phase of current metabolomics workflows and how they may affect 
metabolite stability and notably non-enzymatic interconversion.

Figure 2. General scheme of a metabolomics workflow.

2.3 Chemical degradation of metabolites during metabolomics workflows

Most studies dealing with the problem of metabolite stability so far have approached the 
problem from a biological/biochemical point of view focusing on the evaluation of residual 
enzymatic activity by monitoring substrates and products from known pathways [6]. 
Remaining enzymatic activity may be caused by inadequate inactivation of enzymes (Figure 
2). However, residual enzymatic activity is not the only cause for biased results, as chemical 
transformations may also occur. 

Typically, during the pre-analytical phase, working temperatures are in the range of 4–25°C, 
and -40 to 95°C during sampling and quenching/extraction, respectively, whereas pH can 
vary between 2 and 8. Furthermore, the timeframes for sample handling are on the order 
of 24 hours in chemical environments rich in water and oxygen, as well as in the presence 
of light. These conditions may induce purely chemical degradation processes in almost any 
sample matrix including plain standard solutions [28]. Although there are guidelines dealing 
with stability as a key issue in the validation of bioanalytical methods, these usually focus 
on single analytes [29–31]. Sample stability is far more difficult to assess in metabolomics 
studies, where we are dealing with hundreds to tens of thousands of analytes. There is a lack 
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of knowledge regarding the changes induced by the physicochemical conditions to which 
samples are exposed, possibly exacerbated by other components in the sample matrix.

While many drugs, metabolites, and other endogenous compounds are sufficiently stable 
during the entire analytical process to be handled without special precautions, a number 
of compound classes need special attention to prevent analyte degradation, such as pH 
adjustment, the use of additives, and/or handling at low temperatures. A special situation 
arises when the analyte of interest itself is stable but one or more of its metabolites are not. 
Although these metabolites may not be quantified themselves, they could convert back to 
the original analyte, resulting in a significant overestimation of the analyte concentration. An 
example is the susceptibility of lactones to hydrolysis at neutral and alkaline pH to produce 
the corresponding hydroxy acid, while under acidic conditions the equilibrium is shifted 
towards lactonization, as has been shown for statin-type drugs such as simvastatin, lovastatin 
and atorvastatin [29]. In general, the lactone and hydroxy acid forms of all statins coexist 
in equilibrium in vivo. However, when developing a quantitative bioanalytical method for 
statins the interconversion mechanism has to be taken into account, as the reactions may also 
occur during sampling, storage, and analysis. Plasma is typically buffered at a pH of 4 to 5 as 
soon as possible after thawing, to avoid interconversion during sample preparation. Extracts 
are adjusted to the same pH to minimize interconversion during storage in the autosampler 
and even the mobile phase pH is often brought to pH 4.5 to avoid interconversion during the 
chromatographic run [29].

Particularly, in metabolomics workflows and more specifically in the case of central carbon 
metabolites (energy metabolites) interconversion problems have a special importance, since 
most of these compounds are extremely labile and can undergo degradation processes which 
finally lead to products that are by themselves central carbon metabolites [32]. In this regard, 
it is relevant to mention that the use of activated carrier molecules is a recurring motif in 
biochemistry. We will consider several such carriers here (Table 1). While not all of the 
interconversions are reversible (i.e. those that liberate CO2), all of these compounds are 
central carbon metabolites intrinsically “activated” for chemical transformations. 

2.3.1 Activated carriers in central carbon metabolism and their non-enzymatic 
degradation reactions

2.3.1.1 Degradation of nucleoside triphosphates 

The most important cofactor in cellular energy metabolism is ATP. This molecule can undergo 
energetically favorable hydrolysis (exergonic process) to ADP and inorganic phosphate (Pi), 
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a reaction that is coupled to many, otherwise energetically unfavorable, biochemical reactions 
through the transfer of phosphate groups. This process is an example of a condensation 
reaction that occurs in many important cell processes including activation of substrates, 
mediation of chemical energy exchange as well as intracellular signaling [33].

Table 1. Examples of activated carriers that are the subject of metabolism studies.

Activated carrier Group transferred
ATP-GTP Phosphoryl 
NADH and NADPH Hydride ion
FADH2 Hydride ions
FMNH2 Hydride ions
Coenzyme A Thioester
Lipoamide Aldehyde
Thyamine pyrophosphate Aldehyde 
Biotin CO2

*

Tetrahydrofolate One-carbon units
S-Adenosylmethionine Methyl 
Uridine diphosphate glucose Glucose
Cytidine diphosphate diacylglycerol Phosphatidate

*Although biotin does not transfer carbon dioxide directly, it acts as a cofactor in several  
carboxylase-type reactions involved in fatty acid synthesis, branched-chain amino acid catabolism 
and gluconeogenesis [71].

A wide range of central carbon metabolites feature phosphoric acid anhydride groups such as 
ATP, ADP, GTP, GDP, CTP, CDP, etc. that are highly susceptible to hydrolysis [34] (Figure 
3-A). The transfer of phosphoryl groups is usually catalyzed by enzymes that require the 
presence of divalent metal ions. Therefore, it is not surprising that metal ions by themselves 
can promote dephosphorylation processes for the already mentioned compounds [35]. 
According to the results of several studies, Ni2+, Zn2+, Mn2+, and especially Cu2+ can affect 
the stability of the phosphoric acid anhydride bond in several nucleotides such as ATP, GTP, 
CTP, UTP, TTP and ITP, leading to hydrolysis at 50°C, pH 5.0-8.0 in the presence of NaClO4 

to maintain the ionic strength at 0.1 M [35–37]. Under these conditions the half-life of ATP, 
GTP, ITP and CTP, decreased from 10 days in the absence of Cu2+ to 46.2, 385, 770 and 
2310 min, respectively, in the presence of Cu2+ 1 mM. According to Sigel et al. among the 
possible roles a metal ion may play in accelerating hydrolysis are (a) charge neutralization 
or shielding, (b) polarization or electron sink, (c) strain induction,  (d) coordination to the 
leaving group, and (e) relatively tight coordination to the transition state [36]. As Mn2+, 
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Figure 3. Schematic representation of non-enzymatic degradation routes relevant for core-energy 
metabolites under typical pre-analytical conditions. A) Hydrolysis of ATP to ADP; B) acid-catalyzed 
and oxidative degradation of NAD(P)H as well as hydrolytic degradation of  NAD(P)+; C) cleavage 
of CoA thioesters by nucleophiles and oxidative disulfide formation of CoASH with other sulfides; 
D) formation of methylglyoxal from GA3P and DHAP; E) decarboxylation of oxaloacetic acid 
(oxaloacetate) and acetoacetic acid (acetoacetate). Modified from [32].
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Table 2. Summary of of non-enzymatic degradation for some energy metabolites.

Metabolite Degradative 
process Products Preventive measures

Nucleosides 
triphosphates 
(ATP, GTP, UTP, 
CTP)

Hydrolysis
ADP, GDP, UDP, 
CDP, AMP, GMP, 
UMP, CMP

Addition of EDTA or other 
chelating agents suitable 
with LC-MS to complex 
contaminating metal cations. 
Work at pH above 8.0.

NADPH/NADH Oxidation
Acid degradation

NAD+/NADP+

See Figure 3-B

Employ inert atmosphere, e.g. 
via nitrogen bubbles.
Work at pH above 7.5.
Avoid high concentrations of 
buffers (acetate, phosphate, 
etc).

NADP+/NAD+ Hydrolysis
Nicotinamide 
+ dinucleotide 
residue

Work at pH below 6.5.
Avoid high concentrations of 
buffers (acetate, phosphate, 
etc).

CoASH
Alkaline degradation
Oxidative disulfide 
formation

-
Disulfides

Work at pH below 7.0.
Complexation of metal 
cations catalyzing disulfide 
formation with EDTA and 
removal of oxygen from 
sample solutions via nitrogen 
bubbles during sampling

CoA thioesthers

Hydrolysis
Aminolysis
Thiol-thioester-
exchange

CoASH (+organic 
acids and their 
amines or 
thioesters)

Work at pH 2–5 and avoid 
ammonia, thiols and other 
strong nucleophiles, thorough 
cleanup

Glucose-6-
phosohate and 
other glycolysis 
and pentose 
phosphate 
intermediates

Hydrolysis
Isomerization

Glucose
Isomers and 
intermediate 
compounds 
(mainly pyruvic 
acid)

Work at pH 3.5-5.0
Addition of chelating 
agents (EDTA) to avoid 
metal-catalyzed degradation 
processes
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Ni2+, Cu2+, and Zn2+ coordinate differently to the triphosphate chain of nucleotides and have 
different tendencies to coordinate to the base moieties [36], dephosphorylation of nucleotides 
in the presence of metal ions deserves attention, since most of the biological samples used in 
metabolomics studies contain these trace elements.

The presence of divalent cations is not expected to present a major problem in samples 
containing chelating agents such as EDTA-plasma. However, it might be a problem for 
metabolome analysis in cells, tissues and other biofluids that usually do not contain such 
reagents. Metal ions may originate either  from the samples and/or the culture medium, buffers 
and reagents. Therefore, the addition of chelating agents can generally be recommended 
(Table 2).

From this example, it becomes clear that the type of samples and therefore the matrix 
composition may have an important impact on the final results of metabolomics studies. 
For these reasons, probing the influence of the matrix components on the degradation of 
nucleotides and other labile metabolites in metabolomics workflows requires further 
investigation.

2.3.1.2 Non-enzymatic degradation of redox coenzymes 

Several cofactors participate in oxidation–reduction reactions in cells and are commonly 
part of coupled reactions in a wide range of metabolic pathways. In biological oxidation-
reduction reactions hydride ions are transferred from fuel molecules to pyrimidine nucleotides 
(NAD(P)+/NAD(P)H) or flavins (FAD/FADH2), respectively. Following catabolic pathways, 
NADH and FADH2 finally transfer their electrons to O2. In contrast, NADPH is used almost 
exclusively for biosynthesis [33].

NAD+, NADH, NADP+ and NADPH show considerable instability in solution. In particular, 
low/high pH,elevated temperatures and presence of O2 must be avoided when the analysis of 
these molecules is to be performed in biological samples. When evaluating the degradation 
of NADH and NADPH, Wu et al. [38] found that at pH 6.0, an ionic strength of 0.05 M and 
41°C, NADPH is much less stable than NADH, having a half-life almost seven times lower 
(56 and 400 min, respectively). They also established the proportionality between pH and 
degradation of both compounds finding that at pH 4.0 there is a decrease in the half-life to 4.0 
and 5.5 min for NADPH and NADH, respectively (Figure 3-B). Interestingly, these authors 
also found that under similar conditions the presence of acetate or phosphate ions accelerates 
degradation proportionally to the concentration of both ions. Other anions such 
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as H2AsO4
-, HSO3

-, SO4
2-, oxalate and maleate had a similar effects [32,38]. According to the 

results obtained by Anderson et al. large changes in pH can be obtained in buffered solutions 
by modifying the temperature, and these pH changes can vary considerably with the type of 
buffer being used [39]. Thus, as occurs for NAD+, at neutral pH and 100° C, its  hydrolysis 
in phosphate and related buffers appears to proceed predominantly through a hydroxyl ion 
attack, so a similar effect could happen for NADH. 

Oxidized forms (NAD+ and NADP+) on the other hand, are more stable in comparison to their 
reduced forms. According to Johnson et al. [40] hydrolysis of these related compounds is pH 
independent below pH 6.5 and above pH 12.5. In the range from pH 8.5 to 11.0, the reaction 
becomes first order with respect to the concentration of hydroxide ions finally yielding 
nicotinamide (Figure 3-B).The stability of the oxidized forms is also affected by the buffer 
components. For example, the degradation rate is increased by about 6.6 times in phosphate 
buffer as compared to Tris buffer at the same concentration (0.1 M) and pH (7.60) [39]. 

The conditions required to maintain the stability of the reduced (pH > 7.5) and the oxidized 
(pH < 6.5) forms are thus mutually exclusive; therefore these molecules are usually 
determined using separate sample treatment protocols. Despite of this, there have been a 
few attempts to develop unified sample preparation procedures capable of extracting and 
stabilizing both oxidized and reduced forms simultaneously in several types of biological 
samples, including yeast cells, heart, brain and liver tissue, erythrocytes and mammalian cell 
monolayers [41–45]. However, there are important discrepancies between the intracellular 
levels reported so far for NADP+ and NADPH [46], indicating a lack of standardization of 
the analytical methodology which needs further investigation. 

Devising strategies to minimize chemical metabolite degradation, while optimizing 
commonly used sample preparation procedures for metabolomics studies, is thus an important 
matter that needs to be addressed. In this regard, the use of inert atmospheres (i.e. N2) and 
antioxidants such as ascorbic acid, as well as a strict control of the pH is highly advisable  to 
avoid oxidative and hydrolytic reactions of redox coenzymes (Table 2).

2.3.1.3 Coenzyme A (CoASH) and its thioesters can undergo several degradation reactions

Thioesters of carboxylic acids and CoASH represent another group of important intermediates 
in energy metabolism, in addition to nucleotides and redox cofactors. The acyl residues 
are important intermediates both in catabolism, as in the oxidation of fatty acids, as well 
as in anabolism, for example in the synthesis of membrane lipids (Figure 3). One of the 
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most important derivatives is acetyl-CoA, of which the transfer of the acetyl group is an 
exergonic reaction with  ΔG°´= -31.4 kJ mol-1 [33]. Other important thioesters of CoA, which 
are involved in different biochemical reactions, including the formation and degradation 
of fatty acids, are propionyl-CoA, acetoacetyl-CoA, malonyl-CoA, succinyl-CoA, and 
3-hydroxybutyryl-CoA. 

CoASH and CoA thioesters are commonly recognized as instable metabolites. This leads to 
analytical issues such as unsatisfactory recoveries (30-60%) after the isolation process from 
biological samples and generally a high variation in quantitative determinations [32,47–50]. 
Enzymatic quenching is therefore important, but non-enzymatic degradation is also relevant 
due to the labile nature of these molecules [32].

Buyske et al. found that high purity CoASH preparations in the free acid form are stable for 
several years when stored under dry conditions at room temperature in the solid state [51]. 
However, aqueous solutions subjected to moderate/high temperatures (25-100 °C) and/or 
alkaline (pH> 7) conditions show considerable degradation, whereas in acidic environments 
stability is increased. Due to its thiol group, CoASH may react with other thiols (another 
CoASH, glutathione, cysteine etc.) in the frame of oxidative disulfide formation, usually 
caused by the presence of dissolved molecular oxygen and catalyzed by metal cations (Figure 
3-C) [32,52]. On the other hand, CoA thioesters can be subject to cleavage of the thioester 
bond causing an increase in CoASH concentration. Two types of cleavages can occur in 
the presence of amine and thiol nucleophiles, usually called aminolysis and thiol-thioester-
exchange (Figure 3-C), and have been shown to be highly dependent on pH. The cleavage 
of CoA thioesters is increased below pH 2.0 and above pH 5.0 [32]. This greatly restricts 
sample treatment conditions and emphasizes that in order to have reliable quantitative data of 
CoASH and CoA thioesters, nucleophiles (e.g. proteins, thiols) should be removed from the 
sample matrix as much as possible to avoid side reactions. Moreover, the addition of chelating 
agents and pH control are recommended. Extended details about practical approaches and 
recommendations to quench chemical and enzymatic conversion of CoASH and related thiol 
metabolites, are described in  a the literature [52]. General stability issues and preventive 
measures are summarized in Table 2.
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2.3.1.4 Stability of intermediates of the glycolysis, tricarboxylic acid and pentose phosphate 
cycle

2.3.1.4.1 TCA cycle ketoacids

Compounds involved in important metabolic pathways such as glycolysis, the pentose 
phosphate pathway and the tricarboxylic acid cycle, are subject to different non-enzymatic 
transformation and/or degradation processes that may affect their analysis in the frame of 
metabolomics. The decarboxylation of α-ketoacids (oxaloacetic, α-ketoglutaric and pyruvic 
acids) and β-ketoacids (acetoacetic acid) is a spontaneous process [53–55], which in the case 
of oxaloacetic and acetoacetic acids leads to pyruvic acid and acetone respectively (Figure 
3-E). Various groups have studied this particular reaction and observed that it is a metal- and/
or amine-catalyzed process whose rate depends on the pH of the solution, with a maximum 
at pH 3.0-4.0 [54,55]. According to Tsai (1967), the primary role of metal ions in facilitating 
the decarboxylation of α-ketoacids seems to be the formation of an electron trap which 
withdraws electrons from the reaction center by the formation of a chelated compound [55]. 
The measurement of  TCA cycle ketoacids has so far been challenged by stability issues. A 
recent approach by Mamer et al. is based on stable isotope dilution selected ion monitoring 
(SIM) GC/MS, which allowed the quantitation of TCA cycle ketoacid metabolites  by 
performing stabilization through the addition of sodium borodeuteride. The latter reduces 
the α/β-ketoacids and forms deuterium-labeled hydroxy acids, which are finally converted to 
their tert-butyldimethylsilyl (TBDMS) derivatives and analyzed. The rate of reduction is up 
to two hundred times faster than the rate of spontaneous decarboxylation enabling an artifact-
free analysis of ketoacid metabolites of the TCA cycle [53]. This example demonstrates that 
the development of separate methods for the analysis of chemical compound classes, such 
as ketoacids, can be required in place of a  “global” extraction approach. This was similarly 
proposed in 2014 by Noack et al. [56].

2.3.1.4.2 Glycolysis and pentose phosphate intermediates

Glucose 6-phosphate (G6P) has been subject of different studies. Degani et al. [57] found 
that the hydrolysis rate of G6P is proportional to the concentration of both hydrogen and 
hydroxide ions between pH 1.0 and 9.6 when maintaining constant ionic strength with a 
plateau between pH 3.5 and 5.0. In a recent study, Keller et al. tried to mimic conditions in 
the archean ocean (70 °C and presence of iron, cobalt, nickel, molybdenum and phosphate) 
[58]. They demonstrated that several metabolites of the pentose phosphate and glycolysis 
pathways are affected by a variety of reactions, including isomerization and hydrolysis, 
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when incubated for 5 hours, leading to an increase in the concentration of other molecules 
considered by themselves central carbon metabolites, including erythrose 4-phosphate, 
glyceraldehyde 3-phosphate, ribulose 5-phosphate, ribose 5-phosphate, xylulose 5-phosphate, 
3-phosphoglycerate, dihydroxyacetone phosphate and particularly pyruvic acid, since 37.5% 
of the reactions finally yielded this metabolite (Figure 4).

Figure 4. Effect of Fe2+/3+ in metabolism-like reactions and the non-enzymatic formation of pyruvate. A) 
Reaction rates in water (upper panel), and in the presence of the ocean components ferric iron (current 
ocean, middle panel) or ferrous iron (Archean ocean, lower panel) ions. The reaction rates in µM/h 
were determined by monitoring the formation of metabolites over a 5 h time course, n = 3, y-axis log 
scaling. B) The reaction rates are expressed relative to the condition with the maximum reaction rate 
set to 1 (blue scale). Non-detectable reactions are represented by hatched areas. C) Reactivity within 
an Archean ocean mimetic accelerates the enzyme-free formation of pyruvate. Pyruvate formation 
rate in a mixture of pentose phosphate pathway and glycolytic intermediates. Glucose 6-phosphate 
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(G6P), fructose 6-phosphate (F6P), fructose 1,6-bisphosphate (F16BP), dihydroxyacetone phosphate 
(DHAP), glyceraldehyde 3-phosphate (G3P), 3-phosphoglycerate (3PG), phosphoenolpyruvate 
(PEP), 6-phosphogluconate (6PG), ribulose 5-phosphate (Ru5P), ribose 5-phosphate (R5P), xylulose 
5-phosphate (X5P) and sedoheptulose 7-phosphate (S7P) were each combined at 7.5 µM in: water 
(red trace), (ii) the ocean components with Fe(III) (black trace) and (iii) the Archean ocean containing 
Fe(II)(blue trace). The mixture of the metabolic intermediates was exposed for 5 h at 40–90 °C in 
10 °C steps, and pyruvate formation monitored by LC-SRM. n = 3, error areas illustrate ± SEM. 
Pyruvate formation was not detected below 50°C in water and increased in a temperature-dependent 
manner, indicative of non-enzymatic reactions. At all temperatures, pyruvate formation was fastest in 
the archean ocean reconstruction and at the model temperature of 70 °C (highlighted), was accelerated 
by 200%. Reproduced from [58].

A range of extraction methods have been developed applying in general high temperature, 
extreme pH, organic solvents, mechanical stress, or combinations of these. Many of the 
methods applied today originated from methods which have been published since the 1950s. 
These include the use of hot water, boiling ethanol, acid (HClO4) and base (KOH) [59]. 
pH and temperature conditions often used during some sample preparation procedures in 
metabolomics studies reach similar or even higher values as the ones used by Degani et al. [57] 
and Keller et al. [58]. Given the susceptibility of several molecules to suffer a degradation/
interconversion, it is necessary to reevaluate the stability of energy metabolites under the 
conditions typically found in these type of procedures in the context of metabolomics. 
Moreover, it is the authors’ conviction that the application of particular preventive measures 
which go beyond the generally practiced precautions could help to mitigate the appearance of 
unreliable quantitative data in the frame of energy metabolomics.  Such preventive measures 
are summarized in Table 2. 

2.3.2 Interconversion of metabolites impedes the acquisition of accurate results: an 
experimental example 

An objective evaluation of intracellular metabolite extraction methods must be based primarily 
on three essential criteria: completeness of extraction, prevention of interconversion, and 
absence of extensive degradation [56,59]. 

Boiling ethanol as the extraction solvent, as proposed by Gonzalez et al. [60], for extraction 
of metabolites from the yeast S. cerevisiae has been the most frequently used methodology 
for metabolomics studies on several microorganisms. According to these authors the original 
procedure consisted of the use of a yeast culture that is harvested and immediately dropped 
into 75% (aq) boiling ethanol buffered with 1 M HEPES to pH 7.5 (ethanol-buffered solution) 
followed by incubation for 3 min at 80 °C. After cooling the mixture, the volume is reduced 
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by evaporation at 45°C under vacuum (rotavapor). The residue is then resuspended with 
double-distilled water and centrifuged for 10 min at 5000 g and 4 °C to remove insoluble 
material. In  recent adaptations of this method, Faijes et al. extracted the metabolome of a 
cell suspension of L. plantarum using the boiling ethanol approach without adding any buffer 
while increasing the temperature to 90 °C and the time of extraction to 10 min [61]. Canelas 
et al. performed an extraction on S. cerevisiae maintaining the time of extraction at 3 min 
but considerably increasing the temperature to 95 °C [59]. Buescher et al. used 60% ethanol 
buffered with 10 mM ammonium acetate to pH 7.2 for the extraction on S. cerevisiae, E. coli 
and B. subtilis at 78 °C for 1 min [62]. Mammalian cells have also been the subject of study 
by using the boiling ethanol extraction approach; Sellick et al. performed an extraction  using 
absolute ethanol at 90 °C for 10 min [63], while more recently Paglia et al. used methanol at 
80 °C incubated for 15 min [64].

Applying elevated temperatures to metabolomics samples with or without pH control 
requires knowledge about the stability of metabolites under these conditions. While several 
researchers have used the boiling ethanol approach with different modifications according to 
particular needs, there is little information regarding the stability/interconversion of critical 
molecules, be it nucleotides, coenzymes and other cofactors, under particular extraction 
conditions.

In an attempt to get more insight, we designed an experiment in which we evaluated the 
stability of the 4 major nucleotide triphosphates found in cells (ATP, GTP, UTP and CTP) 
in a hot ethanol extraction procedure that was adapted from [60–64]. Figure 5 shows the 
degradation kinetics of ATP, GTP, UTP and CTP to the di- and mono-phosphates under the 
experimental conditions described in the legend. The results show that there is a statistically 
significant decrease in the concentration of the nucleotide tri-phosphates and consequently 
a significant increase in the nucleotide di-phosphates (p< 0.05; ANOVA). After 15 min the 
overall rise in concentration was 68.4%, 85.0%, 51.2% and 61.3% for ADP, GDP, UDP and 
CDP, respectively, thus indicating that purine nucleotides were more susceptible to degradation 
than pyrimidines under typical extraction conditions for metabolomics studies. An overall 
similar behavior was observed for the nucleotide mono-phosphates (AMP, GMP, UMP and 
CMP), whose concentrations showed a tendency to increase under the same experimental 
conditions, though in most of the cases this was not statistically significant (p>0.05). This 
clearly indicates the degradation/interconversion of nucleotides due to hydrolysis of the 
phosphoric acid anhydride bond caused by the extraction procedure.  
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The reliable quantification of intracellular metabolite concentrations is complicated by 
the low concentration of these compounds in cells, which is exacerbated by their further 
dilution as well as degradation during sample treatment [65,66]. Therefore, recovery of  each
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Figure 5. Degradation of a) ATP, b) GTP, c) UTP and d) CTP under the conditions of a boiling ethanol 
extraction. Tubes containing 496 µL of 75% (aq) ethanol were preheated at 95 °C for 5 min followed by 
the addition of 4 µL of each nucleotide standard solution (500 µM) and vigorous mixing. The mixture was 
incubated at 95 °C under shaking for 0, 3, 6, 9, 12 and 15 min to follow the kinetics of the degradation 
reactions. Reactions were stopped by snap-freezing in liquid nitrogen and samples were stored on dry 
ice. Excess solvent was evaporated under a stream of nitrogen without heating and the samples were 
reconstituted in 200 µL of acetonitrile-water 70:30 and stored at -40 °C until analysis by LC-MS. 
Chromatographic separation was achieved in the HILIC mode using an Acquity UPLC system (Waters, 
Manchester, UK) on a Luna NH2  column(3 µm, 100 x 2 mm; Phenomenex). The mobile phase was a 
mixture of ammonium acetate in water 5 mM at pH 9.9 (A) and acetonitrile (B). The linear gradient 
elution started from 30% A to 99% A in 8 min, followed by isocratic elution at 99% A until 14 min, and 
finally a conditioning cycle of 6 min with the initial conditions prior to the next analysis. The column 
temperature was set at 20 °C, and the flow rate was 0.25 mL/min. Mass spectrometry detection was 
performed using a Waters Synapt G2-Si high-resolution mass spectrometer operated in the negative ion 
electrospray mode. Nitrogen and argon were used as desolvation and collision gas, respectively. Data 
acquisition was from 50 to 1200 Da with source temperature set at 150 °C, desolvation temperature 
was set at 400 °C, and cone voltage at 30 V. A centroid data collection mode was used in sensitivity 
mode. The lock spray standard was a 0.2 ng/µL leucine enkephalin (m/z 554.2615 in negative ion 
electrospray mode) solution infused at 10 µL/min. MSE data acquisition was used. The collision energy 
was 2 V for the low-collision energy scan and 10 to 30 V for the high-collision energy scan. The mass 
spectrometer and UPLC system were controlled by MassLynx 4.1 software (Waters). As a result of the 
MSE data acquisition, for each sample, both precursor ion and fragment ion information were obtained 
from a single LC injection. In order to check the bias induced by the experimental procedure, the 
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extraction for each time point in the kinetics was performed four times (n= 4) in samples independently 
prepared. The statistical significance of differences between groups was evaluated by one-way ANOVA 
using the GraphPad Prism version 5.0 for Windows (GraphPad Software, San Diego, CA, USA). The 
differences between the means were assessed using the Newman–Keuls multiple comparisons post-
test and significance was identified at 5% level (p < 0.05). Results are expressed as the mean ± SD of 
the percentage of interconversion from tri-phosphates to di- and mono-phosphates and statistically 
significant differences are indicated by different superscript letters.

metabolite of interest during the sample quenching and extraction procedures should be 
verified experimentally, making such procedures very time-consuming. Moreover, the 
performance of the LC-MS analysis may be compromised by ion suppression effects which 
lead to different signal responses due to co-eluting components of the biological matrix and 
changes in the already complex sample induced during sample preparation [65,66].

To overcome the above-mentioned drawbacks the isotope dilution technique is usually applied. 
The technique is based on the employment of stable isotope analogues (i.e., isotopologue) 
of the analytes as internal standards in the LC-MS analysis. Because of the physicochemical 
similarity of labeled internal standard and  analyte, degradation during sample preparation, 
variations in instrumental response, and ion suppression effects in LC-MS can be corrected 
for [67].

Although stable isotope-labeling has become an indispensable tool for quantitative mass 
spectrometry and for elucidating the dynamics of metabolic networks [68], it is important to 
understand that the use of isotopically-labeled internal standards cannot correct for metabolite 
interconversion. The concentration of ADP for example, may be severely underestimated 
when using a fixed concentration of stable-isotope labelled ADP as internal standard (Figure 
6 and Table 3).

Taking into account that the quantification process usually requires the production of calibration 
curves constructed from analyte/internal standard peak area ratios vs. analyte concentrations 
[67,69], the interconversion of ATP to ADP leads to a significant underestimation of the 
concentration of ADP.  In this experimental example the measured ratio ADP/13C-ADP is 
1.7 times lower than the true ratio, while the ratio ATP/13C-ATP remains constant (Figure 6).

Table 3 shows that using a stable-isotope labelled internal standard may aggravate the 
problem for the ADP species by introducing a bias of -42% while a ‘’label-free’’ approach 
would have resulted in an error of +8.9%. In the case of ATP, however, using 13C-ATP as 
internal standard corrects completely for changes in ATP concentration. In a typical A→B 
scenario, like the current case,  a bias-free determination of the concentration of B could 
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be achieved: a) when the in-sample concentrations of A and B as well as A-IS and B-IS 
are equal, respectively, b) when the in-sample concentrations of A and A-IS as well as B 
and B-IS are equal, respectively, or c) when no interconversion takes places during sample 
preparation. Since there is an a priori lack of knowledge concerning the initial concentration 
of metabolites present in a sample cases a) and b) are not feasible and therefore, c) is the only 
viable option. This simple example is intended to demonstrate that stable-isotope labelled 
standards cannot correct for increases in target analyte concentrations and the concomitant 
increase in IS due to metabolite interconversion, which must therefore be avoided during the 
pre-analytical phase to obtain accurate results. 

Figure 6. Underestimation of the ADP concentration in a sample due to the interconversion of ATP to 
ADP when using a fixed concentration of 13C-labeled ADP as internal standard (IS). For this calculation 
we assumed that the concentrations of ATP and ADP are 100 µM, respectively. For quantitative LC-
MS analysis, stable-isotope labelled analogues (e.g. 13C labeled) are added to the sample as internal 
standards at a concentration of 100 µM for 13C-ATP and 10 µM for 13C-ADP. In this situation, the 
true ATP/13C-ATP and ADP/13C-ADP ratios are 1 and 10, respectively. By performing an extraction 
during 15 min with the experimental conditions previously described and taking into account the results 
obtained for the measurements of the degradation kinetics of ATP to ADP (Figure 5), we found that 8.9% 
of ATP is converted to ADP. Since the same degradation kinetics can be assumed for the 13C-labelled 
internal standards, 8.9% 13C-ATP is converted to 13C-ADP. Thus, after the extraction procedure the 
concentrations of ATP and its isotopologue are decreased to 91.1 µM, while the concentrations of ADP 
and 13C-ADP are increased to 108.9 and 18.9 µM, respectively, resulting in a 1.7-fold underestimation 
of the actual ADP concentration in the sample.
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Table 3. Comparison of bias in the calculation of ADP with and without the use of stable-
isotope labelled internal standards for the example shown in Figure 6.

Concentration / µM ATP ADP

True concentration 100 100 

Measured without IS 91.1 108.9 

Measured with IS 100 58 

Bias without IS -8.9% +8.9%

Bias with IS 0% -42%

2.4 Conclusions and perspectives

Metabolomics relies on the accurate and precise quantification of a wide range of metabolites 
of varying physicochemical properties and stabilities. To avoid introducing bias during the 
pre-analytical phase of the analysis, it is critical to gain a better understanding of metabolite 
stability and notably metabolite interconversion. It is particularly important to identify those 
analytes that are intermediates or end-products of degradation cascades potentially occurring 
during the pre-analytical phase.

In addition to taking general precautions applicable to all analytes (i.e. quenching of 
enzymatic activity, preparation of stock solutions in a cold-room, avoiding freeze-thaw 
cycles by aliquoting, immediate freezing of solutions and sample storage at −80 °C and 
controlling the pH), it is necessary to develop methods that are adapted to certain classes 
of metabolites, such as those that are involved in central carbon metabolism, if a complete 
picture of the metabolome is to be obtained. This may seem to be in conflict with the basic 
philosophy of metabolomics aiming at comprehensively measuring levels of all metabolites 
in samples, including metabolites whose structures have yet to be elucidated. There are likely 
no “one-size-fits-all” analytical workflows in metabolomics of central carbon metabolites 
and therefore integrative approaches should be redirected to the development of profiling 
studies focused on the analysis of chemically homogeneous groups of metabolites by tailored 
methods. 

Since degradation of energy metabolites is likely to occur under conditions typically 
employed in metabolomics studies, careful consideration of non-enzymatic analyte chemistry 
is required in order to arrive at accurate data in the context of this type of studies. It is 
particularly relevant to consider interconversion between metabolites, since a decrease in 
the concentration of one compound leads to an increase in the corresponding downstream 
product. This aspect has rarely been considered and cannot be corrected for by stable-isotope 
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labelled internal standards, since the concentration of the internal standard will also change. 
We show that the use of an internal standard may actually aggravate the bias due to an a priori 
lack of knowledge concerning the initial concentration of each metabolite in the sample. 

We focused on the boiling ethanol extraction approach to exemplify that inaccurate results 
may be obtained due to the occurrence of degradation products of metabolites under typical 
extraction conditions and the unsuitability of isotopically-labeled internal standards to 
correct for this. Other sample treatment protocols such as boiling water, alkaline and/or 
acidic extractions, as well as mechanical stress and cold extractions with organic solvents, 
are likely to induce similar problems.  

Future research trying to deal with the issues presented in this paper need to address the 
following questions: (i) what is the chemical stability of energy metabolites and what are 
the chemical factors affecting stability (e.g. chemical composition of the storage/extraction 
medium, the presence of oxygen, metal ions), (ii) are there degradation pathways which 
are not accounted for in the literature, (iii) what are the kinetic parameters of the known 
conversion/degradation reactions under typical sample preparation conditions, and (iv) is 
it possible to devise strategies to correct for energy metabolite instability and to develop 
reliable, quantitative sample preparation procedures for this class of compounds? In this 
regard,  evaluating the effect of the use of an inert atmosphere (i.e. N2) and antioxidants 
such as ascorbic acid to avoid oxidation reactions, as well as the use of chelating agents like 
EDTA to preclude catalyzed-hydrolysis due to the presence of cations (Ca2+, Cu2+, Mg2+, 
Fe2+/3+, Mn2+, Zn2+, Co2+, etc) are important approaches that could be tested with respect 
to the interconversion of energy metabolites occurring during common sample processing 
procedures.



Stability of Energy Metabolites — an Often Overlooked Issue in Metabolomics Studies

35

References

[1] Davis, V. W., Bathe, O. F., Schiller, D. E., 
Slupsky, C. M., Sawyer, M. B., J. Surg. Oncol. 
2011, 103, 451–459.

[2] Fiehn, O., Kristal, B., van Ommen, B., 
Sumner, L. W., Sansone, S.-A., Taylor, C., Hardy, 
N., Kaddurah-Daouk, R., OMICS 2006, 10, 158–
163.

[3] Goonewardena, S. N., Prevette, L. E., Desai, 
A. A., Curr. Atheroscler. Rep. 2010, 12, 267–272.

[4] Teahan, O., Gamble, S., Holmes, E., Waxman, 
J., Nicholson, J. K., Bevan, C., Keun, H. C., Anal. 
Chem. 2006, 78, 4307–4318.

[5] Schaub, J., Schiesling, C., Reuss, M., Dauner, 
M., Biotechnol. Prog. 2006, 22, 1434–1442.

[6] Vuckovic, D., Anal. Bioanal. Chem. 2012, 
403, 1523–1548.

[7] Büscher, J. M., Czernik, D., Ewald, J. C., 
Sauer, U., Zamboni, N., Anal. Chem. 2009, 81, 
2135–2143.

[8] Siegel, D., Permentier, H., Bischoff, R., J. 
Chromatogr. A 2013, 1294, 87–97.

[9] Shurubor, Y. I., Matson, W. R., Willett, W. 
C., Hankinson, S. E., Kristal, B. S., BMC Clin. 
Pathol. 2007, 7, 1–14.

[10] Llorach, R., Urpi-Sarda, M., Tulipani, S., 
Garcia-Aloy, M., Monagas, M., Andres-Lacueva, 
C., Mol. Nutr. Food Res. 2013, 57, 962–973.

[11] McGhie, T. K., Rowan, D. D., Mol. Nutr. 
Food Res. 2012, 56, 147–158.

[12] Ceglarek, U., Leichtle, A., Brügel, M., Kortz, 
L., Brauer, R., Bresler, K., Thiery, J., Fiedler, G. 
M., Mol. Cell. Endocrinol. 2009, 301, 266–271.

[13] Koulman, A., Lane, G. A., Harrison, S. J., 
Volmer, D. A., Anal. Bioanal. Chem. 2009, 394, 
663–670.

[14] Wood, P. L., Neuropsychopharmacology 
2014, 39, 24–33.

[15] Du, F., Virtue, A., Wang, H., Yang, X.-F., 
Biomark. Res. 2013, 1, 1–17.

[16] Griffin, J. L., Curr. Opin. Chem. Biol. 2006, 
10, 309–315.

[17] Widmann, P., Reverter, A., Fortes, M. R., 
Weikard, R., Suhre, K., Hammon, H., Albrecht, 
E., Kuehn, C., BMC Genomics 2013, 14, 1–17.

[18] Chen, C., Gonzalez, F. J., Idle, J. R., Drug 
Metab. Rev. 2007, 39, 581–597.

[19] Lindon, J. C., Holmes, E., Nicholson, J. K., 
Pharm. Res. 2006, 23, 1075–1088.

[20] Robertson, D. G., Frevert, U., Clin. 
Pharmacol. Ther. 2013, 94, 559–561.

[21] Ramirez, T., Daneshian, M., Kamp, H., 
Bois, F. Y., Clench, M. R., Coen, M., Donley, B., 
Fischer, S. M., Ekman, D. R., Fabian, E., Guillou, 
C., Heuer, J., Hogberg, H. T., Jungnickel, H., 
Keun, H. C., Krennrich, G., Krupp, E., Luch, 
A., Noo, r F., Peter, E., Riefke, B., Seymour, M., 
Skinner, N., Smirnova, L., Verheij, E., Wagner, 
S., Hartung, T., van Ravenzwaay, B., Leist, M., 
ALTEX 2013, 30, 209–225.

[22] Rischer, H., Häkkinen, S. T., Ritala, A., 
Seppänen-Laakso, T., Miralpeix, B., Capell, T., 
Christou, P., Oksman-Caldentey, K.-M., Curr. 
Pharm. Des. 2013, 19, 5640–5660.

[23] Fernández-Peralbo, M. A., Luque de Castro, 
M. D., TrAC - Trends Anal. Chem. 2012, 41, 
75–85.

[24] Yu, Z., Kastenmüller, G., He, Y., Belcredi, 
P., Möller, G., Prehn, C., Mendes, J., Wahl, S., 
Roemisch-Margl, W., Ceglarek, U., Polonikov, 
A., Dahmen, N., Prokisch, H., Xie, L., Li, Y., 
Wichmann, H. E., Peters, A., Kronenberg, F., 
Suhre, K., Adamski, J., Illig, T., Wang-Sattler, R., 
PLoS One 2011, 6, 1–6.

[25] Dunn, W. B., Broadhurst, D., Begley, P., 
Zelena, E., Francis-Mcintyre, S., Anderson, N., 
Brown, M., Knowles, J. D., Halsall, A., Haselden, 
J. N., Nicholls, A. W., Wilson, I. D., Kell, D. B., 
Goodacre, R., Nat. Protoc. 2011, 6, 1060–1083.

[26] Dunn, W. B., Winder, C. L., Methods 
Enzymol. 2011, 500, 277–297.

[27] Yin, P., Peter, A., Franken, H., Zhao, X., 



Chapter 2

36

Neukamm, S. S., Rosenbaum, L., Lucio, M., Zell, 
A., Häring, H.-U., Xu, G., Lehmann, R., Clin. 
Chem. 2013, 59, 833–845.

[28] Hildebrand, J. H., Chem. Rev. 1926, 2, 395–
417.

[29] Van de Merbel, N., in:, W. Li, J. Zhang, 
F.L.S. Tse (Eds.), Handb. LC-MS Bioanal. Best 
Pract. Exp. Protoc. Regul., John Wiley & Sons 
Inc., Hoboken, NJ, USA, 2013, pp. 505–5018.

[30] European Medicines Agency (EMEA), 
Guideline on Stability Testing: Stability Testing of 
Existing Active Substances and Related Finished 
Products, London, UK, 2007.

[31] FDA, F. and D. A., Guidance for Industry 
Q1A(R2) Stability Testing of New Drug 
Substances and Products, Rockville, USA, 2003.

[32] Siegel, D., Permentier, H., Reijngoud, D. 
J., Bischoff, R., J. Chromatogr. B Anal. Technol. 
Biomed. Life Sci. 2014, 966, 21–33.

[33] Jeremy M, B., John L, T., Lubert Stryer, in:, 
Biochemistry, 5th ed., W H Freeman, New York, 
2002.

[34] Miętkiewski, K., Domka, F., Malendowicz, 
L., Malendowicz, J., Histochemie 1970, 24, 343–
353.

[35] Amsler, P. E., Sigel, H., Eur. J. Biochem. 
1976, 63, 569–581.

[36] Sigel, H., Amsler, P. E., J. Am. Chem. Soc. 
1976, 98, 7390–7400.

[37] Sigel, H., Hofstetter, F., Eur. J. Biochem. 
1983, 132, 569–577.

[38] Wu, J. T., Wu, L. H., Knight, J. A., Clin. 
Chem. 1986, 32, 314–319.

[39] Anderson, B. M., Anderson, C. D., J. Biol. 
Chem. 1963, 238, 1475–1478.

[40] Johnson, R. W., Marschner, T. M., 
Oppenheimer, N. J., J. Am. Chem. Soc. 1988, 110, 
2257–2263.

[41] Lazzarino, G., Amorini, A. M., Fazzina, 
G., Vagnozzi, R., Signoretti, S., Donzelli, S., 
Di Stasio, E., Giardina, B., Tavazzi, B., Anal. 

Biochem. 2003, 322, 51–59.

[42] Sporty, J. L., Kabir, M. M., Turteltaub, K. W., 
Ognibene, T., Lin, S. J., Bench, G., J. Sep. Sci. 
2008, 31, 3202–3211.

[43] Wagner, T. C., Scott, M. D., Anal. Biochem. 
1994, 222, 417–426.

[44] Zerez, C. R., Lee, S. J., Tanaka, K. R., Anal. 
Biochem. 1987, 164, 367–373.

[45] Umemura, K., Kimura, H., Anal. Biochem. 
2005, 338, 131–135.

[46] Ortmayr, K., Nocon, J., Gasser, B., 
Mattanovich, D., Hann, S., Koellensperger, G., J. 
Sep. Sci. 2014, 37, 2185–2191.

[47] Perera, M. A. D. N., Choi, S. Y., Wurtele, E. 
S., Nikolau, B. J., J. Chromatogr. B 2009, 877, 
482–488.

[48] Minkler, P. E., Kerner, J., Ingalls, S. T., 
Hoppel, C. L., Anal. Biochem. 2008, 376, 275–
276.

[49] Reszko, A. E., Kasumov, T., Comte, B., 
Pierce, B. A., David, F., Bederman, I. R., Deutsch, 
J., Des Rosiers, C., Brunengraber, H., Anal. 
Biochem. 2001, 298, 69–75.

[50] Liu, G., Chen, J., Che, P., Ma, Y., Anal. 
Chem. 2003, 75, 78–82.

[51] Buyske, D. A., Handschumacher, R. E., 
Schilling, E. D., Strong, F. M., J. Am. Chem. Soc. 
1954, 76, 3575–3577.

[52] Hansen, R. E., Winther, J. R., Anal. Biochem. 
2009, 394, 147–158.

[53] Mamer, O., Gravel, S.-P., Choiniére, 
L., Chénard, V., St-Pierre, J., Avizonis, D., 
Metabolomics 2013, 9, 1019–1030.

[54] Pedersen, K. J., Acta Chem. Scand. 1952, 6, 
285–303.

[55] Tsai, C. S., Can. J. Chem. 1967, 45, 873–880.

[56] Noack, S., Wiechert, W., Trends Biotechnol. 
2014, 32, 238–44.

[57] Degani, C., Halmann, M., J. Am. Chem. Soc. 
1966, 88, 4075–4082.



Stability of Energy Metabolites — an Often Overlooked Issue in Metabolomics Studies

37

[58] Keller, M. A., Turchyn, A. V, Ralser, M., 
Mol. Syst. Biol. 2014, 10, 1–12.

[59] Canelas, A. B., ten Pierick, A., Ras, C., 
Seifar, R. M., van Dam, J. C., van Gulik, W. M., 
Heijnen, J. J., Anal. Chem. 2009, 81, 7379–7389.

[60] Gonzalez, B., François, J., Renaud, M., Yeast 
1997, 13, 1347–1356.

[61] Faijes, M., Mars, A. E., Smid, E. J., Microb. 
Cell Fact. 2007, 6, 1–8.

[62] Buescher, J. M., Moco, S., Sauer, U., 
Zamboni, N., Anal. Chem. 2010, 82, 4403–4412.

[63] Sellick, C. A., Knight, D., Croxford, A. S., 
Maqsood, A. R., Stephens, G. M., Goodacre, R., 
Dickson, A. J., Metabolomics 2010, 6, 427–438.

[64] Paglia, G., Magnúsdóttir, M., Thorlacius, S., 
Sigurjónsson, Ó. E., Gudmundsson, S., Palsson, 
B., Thiele, I., J. Chromatogr. B 2012, 898, 111–
120.

[65] Mashego, M. R., Wu, L., Van Dam, J. C., 
Ras, C., Vinke, J. L., Van Winden, W. A., Van 

Gulik, W. M., Heijnen, J. J., Biotechnol. Bioeng. 
2004, 85, 620–628.

[66] Wu, L., Mashego, M. R., Van Dam, J. C., 
Proell, A. M., Vinke, J. L., Ras, C., Van Winden, 
W. A., Van Gulik, W. M., Heijnen, J. J., Anal. 
Biochem. 2005, 336, 164–171.

[67] Seifar, R. M., Ras, C., van Dam, J. C., van 
Gulik, W. M., Heijnen, J. J., van Winden, W. A., 
Anal. Biochem. 2009, 388, 213–219.

[68] Chokkathukalam, A., Kim, D.-H., Barrett, 
M. P., Breitling, R., Creek, D. J., Bioanalysis 
2014, 6, 511–524.

[69] Seifar, R. M., Ras, C., Deshmukh, A. T., 
Bekers, K. M., Suarez-Mendez, C. A., da Cruz, 
A. L. B., van Gulik, W. M., Heijnen, J. J., J. 
Chromatogr. A 2013, 1311, 115–120.

[70] Noor, E., Eden, E., Milo, R., Alon, U., Mol. 
Cell 2010, 39, 809–820.

[71] Mock, D. M., in:, B. Caballero (Ed.), Encycl. 
Hum. Nutr., Elsevier Ltd., 2013, pp. 182–190.



Chapter 2

38


	Chapter 2



