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ABSTRACT 

The viscoelasticity of a biofilm’s extracellular polymeric substance (EPS) matrix 
conveys protection against mechanical challenges, but adaptive responses of  
biofilm inhabitants to produce EPS are not well known. Here, we compare the  
response of a biofilm of an EPS producing (ATCC 12600) and non-EPS producing 
(5298) Staphylococcus aureus  strain to fluid shear and mechanical challenge. 
Confocal Laser Scanning Microscopy confirmed absence of calcofluorwhite-
stainable EPS in biofilms of S.  aureus  5298. ATR-FTIR spectroscopy combined 
with tribometry indicated that the polysaccharide production per bacterium in 
the initial adhering layer was higher during growth at high shear than at low 
shear and this increased EPS production extended to entire biofilms, as 
indicated by tribometrically measured coefficients of friction (CoF). CoFs of  
biofilms grown under high fluid shear were higher than when grown under low 
shear, l ikely due to wash-off  of polysaccharides. Measurement of a biofilm’s 
CoF implies application of mechanical pressure that yielded an immediate 
increase in polysaccharide band area of S. aureus  ATCC 12600 biofilms due to  
their compression that decreased after relieving pressure to the level observed 
prior to mechanical pressure. For biofilms grown under high shear, this 
coincided with a higher %whiteness in Optical Coherence Tomography images 
indicative of water outflow, returning back into the biofilm during stress 
relaxation. Biofilms grown under low shear however, were stimulated during 
tribometry to produce EPS, also after stress relieve. Knowledge of factors that  
govern EPS production and water flow in biofilms will  allow better control of 
biofilms under mechanical  challenge and understanding of the barrier 
properties of biofilms toward antimicrobial penetration.  
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3.1 INTRODUCTION 

Bacteria adhere to virtually all industrial and environmental surfaces, including surfaces 
in the human body. Once adhering, bacteria wrap themselves in a self-produced matrix of 
extracellular polymeric substances (EPS) (1), hampering penetration of antimicrobials. On 
surfaces in the human body, such as biomaterials implants and devices, the limited 
penetration of antibiotics into an established biofilm together with an immune system that 
is frustrated by its inability to remove the biomaterial, causes life-threatening biomaterial-
associated-infections in recipients of biomaterials implants and devices. The EPS matrix not 
only protects a biofilm against chemical attacks, but also yields protection against 
mechanical forces. The protection offered to biofilm inhabitants against mechanical 
challenges is largely due to the viscoelastic properties of the EPS matrix (2, 3), allowing 
relaxation from a deformed state to its original state after relieve of the mechanical 
challenge. Biofilms exposed to a flowing fluid such as blood can form streamers with 
viscoelastic responses under fluid shear on a short time scale, i.e. relaxing back to original 
dimensions within minutes after flow is arrested (4). In other types of biofilm, full relaxation 
of deformed biofilms to their original state is impossible or will take up to several hours, 
which makes it difficult to discriminate between relaxation and growth. 

Oral biofilm in the oral cavity for instance, deforms viscoelastically during powered 
brushing and when left behind after brushing, its structure has become more open and 
amenable to antimicrobial penetration both in vitro (5) and in vivo (6) for at least one to two 
hours. Accordingly, different relaxation processes occur simultaneously in a biofilm that each 
have their own characteristic time constants (7). Biofilms can consist for up to 97% of water 
(8) and redistribution of water through a biofilm after deformation is within seconds and 
obviously fastest due to its small molecular size and low viscosity, followed by redistribution 
of more viscous EPS. Also bacteria in a deformed biofilm seek energetically more favorable 
positions after deformation, but this process is extremely slow as demonstrated by time-
dependent fluorescent microscopy on deformed Pseudomonas aeruginosa biofilms (9). 

ATR-FTIR spectroscopy can be used to study mechanisms of bacterial adhesion to 
infrared transparent materials, such as Germanium. Studies on Caulobacter crescentus 
grown directly on Ge-crystals in ATR-FTIR suggested use of the amide II band around 1550 
cm-1 as a marker for biofilm mass (10). Diffuse reflectance IR on Pseudomonas atlantica 
biofilms grown on stainless steel associated carbohydrate bands around 1080 cm-1 with EPS 
and revealed that protein and carbohydrate concentrations in biofilms increased with the 
shear applied during growth (11). Planktonic bacteria in suspension do not produce EPS and 
EPS production is only initiated upon environmental stimuli, such as adhesion to a surface 
(12), exposure to antibiotics (13) or possibly fluid shear. Despite being seldom used to study 
bacterial adhesion, ATR-FTIR is an ideal technique to study the response of bacteria growing 
on Ge-crystal surfaces to environmental stimuli.  

The tribochemist is a newly available instrument combining a sliding wear tester that 
can be used to exert mechanical pressure on a surface and FTIR spectroscopy (see Figure 1). 
Experiments in the tribochemist can be carried out on Ge-crystals placed in a parallel plate 
flow chamber, while IR spectra can be measured as a function of time and during exertion of 
mechanical pressure. The instrument is ideally suited to study the dynamics of EPS matrix 
production and relaxation in biofilms under fluid shear as well as during and after 
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mechanical pressure. In addition, the tribochemist can quantify the coefficient of friction 
(CoF) between the slider and a biofilm covered surface. 

The aim of the current study is to compare the response of a biofilm of an EPS 
producing and non-EPS producing Staphylococcus aureus strain adhering to a Ge-crystal to 
increasing fluid shear or mechanical challenge using the tribochemist. Use of the 
tribochemist uniquely allows to determine the response of a biofilm to fluid shear and 
mechanical pressure on the production of the EPS matrix and the dynamics of its relaxation 
after mechanical pressure.  
 

 
 
Figure 1. Schematic presentation of the tribochemist and its possibilities for measuring the 
lubricity and molecular composition of biofilms grown on a Ge-crystal using a combination of a 
sliding wear tester and FTIR spectroscopy. 
 
 

3.2 MATERIALS AND METHODS 

3.2.1 Bacterial Strains and Culture Conditions 

S. aureus ATCC 12600 and S. aureus 5298 were cultured aerobically on tryptone soy 
broth (TSB; OXOID, Basingstoke, United Kingdom) agar plates at 37°C for 24 h. A single 
colony was inoculated in 10 ml TSB and grown for 8 h at 37°C. This pre-culture was used to 
inoculate a main culture of 200 ml TSB which was grown for 16 h under identical conditions. 
Bacteria were harvested by centrifugation (5000 g, 5 min, 10°C) and washed twice with 
sterile ultra-pure water (Sartorius arium 611 DI water purification system (Sartorius AG, 
Goettingen, Germany)) and re-suspended in 10 mM potassium phosphate buffer, pH 7.0. To 
break bacterial aggregates, the bacterial suspension was sonicated three times for 10 s at 30 
W while cooling in an ice/water bath (Vibra cell model 375, Sonics and Materials Inc., 
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Newtown, CT, USA). The bacteria were then suspended in buffer to a concentration of 1 × 
108 bacteria per ml as determined by using a Bürker-Türk counting chamber. 
 
 

3.2.2 Biofilm Growth 

Biofilms were grown on Ge ATR crystals (72 × 10 × 6 mm, angle of incidence 45 degrees, 
Pike Technology, Wisconsin, USA) in a parallel plate flow chamber (114 × 44 x 2.5 mm). 
Before each experiment, crystals were cleaned in ultra-pure water and iso-propanol with a 
cotton stick, sterilized in 70 % ethanol and air dried overnight at room temperature, while 
being covered with a sterile petri dish. After insertion of a crystal in the parallel plate flow 
chamber and closure of the chamber, an IR background spectrum of the bare crystal was 
collected (see below for details). Subsequently, the chamber was put on a heating plate and 
kept at 37°C during perfusion with a staphylococcal suspension (1 x 108 ml-1) for 2 h at a low 
(0.16 s-1, Reynolds number equals 0.13) or high (0.79 s-1, Reynolds number 0.63) shear rate 
to allow adhesion after which flow was switched to TSB growth medium and biofilm was 
grown at 37°C for 16 h under the same low or high shear. 

 
 

3.2.3 Tribochemistry 

The tribochemist (see also Figure 1) is a novel in situ technique that provides 
information on the dynamics of adsorbed layers during friction (33). The tribochemist is 
comprised of an ATR-FTIR spectrometer (Cary 600 series FTIR Spectrometer, Agilent 
Technologies, Santa Clara, USA) and a tribometer (Sliding wear tester TR-17, Ducom 
Instruments Pvt. Ltd., Bangalore, India). The FT-IR spectrometer is used for acquiring IR 
spectra of the surface layer, while the tribometer measures the CoF.  

Lubricity measurements. In the tribometer part, a linear motion drive obtained using a 
stepper motor (VEXTA Oriental Motor, model PK56W, Oriental Motor Pvt. Ltd., Bangalore, 
India) enables a reciprocating sliding of a PDMS ball (semi-hemispherical geometry, radius of 
3 mm) over the ATR crystal. A bi-directional load cell (Anyload model 108AA, Anyload 
Transducer Co. Ltd., Burnaby, B.C., Canada) with a maximum loading force of 5 N is used to 
measure the friction force Ff. The resolution of the load cell is 0.03% of the maximum load, 
i.e. 1.5 mN. For the current experiments, stroke length was set to 50 mm, sliding speed to 
0.5 mm s-1 and loading force was 450 mN. Only single strokes were made, as adjusted using 
the Winducom 2010 (Ducom Instruments Pvt. Ltd., Bangalore, India) software developed 
using the LabVIEW platform (National Instruments Corporation, Texas, USA). Friction forces 
were acquired at a rate of 2 kHz and converted to CoF according to 

 

𝐶𝑜𝐹 =
()
(*

          (1) 

 
in which Fn is the normal loading force. 
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Friction force measurements necessitated opening of the flow chamber but were 
always performed with biofilms fully immersed in ultra-pure water. IR spectra of the bare 
crystal were taken before biofilm formation and after biofilm formation, including during 
and after friction measurements. Spectra were taken over a wavenumber range from 400 to 
4500 cm-1 using a ATR-FTIR spectrometer at a resolution of 4 cm-1. All spectra represent 
averages from 12 interferograms. Decomposition and fitting of the absorption bands 
including the polysaccharide (950 – 1200 cm-1), phosphate (1150 – 1310 cm-1), amide II (1480 
– 1610 cm-1) and water stretching (2650 – 3800 cm-1) bands were done using Origin Pro 9.0 
program. The amide and water stretching band were both decomposed in two characteristic 
absorption bands (representative of amide I, amide II and bound, free water, respectively), 
identified through the second derivatives of their IR-spectra. Friction measurements were 
done in triplicate on separately grown biofilms. 

 
 

3.2.4 CLSM Imaging of Biofilms 

Biofilms grown on the Ge crystal were stained with 250 times diluted solution of 
live/dead BaclightTM bacterial viability kit (1:1 in volume, Molecular Probes, Breda, The 
Netherlands) at room temperature in the dark for 12 min, followed by a second staining of 
0.15 mM fluorescent brightener-28 (calcofluor white, SIGMA-ALDRICH CHEMIE GmbH, 
Steinheim, Germany) at room temperature in the dark for 3 min. Then the stained biofilms 
were observed under confocal laser scanning microscope (CLSM, Leica TCS SP2, Heidelberg, 
Germany) equipped with 40 x NA 0.80 water immersion objectives. Bacteria were excited by 
488 and 543 nm light and emitted at 495-535 nm (green color) for viable bacteria and 580-
700 nm (red color) for dead bacteria. EPS of each biofilm was excited by 405 nm light and 
emitted at 413-480 nm (blue color). Image stacks (1024 x 1024 resolution) of each biofilm 
were taken between top of the biofilm and the Ge crystal with a step length of 1.5 µm. A 
top-view projection was made for each biofilm from the image stacks and presented in 
Figure 2. The biovolume of live, dead and EPS in the biofilm was quantitated using the 
COMSTAT program (34). 

 
 

3.2.5 OCT Imaging of Biofilms and The Whiteness Analysis of Images 

Biofilms were grown on microscope glass slides (76 x 26 mm, Thermo scientific menzel, 
Landsmeer, the Netherlands) in a parallel plate flow chamber (175 x 17 x 0.75 mm). The 
slides were washed with 2% RBS under sonication and rinsed with demineralized water, 
followed by soaking in methanol and rinsing by demineralized water prior to use. The flow 
chamber with slides were autoclaved before biofilm growth. Then the bacterial adhesion 
and biofilm growth of S. aureus ATCC 12600 was kept at the same conditions as the biofilm 
growth on Ge crystal as stated above. After 16 h growth, biofilms were rinsed with 10 mM 
potassium phosphate buffer (pH 7.0). Then the flow chambers were opened and the slides 
were kept in the buffer for observation under OCT (Ganymade, Thorlabs Inc., Munich, 
Germany) with an axial resolution of 5.8 µm and a lateral resolution of 8 µm. A small piece of 
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microscope glass slide (15 x 7.5 mm, Thermo scientific menzel, Landsmeer, the Netherlands) 
served as a plunger to induce 33% deformation to each biofilm, as could be controlled by the 
OCT displacement system (see Supplemental Figure S1). Deformation was maintained, i.e. 
the glass plunger was held at its position for 300 s using a homemade position-controlled 
compression device (1 µm resolution in controlling moving distance). Subsequently, the 
small glass slide was raised to the position before compression and allowed the biofilm to 
relax freely. Biofilms were visualized by OCT B-scan images (cross-sectional tomography, 
5000 x 373 pixels). An OCT video was taken (0.402 s per scan) to record the first 30 s after 
compression or relaxation. The images from each scan in the video were separated and 
exported for the analyses. After the video recording, OCT B-scan snapshots were taken every 
30 s until 300 s of biofilm deformation or relaxation.  

The raw images with floating points of the pixels were normalized into a 0 - 255 range 
whiteness scale (black and white pixels are indicated as 0 and 255, respectively) (26, 27). 
Next, the 256 level whiteness scale in an image was reduced to a binary scale, indicating 
bacteria as white and aqueous regions as black. The threshold whiteness level was 
determined by Otsu method (35) by iterating through all possible threshold values and 
taking the minimal spread in pixel levels on each side of the threshold as the optimum 
threshold value. Then the biofilm part between the bottom plate and the auto-detected 
biofilm top edge (excluding the non-connected floating clusters above the biofilm) was 
sectioned for the calculation of average %whiteness within the biofilm, as based on the 
whiteness distribution. If a biofilm would be composed fully of bacteria, the %whiteness 
would be 100% (maximal “bacterial density”), while if the %whiteness decreases the biofilm 
contains more water. 

 
 

3.2.6 Statistics 

All experiments were performed in triplicate with separately prepared bacterial 
cultures. Significance of differences between experimental groups was analyzed using a 
Student t-test, accepting significance at P < 0.05. 

 
 

3.3 RESULTS 

Biofilms of non-EPS producing S. aureus 5298 or EPS producing S. aureus ATCC 12600 
were grown under low and high shear conditions on a Ge-crystal in the parallel plate flow 
chamber of a tribochemist and first examined for EPS production using CLSM after staining 
with calcofluor white and live/dead BaclightTM bacterial viability stain. All biofilms fully 
consisted of live bacteria (Table inset to Figure 2), while biofilms of S. aureus 5298 (Figure. 
2A and 2B) did not show any blue-fluorescent EPS, that was abundantly present in biofilms 
of S. aureus ATCC 12600 (Figure. 2C and 2D). COMSTAT analyses demonstrated five-fold 
more EPS production in S. aureus ATCC 12600 biofilms grown under high shear than under 
low shear (significant at P < 0.05). In addition, biofilms of the non-EPS producing 
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staphylococcal strain grew homogeneously distributed over the Ge-crystal surface, while the 
EPS producing strain grew more in clusters. 
 

 
 

Biovolume (µm3/µm2) 5298-LSR 5298-HSR 12600-LSR 12600-HSR 

Living bacteria 0.95 ± 0.45 0.36 ± 0.34 0.36 ± 0.10 0.17 ± 0.06 

Dead bacteria 0 ± 0 0 ± 0 0 ± 0 0 ± 0 

EPS 0 ± 0 0 ± 0 1.07* ± 0.54 5.01* ± 0.93 

 
Figure 2. CLSM images (top views and XZ cross sections) together with biovolumes (Table inset) 
of EPS and of live and dead bacteria in staphylococcal biofilms grown in the parallel plate flow 
chamber of the tribochemist under low and high shear and after staining with calcofluor white 
and live/dead BaclightTM bacterial viability stain. Live bacteria are green-fluorescent live and 
dead ones are red-fluorescent, while calcofluor white blue fluorescence of EPS. 
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A, B. Biofilms of non-EPS producing S. aureus 5298 under low (0.16 s-1; panel A) and high (0.79 s-1; 
panel B) shear,  
C, D. Biofilms of EPS producing S. aureus ATCC 12600 under low (panel C) and high (panel D) 
shear. 
Data in the Table inset are averages over two images ± standard deviations. *refer to significant 
differences at P < 0.05 between data obtained at low and high shear. Scale bars equal 50 µm. 
 
 

Next, biofilms were subjected to mechanical pressure by sliding a polydimethylsiloxane 
(PDMS) ball over the biofilm. The friction force experienced by the sliding ball is presented in 
Figure 3A for the bare Ge-crystal and biofilm covered crystals. Friction forces were 
significantly (P < 0.05) higher on the bare Ge-crystal surface than on the biofilm covered 
surfaces, while the EPS producing S. aureus ATCC 12600 yielded lower friction forces than 
non-EPS producing S. aureus 5298. When grown under low shear, CoFs of biofilms of the EPS 
producing S. aureus ATCC 12600 were significantly (P < 0.05) lower than of the non-EPS 
producing strain, but when grown under high shear both strains produced biofilms with a 
similar CoF (see Figure 3B). Considering the absence of EPS in S. aureus 5298 biofilms 
(compare Figure 2B), this must be due to different reasons for both strains. 
 

 
 
Figure 3.  Influence of fluid shear on the friction between S. aureus biofilms and a PDMS ball. 
Friction was measured on biofilms of non-EPS producing S. aureus 5298 (red lines and columns) 
and EPS producing S. aureus ATCC 12600 (black lines and columns) grown on Ge-crystal surfaces 
under low (0.16 s-1; LSR) and high (0.79 s-1; HSR) shear rates, as well as on a wetted, bare Ge-
crystal without biofilm (blue line and column).  
A. Friction forces as a function of time during a single shear stroke with a PDMS ball (sliding 
speed 0.5 mm s-1, loading force 0.45 N), 
B. Root mean square (RMS) values of the CoF, as averaged over a single stroke (see panel A). 
Data represent averages over triplicate experiments with separate bacterial cultures and with 
error bars indicating standard deviations. * refer to significant differences at P < 0.05. 
 
 

FTIR absorption spectra were taken prior to and during mechanical pressure. Figure 4 
shows an example of the IR absorption bands of polysaccharides (Figure 4A), phosphates 
(Figure 4B) and amides (Figure 4C) as well as of water stretching (Figure 4D) in a S. aureus 



EXTRACELLULAR POLYMERIC MATRIX PRODUCTION AND RELAXATION UNDER FLUID SHEAR AND MECHANICAL 
PRESSURE IN STAPHYLOCOCCUS AUREUS BIOFILMS 

 52 

ATCC 12600 biofilm grown on a Ge-crystal surface under high shear (0.79 s-1) prior to and 
during mechanical shear. The amide absorption band (Figure 4C) was decomposed in amide I 
(around 1643 cm-1) and amide II (around  1549 cm-1) bands, but the amide I band was not 
used in the remainder of this study due to its overlap with the water bending band, also 
occurring around 1643 cm-1. The water stretching band (Figure 4D) was decomposed into 
two components for bound (around 3308 cm-1) and free (around 3469 cm-1) water (14, 15). 
 

 
 
Figure 4. Examples of the FTIR absorption bands in biofilms of EPS producing S. aureus ATCC 
12600 grown under high (0.79 s-1) fluid shear on a Ge-crystal surface prior to and during 
mechanical pressure (speed of the sliding PDMS ball 0.5 mm s-1, loading force 450 mN). 
A. Polysaccharide absorption band (950 – 1200 cm-1), 
B. Phosphate absorption band (1150 – 1310 cm-1),  
C. Amide absorption band (1480 – 1780 cm-1) with the band components at 1643 and 1549 cm-1 
indicating the amide I and amide II bands, respectively. Note that water bending also occurs at 
1643 cm-1 and interferes with the amide I band, 
D. Water stretching band (2650 – 3800 cm-1) with the band components at 3308 and 3469 cm-1, 
indicating bound and free water, respectively. 
 
 

Absorption band areas and wavenumbers of IR absorption band represent the amount 
and bond stiffness of the corresponding molecules, respectively and have been plotted in 
Figure 5 for the polysaccharide, phosphate and amide II absorption bands as a function of 
the CoFs measured. Neither the amount of polysaccharides (Figure 5A) nor the amount of 
phosphates (Figure 5B) related with the CoF of the biofilms, but biofilms containing more 
biomass, evidenced by the amide II absorption band area (11) had significantly (P < 0.05) 
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lower CoFs (Figure 5C). Whereas the amount of polysaccharides hardly affected the biofilm 
CoF, the bond stiffness of the polysaccharides, i.e. the wavenumber of their absorption band, 
decreased significantly (P < 0.05) with increasing CoF (see also Figure 5A). 
 

 
 
Figure 5. FTIR absorption band areas and wavenumbers of staphylococcal biofilms as a function 
of the RMS value of their CoFs during mechanical deformation for non-EPS producing S. aureus 
5298 and EPS producing S. aureus ATCC 12600, grown on Ge-crystal surfaces under low (0.16 s-1; 
LSR) and high (0.79 s-1; HSR) shear rates. 
A. Polysaccharides absorption band (around 1073 cm-1),  
B. Phosphate absorption band (around 1244 cm-1), 
C. Amide II absorption band (around 1549 cm-1).  
Results of triplicate experiments with separate bacterial cultures are indicated by different 
symbols of the same type. The solid lines represent the best fit to a linear function with R2 values 
indicated, while the dotted lines show the 95% confidence intervals. P values indicate significant 
differences of the slope from zero. 
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The ratio of the polysaccharide over the amide II absorption band areas for the EPS 
producing S. aureus ATCC 12600 is significantly higher (0.44 ± 0.05; P < 0.05) in biofilms 
grown under high shear than when grown under low shear (0.28 ± 0.03). Assuming that the 
amide II absorption band area represents the number of bacteria in the biofilms, this 
suggests that shear induces individual organisms to produce more EPS. 

 As water is an important transport medium in biofilms and a biolubricant, absorption 
band areas and wavenumbers for the water stretching band have been plotted in Figure 6 as 
a function of the CoFs measured. The water O-H stretching band between 2650 and 3800 
cm-1 can be decomposed into absorption bands for bound (around 3308 cm-1) and free 
(around 3469 cm-1) water. CoFs increased significantly (P < 0.05) with the amounts of both 
bound (Figure 6A) and free  (Figure 6B) water. The exact wavenumber of bound water had 
no influence on the CoF (Figure 6A), but free water yielded a smaller CoF at lower 
wavenumbers (Figure 6B). 

 

 
 
Figure 6. FTIR absorption band areas and wavenumbers for water stretching in staphylococcal 
biofilms as a function of the RMS value of their CoFs for non-EPS producing S. aureus 5298 and 
EPS producing S. aureus ATCC 12600, grown on Ge crystal surfaces under low (0.16 s-1; LSR) and 
high (0.79 s-1; HSR) shear rates. 
A. Bound water absorption band (around 3308 cm-1),  
B. Free water absorption band (around 3469 cm-1). 
Results of triplicate experiments with separate bacterial cultures are indicated by different 
symbols of the same type. The solid lines represent the best fit to a linear function with R2 values 
indicated while the dotted lines show the 95 % confidence intervals. P values indicate significant 
differences of the slope from zero. 
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Absorption band areas and wave numbers were different prior to exerting mechanical 
pressure for both strains with respect to the polysaccharide and phosphate bands, but not 
with respect to the amide or water bands (Figure 4). Therefore, changes in the 
polysaccharide and phosphate bands were monitored as a function of biofilm relaxation 
time after arresting mechanical pressure (Figure 7). Relaxation of the polysaccharide band 
(Figure 7A) proceeded differently than of the phosphate band (Figure 7B). Pressure caused a 
significant (P < 0.05) increase in polysaccharide band area that decreased immediately after 
relieving pressure in biofilms grown at a high shear rate, regardless of the ability of the 
strains to produce EPS, and subsequently increased over several tens of minutes to the level 
observed prior to exerting mechanical pressure. Interestingly, S. aureus ATCC 12600 biofilms 
grown under low shear, were stimulated by the mechanical pressure exerted during friction 
measurements to produce more EPS. A decrease in wavenumber during mechanical 
pressure indicated a weaker bond, but the wavenumber increased almost immediately after 
relieving pressure to the level observed prior to exerting mechanical pressure. Phosphate 
bands reacted differently (Figure 7B), most notably with comparatively small changes for EPS 
producing S. aureus ATCC 12600, while non-EPS S. aureus 5298 showed a strong reaction 
upon pressure relieve, consisting in a slowly recovering decrease in band area and a strong 
decrease in wavenumber that continued after pressure relieve. 

The differential responses of S. aureus ATCC 12600 biofilms grown under low and high 
shear to mechanical pressure (Figure 7A), were further examined by visualizing aqueous 
regions in biofilms prior to, during and after mechanical pressure using Optical Coherence 
Tomography (OCT). To this end, biofilms of S. aureus ATCC 12600 were grown on glass 
surfaces under low or high shear, compressed by 33% of their thickness (between 150 and 
200 µm) for 300 s between glass plates and allowed to relax (Figure 8), which makes the 
biofilm surface appear smoother than in reality (compare CLSM cross-sections in Figure 2C 
and 2D). Note that biofilms of S. aureus 5298 were too thin (around 40 µm) especially after 
compression, for OCT imaging. OCT images taken (Figure 8A), possessed different average 
whiteness values, indicative of the presence of aqueous regions in the biofilms (16). Biofilms 
grown under low shear, containing less EPS (see Figure 2, Table inset and Figure 5A) 
appeared more compact from their higher %whiteness, i.e. “bacterial density” (Figure 8B) 
than when grown under high shear, that stimulated EPS production. Biofilms grown under 
high shear had higher %whiteness during compression than prior to compression, indicative 
of the removal of water upon compression. Upon relaxation, %whiteness values decreased 
to their values prior to compression, indicating the return flow of water back into the biofilm, 
which is also demonstrated by the recovery of its thickness (Figure 8C). 
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Figure 7. Percentage changes in FTIR absorption band areas and wavenumber shifts as a function 
of relaxation time after exerting mechanical pressure on biofilms of non-EPS producing S. aureus 
5298 and EPS producing S. aureus ATCC 12600, grown on Ge-crystal surfaces under low (0.16 s-1; 
LSR) and high (0.79 s-1; HSR) shear rates (speed of the sliding PDMS ball 0.5 mm s-1, loading force 
450 mN).  
A. Polysaccharide absorption band (around 1073 cm-1), 
B. Phosphate absorption band (around 1244 cm-1).  
Percentage changes in absorption band area and wavenumber shifts were expressed relative to 
the values observed before exerting mechanical pressure. Data represent averages over 
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triplicate experiments with separate bacterial cultures and with error bars indicating standard 
deviations. 
 
 

 
 
Figure 8. Examples of OCT images of S. aureus ATCC 12600 biofilms grown on glass surfaces 
under low (0.16 s-1; LSR) and high (0.79 s-1; HSR) shear rates prior to growth, immediately during 
compression and after relaxation. 
A. OCT images of staphylococcal biofilms. Biofilms are contained and compressed between two 
glass slides, visible as highly reflecting horizontal lines above and below the biofilm. Images 
represent a part (300 x 150 pixels) of an entire OCT image, as is used to calculate the %whiteness 
of a biofilm. 
B. %whiteness of the biofilms (“bacterial density”) as a function of time after growth, during 
compression and relaxation. %whiteness represents the whiteness of the biofilm on a scale from 
0% (all water) to 100% (all bacteria, no matrix) in the images after correction for the auto-scaling 
of the OCT in images to be compared, that is heavily influenced by reflection from the 
substratum surface. 
C. Thickness of the biofilms as a function of time after growth, during compression and relaxation. 
 
 

3.4 DISCUSSION 

Here we show that EPS production and molecular bond stiffness in staphylococcal 
biofilms is regulated in response to the prevailing fluid shear during growth. Our data 
suggest that the resulting EPS matrix serves a crucial role in allowing the biofilm to recover 
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from mechanical challenges through in- and outflow of EPS and water upon compression 
and relaxation. 

 
 

3.4.1 Biofilm Responses to Growth under Fluid Shear 

Many of the adaptive responses of adhering bacteria to environmental challenges, 
including fluid shear, are aimed to facilitate lasting attachment (17). Production of 
polysaccharides is one of the mechanisms utilized by biofilm inhabitants to provide the 
biofilm with possibilities to adhere more strongly and gain additional cohesive strength (18, 
19), as required during growth under high fluid shear. Although diffuse reflectance FTIR 
spectroscopy has demonstrated that protein and carbohydrate concentrations in P. atlantica 
biofilms increased with applied shear during growth (11), this could not be confirmed in the 
present ATR-FTIR spectroscopy study. This could either be due to the different strains used 
in both studies, but may also be related with the use of ATR versus diffuse reflectance 
spectroscopy. Diffuse reflectance spectroscopy measures the composition of a freeze-dried 
bulk biofilm sample. In contrast, the ATR-FTIR spectroscopy applied in this study confines 
itself to a depth of information of one or two micrometers (see also Figure 1) in a fully 
hydrated biofilm, comprising only the initially adhering bacteria exposed to fluid shear, i.e. 
bacteria in the early phases of biofilm growth. Yet, taking the amide II band area at 1549 cm-

1 as a marker for biofilm mass (10) and normalizing the polysaccharide band at 1073 cm-1 by 
the amount of biofilm mass, confirms that the individual bacteria of S. aureus ATCC 12600 
adhering directly to the crystal surface produce twice as much as polysaccharide during 
growth under high than under low fluid shear, while COMSTAT analyses of CLSM images of 
entire biofilms after calcofluor white staining revealed a five-fold higher amount of 
polysaccharide production under high shear (Figure 2, Table inset).  

The molecular mechanisms of increased EPS production under flow can only be 
speculated upon. Likely, fluid shear forces act in a similar way as bacterial adhesion forces to 
substratum surfaces, causing minor deformation of the cell wall in adhering bacteria. The 
need for EPS production in adhering bacteria is less when adhesion forces arising from a 
substratum surface are large, and accordingly yielded less icaA gene expression and less 
production of EPS components such as poly-N-acetylglucosamine and extracellular DNA 
(eDNA) in S. aureus ATCC 12600 than when adhering on substrata exerting smaller adhesion 
forces (12). Since the cell wall, most notably the membrane, houses several environmental 
sensors, its deformation may present a means for bacteria to probe their environment for 
the need to produce EPS (20). Fluid shear may act similarly and regulate gene expression and 
EPS production according to the need to withstand fluid shear forces in order to be able to 
adhere.    

Extension of this increased EPS production by initially adhering bacteria to the bulk of 
the biofilm is subsequently confirmed by the lower CoF of S. aureus ATCC 12600 biofilms 
compared with the lubricity of S. aureus 5298 ones (see Figure 3). However, the slightly 
higher CoF for EPS producing S. aureus ATCC 12600 biofilm grown under high fluid shear (see 
Figure 3) is contrary to the expectation based on increased EPS production in biofilms under 
high mechanical challenge (Figure 2). This may be explained by the fact that a high fluid 
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shear washes-off soluble and loosely-bound EPS from the surface (1). Indeed FTIR analysis 
(see Figure 6) and OCT images (see Figure 8B) both indicate a higher water content in the 
biofilm grown under high fluid shear, substituting the EPS flushed away by the fluid shear. 
Also, biofilm of Streptococcus oralis J22 and Actinomyces naeslundii TV14-J1  grown under 
high fluid shear were found to be more “fluffy” (21).  

As a totally new and unexpected result, the absorption band around 1070 cm-1 for the 
non-EPS producing strain shifted to higher wavenumbers during growth under high fluid 
shear (see Figure 5A, right), indicating a stiffer bond. Since biofilms have been described to 
maintain themselves under conditions of mechanical challenges by dynamically binding and 
breaking of weak bonds in the EPS matrix (1), production of stiffer polysaccharides under 
high fluid shear as reflected by the wavenumber changes of the FTIR absorption band, 
possibly presents a new mechanism to biofilm inhabitants to protect themselves against 
mechanical challenges. 

 
 

3.4.2 EPS Matrix Dynamics under Mechanical Pressure 

The integration of a tribometer together with an FTIR-spectrometer in one instrument 
allows to collect FTIR spectra under mechanical challenge when the tribometer ball is sliding 
over a biofilm (see Figure 1). It is known that several processes occur in a biofilm when 
mechanically challenged that range from outflow of water and EPS, to the re-arrangement of 
biofilm inhabitants with respect to each other to positions that are more favorable than to 
where they were forced to move to under mechanical pressure (5). Thus different relaxation 
processes occur, each with their own characteristic time constants. The mechanical pressure 
exerted during measurement of biofilm lubricity yielded an immediate increase in the 
polysaccharide band area of S. aureus ATCC 12600 biofilms that decreased within a few 
minutes after relieving pressure to the level observed prior to mechanical pressure. This is 
longer than required for water to flow during stress relaxation in a biofilm according to a 
three elements Maxwell model, happening within several seconds (5), but falls with the 
much longer relaxation time period allocated to the flow of EPS during stress relaxation (5, 
22). Also, the relaxation time period of biofilms subjected to fluid shear was reported to be 
between 1-30 min depending on the hydrodynamic conditions and the type of biofilm (23, 
24), similar as found in this study.  

Actual visualization of re-arrangement processes during stress relaxation in biofilms has 
proven difficult over the years. Peterson et al. (9) visualized the flow of EPS and re-
arrangement of bacteria in P. aeruginosa biofilms during stress relaxation using CLSM and 
these occurred roughly in accordance with relaxation times found using Maxwell analysis of 
biofilm stress relaxation (5). Visualization of water flow during stress relaxation in biofilms 
has been done by injection of fluorescent microspheres or fluorescent dyes followed by 
CLSM analysis (25), but whether or not microspheres or dyes can cross the biofilm barrier 
and penetrate into bacterial clusters and EPS matrices in biofilms can be doubted (7). In our 
study, aqueous regions, possibly with dissolved EPS components were visualized by 
whiteness and thickness (Figure 8C) analyses of OCT images. However, also whiteness 
analysis of OCT images is not trivial, as each image is auto-scaled by the instrument itself, 
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implying the need to rescale if multiple images are to be compared. The re-scaling process 
applied here is based on normalizing the raw floating-points into a fixed 0-255 whiteness 
scale (26, 27) and confirms that for S. aureus ATCC 12600 biofilms upon mechanical 
challenge, there is rapid water outflow within seconds , returning back into the biofilm 
during stress relaxation (see Figure 8B). 

It is of interest that staphylococcal biofilms grown under low shear, during which there 
was little need to produce large amounts of EPS (see Figure 5A), continue to produce more 
polysaccharide for an extended period of time after mechanical pressure (Figure 7A). 
Pressure has been described before as a stimulus for bacteria to produce EPS (2, 28). 
Staphylococci adhering to nanopillared surfaces and exposed to pressure, showed EPS 
patches where nanopillars contacted the cell surface (29). Excessive EPS production was 
found as well in biofilms exposed to rapidly fluctuating mechanical stress (22). The unique 
combination of a tribometer and FTIR-spectroscope now not only provides additional 
evidence for pressure-induced EPS production, but moreover demonstrates that pressure-
induced EPS production can continue after pressure relieve. 

 
 

3.5 CONCLUSION 

EPS production and molecular bond stiffness in staphylococcal biofilms is regulated in 
response to fluid shear. EPS matrix dynamics upon mechanical challenge occurs through in- 
and outflow of EPS and water upon compression and relaxation. Importantly, once 
mechanical challenged, this can lead to long-term pressure-induced EPS production. 
Knowledge of factors that control production and quality of EPS in biofilms will allow better 
control of biofilms under mechanical challenge and understanding of the barrier properties 
of biofilms toward mechanical and chemical challenges, most notably antimicrobial 
penetration. More open biofilms have been found to be more susceptible to antimicrobials 
both in vitro (5) and in vivo (30).  

Finally, as a distant horizon provided by the current data, biofilms may possibly be 
applied as an alternative to grease-lubricants, although this study was in no way geared 
towards this possibility and would require the use of harmless bacteria instead of 
pathogenic staphylococci used here. Although bacterial lubricants constitute a far horizon, 
biofilms and their EPS have been considered and applied before in unexpected applications, 
such as their use to enforce mortar (31, 32). 
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SUPPLEMENTARY 

 
 
Figure S1. Schematics of the device to hold the glass plunger deforming the biofilm in position 
and maintain deformation of a biofilm while observing in the OCT. 
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