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ABSTRACT 

Planktonic l ife is dangerous for most bacterial  strains and species and adhesion 
to surfaces is often considered a survival mechanism. Once adhering, a cascade  
of events is triggered that involves amongst others, the production of an EPS-
matrix leading to the formation of what is generally called a “biofilm”. In this 
chapter,  we hypothesize about the way bacteria become aware of their  
adhering state. We consider that bacteria deform under the influence of the  
adhesion forces exerted upon them when adhering to a substratum surface.  
Surface enhanced fluorescence has convincingly demonstrated the existence of  
minor cell wall deformation upon adhesion that can act as a trigger for an 
adhering bacterium to start EPS-matrix production, as a hallmark of the 
transition between planktonic and sessile phenotypes.  For staphylococci, EPS-
matrix production appears related with the magnitude of the adhesion forces 
felt. The importance of the EPS-matrix is  ubiquitously present throughout the 
entire process of biofilm development, from facilitating initial bacterial  
adhesion to maintaining biofilm structural integrity during growth and offering 
“back up” resources in case of nutrient depletion during biofilm aging. During 
the entire biofilm life cycle, EPS protects the biofilm against chemical  attacks  
such as from antimicrobial treatment and through its viscoelastic properties,  
against mechanical stresses.  The viscoelastic response of biofilms to external  
mechanical stresses can be modeled using three Maxwell elements 
representing the flow of water, more viscous EPS and bacteria repositioning in 
a deformed biofilm. Bacterial repositioning is more prominent in open 
structured biofilms than in more condensed ones with an impact on 
antimicrobial penetration and detachment. The main advantages of stress  
relaxation to determine biofilm structure and composition over microscopic  
techniques are that it yields quantitative data covering an area of several  
square mill imeters. Biofilms are also slippery due to their EPS-matrix, but 
whether the slipperiness of biofilms serves any physiological role or not is  
unknown. Summarizing, this chapter reviews the events occurring during the 
transition from bacterial  adhesion to EPS-matrix production and biofilm 
formation from a physico-chemical perspective, offering new concepts l ike 
bacterial adhesion force-sensing and cell wall deformation as a trigger for the 
development of sessile bacterial phenotypes.   
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1.1 INTRODUCTION 

Biofilm formation is initiated by bacterial adhesion to a substratum surface. Bacteria 
adhere to surfaces because the nutrient concentration at a surface is usually higher than in 
suspension (1–3) and in addition, adhesion often serves as a survival strategy. Oral 
microorganisms for instance, need to adhere to oral hard or soft tissues in order to avoid 
being swallowed with saliva and being killed in the gastrointestinal tract. Marine bacteria 
adhere to ship hulls to have easy access to nutrients and find shelter against predation (4).  

Upon adhesion, bacteria produce a matrix of extracellular polymeric substances (EPS), 
which consists of polysaccharides, proteins, nucleic acids and lipids in which bacteria embed 
themselves (Figure 1). EPS production is a survival strategy as well for the microorganisms, 
since it provides higher mechanical stability to the biofilm, as well as higher resistance to 
antimicrobials and protection against the host immune system (5). When biofilms form on 
biomaterials implanted or introduced in the human body, such as catheters or joint implants, 
antibiotic resistance increases up to 1000 times the resistance of planktonic bacteria (6–8). 
As a consequence, these biomaterial-associated infections can mostly only be treated by 
implant replacement, involving additional invasive surgery for the patient and high costs for 
the health care system (9). To prevent biofilm formation, reduction of initial bacterial 
adhesion has been the main aim of worldwide investigation (10–12). Promising options for 
decreasing the number of bacteria to surfaces are hydrophilic polymer brush coatings, acting 
as steric barriers that prevent direct bacterial contact with a surface. However, the approach 
of reducing bacterial adhesion has limitations, since even adhesion of a small number of 
bacteria can lead to biofilm formation (13). Moreover it can be doubted whether 
interference in bacterial adaptation to their adhering state would not be a better way to go, 
leaving bacteria in their susceptible planktonic state, also when adhering.  

Hitherto, the mechanisms of bacterial adaptation to their adhering state are not 
completely unraveled. Bacteria have only limited possibilities to sense a surface. Since 
bacteria are known to respond differently to different biomaterials (14, 15), we have 
hypothesized that adhering bacteria sense a surface through cell wall deformation under the 
influence of the prevailing adhesion forces as a first step in their adaptation to an adhering 
state and the formation of a biofilm. In this chapter, we review the available literature on 
adhesion force sensing and cell wall deformation as well as the main techniques for studying 
cell wall deformation and adhesion force sensing. Also, we will highlight the role of EPS 
production as triggered through adhesion force sensing in biofilm formation. Further 
research aimed at modifying the bacterial response upon adhesion to a surface in order to 
block bacterial transition from a “planktonic” to a “biofilm” mode of growth may yield novel 
strategies to prevent biofilm formation. 

 
 

1.2 THE TRANSITION FROM BACTERIAL ADHESION TO 
BIOFILM FORMATION  

Adhesion of the first arriving bacteria on a substratum surface is of primary importance, 
as these initial colonizers provide the link between the substratum surface and the entire 
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biofilm. It has been hypothesized that upon first contact with a surface, these “linking” 
bacteria sense the surface (16) through the magnitude of the adhesion force exerted by the 
substratum. Therewith the adhering bacteria become aware of their adhering state as a 
result of membrane deformation occurring during adhesion (9). Membrane deformation is 
minor in most naturally occurring strains and species, since it is counteracted by the rigid 
peptidoglycan layer surrounding a bacterium, but still sufficient to allow communication 
between a bacterium and its environment.  

The mechanism by which a bacterium becomes aware of its adhering state has been 
named “surface sensing”. This term has been applied to motile bacteria, whose flagella can 
sense the surface so that a bacterium can choose between adhering to the surface or 
remaining in the planktonic state (16, 17). Other authors used the term “surface sensing” 
with regard to non-motile bacteria, to indicate the “sense of touch” that takes place before 
adhesion to the surface and provides a bacterium with information about the type of 
material it adheres to (18, 19).  

The first steps in biofilm formation always involve adhesion and surface sensing. The 
transition from a planktonic to a biofilm mode of growth is characterized by gene 
upregulation or downregulation and by the production of EPS to make bacteria more 
resilient to different stresses and to promote irreversible adhesion. The biofilm phenotype 
that develops after adhesion to a surface is often referred to as the “sessile phenotype” (2). 
In the first ten minutes after contact with a surface, Escherichia coli was found to decrease 
its cell respiration level compared to planktonic bacteria (20) and this phenomenon has been 
interpreted as a strategy to ensure survival of adhering bacteria in the eventuality of 
oxidative stress conditions during the biofilm formation and growth (21). In motile bacteria, 
the sessile phenotype often involves the repression of flagellum synthesis, facilitating 
irreversible cell attachment on the surface (16, 22). In Caulobacter crescentus, adhesin 
production is stimulated by adhesion on a substratum surface, in order to create irreversible 
attachment (23). Staphylococcus aureus also shows an accumulation of adhesins in contact 
with a surface (18).  

In the examples above, adhesion forces prevail in the range of the “interaction regime”, 
as described in a regimented “three adhesion force” model (9). According to this model, the 
“interaction regime” describes changes in phenotypes that gradually occur with increasing 
adhesion forces. Weak adhesion forces are related to the planktonic regime in which surface 
sensing is very weak and bacteria behave like planktonic cells. Without the necessary 
changes in gene expression and subsequent production of EPS, these cells remain 
susceptible to antimicrobials. This regime occurs for hydrogels and polymer-brush coated 
surfaces (13, 24). In the lethal regime, strong adhesion forces lead to membrane stresses 
that deactivate the adhering bacteria and cause cell death. In Bacillus subtilis it was shown 
how mechanical stresses on the cell membrane provoked cell death without disrupting the 
membrane integrity of the cells (25). For this effect, the term “stress-deactivation” has been 
proposed and a number of studies have focused on this topic (26). 
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Figure 1. Steps in the transition from initial bacterial adhesion to biofilm formation. When a 
surface is in contact with body fluids, proteins and other compounds are adsorbed first onto the 
surface, forming the so-called “conditioning film” to which bacteria mostly adhere rather than to 
a bare substratum surface (depending environmental conditions). Upon adhesion to a surface, 
bacteria form a micro-colony by cell division and EPS production. Subsequently, colonies expand 
by adhesion of other bacteria, growth and the continued production of EPS (adapted from (27)). 
 
 

1.3 BACTERIAL SURFACE SENSING AND CELL WALL 
DEFORMATION  

Motile bacteria can sense surfaces through appendages like flagella or pili. The contact 
of these bacterial structures with a substratum surface causes a drag on the appendage and 
a subsequent local stress that provokes a signal inducing the transition to the biofilm 
phenotype (16). In B. subtilis, contact of a flagellum with a surface inhibits flagellar rotation 
and this surface signal activates the two-component regulatory system DegS–DegU that 
triggers the change in gene expression towards the sessile phenotype (28, 29).   

In absence of surface appendages, non-motile bacteria sense the surface through cell 
wall deformation and the magnitude of adhesion forces. Following adhesion to a surface, 
cell wall deformation causes minor deformations of the lipid bilayer, provoking a change in 
intra-bilayer pressure profile in the lipid membrane (30). This variation in pressure profile 
can be sensed by the bacterial cell through gating of mechanosensitive channels or through 
stress sensitive proteins (31). Mechanosensitive channels represent an interesting response 
to surface adhesion and a mechanism for surface sensing. Cell wall deformation and 
variations in membrane curvature imply thinning of the membrane and wider spaces 
between lipids in the bilayer, which allow water molecules to insert within the lipids. This 
provokes energetically an unfavorable hydrophobic mismatch between lipids and water 
molecules and the energy necessary to compensate this is provided by the adhesion forces 
between bacterium and a substratum surface (31). Mechanosensitive channels gate in 
response to the variation in membrane pressure profile, and both membrane thinning and 
hydrophobic mismatch were found to facilitate channel gating (30, 32, 33). 
Mechanosensitive channel gating results in the opening of a pore in the bacterial membrane, 
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allowing a solute flux between the cytoplasm and the outer environment (34), which might 
be the surface signal for a bacterium to become aware of its adhering state. 

Stress sensitive proteins are located on the bacterial membrane and trigger complex 
signaling pathways after adhesion on a substratum surface. In E. coli the outer membrane 
lipoprotein NlpE can sense surface adhesion and transmit the information to the stress 
sensitive protein CpxA (35). After detecting this signal, CpxA activates the Cpx pathway that 
regulates the expression of gene clusters related to the biofilm mode of growth (36, 37). 

 
 

1.4 METHODS TO STUDY BACTERIAL CELL WALL 
DEFORMATION 

Considering the role of cell wall deformation in making an adhering bacterium aware of 
its adhering state, we will now briefly review techniques to study bacterial cell wall 
deformation. 

 
 

1.4.1 Macroscopic Bio-optical Fluorescence Imaging 

Bio-optical fluorescent imaging is a macroscopic technique, suitable for in vitro as well 
as in vivo investigations. Its most relevant component is a highly sensitive CCD camera, 
which can measure the radiance from fluorescent probes. Images are obtained by trans-
illumination or reflection at single or multiple excitation wavelengths (38).  

Bio-optical fluorescence imaging can be used to analyze cell wall deformation, 
exploiting the effect of surface enhanced fluorescence (SEF). SEF involves an increase in 
fluorescence occurring when a fluorophore is close to a reflecting metal surface and it is due 
to two effects: surface plasmon resonance and a mirror effect (39). Surface plasmon 
resonance takes place when the absorption and emission spectra of the fluorophore overlap 
with the scattering spectrum of the metal surface and this resonance condition determines a 
greater radiance from the metal-fluorophore system. The mirror effect takes place when the 
fluorophore is illuminated by the Raman-scattered field reflected by the conducting metal. 
Under these conditions, the emitted intensity can be amplified up to four times (39, 40). The 
effect of SEF decreases exponentially with the distance between the fluorescent dye and the 
metal surface and the fluorescence enhancement is not detectable for distances larger than 
about 30 nm. For this reason SEF cannot only be exploited to measure the distance between 
a bacterium and a substratum surface (39), but also to measure bacterial cell wall 
deformation. After adhesion of a fluorescent bacterium on a reflecting metal surface, cell 
wall deformation will gradually bring more fluorophores within a bacterium closer to a 
substratum, i.e. in the range of SEF (Figure 2) (41) enhancing the fluorescence signal. The 
advantage of SEF over other techniques to measure cell wall deformation is that several 
millions of bacteria can be analyzed within one experiment, taking only several minutes.   
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Figure 2. Lifshitz-Van der Waals interactions arise from the pair-wise summation of all possible 
molecular interactions between a bacterium and a substratum surface. Upon nanoscale cell wall 
deformation, more molecules inside a bacterium are brought in the close vicinity of a substratum, 
therewith increasing long-range Lifshitz-Van der Waals interactions (42). In case fluorescent 
bacteria are involved, more fluorophores are brought closer to a substratum surface upon cell 
wall deformation, i.e. within the range of SEF, and enhanced fluorescence can be measured with 
respect to undeformed bacteria. Deformation of individual bacteria can be measured using 
atomic force microscopy (AFM) imaging.  
 
 

1.4.2 Atomic Force Microscopy 

AFM allows to obtain topographical images of bacteria, cells or other particles and 
surfaces by scanning a sharp tip over the sample and measuring the interaction forces 
between the tip and the sample. This tip is mounted on a cantilever, which can be moved by 
a piezoelectric scanner in the x, y and z directions with high accuracy. When the cantilever 
bends in response to the interaction forces between tip and sample, the cantilever 
deflection is detected by the position of a laser beam reflected by the cantilever on a 
photodiode (43–46). AFM offers several modes for imaging living cells and microorganisms, 
as well as synthetic surfaces. In its contact mode, the tip is in direct contact with the sample 
and cantilever deflection is kept constant to maintain the same force between tip and 
sample at all times (47, 48). In tapping mode, the cantilever oscillates close to its resonance 
frequency, allowing the tip to come in contact with the sample at the end of its downwards 
movement (43, 49). Another mode of AFM application is PeakForce quantitative 
nanomechanical mapping (PeakForce-QNM) with which it is possible to simultaneously 
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record the topographical image as well as mapping other parameters of the sample, such as 
adhesion force and stiffness (50, 51).  

AFM topographical imaging has been exploited to measure bacterial dimensions, i.e. 
height, width and length. Bolshakova and co-workers (52) employed AFM in both tapping 
and contact mode to measure the size of E. coli in air, water and bacterial culture medium. 
The authors concluded that the bacterial height measured in tapping mode in liquid was 
lower than in contact mode and that both height and width are smaller if the bacteria are 
dried to perform AFM measurements in air. Moreover, they observed that, when E. coli was 
treated with lysozyme, an enzyme that lyses the outer cell wall, the size of the Gram-
negative bacteria decreased, their shape became more compressed and perforations of the 
inner cell membrane developed. Using the AFM in tapping mode, other authors found a 
significant height reduction in E. coli after treatment with the antibacterial drugs 
streptomycin and EDTA in combination with lysozyme (53). Similarly, measurement of the 
heights and widths of adhering bacteria can be done to quantify cell wall deformation after 
adhesion on a substratum surface (42, 54) using the AFM PeakForce-QNM imaging mode. By 
comparing the polar radius of individual, adhering bacteria with the radius of planktonic 
bacteria measured using dynamic light scattering the extent of cell wall deformation could 
be quantified and was found to be higher for Δpbp4 mutants lacking crosslinking of their 
peptidoglycan layer (42).  

The major drawback of AFM imaging to investigate bacterial cell wall deformation is the 
need to measure individual, adhering bacteria, making it difficult to obtain statistically 
significant data. Furthermore, it can be argued that the loading force applied by the AFM 
cantilever can contribute to cell wall deformation. However, this drawback can be limited by 
using the PeakForce-QNM mode of AFM, which allows to image adhering bacteria by 
applying a low loading force (42). 

 
 

1.4.3 Surface Thermodynamic Approach 

The surface thermodynamic approach to bacterial adhesion is based on a surface free 
energy analysis of the bacterial and substratum surface along with the surface tension of the 
suspending liquid (55–57). Different methods to calculate substratum surface free energies 
exist using contact angle data with different liquids as input (58–60). Common to all 
methods is the Gibbs free energy of adhesion ΔGadh as an outcome parameter, defined as: 

 
ΔGadh = γBS – γBL - γSL          (1) 
 
where γBS, γBL, γSL are the interfacial free energies of the bacterium-surface, bacterium-

liquid and surface-liquid interfaces, respectively (55, 56). Positive values of the Gibbs free 
energy of adhesion (ΔGadh > 0) correlate with unfavorable thermodynamic conditions for 
microorganisms to adhere on a surface, while energetically favorable conditions are 
characterized by ΔGadh < 0 (55).  

The Gibbs free energy of adhesion can be divided in Lifshitz-Van der Waals and acid-
base components (60): 
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ΔGadh = ΔGadh

LW + ΔGadh
AB        (2) 

          
Lifshitz-Van der Waals interactions are due to attractive forces which are present as 

soon as a bacterium approaches a surface and can extend up to hundreds of nanometers (26, 
61). The summation of all pair-wise Lifshitz-Van der Waals molecular interactions within a 
bacterium and a substratum surface gives rise to a long-range, attractive adhesion force 
between a bacterium and a substratum surface (Figure 2).  

Even though bacteria have been demonstrated to adhere under conditions of 
unfavorable, positive values of the Gibbs free energy ΔGadh, the long-range Lifshitz-Van der 
Waals interactions ΔGadh

LW are nearly always favorable for adhesion to occur (ΔGadh
LW < 0) 

and therewith generally considered responsible for adhesion (62). Moreover, it can be 
argued that since bacteria of different strains and species have a highly similar, chemical 
bulk composition, Lifshitz-Van der Waals components ΔGadh

LW should be largely the same for 
bacteria adhering in an undeformed state. Since in a deformed state more molecules are 
brought in closer vicinity of a substratum surface, it has been speculated that differences in 
the Lifshitz-Van der Waals component ΔGadh

LW are indicative of more or less extensive 
bacterial cell wall deformation (42), as explained in Figure 2.  

 
 

1.5 BACTERIAL SURFACE SENSING AND THE ROLE OF EPS IN 
BIOFILMS 

1.5.1 Bacterial Surface Sensing and EPS Production 

EPS production after bacterial adhesion is one of the main hallmarks of the transition of 
adhering bacteria from a planktonic to a sessile phenotype and the formation of a biofilm. 
The analyses of surface sensing and subsequent EPS production have been mostly 
performed either from the perspectives of gene expression or through direct evaluation of 
the production of extracellular matrix components. 

In adhering S. aureus, both icaA expression as well as production of poly-N-
acetylglucosamine (PNAG), facilitating bacterial adhesion to surfaces and to other bacteria in 
multilayered biofilms (63), and eDNA decreased with increasing adhesion forces between 
adhering bacteria and substratum surfaces (64). This suggests that surface sensing through 
cell wall deformation is triggered by adhesion force sensing. The rigid peptidoglycan layer as 
part of the bacterial cell wall plays a pivotal role in counteracting adhesion force induced 
deformation, as in mutants lacking a rigid, cross-linked peptidoglycan layer no relation was 
found between adhesion forces and gene expression or matrix production (31, 64).   

Another interesting technique to analyze gene expression and EPS production is β-
galactosidase assay, a colorimetric assay that detects the enzyme β-galactosidase. This 
enzyme is encoded in E. coli by the gene lacZ, which can be fused to another gene of interest. 
Using a colorimetric assay that detects the enzyme β-galactosidase, the level of gene 
expression can be measured from the amount of β-galactosidase produced. In a 
Pseudomonas aeruginosa strain, it was found using this assay (65, 66), that fifteen minutes 
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after Pseudomonas adhesion to a surface, bacteria showed upregulated algC expression, 
governing the production of alginate as a matrix component. 

 
 

1.5.2 Role of EPS in Biofilms 

There are three distinctly different operational types of EPS, each with their own 
function: a. soluble EPS (sEPS), b. tightly bound EPS (TB-EPS) and c. loosely bound EPS (LB-
EPS) (67).  

sEPS molecules are much smaller than bacteria and once released, they will diffuse 
faster and adsorb to a substratum surface before initial bacterial adhesion (68). Adsorbed 
sEPS molecules can self-assemble and form hydrophilic patches that affect the 
hydrophobicity and charge properties of a substratum surface and promote bacterial 
adhesion. After the formation of a single, initial layer of adhering bacteria, the flexibility of 
sEPS patches helps to keep a favorable surface free energy state and thus allows new biofilm 
clusters to adhere (68). In mature biofilms, sEPS reduces its density by forming chain-like 
structures (69, 70). TB-EPS provides coherence to a biofilm bridging bacteria to each other to 
form clusters, while LB-EPS connects bacterial clusters into microcolonies (71). eDNA is a 
pivotal component of TB-EPS not only promoting bacterial adhesion to surfaces (71) but also 
co-adhesion between bacteria (72).  

In a biofilm mode of growth, adhering bacteria tend to increase their EPS production 
and decrease their cell size to raise the probability of biofilm survival in case of nutrient 
depletion during aging of a biofilm (73). Also, during periods of low humidity, hydrophilic EPS 
enables water storage needed for survival. These survival strategies allow to increase the 
bacterial number by cell division while conserving the total amount of biomass (74). While 
during the early stages of biofilm formation (12 - 24 hours), large amounts of eDNA and 
polysaccharides are required to initiate biofilm formation (75, 76), during biofilm aging the 
major EPS components, such as polysaccharides, proteins and eDNA are accumulated and 
possibly become a “back up” nutrition source (73). In this phase of biofilm growth, eDNA 
helps to maintain the structural integrity of the biofilm through binding with other biofilm 
components and to protect its inhabitants against chemical and mechanical stress (77). 

The chemical composition of EPS, and accordingly its physical properties, differs from 
place to place in a biofilm of the same strain. Growth medium, temperature, relative 
humidity, nutrition, pH and ionic strength have a major influence on EPS composition and 
physical properties and therewith function. EPS production is stimulated by low 
concentrations of nutrients because the matrix components can be used by the biofilm as a 
source of carbon, nitrogen and phosphorous in case of nutrient depletion (78). Low pH, high 
temperature and osmotic stress increase the EPS production, especially its protein content. 
This increases the resistance of P. aeruginosa in their biofilm mode of growth against heat 
stress and temperature-induced lysis (73).  
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1.5.2.1 EPS and resistance of biofilms against mechanical attack 

In most cases, biofilms do not grow in a static environment, but under conditions of 
fluid flow. Fluid flow and resulting shear forces influence bacterial adhesion and biofilm 
formation (79, 80), affecting deposition kinetics, architecture, dynamic behavior, 
physiological reaction and metabolic activities of a biofilm (81). EPS shows a different 
distribution and composition under different fluid shears in order to allow a bacterial 
community to persist under the environmental conditions of its formation. Biofilms growing 
under high flow rates appear to be thinner and more homogeneous (82) than biofilms 
formed under low flow rates. Also the prevalence of polysaccharides, proteins and TB-EPS 
components is increased in biofilm grown under fluid shear compared to its prevalence in 
biofilms grown under static conditions in order to provide more cohesion to the biofilm.  

EPS provides viscoelastic properties to a biofilm (83, 84), that are pivotal for its survival 
under mechanical attack, such as experienced by oral biofilms during powered 
toothbrushing. Powered toothbrushing, particularly in absence of direct contact between 
the bristles and a biofilm, can be considered as a form of transmitting energy into the biofilm 
(85), upon which a biofilm expands. As for all viscoelastic materials, when expansion extends 
above the elastic limit of the biofilm, plastic deformation commences. Biofilm detachment 
subsequently results when expansion and plastic deformation continue, but when brushing 
is arrested while in the plastic range, a “fluffed-up”, very open biofilm will remain behind, i.e. 
the biofilm survives due to its viscoelastic properties (86). 

 
 

1.5.2.2 EPS and resistance of biofilms against chemical attack 

Bacteria in their biofilm mode of growth have higher resistance to antimicrobials 
compared to their planktonic counterparts. EPS producing strains exhibit generally higher 
resistance against antibiotics than non-slime producing ones (87), as EPS reduces the 
penetration of antibiotics into the deeper layers of a biofilm and limits absorption of 
antibiotics to the outer layer of a biofilm. For Acinetobacter baumannii and Staphylococcus 
aureus this protection has been largely attributed to polysaccharides and lipids, because the 
biofilm resistance to antibiotics was not affected by selective removal of proteins or DNA 
from an EPS matrix (87). The chemical resistance of biofilms is usually illustrated as resulting 
from a combination of structure and composition, but evidence is based on cartoons and at 
best highly subjective microscopic images. Recently, the viscoelastic properties of biofilms 
have been advocated for use to reflect structure and composition of biofilm in a more 
quantitative way (88). The kinetics of stress relaxation of a biofilm after deformation showed 
that three processes mediate relaxation: a. fast flow of water in a deformed biofilm, b. 
intermediately flow of more viscous EPS and c. slow repositioning of bacteria provided 
sufficiently open space is available. Interestingly, biofilms that were demonstrated to be 
more open by stress relaxation analysis facilitated better penetration of antimicrobials (89). 
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1.5.2.3 Lubricating properties of EPS in biofilms 

Biofilms are slippery due to their EPS matrix (90). Whether or not the slipperiness of 
biofilms serves any physiological role or not is unknown. Equally unknown is whether the 
lubricating properties of biofilm EPS, or for that matter bacteria themselves as ball-bearers, 
will ever find application. Yet, the lubricating properties of biofilms are another reflection of 
their structure and composition. Tribology measurements with AFM showed that biofilms on 
stainless steel of a slime producing S. aureus strain (S. aureus ATCC 12600) decreased the 
coefficient of friction (COF) of stainless steel to a much larger extent from 0.6 ± 0.3 to 0.1 ± 
0.1 than the non-slime producing strain S. aureus 5298  (COF equals 0.3 ± 0.1). 

 
 

1.6 METHODS TO STUDY BIOFILM COMPOSITION AND 
STRUCTURE 

Considering the importance of biofilm structure and composition in resisting 
mechanical and chemical attacks, we will now briefly summarize different methods to 
investigate these properties. 

 
 

1.6.1 Microscopic Structure of Biofilms 

Using confocal laser scanning microscopy (CLSM), structural information can be 
acquired in fully hydrated biofilms, while also the distribution, shape, heterogeneity and 
structure of EPS can be observed (91). In order to provide an image, appropriate fluorescent 
dyes for EPS and bacteria are necessary. The staining procedure, however, causes two major 
limitations of CLSM imaging: a. A thick biofilm cannot be imaged due to the insufficient 
penetration of dyes and b. The biofilm cannot be reused for other studies after CLSM 
imaging because staining procedures cause irreversible harm to the bacteria.  

As a powerful and convenient imaging tool, CLSM can be combined with for example, 
3D-finite element analysis which can be constructed based on stacks of CLSM images (92). 
With the help of computer modeling, the signal pixels can be connected to each other to 
form a net structure, and subsequently a 3D biofilm model can be reconstructed from a 
series of 2D signals. The distribution and structure of EPS can be studied with fluorescence 
lectin-binding analysis (FLBA) (93, 94). FLBA is a non-destructive and in situ EPS analysis 
method since the chemical dyes used in CLSM imaging are replaced by fluorescence labeled 
lectin which has negligible influence on properties and functions of biofilms.  

Biofilm structure can also be analyzed by optical coherence tomography (OCT) which is 
a completely non-destructive in situ technique (95).  
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1.6.2 Composition of Biofilms 

Fourier transform infrared spectroscopy (FTIR) and Raman spectroscopy amongst other 
methods, allow determination of the chemical composition of biofilms grown on internal 
reflection elements e.g. a germanium crystal placed in a flow chamber. Both techniques 
provide spectra showing the quantitative prevalence of specific molecular groups in a 
hydrated biofilm in a non-destructive way (96–98). Extracellular substances such as 
polysaccharides, proteins, DNA and water, can be identified from the peaks in FTIR or Raman 
spectra, based on their specific peak wavenumber. Peak areas provide quantitative 
information on the amount of each extracellular substance. Spectra acquired at different 
stages of biofilm formation can be illustrated in a stack mode to show the variation of 
biofilm chemical composition during biofilm development.  

Raman spectroscopy gives more or less similar information about biofilms as FTIR. 
Compared to FTIR spectroscopy however, Raman spectroscopy has several advantages: a. a 
weaker signal of water and CO2, b. wider spectral range especially for wavenumbers below 
400 cm-1 and c. stronger signal for symmetric bonds (e.g. -S-S-, -C-S-, -C≡C-) (99–101).   

 
 

1.6.3 Viscoelastic Properties of Biofilms 

Viscoelastic properties of biofilms can be determined under shear, tensile or 
compressive conditions. Low load compression testing (LLCT) is one of the methods to 
determine stress relaxation after compression (88). Stress relaxation of biofilms can be 
modeled using three Maxwell elements representing the flow of water, more viscous EPS 
and bacteria repositioning in a deformed biofilm. Bacterial repositioning is more prominent 
in “fluffed up” biofilms than in more condensed ones. The main advantages of stress 
relaxation to determine biofilm structure and composition are that a. it yields quantitative 
data and b. the plunger applied e.g. in LLCT, covers an area of several square millimeters, 
while microscopic imaging can cover only a small fraction of this, often user-selected. A 
cone/plate rheometer is another method to determine the viscoelastic properties of a 
biofilm. It basically consists of a rotatable cone on top and a fixed plate at the bottom, with 
viscoelastic samples, e.g. biofilms in the middle. The cone can be set into a rotating or 
oscillating mode while sensors at the bottom plate measure the viscous or elastic property 
of the samples, respectively. However, when using rheological methods, biofilms are 
regarded as homogeneous, soft materials, and output parameters represent average values 
of the biomass as a whole (102). Information on possible micro-scaled structural 
heterogeneities in a biofilm are neglected. To address this drawback, Hohne et al. (103) 
developed a flexible microfluidic device in order to study the micro-scaled elastic moduli and 
the stress relaxation of specified parts in a biofilm. Biofilm grown on a silicon wafer were 
covered with a thin poly(dimethyl siloxane) film and deformation of the poly(dimethyl 
siloxane) film was induced with a controlled air pressure. The strain and stress relaxation 
time of biofilms were evaluated based on the deformation of the poly(dimethyl siloxane) 
film.  
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1.6.4 Lubricating Properties of Biofilms with and without EPS 

Biofilm tribology is still in its infancy (104, 105). Coefficients of friction of biofilms can 
be measured by using a sliding wear tester. In a sliding wear test, a fixed stainless steel roller 
with a typical diameter of 4 mm is slided over a biofilm and the friction force generated is 
detected by a sensor connected to the roller-holder. On a more microscopic level, colloidal-
probe AFM can be applied and such COF measurements are based on the torsion of the 
cantilever upon the friction between a biofilm and a silica ball, with a typical diameter of 30 
µm. Often however, macroscopic and microscopic friction measurements of the COF of 
biofilms yield different results in terms of standard deviations and values found, as shown in 
Figure 3. The larger standard deviations observed with AFM are due to the microscopic 
nature of this technique, which is highly sensitive to small heterogeneities of both biofilms 
and the underlying surface, in contrast to the sliding wear tester which measures over a 
much larger surface area. The EPS producing strain (S. aureus ATCC 12600) shows in both 
cases the lowest coefficient of friction compared to the non-EPS producing strain (S. aureus 
5298). 

 

 
 
Figure 3. Coefficients of friction of staphylococcal biofilms on polyethylene of a EPS producing (S. 
aureus ATCC 12600) and non-EPS producing staphylococcal strain (S. aureus 5298), measured by 
a macroscopic sliding wear tester and microscopic AFM.  
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1.7 CONCLUSION 

In this chapter, we reviewed the main steps in biofilm formation, starting from bacterial 
adhesion to surfaces. Upon initial adhesion of bacteria to a surface, the forces between a 
bacterium and the surface play an essential role in inducing nanoscale deformation of the 
bacterial cell wall including the lipid membrane. Membrane deformation eventually allows 
communication between an adhering bacterium and its external environment, making it 
aware of its adhering state. One of the main bacterial responses to surface sensing, and 
hallmark of the transition between planktonic and sessile phenotypes, is the production of 
EPS that form the biofilm matrix. The importance of EPS is ubiquitously present throughout 
the entire process of biofilm development, from facilitating initial bacterial adhesion to 
maintaining biofilm structural integrity during growth and offering “back up” resources in 
case of nutrient depletion during biofilm aging. During the entire biofilm life cycle, EPS 
protects the biofilm against chemical attacks such as from antibiotic treatment and through 
its viscoelastic properties, against mechanical external attacks.  
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AIM OF THE THESIS 

A biofilm is not just an accumulation of bacterial cells but instead forms a 
community inside a matrix with EPS and water surrounding the bacteria for 
regulation of function and environmental stress protection. EPS and water are 
the main components of the biofilm matrix. 
Therefore, the aim of this thesis is  to study the fundamental mechanisms of  
biofilm resistance to physical stress and the role of EPS and water. To this end,  
both microscopic and spectroscopic methods were applied on biofilms of 
different bacterial strains in order to study the distribution, structure and 
function of EPS and water in a biofilm under various environmental stress 
conditions.  
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ABSTRACT 

Water-based lubrication provides cheap and environmentally friendly 
lubrication and although hydrophilic surfaces are preferred in water-based 
lubrication, often lubricating surfaces do not retain water-molecules during 
shear. We here show that hydrophilic (42 degrees water-contact-angle) quartz-
surfaces facil itate water-based lubrication equally as more hydrophobic Si-
crystal surfaces (61 degrees), while lubrication by hydrophilic Ge-crystal  
surfaces (44 degrees) is best. Thus surface-hydrophilicity is not sufficient for 
water-based lubrication. Surface-thermodynamic analyses demonstrated that  
all  surfaces, regardless of their  water-based lubrication, were predominantly 
electron-donating, implying water-binding with their hydrogen groups. XPS 
showed that Ge-crystal surfaces providing optimal lubrication, were comprised 
of a mixture of –O and =O functionalities, while Si-crystal and quartz surfaces 
solely possessed –O functionalities. Comparison of infrared absorption-bands  
of the crystals in water indicated less bound water layers on hydrophilic Ge- 
than on hydrophobic Si-crystal surfaces, while absorption-bands for free water 
on the Ge-crystal  surface indicated a much more pronounced presence of 
structured,  free water clusters near the Ge-crystal than near Si-crystal surfaces.  
Accordingly, we conclude that the presence of structured,  free water clusters is  
essential for water-based lubrication.  Prevalence of structured water clusters  
can be regulated by adjusting the ratio between surface electron-donating and 
electron-accepting groups and between –O and =O functionalities.  
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2.1 INTRODUCTION 

Water-based lubrication strategies offer a relatively cheap and environmentally friendly 
way of lubrication (1–3) and have been extensively considered (4–7) for use in technological 
and biomedical applications (5, 7, 8). Water molecules however, are much more difficult to 
retain on lubricating surfaces than hydrocarbon-based lubricating molecules (9) which has 
hitherto impeded water-based lubrication from general application.   

In hydrocarbon-based lubricated machineries, contact pressures can range up to 1000 
MPa (10) and accordingly, in order to facilitate water-based lubrication, lubricating surfaces 
have been modified in various ways to more strongly attract and retain water molecules 
during lubrication. Polymer brushes (7, 11) or ion-modified surfaces (12) are known to retain 
high numbers of water molecules that are difficult to remove during shear and can 
withstand contact pressures up to 7.5 MPa (7). In water-based lubrication, water molecules 
act as nano-ball-bearings to lower friction. Similar hydration shells can also form around 
hydrophilic functional groups in surfactants (5) or liposomes (6) to facilitate lubrication. 
Lubricating properties of water have been mostly studied on hydrophilic surfaces, as these 
are generally considered to more strongly attract water molecules and facilitate lubrication 
than hydrophobic surfaces. Yet, surface hydrophilicity solely expresses the degree of 
spreading of a water droplet on a surface, but it does not indicate the degree to which water 
molecules are free or bound to a surface and when bound, whether bound with their 
electron-donating, oxygen groups or with their two electron-accepting, hydrogen groups. 
Differences in the degree of binding of water to lubricating surfaces and the structure of 
bound water may have an influence on lubrication, but have not yet been studied in any 
depth during lubrication, by lack of appropriate instrumentation to that end. 

 The Tribochemist is a combination of a tribometer and a Fourier transform infrared 
spectrometer (FTIR). The instrument is based on a standard pin-on-plate tribometer (13), in 
which the plate has been replaced by an Attenuated Total Reflection (ATR) crystal, such as 
made of Ge (Germanium) or Si (Silicon). This set-up enables to obtain real-time and in situ 
ATR-FTIR spectra and friction data simultaneously in order to monitor changes in structure 
and composition of lubricating films under tribological conditions (14, 15).  

The aim of this paper is to monitor the structuring of water on and near smooth Ge- 
and Si-ATR-crystals under lubricating conditions using the Tribochemist and relate the 
amount of bound and free water and their structuring with the surface properties of the 
lubricating surfaces. 

 
 

3.2 MATERIALS AND METHODS 

2.2.1 Materials 

The Ge- and Si-ATR-crystals (72 × 10 × 6 mm, angle of incidence 45 degrees) and quartz 
slides (76 × 25 × 1.5 mm) were commercially obtained from Pike Technology, Wisconsin, USA 
and Lowers Hapert Glastechniek, Hapert, The Netherlands, respectively. All surfaces were 



STRUCTURED FREE-WATER CLUSTERS NEAR LUBRICATING SURFACES ARE ESSENTIAL IN WATER-BASED LUBRICATION 

 28 

cleaned in ultrapure water and isopropanol with a cotton stick and air-dried at room 
temperature, overnight before the experiments. 

Deionized water used in this study was purified by Sartorius arium 611 DI water 
purification system (Sartorius AG, Goettingen, Germany), yielding ultra-pure water with pH 
6.9, resistivity at 17.8-18.1 MΩ × cm and the total organic content was less than 4 ppb. 

 
 

2.2.2 Surface Characterization 

The arithmetic averages with standard deviations of the surface roughness Ra of the 
different surfaces were measured in triplicate using white light profilometer (SCANTRON 
Proscan 2000, Monarch Centre, Taunton, England). The range, axial resolution and lateral 
resolution of the profilometer settings were 0.3 mm, 0.1 µm and 4 µm, respectively. An area 
of 2 mm x 0.1 mm (step length X-axis 0.008 mm and Y-axis 0.001 mm) at the center of each 
crystal surface was scanned at a 300 Hz scan rate.  

Contact angles with different liquids were measured on cleaned Ge- and Si-crystal and 
quartz surfaces with water, formamide, α-bromonaphthalene and methyleneiodine. The 
contact angles were recorded by a fixed camera about 5 s after placing an 0.5 µl liquid 
droplet on a surface. The droplet contours were detected by grey-value thresholding and 
contact angles were calculated from the digitized contours using home-made software. 
Contact angles on each surface were converted to a 

Lifshitz-Van der Waals (γLW) and acid-base (γAB) surface free energy component, while 
the acid-base components were split up into an electron-donating (γ-) and an electron-
accepting (γ+) parameter (16)  according to 

 

(1) 
 
where γLW is the Lifshitz-Van der Waals surface free energy component and γ- and  γ+ 

are the surface free energy parameters, respectively of the four liquids applied or the 
material surface (see subscripts). The total surface free energy is denoted as γ, while θ 
represents the contact angles. Note that we have chosen to use two a-polar liquids (α-
bromonaphthalene and methyleneiodine) in order to more reliably determine the Lifshitz-
Van der Waals component from the average value provided by both a-polar liquids.   
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The thickness of the oxide layer on Ge- and Si-crystal surfaces was determined using an 
ELX-02C ellipsometer (DRE-Dr. Riss Ellipsometerbau GmbH, Ratzeburg, Germany), equipped 
with a HeNe laser source (λ = 632.8 nm). Measurements were taken at an angle of incidence 
of 70 degrees. The thickness of the oxide layer was calculated using the refractive indices of 
the crystals and their oxide layers. For bare Ge and Si the refractive indices used were 4.06 
and 3.44 respectively, whereas for the oxide layer on the Ge- and Si-crystals the respective 
refractive indices were 1.58 and 1.46. The measurements were averaged from 10 point 
measurements on each sample.  

 In order to determine the type of oxygen-functionality present in the oxide layer on 
the Ge- and Si-crystal and quartz surfaces, samples were placed in an X-ray photoelectron 
spectroscopy (XPS, S-probe, Surface Science Instruments, Mountain View, CA, USA), 
operated at a  vacuum 10-9 Pa. The X-ray (10 kV, 22 mA) beam was produced using an 
aluminum anode and had a spot size of 250 × 1,000 μm. The wide-scan spectrum in the 
binding energy range of 1-1300 eV was measured at a resolution of 150 eV, after which 
narrow scans were made of the O1s binding energy peak in the range of 520-540 eV at a 
resolution of 50 eV. Next, the O1s peak was decomposed in two components with a full 
width at half maximum set at 1.75 eV due to oxygen involved in =O (O531.5 eV) and –O (O532.5 eV) 
functionalities (17), resulting peak fractions were multiplied by the at% O measured in the 
wide-scan to obtain the at% O531.5 eV  and at% O532.5 eV. 

 
 

2.2.3 Tribochemistry of Water Molecules 

The Tribochemist is a novel in situ technique that provides information on the dynamics 
of adsorbed layers during friction (14). The Tribochemist is an integrated device comprised 
of an ATR-FTIR spectrometer (Cary 600 series FTIR Spectrometer, Agilent Technologies, 
Santa Clara, USA) and a tribometer (Sliding wear tester TR-17, Ducom Instruments Pvt. Ltd., 
Bangalore, India). The FTIR spectrometer is used for acquiring IR spectra of the surface layer 
and the tribometer measures the coefficient of friction (see figure 1).  

In the tribometer, a linear motion drive using a stepper motor (VEXTA Oriental Motor, 
model PK56W, Oriental Motor Pvt. Ltd., Bangalore, India) enables a reciprocating sliding of 
the PDMS pin (semi-hemispherical geometry, radius of 3 mm) that is loaded on the ATR 
crystal. A bi-directional load cell (Anyload model 108AA, Anyload Transducer Co. Ltd., 
Burnaby, B.C., Canada) with a maximum load capacity of 5 N is used to measure the friction 
force Ff. The resolution of the load cell is 0.03% of the maximum load, i.e. 1.5 mN. For the 
current experiments, stroke length was set to 45 mm, sliding speed 1 mm s-1, load 450 mN 
and duration was 10 min, as adjusted using the Winducom 2010 (Ducom Instruments Pvt. 
Ltd., Bangalore, India) software developed using the LabVIEW platform (National 
Instruments Corporation, Texas, USA). The friction force data acquisition rate was fixed at 2 
kHz. The coefficient of friction µ was subsequently calculated by using 

 

𝜇 =
𝐹$
𝐹%

 

(2) 
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in which Fn is the normal load.  
 FTIR spectra were collected within the wave number range of 400 to 4500 cm-1 at a 

resolution of 4 cm-1, with one spectrum being averaged from 12 interferograms. 
Backgrounds were taken of dry Ge- and Si-crystal (PIKE Technologies, Wisconsin, USA) 
before the addition of water. One ml water was added on the crystal surface and an IR 
spectrum was taken prior to applying tribological conditions (control). Then IR spectra were 
taken during and immediately after the friction measurements. The IR laser was kept on 
during the entire measurement. An IR spectrum was also collected on a water sample on the 
same ATR crystal after 10 min IR irradiation in absence of shear, serving as a control 
spectrum.  Decomposition and fitting of the absorption bands in IR spectra were done using 
Origin Pro 9.0 program (Origin Lab Corporation, Massachusetts, USA). 

 

 
 
Figure 1. Schematics of the Tribochemist. 
 
 

3.3 RESULTS 

2.3.1 Physico-Chemical Surface Characteristics and Coefficients of 
Friction 

Coefficients of friction were compared on Ge- and Si-crystals as well as on a quartz 
surface, although the latter could not be used in ATR-FTIR. First, the arithmetic average 
roughness of the surfaces was measured using profilometry and found similar on Ge- and Si-
crystal and quartz surfaces (0.13 ± 0.02 µm, 0.12 ± 0.01 µm and 0.13 ± 0.01 µm for Ge- and 
Si-crystal and quartz surfaces, respectively). This ensures that possible differences in 
coefficients of friction are not due to differences in surface roughness.  
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Figure 2 shows the coefficients of friction for repetitive strokes on all three surfaces and 
their corresponding average Root Mean Squared (RMS) values. The coefficient of friction on 
a Ge-crystal surface is approximately three times lower (significant at p < 0.01; Student t-test) 
than on a Si-crystal or quartz surface which have similar coefficients of friction. 

 

 
 
Figure 2. Tribochemically measured coefficients of friction.  
A. Coefficients of friction measured with a polydimethyl siloxane (PDMS) pin as a function of time 
during repetitive strokes over Ge- and Si-crystal and quartz surfaces, while being immersed in 
water. 
B. Average Root Mean Squared (RMS) coefficients of friction measured with a PDMS pin for Ge- 
and Si-crystal and quartz surfaces, while being immersed in water. Error bars indicate the 
standard deviations over triplicate experiments with different samples.  
 
 

Next, we set out to relate the surface hydrophobicity/hydrophilicity by water contact 
angles of the three surfaces (see Table 1) with their coefficients of friction. The Ge- and 
quartz surfaces were hydrophilic with similarly low water contact angles of 44 ± 2 degrees 
and 42 ± 3 degrees respectively, while the Si-crystal surface was most hydrophobic with a 
water contact angle of 61 ± 3 degrees. By comparison with figure 2, water films on more 
hydrophilic surfaces (i.e. Ge-crystal and quartz surfaces) need not necessarily provide better 
lubrication than hydrophobic surfaces, i.e. the Si-crystal surface. However, according to 
surface thermodynamics, hydrophobicity/hydrophilicity is not uniquely determined by the 
water contact angle. Therefore, contact angles were also measured with formamide, 
possessing a different ratio of electron-donating and electron-accepting groups than water 
and two completely a-polar liquids (17, 18). The measured contact angles were subsequently 
converted into surface free energy components and parameters using the Lifshitz-Van der 
Waals/acid-base approach (17, 18) (see also Table 1). Interestingly, like the coefficients of 
friction, the ratio between electron-donating and electron-accepting groups on a Si-crystal 
surface (17.5) was virtually identical to the one on a quartz surface (21.9), while this ratio 
was significantly higher on a Ge-crystal surface (40.5), possessing a three-fold lower 
coefficient of friction than the other two surfaces. Since all surfaces have a much higher 
electron-donating parameter than their electron-accepting one, water molecules must be 
predominantly bound with their hydrogen groups facing the surface. However, the degree to 
which water molecules are bound with their hydrogen groups to the Ge-crystal will be much 
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higher than for Si-crystal and quartz surfaces Therefore it can be concluded that water is 
differently structured on a Ge-crystal surface than on Si-crystal and quartz surfaces.  

These differences in structure of bound water were further related to the chemical 
composition of the different surfaces. The quartz surface possesses bulk-oxygen groups by 
nature, while both Ge- and Si-crystals possess spontaneously formed oxide-skins, that were 
found, using ellipsometry, to be almost three times thinner on a Ge-crystal surface (0.30 nm) 
than on the Si-crystal (0.86 nm). 
 
 
Table 1. Contact angles of liquids on the different surfaces employed in this study, together with 
their surface free energy components and parameters, calculated according to the Lifshitz-Van 
der Waals/acid-base approach (18), together with at% O531.5 eV (indicative of =O functionalities 
(19)) and at% O532.5 eV (indicative of –O functionalities (16, 19, 20) derived from decomposition of 
the O1s electron binding energy peak in XPS. ± Signs denote standard deviation over triplicate 
experiments. 

 

 Germanium Silicon Quartz 

CONTACT ANGLES (degrees) 

Water 44 ± 2 61 ±3 42 ± 3 

Formamide 30 ± 2 44 ± 2 33 ± 3 

Methyleneiodine 37 ± 4 50 ± 2 56 ± 5 

α-bromonaphthalene 24 ± 2 37 ± 3 35 ± 2 

SURFACE FREE ENERGY COMPONENTS AND PARAMETERS (mJ m-2) 

γ (mJ m-2) 50.8 ± 1.2 43.7 ± 1.1 49.1 ± 1.3 

γLW (mJ m-2) 40.9 ± 0.9 35.2 ± 0.5 33.9 ± 2.0 

γAB (mJ m-2) 9.9 ± 0.4 8.6 ± 1.0 15.2 ± 1.4 

γ- (mJ m-2) 31.6 ± 0.6 17.4 ± 3.1 34.3 ± 5.4 

γ+ (mJ m-2) 0.8 ± 0.1 1.1 ± 0.3 1.8 ± 0.5 

γ-/ γ+ 40.5 ± 2.5 17.5 ± 7.2 21.9 ± 7.7 

OXYGEN COMPONENTS BY XPS 

at% O 25 ± 3 34 ± 1 50 ± 2 

at% O531.5 eV 18 ± 2 0 ± 0 1 ± 1 

at% O532.5 eV 7 ± 1 34 ± 1 49 ± 1 

 
 

The composition of the outermost oxide layer differed considerably among the three 
surfaces (see also Table 1) and decomposition of the O1s electron binding energy peak in XPS 
(see figure 3 for an example of differently shaped O1s electron binding energy peaks) 
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demonstrated that the oxide layer on a Ge-crystal is composed of a mixture of =O and -O 
functionalities, while on a Si-crystal and quartz surface solely -O was found (see figure 1S in 
Supplementary Materials for spectra of the Ge- and Si-electron binding energy peaks). 
Comparison of the ratio γ-/ γ+ and the occurrence of =O (Table 1) show that electron-
donating groups on the Ge-crystal surface are due to =O functionalities (19), while Si-crystal 
and quartz surfaces are comprised solely of –O functionalities. Accordingly Ge-crystal 
surfaces are composed of a mixture of GeO and GeO2 (20), while Si-crystal surfaces possess 
only SiO2 (21). 
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Figure 3.  O1s electron binding energy peaks, decomposed into two components at 531.5 and 
532.5 eV due to =O and –O functionalities (19), respectively. 
A. O1s electron binding energy peak for a Ge-crystal surface. 
B. Same as panel A, now for a Si-crystal surface. 
C. Same as panel A, now for a quartz surface. 
 
 

2.3.2 Bound Water Films and Free Water 

FTIR-ATR absorption spectra for Ge- and Si-crystal surfaces in water showed absorption 
bands between 2500 and 4000 cm-1 indicative of stretching of the O-H bond in water 
molecules (note that no spectra could be taken on quartz surfaces). For Ge- and Si-crystal 
surfaces, the band could be decomposed in two characteristic absorption bands, identified 
through the second derivatives of their IR-spectra (see figure 2S in Supplementary material), 
representative of bound and free water, as shown in figures 4A and 4B respectively, 
revealing the wave number for bound water at 3309 cm-1 (Ge) and 3306 cm-1 (Si) and the 
wave number for free water at 3472 cm-1 (Ge) and 3488 cm-1 (Si). The bound water band is 
at a lower wave number than the free water band, because bonding with two hydrogen 
groups of a single water molecule to the crystal surfaces limits the vibrational freedom of 
the water O-H groups leading to a lower wave number of the band. Accordingly, the data 
suggest (figure 4C) that water is slightly less strongly bound to the Ge-crystal surface than to 
the Si-crystal surface. In addition, as can be concluded from a comparison of the absorption 
band areas, less water molecules bind to the Ge- than to the Si-crystal surface. Since the 
ratio γ-/ γ+ is far above unity in case of Ge- and Si-crystal surfaces, this implies that on both 
crystal surfaces water will bind with its electron-accepting hydrogen groups. Due to the 
possession of a mixture of =O and –O functionalities on more hydrophilic Ge-crystal surfaces, 
water will bind less strongly and with structuring extending over thinner layers than on more 
hydrophobic Si-crystal surfaces with only –O functionalities. Structuring of water is indeed 
suggested (22) to extend over 10 to 20 fold higher distances up to 13 nm on more 
hydrophobic surfaces than on more hydrophilic ones.   

Both for the Ge-crystal as well as for the Si-crystal, the evanescent IR-wave penetrates 
about 500 nm into the adjacent fluid (23) which exceeds the maximum distance reported for 
the structuring of water on surfaces, regardless of their hydrophobicity (22). Hence, 
influences of the crystal surface properties will be reflected in the IR absorption bands 
representative of free water. Opposite to what was found for bound water, the absorption 
band for free water on the Ge-crystal surface is located at a much lower wave number than 
on the Si-crystal surface (figure 4D). This is likely due to the development of free but 
internally-bound, structured water clusters in the close vicinity of the Ge-crystal surface, 
while surface-induced structuring of bound-water extends much further into the bulk fluid 
on Si-crystal surfaces.  However, the absorption band areas for free water are approximately 
similar on both crystal surfaces, which is basically as expected since the amount of free 
water probed by FTIR is in the micron-range. 
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Figure 4. Distinction between bound and free water on Ge- and Si-crystal surfaces using ATR-FTIR.  
A. FTIR-ATR spectrum in the wave number region between 2500 and 4000 cm-1 indicative of 
water on a Ge-crystal surface, decomposed into absorption bands due to bound and free water. 
B. Same as panel A, now for a Si-crystal. 
C. Wave number and absorption band area for bound water on Ge- and Si-crystal surfaces. Error 
bars indicate standard deviations over triplicate experiments with different samples.  
D. Same as panel C, now for free water. 
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2.3.3 Behavior of Bound Water Films and Free Water under Lubricating 
Conditions 

In order to examine whether the degree of structuring of bound and free water was 
impacted by lubricating conditions, FTIR-ATR absorption spectra were collected in the 
Tribochemist prior to, during and immediate after lubrication (see figure 5). 

Lubricating conditions have no impact at all on IR absorption characteristics of free 
water on neither surface (figures 4C and D), but tend to loosen water-binding on Ge- and Si-
crystal surfaces (IR absorption bands shift to slightly higher wave numbers, see figure 5A), 
without any impact on the amount of bound-water probed (figure 5B). 
 

 
 
Figure 5. Behavior of bound water films and free water on Ge- and Si-crystal surfaces under 
lubricating conditions. 
A. Wave number shift for bound water on Ge- and Si-crystal surfaces prior to, during and 
immediately after 10 min of mechanical shear. “Control” refers to data obtained on a sample in 
absence of mechanical shear, but after 10 min IR radiation. Error bars indicate standard 
deviations over triplicate tribochemical experiments with different fresh water samples.  
B. Absorption band areas for bound water, under the same conditions as in panel A. 
C. Wave number shift for free water on Ge- and Si-crystal surfaces prior to, during and 
immediately after 10 min of mechanical shear. “Control” refers to data obtained on a sample in 
absence of mechanical shear, but after 10 min IR radiation. Error bars indicate standard 
deviations over triplicate tribochemical experiments with different fresh water samples. 
D. Absorption band areas for free water, under the same conditions as in panel B. 
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3.4 DISCUSSION 

In this paper, we reveal that hydrophilicity is not a sufficient condition of surfaces to 
allow water-based lubrication, since hydrophobic Si-crystal surfaces with a high (61 degrees) 
water contact angle had a similarly high coefficient of friction than a much more hydrophilic 
quartz surface (water contact angle 42 degrees). Alternatively, a Ge-crystal surface with a 
similarly low water contact angle of 44 degrees as a quartz surface, provided much better 
lubrication. Further surface thermodynamic analyses demonstrated that only a hydrophilic 
(Ge-crystal surface) with a high ratio of electron-donating over electron-accepting groups 
yield a bound-water structure that provides low friction, as compared to  a more 
hydrophobic Si-crystal  surface with a lower ratio of electron-donating over electron-
accepting groups. Moreover, Ge-crystal surfaces were comprised of a mixture of –O and =O 
functionalities, while Si-crystal and quartz surfaces solely possessed –O functionalities, 
causative to lower electron-donating surface free energy parameters of the surface to be 
lubricated (19). Comparison of FTIR-ATR absorption bands of the crystals in water indicated 
that water bound less strongly and in lower amounts to hydrophilic Ge- than to hydrophobic 
Si-crystal surfaces, on which water structures over 10 to 20 fold longer distances than on Ge-
crystal surfaces. Oppositely, absorption bands for free water on the Ge-crystal surface were 
located at a lower wave number and indicated a more pronounced presence of structured 
water clusters near the Ge-crystal surfaces than near Si-crystal surfaces. 

In figure 6 we provide a translation of the above in a schematic fashion for two 
hypothetical surfaces consisting solely of =O functionalities, like Ge-crystal surfaces, or -O 
ones, like Si-crystal surfaces. The models depicted in figure 6 put major emphasis on the 
development of structured, internally-bound free water clusters, as evidenced by the IR 
absorption wave numbers of free water (figure 4D). Note that theoretically, free water has a 
higher absorption band wave number than bound water, but in the water clusters envisaged 
in figure 6, water molecules are only bound to each other with one hydrogen group, which is 
different than surface-bound water being bound with two hydrogen groups in one water 
molecule. This much more strongly impedes O-H vibration than in the internally bound 
water clusters shown in figure 6 (23). Clearly, more extensive, structured and internally-
bound free water clusters in close vicinity of the surface to be lubricated, act as nano-ball-
bearings facilitating lubrication  

Our friction coefficients were measured with a PDMS pin. PDMS is a highly hydrophobic 
material. In tribopairs comprising hydrophilic-hydrophilic, hydrophobic-hydrophilic and 
hydrophobic-hydrophobic pairs (24), it was found that friction was least when a hydrophobic 
surface slid over a hydrophilic one. PDMS has a zero electron-donating and electron-
accepting surface free energy parameters (25, 26) and hence our conclusions regarding the 
role of structured water as related to the surface to be lubricated are not influenced by the 
pin as it does not facilitate structuring of water molecules. Importantly, IR absorption 
characteristics of free water are not affected by lubricating conditions, while IR 
characteristics of bound water are only marginally affected. 
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Figure 6. Proposed model of the structuring of bound water films and free water on and near 
surfaces with different ratios of electron-donating and electron accepting parameters. 
A. Water molecules bound in a film on a surface with only =O functionalities form a relatively 
thin layer that is strongly hydrophilic and has extensive structured, internally-bound free water 
clusters in its close vicinity of the surface to be lubricated, acting as nano-ball-bearings 
facilitating lubrication. 
B. Water molecules bound in a film on a surface with only -O functionalities form a relatively 
thick layer that is strongly hydrophobic and only has structured, internally-bound free water 
clusters away from the surface to be lubricated. 
 
 

3.5 CONCLUSION 

Water-based lubrication offers a relatively cheap and environmentally friendly way of 
lubrication, but water-molecules are much more difficult to retain on lubricating surfaces 
than hydrocarbon-based lubricating molecules, impeding general application of water-based 
lubrication. Although hydrophilic surfaces are generally considered to better retain water-
molecules than hydrophobic surfaces, the results of this study show that the presence of 
structured, free water clusters acting as nano-ball-bearings are essential for water-based 
lubrication. Prevalence of structured water clusters can be regulated by adjusting the ratio 
between surface electron-donating and electron-accepting groups and between –O and =O 
functionalities. We believe that the existence of water clusters acting as nano-ball bearings 
would unite all our experimental data, although other possible explanations might exist. 
Furthermore, though demonstrated for quartz, Ge- and Si-crystal surfaces, we believe that 
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the conclusions of this study can be extrapolated to other materials, based on a 
characterization of their electron-donating and electron-accepting groups. 
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ABSTRACT 

The viscoelasticity of a biofilm’s extracellular polymeric substance (EPS) matrix 
conveys protection against mechanical challenges, but adaptive responses of  
biofilm inhabitants to produce EPS are not well known. Here, we compare the  
response of a biofilm of an EPS producing (ATCC 12600) and non-EPS producing 
(5298) Staphylococcus aureus  strain to fluid shear and mechanical challenge. 
Confocal Laser Scanning Microscopy confirmed absence of calcofluorwhite-
stainable EPS in biofilms of S.  aureus  5298. ATR-FTIR spectroscopy combined 
with tribometry indicated that the polysaccharide production per bacterium in 
the initial adhering layer was higher during growth at high shear than at low 
shear and this increased EPS production extended to entire biofilms, as 
indicated by tribometrically measured coefficients of friction (CoF). CoFs of  
biofilms grown under high fluid shear were higher than when grown under low 
shear, l ikely due to wash-off  of polysaccharides. Measurement of a biofilm’s 
CoF implies application of mechanical pressure that yielded an immediate 
increase in polysaccharide band area of S. aureus  ATCC 12600 biofilms due to  
their compression that decreased after relieving pressure to the level observed 
prior to mechanical pressure. For biofilms grown under high shear, this 
coincided with a higher %whiteness in Optical Coherence Tomography images 
indicative of water outflow, returning back into the biofilm during stress 
relaxation. Biofilms grown under low shear however, were stimulated during 
tribometry to produce EPS, also after stress relieve. Knowledge of factors that  
govern EPS production and water flow in biofilms will  allow better control of 
biofilms under mechanical  challenge and understanding of the barrier 
properties of biofilms toward antimicrobial penetration.  
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3.1 INTRODUCTION 

Bacteria adhere to virtually all industrial and environmental surfaces, including surfaces 
in the human body. Once adhering, bacteria wrap themselves in a self-produced matrix of 
extracellular polymeric substances (EPS) (1), hampering penetration of antimicrobials. On 
surfaces in the human body, such as biomaterials implants and devices, the limited 
penetration of antibiotics into an established biofilm together with an immune system that 
is frustrated by its inability to remove the biomaterial, causes life-threatening biomaterial-
associated-infections in recipients of biomaterials implants and devices. The EPS matrix not 
only protects a biofilm against chemical attacks, but also yields protection against 
mechanical forces. The protection offered to biofilm inhabitants against mechanical 
challenges is largely due to the viscoelastic properties of the EPS matrix (2, 3), allowing 
relaxation from a deformed state to its original state after relieve of the mechanical 
challenge. Biofilms exposed to a flowing fluid such as blood can form streamers with 
viscoelastic responses under fluid shear on a short time scale, i.e. relaxing back to original 
dimensions within minutes after flow is arrested (4). In other types of biofilm, full relaxation 
of deformed biofilms to their original state is impossible or will take up to several hours, 
which makes it difficult to discriminate between relaxation and growth. 

Oral biofilm in the oral cavity for instance, deforms viscoelastically during powered 
brushing and when left behind after brushing, its structure has become more open and 
amenable to antimicrobial penetration both in vitro (5) and in vivo (6) for at least one to two 
hours. Accordingly, different relaxation processes occur simultaneously in a biofilm that each 
have their own characteristic time constants (7). Biofilms can consist for up to 97% of water 
(8) and redistribution of water through a biofilm after deformation is within seconds and 
obviously fastest due to its small molecular size and low viscosity, followed by redistribution 
of more viscous EPS. Also bacteria in a deformed biofilm seek energetically more favorable 
positions after deformation, but this process is extremely slow as demonstrated by time-
dependent fluorescent microscopy on deformed Pseudomonas aeruginosa biofilms (9). 

ATR-FTIR spectroscopy can be used to study mechanisms of bacterial adhesion to 
infrared transparent materials, such as Germanium. Studies on Caulobacter crescentus 
grown directly on Ge-crystals in ATR-FTIR suggested use of the amide II band around 1550 
cm-1 as a marker for biofilm mass (10). Diffuse reflectance IR on Pseudomonas atlantica 
biofilms grown on stainless steel associated carbohydrate bands around 1080 cm-1 with EPS 
and revealed that protein and carbohydrate concentrations in biofilms increased with the 
shear applied during growth (11). Planktonic bacteria in suspension do not produce EPS and 
EPS production is only initiated upon environmental stimuli, such as adhesion to a surface 
(12), exposure to antibiotics (13) or possibly fluid shear. Despite being seldom used to study 
bacterial adhesion, ATR-FTIR is an ideal technique to study the response of bacteria growing 
on Ge-crystal surfaces to environmental stimuli.  

The tribochemist is a newly available instrument combining a sliding wear tester that 
can be used to exert mechanical pressure on a surface and FTIR spectroscopy (see Figure 1). 
Experiments in the tribochemist can be carried out on Ge-crystals placed in a parallel plate 
flow chamber, while IR spectra can be measured as a function of time and during exertion of 
mechanical pressure. The instrument is ideally suited to study the dynamics of EPS matrix 
production and relaxation in biofilms under fluid shear as well as during and after 
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mechanical pressure. In addition, the tribochemist can quantify the coefficient of friction 
(CoF) between the slider and a biofilm covered surface. 

The aim of the current study is to compare the response of a biofilm of an EPS 
producing and non-EPS producing Staphylococcus aureus strain adhering to a Ge-crystal to 
increasing fluid shear or mechanical challenge using the tribochemist. Use of the 
tribochemist uniquely allows to determine the response of a biofilm to fluid shear and 
mechanical pressure on the production of the EPS matrix and the dynamics of its relaxation 
after mechanical pressure.  
 

 
 
Figure 1. Schematic presentation of the tribochemist and its possibilities for measuring the 
lubricity and molecular composition of biofilms grown on a Ge-crystal using a combination of a 
sliding wear tester and FTIR spectroscopy. 
 
 

3.2 MATERIALS AND METHODS 

3.2.1 Bacterial Strains and Culture Conditions 

S. aureus ATCC 12600 and S. aureus 5298 were cultured aerobically on tryptone soy 
broth (TSB; OXOID, Basingstoke, United Kingdom) agar plates at 37°C for 24 h. A single 
colony was inoculated in 10 ml TSB and grown for 8 h at 37°C. This pre-culture was used to 
inoculate a main culture of 200 ml TSB which was grown for 16 h under identical conditions. 
Bacteria were harvested by centrifugation (5000 g, 5 min, 10°C) and washed twice with 
sterile ultra-pure water (Sartorius arium 611 DI water purification system (Sartorius AG, 
Goettingen, Germany)) and re-suspended in 10 mM potassium phosphate buffer, pH 7.0. To 
break bacterial aggregates, the bacterial suspension was sonicated three times for 10 s at 30 
W while cooling in an ice/water bath (Vibra cell model 375, Sonics and Materials Inc., 



  Chapter Three 

 47 

Newtown, CT, USA). The bacteria were then suspended in buffer to a concentration of 1 × 
108 bacteria per ml as determined by using a Bürker-Türk counting chamber. 
 
 

3.2.2 Biofilm Growth 

Biofilms were grown on Ge ATR crystals (72 × 10 × 6 mm, angle of incidence 45 degrees, 
Pike Technology, Wisconsin, USA) in a parallel plate flow chamber (114 × 44 x 2.5 mm). 
Before each experiment, crystals were cleaned in ultra-pure water and iso-propanol with a 
cotton stick, sterilized in 70 % ethanol and air dried overnight at room temperature, while 
being covered with a sterile petri dish. After insertion of a crystal in the parallel plate flow 
chamber and closure of the chamber, an IR background spectrum of the bare crystal was 
collected (see below for details). Subsequently, the chamber was put on a heating plate and 
kept at 37°C during perfusion with a staphylococcal suspension (1 x 108 ml-1) for 2 h at a low 
(0.16 s-1, Reynolds number equals 0.13) or high (0.79 s-1, Reynolds number 0.63) shear rate 
to allow adhesion after which flow was switched to TSB growth medium and biofilm was 
grown at 37°C for 16 h under the same low or high shear. 

 
 

3.2.3 Tribochemistry 

The tribochemist (see also Figure 1) is a novel in situ technique that provides 
information on the dynamics of adsorbed layers during friction (33). The tribochemist is 
comprised of an ATR-FTIR spectrometer (Cary 600 series FTIR Spectrometer, Agilent 
Technologies, Santa Clara, USA) and a tribometer (Sliding wear tester TR-17, Ducom 
Instruments Pvt. Ltd., Bangalore, India). The FT-IR spectrometer is used for acquiring IR 
spectra of the surface layer, while the tribometer measures the CoF.  

Lubricity measurements. In the tribometer part, a linear motion drive obtained using a 
stepper motor (VEXTA Oriental Motor, model PK56W, Oriental Motor Pvt. Ltd., Bangalore, 
India) enables a reciprocating sliding of a PDMS ball (semi-hemispherical geometry, radius of 
3 mm) over the ATR crystal. A bi-directional load cell (Anyload model 108AA, Anyload 
Transducer Co. Ltd., Burnaby, B.C., Canada) with a maximum loading force of 5 N is used to 
measure the friction force Ff. The resolution of the load cell is 0.03% of the maximum load, 
i.e. 1.5 mN. For the current experiments, stroke length was set to 50 mm, sliding speed to 
0.5 mm s-1 and loading force was 450 mN. Only single strokes were made, as adjusted using 
the Winducom 2010 (Ducom Instruments Pvt. Ltd., Bangalore, India) software developed 
using the LabVIEW platform (National Instruments Corporation, Texas, USA). Friction forces 
were acquired at a rate of 2 kHz and converted to CoF according to 

 

𝐶𝑜𝐹 =
()
(*

          (1) 

 
in which Fn is the normal loading force. 
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Friction force measurements necessitated opening of the flow chamber but were 
always performed with biofilms fully immersed in ultra-pure water. IR spectra of the bare 
crystal were taken before biofilm formation and after biofilm formation, including during 
and after friction measurements. Spectra were taken over a wavenumber range from 400 to 
4500 cm-1 using a ATR-FTIR spectrometer at a resolution of 4 cm-1. All spectra represent 
averages from 12 interferograms. Decomposition and fitting of the absorption bands 
including the polysaccharide (950 – 1200 cm-1), phosphate (1150 – 1310 cm-1), amide II (1480 
– 1610 cm-1) and water stretching (2650 – 3800 cm-1) bands were done using Origin Pro 9.0 
program. The amide and water stretching band were both decomposed in two characteristic 
absorption bands (representative of amide I, amide II and bound, free water, respectively), 
identified through the second derivatives of their IR-spectra. Friction measurements were 
done in triplicate on separately grown biofilms. 

 
 

3.2.4 CLSM Imaging of Biofilms 

Biofilms grown on the Ge crystal were stained with 250 times diluted solution of 
live/dead BaclightTM bacterial viability kit (1:1 in volume, Molecular Probes, Breda, The 
Netherlands) at room temperature in the dark for 12 min, followed by a second staining of 
0.15 mM fluorescent brightener-28 (calcofluor white, SIGMA-ALDRICH CHEMIE GmbH, 
Steinheim, Germany) at room temperature in the dark for 3 min. Then the stained biofilms 
were observed under confocal laser scanning microscope (CLSM, Leica TCS SP2, Heidelberg, 
Germany) equipped with 40 x NA 0.80 water immersion objectives. Bacteria were excited by 
488 and 543 nm light and emitted at 495-535 nm (green color) for viable bacteria and 580-
700 nm (red color) for dead bacteria. EPS of each biofilm was excited by 405 nm light and 
emitted at 413-480 nm (blue color). Image stacks (1024 x 1024 resolution) of each biofilm 
were taken between top of the biofilm and the Ge crystal with a step length of 1.5 µm. A 
top-view projection was made for each biofilm from the image stacks and presented in 
Figure 2. The biovolume of live, dead and EPS in the biofilm was quantitated using the 
COMSTAT program (34). 

 
 

3.2.5 OCT Imaging of Biofilms and The Whiteness Analysis of Images 

Biofilms were grown on microscope glass slides (76 x 26 mm, Thermo scientific menzel, 
Landsmeer, the Netherlands) in a parallel plate flow chamber (175 x 17 x 0.75 mm). The 
slides were washed with 2% RBS under sonication and rinsed with demineralized water, 
followed by soaking in methanol and rinsing by demineralized water prior to use. The flow 
chamber with slides were autoclaved before biofilm growth. Then the bacterial adhesion 
and biofilm growth of S. aureus ATCC 12600 was kept at the same conditions as the biofilm 
growth on Ge crystal as stated above. After 16 h growth, biofilms were rinsed with 10 mM 
potassium phosphate buffer (pH 7.0). Then the flow chambers were opened and the slides 
were kept in the buffer for observation under OCT (Ganymade, Thorlabs Inc., Munich, 
Germany) with an axial resolution of 5.8 µm and a lateral resolution of 8 µm. A small piece of 
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microscope glass slide (15 x 7.5 mm, Thermo scientific menzel, Landsmeer, the Netherlands) 
served as a plunger to induce 33% deformation to each biofilm, as could be controlled by the 
OCT displacement system (see Supplemental Figure S1). Deformation was maintained, i.e. 
the glass plunger was held at its position for 300 s using a homemade position-controlled 
compression device (1 µm resolution in controlling moving distance). Subsequently, the 
small glass slide was raised to the position before compression and allowed the biofilm to 
relax freely. Biofilms were visualized by OCT B-scan images (cross-sectional tomography, 
5000 x 373 pixels). An OCT video was taken (0.402 s per scan) to record the first 30 s after 
compression or relaxation. The images from each scan in the video were separated and 
exported for the analyses. After the video recording, OCT B-scan snapshots were taken every 
30 s until 300 s of biofilm deformation or relaxation.  

The raw images with floating points of the pixels were normalized into a 0 - 255 range 
whiteness scale (black and white pixels are indicated as 0 and 255, respectively) (26, 27). 
Next, the 256 level whiteness scale in an image was reduced to a binary scale, indicating 
bacteria as white and aqueous regions as black. The threshold whiteness level was 
determined by Otsu method (35) by iterating through all possible threshold values and 
taking the minimal spread in pixel levels on each side of the threshold as the optimum 
threshold value. Then the biofilm part between the bottom plate and the auto-detected 
biofilm top edge (excluding the non-connected floating clusters above the biofilm) was 
sectioned for the calculation of average %whiteness within the biofilm, as based on the 
whiteness distribution. If a biofilm would be composed fully of bacteria, the %whiteness 
would be 100% (maximal “bacterial density”), while if the %whiteness decreases the biofilm 
contains more water. 

 
 

3.2.6 Statistics 

All experiments were performed in triplicate with separately prepared bacterial 
cultures. Significance of differences between experimental groups was analyzed using a 
Student t-test, accepting significance at P < 0.05. 

 
 

3.3 RESULTS 

Biofilms of non-EPS producing S. aureus 5298 or EPS producing S. aureus ATCC 12600 
were grown under low and high shear conditions on a Ge-crystal in the parallel plate flow 
chamber of a tribochemist and first examined for EPS production using CLSM after staining 
with calcofluor white and live/dead BaclightTM bacterial viability stain. All biofilms fully 
consisted of live bacteria (Table inset to Figure 2), while biofilms of S. aureus 5298 (Figure. 
2A and 2B) did not show any blue-fluorescent EPS, that was abundantly present in biofilms 
of S. aureus ATCC 12600 (Figure. 2C and 2D). COMSTAT analyses demonstrated five-fold 
more EPS production in S. aureus ATCC 12600 biofilms grown under high shear than under 
low shear (significant at P < 0.05). In addition, biofilms of the non-EPS producing 
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staphylococcal strain grew homogeneously distributed over the Ge-crystal surface, while the 
EPS producing strain grew more in clusters. 
 

 
 

Biovolume (µm3/µm2) 5298-LSR 5298-HSR 12600-LSR 12600-HSR 

Living bacteria 0.95 ± 0.45 0.36 ± 0.34 0.36 ± 0.10 0.17 ± 0.06 

Dead bacteria 0 ± 0 0 ± 0 0 ± 0 0 ± 0 

EPS 0 ± 0 0 ± 0 1.07* ± 0.54 5.01* ± 0.93 

 
Figure 2. CLSM images (top views and XZ cross sections) together with biovolumes (Table inset) 
of EPS and of live and dead bacteria in staphylococcal biofilms grown in the parallel plate flow 
chamber of the tribochemist under low and high shear and after staining with calcofluor white 
and live/dead BaclightTM bacterial viability stain. Live bacteria are green-fluorescent live and 
dead ones are red-fluorescent, while calcofluor white blue fluorescence of EPS. 
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A, B. Biofilms of non-EPS producing S. aureus 5298 under low (0.16 s-1; panel A) and high (0.79 s-1; 
panel B) shear,  
C, D. Biofilms of EPS producing S. aureus ATCC 12600 under low (panel C) and high (panel D) 
shear. 
Data in the Table inset are averages over two images ± standard deviations. *refer to significant 
differences at P < 0.05 between data obtained at low and high shear. Scale bars equal 50 µm. 
 
 

Next, biofilms were subjected to mechanical pressure by sliding a polydimethylsiloxane 
(PDMS) ball over the biofilm. The friction force experienced by the sliding ball is presented in 
Figure 3A for the bare Ge-crystal and biofilm covered crystals. Friction forces were 
significantly (P < 0.05) higher on the bare Ge-crystal surface than on the biofilm covered 
surfaces, while the EPS producing S. aureus ATCC 12600 yielded lower friction forces than 
non-EPS producing S. aureus 5298. When grown under low shear, CoFs of biofilms of the EPS 
producing S. aureus ATCC 12600 were significantly (P < 0.05) lower than of the non-EPS 
producing strain, but when grown under high shear both strains produced biofilms with a 
similar CoF (see Figure 3B). Considering the absence of EPS in S. aureus 5298 biofilms 
(compare Figure 2B), this must be due to different reasons for both strains. 
 

 
 
Figure 3.  Influence of fluid shear on the friction between S. aureus biofilms and a PDMS ball. 
Friction was measured on biofilms of non-EPS producing S. aureus 5298 (red lines and columns) 
and EPS producing S. aureus ATCC 12600 (black lines and columns) grown on Ge-crystal surfaces 
under low (0.16 s-1; LSR) and high (0.79 s-1; HSR) shear rates, as well as on a wetted, bare Ge-
crystal without biofilm (blue line and column).  
A. Friction forces as a function of time during a single shear stroke with a PDMS ball (sliding 
speed 0.5 mm s-1, loading force 0.45 N), 
B. Root mean square (RMS) values of the CoF, as averaged over a single stroke (see panel A). 
Data represent averages over triplicate experiments with separate bacterial cultures and with 
error bars indicating standard deviations. * refer to significant differences at P < 0.05. 
 
 

FTIR absorption spectra were taken prior to and during mechanical pressure. Figure 4 
shows an example of the IR absorption bands of polysaccharides (Figure 4A), phosphates 
(Figure 4B) and amides (Figure 4C) as well as of water stretching (Figure 4D) in a S. aureus 
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ATCC 12600 biofilm grown on a Ge-crystal surface under high shear (0.79 s-1) prior to and 
during mechanical shear. The amide absorption band (Figure 4C) was decomposed in amide I 
(around 1643 cm-1) and amide II (around  1549 cm-1) bands, but the amide I band was not 
used in the remainder of this study due to its overlap with the water bending band, also 
occurring around 1643 cm-1. The water stretching band (Figure 4D) was decomposed into 
two components for bound (around 3308 cm-1) and free (around 3469 cm-1) water (14, 15). 
 

 
 
Figure 4. Examples of the FTIR absorption bands in biofilms of EPS producing S. aureus ATCC 
12600 grown under high (0.79 s-1) fluid shear on a Ge-crystal surface prior to and during 
mechanical pressure (speed of the sliding PDMS ball 0.5 mm s-1, loading force 450 mN). 
A. Polysaccharide absorption band (950 – 1200 cm-1), 
B. Phosphate absorption band (1150 – 1310 cm-1),  
C. Amide absorption band (1480 – 1780 cm-1) with the band components at 1643 and 1549 cm-1 
indicating the amide I and amide II bands, respectively. Note that water bending also occurs at 
1643 cm-1 and interferes with the amide I band, 
D. Water stretching band (2650 – 3800 cm-1) with the band components at 3308 and 3469 cm-1, 
indicating bound and free water, respectively. 
 
 

Absorption band areas and wavenumbers of IR absorption band represent the amount 
and bond stiffness of the corresponding molecules, respectively and have been plotted in 
Figure 5 for the polysaccharide, phosphate and amide II absorption bands as a function of 
the CoFs measured. Neither the amount of polysaccharides (Figure 5A) nor the amount of 
phosphates (Figure 5B) related with the CoF of the biofilms, but biofilms containing more 
biomass, evidenced by the amide II absorption band area (11) had significantly (P < 0.05) 
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lower CoFs (Figure 5C). Whereas the amount of polysaccharides hardly affected the biofilm 
CoF, the bond stiffness of the polysaccharides, i.e. the wavenumber of their absorption band, 
decreased significantly (P < 0.05) with increasing CoF (see also Figure 5A). 
 

 
 
Figure 5. FTIR absorption band areas and wavenumbers of staphylococcal biofilms as a function 
of the RMS value of their CoFs during mechanical deformation for non-EPS producing S. aureus 
5298 and EPS producing S. aureus ATCC 12600, grown on Ge-crystal surfaces under low (0.16 s-1; 
LSR) and high (0.79 s-1; HSR) shear rates. 
A. Polysaccharides absorption band (around 1073 cm-1),  
B. Phosphate absorption band (around 1244 cm-1), 
C. Amide II absorption band (around 1549 cm-1).  
Results of triplicate experiments with separate bacterial cultures are indicated by different 
symbols of the same type. The solid lines represent the best fit to a linear function with R2 values 
indicated, while the dotted lines show the 95% confidence intervals. P values indicate significant 
differences of the slope from zero. 
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The ratio of the polysaccharide over the amide II absorption band areas for the EPS 
producing S. aureus ATCC 12600 is significantly higher (0.44 ± 0.05; P < 0.05) in biofilms 
grown under high shear than when grown under low shear (0.28 ± 0.03). Assuming that the 
amide II absorption band area represents the number of bacteria in the biofilms, this 
suggests that shear induces individual organisms to produce more EPS. 

 As water is an important transport medium in biofilms and a biolubricant, absorption 
band areas and wavenumbers for the water stretching band have been plotted in Figure 6 as 
a function of the CoFs measured. The water O-H stretching band between 2650 and 3800 
cm-1 can be decomposed into absorption bands for bound (around 3308 cm-1) and free 
(around 3469 cm-1) water. CoFs increased significantly (P < 0.05) with the amounts of both 
bound (Figure 6A) and free  (Figure 6B) water. The exact wavenumber of bound water had 
no influence on the CoF (Figure 6A), but free water yielded a smaller CoF at lower 
wavenumbers (Figure 6B). 

 

 
 
Figure 6. FTIR absorption band areas and wavenumbers for water stretching in staphylococcal 
biofilms as a function of the RMS value of their CoFs for non-EPS producing S. aureus 5298 and 
EPS producing S. aureus ATCC 12600, grown on Ge crystal surfaces under low (0.16 s-1; LSR) and 
high (0.79 s-1; HSR) shear rates. 
A. Bound water absorption band (around 3308 cm-1),  
B. Free water absorption band (around 3469 cm-1). 
Results of triplicate experiments with separate bacterial cultures are indicated by different 
symbols of the same type. The solid lines represent the best fit to a linear function with R2 values 
indicated while the dotted lines show the 95 % confidence intervals. P values indicate significant 
differences of the slope from zero. 
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Absorption band areas and wave numbers were different prior to exerting mechanical 
pressure for both strains with respect to the polysaccharide and phosphate bands, but not 
with respect to the amide or water bands (Figure 4). Therefore, changes in the 
polysaccharide and phosphate bands were monitored as a function of biofilm relaxation 
time after arresting mechanical pressure (Figure 7). Relaxation of the polysaccharide band 
(Figure 7A) proceeded differently than of the phosphate band (Figure 7B). Pressure caused a 
significant (P < 0.05) increase in polysaccharide band area that decreased immediately after 
relieving pressure in biofilms grown at a high shear rate, regardless of the ability of the 
strains to produce EPS, and subsequently increased over several tens of minutes to the level 
observed prior to exerting mechanical pressure. Interestingly, S. aureus ATCC 12600 biofilms 
grown under low shear, were stimulated by the mechanical pressure exerted during friction 
measurements to produce more EPS. A decrease in wavenumber during mechanical 
pressure indicated a weaker bond, but the wavenumber increased almost immediately after 
relieving pressure to the level observed prior to exerting mechanical pressure. Phosphate 
bands reacted differently (Figure 7B), most notably with comparatively small changes for EPS 
producing S. aureus ATCC 12600, while non-EPS S. aureus 5298 showed a strong reaction 
upon pressure relieve, consisting in a slowly recovering decrease in band area and a strong 
decrease in wavenumber that continued after pressure relieve. 

The differential responses of S. aureus ATCC 12600 biofilms grown under low and high 
shear to mechanical pressure (Figure 7A), were further examined by visualizing aqueous 
regions in biofilms prior to, during and after mechanical pressure using Optical Coherence 
Tomography (OCT). To this end, biofilms of S. aureus ATCC 12600 were grown on glass 
surfaces under low or high shear, compressed by 33% of their thickness (between 150 and 
200 µm) for 300 s between glass plates and allowed to relax (Figure 8), which makes the 
biofilm surface appear smoother than in reality (compare CLSM cross-sections in Figure 2C 
and 2D). Note that biofilms of S. aureus 5298 were too thin (around 40 µm) especially after 
compression, for OCT imaging. OCT images taken (Figure 8A), possessed different average 
whiteness values, indicative of the presence of aqueous regions in the biofilms (16). Biofilms 
grown under low shear, containing less EPS (see Figure 2, Table inset and Figure 5A) 
appeared more compact from their higher %whiteness, i.e. “bacterial density” (Figure 8B) 
than when grown under high shear, that stimulated EPS production. Biofilms grown under 
high shear had higher %whiteness during compression than prior to compression, indicative 
of the removal of water upon compression. Upon relaxation, %whiteness values decreased 
to their values prior to compression, indicating the return flow of water back into the biofilm, 
which is also demonstrated by the recovery of its thickness (Figure 8C). 
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Figure 7. Percentage changes in FTIR absorption band areas and wavenumber shifts as a function 
of relaxation time after exerting mechanical pressure on biofilms of non-EPS producing S. aureus 
5298 and EPS producing S. aureus ATCC 12600, grown on Ge-crystal surfaces under low (0.16 s-1; 
LSR) and high (0.79 s-1; HSR) shear rates (speed of the sliding PDMS ball 0.5 mm s-1, loading force 
450 mN).  
A. Polysaccharide absorption band (around 1073 cm-1), 
B. Phosphate absorption band (around 1244 cm-1).  
Percentage changes in absorption band area and wavenumber shifts were expressed relative to 
the values observed before exerting mechanical pressure. Data represent averages over 



  Chapter Three 

 57 

triplicate experiments with separate bacterial cultures and with error bars indicating standard 
deviations. 
 
 

 
 
Figure 8. Examples of OCT images of S. aureus ATCC 12600 biofilms grown on glass surfaces 
under low (0.16 s-1; LSR) and high (0.79 s-1; HSR) shear rates prior to growth, immediately during 
compression and after relaxation. 
A. OCT images of staphylococcal biofilms. Biofilms are contained and compressed between two 
glass slides, visible as highly reflecting horizontal lines above and below the biofilm. Images 
represent a part (300 x 150 pixels) of an entire OCT image, as is used to calculate the %whiteness 
of a biofilm. 
B. %whiteness of the biofilms (“bacterial density”) as a function of time after growth, during 
compression and relaxation. %whiteness represents the whiteness of the biofilm on a scale from 
0% (all water) to 100% (all bacteria, no matrix) in the images after correction for the auto-scaling 
of the OCT in images to be compared, that is heavily influenced by reflection from the 
substratum surface. 
C. Thickness of the biofilms as a function of time after growth, during compression and relaxation. 
 
 

3.4 DISCUSSION 

Here we show that EPS production and molecular bond stiffness in staphylococcal 
biofilms is regulated in response to the prevailing fluid shear during growth. Our data 
suggest that the resulting EPS matrix serves a crucial role in allowing the biofilm to recover 
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from mechanical challenges through in- and outflow of EPS and water upon compression 
and relaxation. 

 
 

3.4.1 Biofilm Responses to Growth under Fluid Shear 

Many of the adaptive responses of adhering bacteria to environmental challenges, 
including fluid shear, are aimed to facilitate lasting attachment (17). Production of 
polysaccharides is one of the mechanisms utilized by biofilm inhabitants to provide the 
biofilm with possibilities to adhere more strongly and gain additional cohesive strength (18, 
19), as required during growth under high fluid shear. Although diffuse reflectance FTIR 
spectroscopy has demonstrated that protein and carbohydrate concentrations in P. atlantica 
biofilms increased with applied shear during growth (11), this could not be confirmed in the 
present ATR-FTIR spectroscopy study. This could either be due to the different strains used 
in both studies, but may also be related with the use of ATR versus diffuse reflectance 
spectroscopy. Diffuse reflectance spectroscopy measures the composition of a freeze-dried 
bulk biofilm sample. In contrast, the ATR-FTIR spectroscopy applied in this study confines 
itself to a depth of information of one or two micrometers (see also Figure 1) in a fully 
hydrated biofilm, comprising only the initially adhering bacteria exposed to fluid shear, i.e. 
bacteria in the early phases of biofilm growth. Yet, taking the amide II band area at 1549 cm-

1 as a marker for biofilm mass (10) and normalizing the polysaccharide band at 1073 cm-1 by 
the amount of biofilm mass, confirms that the individual bacteria of S. aureus ATCC 12600 
adhering directly to the crystal surface produce twice as much as polysaccharide during 
growth under high than under low fluid shear, while COMSTAT analyses of CLSM images of 
entire biofilms after calcofluor white staining revealed a five-fold higher amount of 
polysaccharide production under high shear (Figure 2, Table inset).  

The molecular mechanisms of increased EPS production under flow can only be 
speculated upon. Likely, fluid shear forces act in a similar way as bacterial adhesion forces to 
substratum surfaces, causing minor deformation of the cell wall in adhering bacteria. The 
need for EPS production in adhering bacteria is less when adhesion forces arising from a 
substratum surface are large, and accordingly yielded less icaA gene expression and less 
production of EPS components such as poly-N-acetylglucosamine and extracellular DNA 
(eDNA) in S. aureus ATCC 12600 than when adhering on substrata exerting smaller adhesion 
forces (12). Since the cell wall, most notably the membrane, houses several environmental 
sensors, its deformation may present a means for bacteria to probe their environment for 
the need to produce EPS (20). Fluid shear may act similarly and regulate gene expression and 
EPS production according to the need to withstand fluid shear forces in order to be able to 
adhere.    

Extension of this increased EPS production by initially adhering bacteria to the bulk of 
the biofilm is subsequently confirmed by the lower CoF of S. aureus ATCC 12600 biofilms 
compared with the lubricity of S. aureus 5298 ones (see Figure 3). However, the slightly 
higher CoF for EPS producing S. aureus ATCC 12600 biofilm grown under high fluid shear (see 
Figure 3) is contrary to the expectation based on increased EPS production in biofilms under 
high mechanical challenge (Figure 2). This may be explained by the fact that a high fluid 
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shear washes-off soluble and loosely-bound EPS from the surface (1). Indeed FTIR analysis 
(see Figure 6) and OCT images (see Figure 8B) both indicate a higher water content in the 
biofilm grown under high fluid shear, substituting the EPS flushed away by the fluid shear. 
Also, biofilm of Streptococcus oralis J22 and Actinomyces naeslundii TV14-J1  grown under 
high fluid shear were found to be more “fluffy” (21).  

As a totally new and unexpected result, the absorption band around 1070 cm-1 for the 
non-EPS producing strain shifted to higher wavenumbers during growth under high fluid 
shear (see Figure 5A, right), indicating a stiffer bond. Since biofilms have been described to 
maintain themselves under conditions of mechanical challenges by dynamically binding and 
breaking of weak bonds in the EPS matrix (1), production of stiffer polysaccharides under 
high fluid shear as reflected by the wavenumber changes of the FTIR absorption band, 
possibly presents a new mechanism to biofilm inhabitants to protect themselves against 
mechanical challenges. 

 
 

3.4.2 EPS Matrix Dynamics under Mechanical Pressure 

The integration of a tribometer together with an FTIR-spectrometer in one instrument 
allows to collect FTIR spectra under mechanical challenge when the tribometer ball is sliding 
over a biofilm (see Figure 1). It is known that several processes occur in a biofilm when 
mechanically challenged that range from outflow of water and EPS, to the re-arrangement of 
biofilm inhabitants with respect to each other to positions that are more favorable than to 
where they were forced to move to under mechanical pressure (5). Thus different relaxation 
processes occur, each with their own characteristic time constants. The mechanical pressure 
exerted during measurement of biofilm lubricity yielded an immediate increase in the 
polysaccharide band area of S. aureus ATCC 12600 biofilms that decreased within a few 
minutes after relieving pressure to the level observed prior to mechanical pressure. This is 
longer than required for water to flow during stress relaxation in a biofilm according to a 
three elements Maxwell model, happening within several seconds (5), but falls with the 
much longer relaxation time period allocated to the flow of EPS during stress relaxation (5, 
22). Also, the relaxation time period of biofilms subjected to fluid shear was reported to be 
between 1-30 min depending on the hydrodynamic conditions and the type of biofilm (23, 
24), similar as found in this study.  

Actual visualization of re-arrangement processes during stress relaxation in biofilms has 
proven difficult over the years. Peterson et al. (9) visualized the flow of EPS and re-
arrangement of bacteria in P. aeruginosa biofilms during stress relaxation using CLSM and 
these occurred roughly in accordance with relaxation times found using Maxwell analysis of 
biofilm stress relaxation (5). Visualization of water flow during stress relaxation in biofilms 
has been done by injection of fluorescent microspheres or fluorescent dyes followed by 
CLSM analysis (25), but whether or not microspheres or dyes can cross the biofilm barrier 
and penetrate into bacterial clusters and EPS matrices in biofilms can be doubted (7). In our 
study, aqueous regions, possibly with dissolved EPS components were visualized by 
whiteness and thickness (Figure 8C) analyses of OCT images. However, also whiteness 
analysis of OCT images is not trivial, as each image is auto-scaled by the instrument itself, 
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implying the need to rescale if multiple images are to be compared. The re-scaling process 
applied here is based on normalizing the raw floating-points into a fixed 0-255 whiteness 
scale (26, 27) and confirms that for S. aureus ATCC 12600 biofilms upon mechanical 
challenge, there is rapid water outflow within seconds , returning back into the biofilm 
during stress relaxation (see Figure 8B). 

It is of interest that staphylococcal biofilms grown under low shear, during which there 
was little need to produce large amounts of EPS (see Figure 5A), continue to produce more 
polysaccharide for an extended period of time after mechanical pressure (Figure 7A). 
Pressure has been described before as a stimulus for bacteria to produce EPS (2, 28). 
Staphylococci adhering to nanopillared surfaces and exposed to pressure, showed EPS 
patches where nanopillars contacted the cell surface (29). Excessive EPS production was 
found as well in biofilms exposed to rapidly fluctuating mechanical stress (22). The unique 
combination of a tribometer and FTIR-spectroscope now not only provides additional 
evidence for pressure-induced EPS production, but moreover demonstrates that pressure-
induced EPS production can continue after pressure relieve. 

 
 

3.5 CONCLUSION 

EPS production and molecular bond stiffness in staphylococcal biofilms is regulated in 
response to fluid shear. EPS matrix dynamics upon mechanical challenge occurs through in- 
and outflow of EPS and water upon compression and relaxation. Importantly, once 
mechanical challenged, this can lead to long-term pressure-induced EPS production. 
Knowledge of factors that control production and quality of EPS in biofilms will allow better 
control of biofilms under mechanical challenge and understanding of the barrier properties 
of biofilms toward mechanical and chemical challenges, most notably antimicrobial 
penetration. More open biofilms have been found to be more susceptible to antimicrobials 
both in vitro (5) and in vivo (30).  

Finally, as a distant horizon provided by the current data, biofilms may possibly be 
applied as an alternative to grease-lubricants, although this study was in no way geared 
towards this possibility and would require the use of harmless bacteria instead of 
pathogenic staphylococci used here. Although bacterial lubricants constitute a far horizon, 
biofilms and their EPS have been considered and applied before in unexpected applications, 
such as their use to enforce mortar (31, 32). 
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SUPPLEMENTARY 

 
 
Figure S1. Schematics of the device to hold the glass plunger deforming the biofilm in position 
and maintain deformation of a biofilm while observing in the OCT. 
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ABSTRACT 

Optical  coherence tomography (OCT) is  a non-destructive tool for biofilm 
imaging, not requiring staining and used to measure biofilm thickness and 
putative comparison of biofilm structure based on whiteness distribution in 
OCT-images. Quantitative comparison biofilm whiteness in OCT images, is  
impossible due to the auto-scaling applied in OCT-instruments to ensure 
optimal quality of individual images. Here, we developed a method to eliminate 
the influence of auto-scaling in order to allow quantitative biofilm comparison 
in different images. Auto- and re-scaled whiteness intensities could be  
qualitatively interpreted in line with biofilm characteristics expected on the  
basis of l iterature for the different biofilms, demonstrating qualitative validity 
of auto- and re-scaling analyses. However, specific features of pseudomonas  
and oral dual-species biofilms were more prominently expressed after re-
scaling. Quantitative validation was obtained by relating average auto- and re-
scaled whiteness intensities across biofilms with volumetric bacterial densities 
in biofilms, independently obtained using enumeration of bacterial numbers 
per unit biofilm volume. Opposite to auto-scaled average whiteness intensities,  
re-scaled intensities of different biofilms increased linearly with independently 
determined volumetric bacterial densities in the biofilms, therewith  
quantitatively validating the re-scaling developed. Herewith the proposed re-
scaling of the whiteness distributions in OCT-images significantly enhances the  
possibilities of OCT biofilm imaging. 
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4.1 INTRODUCTION 

Biofilms mostly grow on surfaces in aqueous environments, that range from marine and 
industrial to biomedical environments (1, 2). Biofilms have complicated, heterogeneous 
structures that influence their resistance to mechanical or chemical challenges (3–5), such as 
fluid shear or detergents and other antimicrobials. However, microscopic methods available 
for the analysis of biofilm structure are scarce and frequently only provide low resolution 
images covering a small field of view and yielding simple morphological characteristics,  such 
as substratum surface coverage or thickness (6, 7). Low load compression testing and 
analysis of stress relaxation over time has also been suggested as a means to evaluate 
biofilm structure over a large surface area (8), but does not provide detailed structural 
information.  Magnetic resonance imaging (MRI) or magnetic resonance microscopy can 
track free and bound water molecules in biofilm structures on non-metal surfaces with a 
limited resolution (9).  

Optical coherence tomography (OCT) is a rapid, real-time, in situ and non-destructive 
imaging method, not requiring any staining, and is widely used in biofilm research to 
measure biofilm thickness and morphology (10–13). OCT is based on light scattering by a 
substratum surface, including biofilms grown on surfaces. Accordingly, objects with higher 
light scattering will appear whiter in an OCT image than objects with lower scattering, 
yielding a whiteness distribution when imaging biofilms. In order to measure biofilm 
thickness, the whiteness of the biofilm has to be distinguished from the relatively black 
background of its aqueous environment, which can be done by proper thresholding (14) to 
define the exact position of the biofilm surface. However, since the biofilms itself also 
contains water, relatively black pixels are left inside the biofilm which have been tentatively 
ascribed to  water-filled pores (15). In addition, limited attention has been given to relatively 
white pixels in the biofilm with a whiteness above the threshold and how they possibly 
reflect different biomass components, such as bacteria and large, water-insoluble 
extracellular polymeric substances (EPS). Haisch and Niessner (16) were the first to 
introduce a whiteness scale bar in OCT biofilm imaging and suggested whiteness to increase 
with volumetric bacterial density in a biofilm, but without supporting data. Whiteness 
increases in OCT images of biofilms have been observed after antimicrobial treatment of a 
biofilm, without rigorous interpretation (17). Whiteness scale bars and comparisons of OCT 
images may be influenced by the auto-scaling applied in OCT instruments (fully outside the 
control of the OCT operator) to ensure that each image contains a whiteness distribution 
that covers the entire whiteness scale available. Auto-scaling based whiteness analyses have 
been applied to staphylococcal biofilms on stainless steel surfaces, but only yielded a 
qualitative relation between volumetric bacterial density in a biofilm and biofilm whiteness 
in OCT images (18), presumably due to differences in whiteness distribution across different 
images created by the auto-scaling.  

The objective of this study was to develop a method to analyze and quantitatively 
compare the whiteness distribution in OCT images of biofilms from which biofilm structure 
and volumetric bacterial density can be derived. A re-scaling method is developed that 
effectively removes the influence of auto-scaling across different images and allows to 
quantitatively relate volumetric bacterial density with biofilm whiteness in OCT images. 
Auto- and re-scaling methods, will be applied on biofilms composed of Gram-positive and 
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Gram-negative strains with known properties, such as EPS production and ability to (co-) 
aggregate, as grown on different substratum surfaces under widely different conditions 
(static, under flow or in a constant depth film fermenter). Correspondence between 
expectations based on known properties of the biofilm forming strains with conclusions 
drawn from the auto- or re-scaling methods and enumeration of the number of bacteria in a 
biofilm, will be taken as a validation for the respective methods (see Table 1 for an overview 
of the biofilm cases involved). 
 
Table 1. Summary of the different biofilm cases involved in this study, specifying the strains and 
substratum materials, growth conditions and media as well as the characteristics of the biofilms, 
expected on the basis of literature. 
 

Case Strain Material 
Growth 

condition 
Growth  
medium 

Expected 
biofilm 

characteristics 

Case 1 

S. epidermidis 252 

Stainless 
steel 

Static TSB 

Higher EPS 
production by S. 

epidermidis ATCC 
35984 than S. 

epidermidis 252 (18, 
19) 

S. epidermidis 
ATCC 35984 

Case 2 S. mutans UA159 Polystyrene Static 

BHI  
+ 0.5% 
sucrose 

More water-filled 
channels upon 

higher sucrose levels 
(20) 

BHI  
+ 1.0% 
sucrose 

Case 3 
P. aeruginosa 
ATCC 39324 

Stainless 
steel 

Constant 
depth 
film 

fermenter 

LB 
Higher EPS 

production for 
biofilms  

grown in ASM than  
in LB (21) 

ASM 

Case 4 

S. oralis J22 

Glass Flow 

BHI+ More compact dual-
species biofilms  

due to co-
aggregation (22)  

as compared with  
mono-species 

biofilms 

A. naeslundii 
T14V-J1 

BHI+ 

Dual-species S. 
oralis J22 and A. 
naeslundii T14V-

J1 

BHI+ 
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4.2 MATERIAL AND METHODS 

4.2.1 Bacterial Strains and Growth Conditions 

Non-EPS producing Staphylococcus epidermidis 252 and EPS producing Staphylococcus 
epidermidis ATCC 35984 were isolated from stool of a patient and a catheter-associated 
sepsis of a patient, respectively (23). Streptococcus mutans UA159 (ATCC 700610) was 
isolated from a patient with active dental caries (24), while also Streptococcus oralis J22 and 
Actinomyces naeslundii T14V-J1 were both isolated from the human oral cavity (25). 
Pseudomonas aeruginosa ATCC 39324 was isolated from sputum from a cystic fibrosis 
patient (26). Each strain was inoculated from a single colony taken from a blood agar plate, 
in a 10 mL pre-culture and grown for 24 h at 37°C. This pre-culture was inoculated in a 200 
ml main culture, grown for 16 h at 37°C. The culture medium was Tryptone Soya Broth (TSB, 
Oxoid, Basingstoke, UK) supplemented with 0.25% D(+)glucose (C6 H12O6 , Merck, Darmstadt, 
Germany) and 0.5% NaCl (Merck) for S. epidermidis 252 and S. epidermidis ATCC 35984; 
Brain Heart Infusion (BHI, Oxoid, Basingstoke, UK) supplemented with 0.5% or 1% (w/v) 
sucrose for S. mutans UA159; TSB for P. aeruginosa ATCC 39324; Todd Hewitt broth  (THB, 
Oxoid) for S. oralis J22; BHI+ (BHI supplemented with 1 g L-1 yeast extract, 50 mg L-1 hemin 
and 1 mg L-1 menadion) for  A. naeslundii T14V-J1. A. naeslundii T14V-J1 was cultured in an 
anaerobic cabinet, S. mutans UA159 in 5% CO2 while all other strains were cultured in 
ambient air. Bacteria were harvested from their main cultures by centrifugation at 5000 g, 
10°C, and washed twice with buffer, after which bacteria were enumerated using a Bürker-
Türk counting chamber. 

 
 

4.2.2 Biofilm Formation 

Biofilms of the different strains were grown on different substrata according to 
previously used protocols that will be briefly repeated for clarity for the different cases (see 
also Table 1). S. epidermidis ATCC 35984 and S. epidermidis 252 biofilms were grown on 
sterile, stainless steel 304 (SS) surfaces (15 x 15 x 1 mm) coated with 10% fetal bovine serum 
(FBS) under static conditions (18). After allowing bacterial adhesion for 1 h from a 1 × 109 
mL-1 bacterial suspension in TSB, the suspension was replaced by medium without 
staphylococci and biofilms were grown for 48 h at 37°C, after which biofilms were washed 
with reduced transport fluid (27) for subsequent experiments.  

For S. mutans UA159 biofilms, a buffer suspension (1 mM CaCl2, 2 mM potassium 
phosphate, 50 mM KCl, pH 6.8, bacterial concentration of 3 × 108 mL-1) was added in a 24 
wells polystyrene plate (Greiner Bio-One GmbH, Frickenhausen, Germany) under static 
conditions for 2 h at 37°C under 5% CO2 to allow streptococci to adhere. After adhesion, the 
buffer was removed and carefully washed with buffer, 1 mL BHI with 0.5% or 1% sucrose 
(w/v) was added and the plate was incubated for 24 h under static conditions after which 
biofilms were washed with buffer for subsequent OCT experiments.    

Biofilms of P. aeruginosa ATCC 39324 were grown on SS disks in a constant depth film 
fermenter (CDFF) (21) at 37°C. Sample holders were recessed to a well-depth of 100 µm and 
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placed into so-called pans (5 sample holders per pan), of which 15 pans could be placed in 
the CDFF turntable. A total amount of 200 mL TSB containing 5 ´ 107 mL-1 bacteria was drop-
wise added on the turntable during 1 h, while the turntable was rotating at 3 revolutions per 
minute and bacterial suspension was distributed over the sample holders in the various pans 
by a Teflon scraper-blade. After 1 h, rotation was stopped for 30 min to allow bacteria to 
adhere to the stainless steel surfaces. Next, rotation was continued and Luria Bertani (LB, 
Sigma-Aldrich, St Louis, MO, USA) broth or artificial sputum medium (28) (ASM, per liter: 4 g 
DNA, 5 g mucin, 5 mL egg yolk emulsion, 5 g NaCl, 2.2 g KCl, 5 g amino acids, pH 7.0) was 
drop-wise added at a flow rate of 15 mL h-1 for 18 h, while the scraper blade removed 
biofilm growing above the wells in order to grow constant depth biofilms with 100 μm 
thickness. After 18 h, the stainless disks with biofilms were washed and submerged in 
phosphate buffered saline (PBS, 10 mM potassium phosphate, 150 mM NaCl, pH 7.0) for 
subsequent experiments. 

Biofilms of the S. oralis J22/A. naeslundii T14V-J1 co-adhering pair and each single strain 
were grown on a salivary conditioning film covered glass surface, constituting the bottom 
plate of a parallel plate flow chamber (17.5 x 1.7 x 0.075 cm) at 37°C (29).  A. naeslundii 
T14V-J1 was suspended in buffer (1 mM CaCl2, 2 mM potassium phosphate, 50 mM KCl, pH 
6.8) supplemented with 2% BHI+ to a concentration of 1 ´ 108 mL-1, while S. oralis J22 was 
suspended to a concentration of 3 ´ 108 mL-1. Briefly, for single strain biofilms, bacterial 
suspension was perfused through the flow chamber at 10 s-1 for 2 h after which the buffer 
was replaced by growth medium for overnight growth at 3 s-1. For biofilms of the co-
adhering pair, A. naeslundii T14V-J1 was adhered first for 15 min at 10 s-1, followed by 
rinsing and co-adhesion of S. oralis J22 for 2 h and buffer was replaced by 50% diluted BHI+ 
in buffer for 16 h growth at 3 s-1. After growth, the flow chamber was rinsed with buffer and 
biofilms were imaged using the OCT while in the flow chamber and subsequently removed 
for further experiments. 

 
 

4.2.3 OCT Measurements and the Whiteness Analysis of OCT 2D Images 

Biofilms were imaged using an OCT Ganymede II (Thorlabs Ganymede, Newton, NJ, USA) 
with a 930 nm center wavelength white light beam. Imaging frequency was 30 kHz and the 
refractive index of biofilm was set as 1.33, equal to the one of water. 2D images had fixed 
5000 pixels with variable pixel size, depending on magnification, in the horizontal direction, 
while containing a variable number of pixels with 2.68 µm pixel size in the vertical direction. 
The back-scattered light from a sample was captured by a CCD camera and the analogue 
voltage output of the camera was set such that the average light intensity over an entire 2D 
image was zero. Next whiteness was expressed in decibel units with respect to an internal 
reference intensity generated in the OCT and decibel units digitized over a discrete 
whiteness scale ranging from 0 a.u. (darkest pixel in the image) to 255 a.u. (whitest pixel in 
the image) in order to generate a 2D image. Since this entire procedure is fully out of control 
of the OCT operator, in this paper such obtained images will be called “auto-scaled” images. 
Thus, obtained pixel whiteness intensities were collected for ten 2D images of each biofilm 
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(Labview 2014, National Instrument, Austin, Texas, USA) and computer-stored for further 
analysis. 

 
 

4.2.4 Calculation of Volumetric Bacterial Density 

For the determination of the volumetric bacterial density in the different case biofilms, 
biofilms were removed from the different sample surfaces with a sterile disposable cell 
scraper (Merck, Darmstadt, Germany), after which bacteria were dispersed in buffer. The 
dispersed biofilms were sonicated 3 times on ice at 30 W (Vibra Cell Model 375, Sonics and 
Materials Inc., Danbury, CT, USA) for 10 s each time with 30 s interval to obtain single 
bacteria. Then, the bacterial concentrations in the suspensions were enumerated in a 
Bürker–Türk counting chamber and the volumetric bacterial density in the biofilms was 
calculated by dividing the total number of bacteria on a sample by the total biofilm volume, 
i.e. the biofilm covered substratum surface area multiplied by the biofilm thickness, as 
determined using OCT. 

 
 

4.3 RESULTS AND DISCUSSION 

4.3.1 OCT imaging 

First, 2D OCT images were made of the biofilms (Figure 1), representing the four 
different cases summarized in Table 1. All four cases showed distinctly different features 
within 2D cross-sectional OCT images of the different biofilms. For statically grown 
staphylococcal biofilms, EPS producing S. epidermidis ATCC 35984 possessed a smoother 
biofilm surface than its non-EPS producing counterpart. Statically grown S. mutans biofilm 
surfaces appeared quite rough and had clearly enhanced porosity when grown at the higher 
sucrose concentration. Both CDFF grown Pseudomonas aeruginosa biofilms had the same 
thickness and were relatively smooth at their surfaces, due to the action of the CDFF scraper. 

The S. oralis single-species biofilm grown under flow, appeared smoother than the S. 
mutans biofilms grown statically, while single-species biofilms of rod-shaped A. naeslundii 
and A. naeslundii containing dual-species biofilms looked rougher despite also being grown 
under flow. 	

Most noticeably, whereas the aqueous environments above the different case biofilms 
appeared relatively black (auto-scaled intensity of the blackest pixel 0 a.u.), the substratum 
surfaces, i.e. either stainless steel, polystyrene or glass, appeared as the whitest region 
(auto-scaled intensity of the whitest pixel 255 a.u.). Despite the auto-scaling, the image 
examples in Figure 1 represent different whiteness intensities for water above the biofilms, 
with the water above the dual-species biofilms appearing most white (case 4). Although 
there evidently is water above all biofilms, the region above the biofilms appears least white 
above the examples of staphylococcal biofilms (case 1). This represents the main problem in 
comparing OCT images of different biofilms or on different substrata based on whiteness 
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intensities and simple whiteness scale bars. The first reason that water possesses a different 
whiteness intensity above different biofilms is due to the occurrence of single, extremely 
black pixels, invisible in an image due to their small size, but determinant for the auto-
scaling. A second reason is that proper focusing is extremely important. According to the 
Thorlab OCT manual, the focus point should be set just below the surface of the object to be 
imaged, which is not trivial for a biofilm surface. This is illustrated in Figure 2, showing the 
effect of slightly miss-focusing too high above, or too low inside a 300 µm thick 
homogeneous MRS agar layer. A constant whiteness intensity across the entire thickness of 
the agar with a relatively black background (whiteness intensity around 28 a.u.) is obtained 
for the “correct” focus point just below the agar surface. Purposely focusing too high or too 
low, not only led to whiteness intensities that varied over the thickness of the homogeneous 
agar layer, but also to different whiteness intensities of the water above the agar, similar to 
the differences in whiteness seen above the different biofilm cases in Figure 1. 
 

 
 
Figure 1. 2D cross-sectional OCT images of the four case biofilms evaluated. Whiteness 
intensities were auto-scaled by the OCT instrument, out of operator-control. The scale bars 
indicate 100 µm. 
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Figure 2. Influence of the OCT focus point on the whiteness intensity distribution across a 2D 
cross-sectional image of a homogeneous agar layer. OCT images represent the cross-sectional 
view of an MRS agar layer at different focus points, indicated by the arrows. For each image, the 
average whiteness intensity is presented as a function of the height in the agar layer. Scale bars 
equal 200 µm. 
 
 

4.3.2 Re-scaling of the Whiteness Distribution 

Since OCT measures the back-scattered light from a sample, large objects like bacterial 
aggregates will scatter more light than a single bacterium or EPS molecules and thus 
bacterial aggregates will show a higher whiteness than EPS molecules or water. Therefore, 
the whiteness intensity distribution within a biofilm will reflect bacterial presence, or the 
presence of (non-water-dissolved) EPS molecules. In order to allow quantitative comparison 
of different biofilm images, the influence of the auto-scaling (see Figure 1), needs to be 
eliminated to which end we developed a new, re-scaling method, as explained in Figure 3. 
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Note that in the re-scaling method proposed, the average whiteness of a biofilm-free 
substratum is used as the new maximal whiteness intensity and adjusted to a value of 255 
a.u. Average substratum whiteness intensities in absence of biofilm prior to re-scaling were 
84, 85 and 83 a.u. for SS, glass, and polystyrene, respectively. 
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Figure 3. Auto- and re-scaling based analyses of 2D cross-sectional OCT images.  
A. The back-scattered light from the measured sample is collected by the OCT camera and 
outputted as analogue voltage. Panel A showed an example of the output voltage in the Z-
direction perpendicular to the substrate. Note the OCT adjust the level of zero voltage to ensure 
zero average output over an entire image. 
B. In the subsequent auto-scaling process, voltage is firstly expressed in decibel units with 
respect to a reference intensity provided by the instruments after which the decibel scale is 
digitized in 256 discrete values from to 0 and 255 a.u. (panel B1) to yield the image provided in 
panel B2. Whiteness distribution in auto-scaled images is done entirely by the OCT instrument 
and out of operator control. 
C. Next, Otsu thresholding (14) is applied on the OCT image  to determine the biofilm surface 
(green line), while the substratum surface is visually identified  based on the abrupt increase in 
whiteness intensity as compared with the biofilm interior. In order to avoid a potential impact of 
the whiteness of the substratum material on the whiteness of the biofilm, for calculational 
purposes the substratum surface was positioned 3 µm above the visually identified surface (red 
line). 
D. In the proposed re-scaling process, the average auto-scaled whiteness above the biofilm 
surface, as identified by Otsu thresholding, is given a new whiteness intensity value of 0 a.u., 
while the separately measured, average whiteness of a biofilm-free substratum is used and 
adjusted to a whiteness intensity value of 255 a.u. (panel D1). A new OCT image is subsequently 
generated with the re-scaled whiteness distribution (panel D2). 
 
 

4.3.3 Comparison of Auto- and Re-scaling Methods for Analysis of 
Biofilm Structure: 1-Whiteness as a Function of Height in the Biofilm 

The auto- and re-scaling based analyses were applied on OCT images of the four case 
biofilms (see Table 1, Figure 1). In order to determine the validity of the both methods, 
results will first be compared with the expected structural properties of each of the biofilm 
cases. 

In order to evaluate the merits of the different methods with regards to EPS production 
in biofilms, S. epidermidis 252 (non-EPS producing) and S. epidermidis ATCC 35984 (EPS 
producing) were included (Figure 1, case 1). Under the static growth conditions applied, both 
staphylococcal strains grew biofilms with a similar thickness of 50 µm (S. epidermidis 252) to 
54 µm (S. epidermidis ATCC 35984). EPS producing S. epidermidis ATCC 35984 had slightly 
lower bacterial density (0.16 bacteria µm-3) than non-EPS producing S. epidermidis 252 (0.20 
bacteria µm-3). These structural features are schematically summarized in Figure 4A. Both 
auto- and re-scaling analyses (Figures 4B and 4C, respectively) showed a significantly (one-
tailed and paired student t-test with P < 0.05) higher average biofilm whiteness across the 
height of EPS producing S. epidermidis ATCC 35984 than of non-EPS producing S. epidermidis 
252, although significance was not observed when comparing whiteness intensities at a 
given height. Volumetric density of the EPS producing S. epidermidis ATCC 35984 was 
probably lowest due to volume occupation by EPS. 
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Figure 4. Biofilm whiteness analysis of OCT images: biofilms of non-EPS producing S. epidermidis 
252 and EPS producing S. epidermidis ATCC 35984.  
A. Schematic presentation of non-EPS producing S. epidermidis 252 and EPS producing S. 
epidermidis ATCC 35984 biofilms (see Table 1) and their measured thickness (derived using Otsu 
thresholding of auto-scaled OCT images) and volumetric bacterial density, calculated from the 
biofilm thickness and enumeration of the number of bacteria in the biofilm. 
B. Whiteness intensity as a function of biofilm height (%) for S. epidermidis 252 and S. 
epidermidis ATCC 35984 biofilms in auto-scaling analysis. 
C.  Same as (B), but now in re-scaling analysis. 
Error bars indicate standard deviations over triplicate experiments with separate bacterial 
cultures. 
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Figure 5. Biofilm whiteness analysis of OCT images: S. mutans UA159 biofilms grown in medium 
with 0.5% or 1% sucrose added.  
A. Schematic presentation of S. mutans biofilms grown in medium with 0.5% or 1% sucrose 
added (see Table 1) and measured thickness and volumetric bacterial density. 
B. Whiteness intensity as a function of biofilm height (%) for S. mutans biofilms grown with 0.5% 
or 1% sucrose added in auto-scaling analysis. 
C.  Same as (B), but now in re-scaling analysis. 
Error bars indicate standard deviations over triplicate experiments with separate bacterial 
cultures. 
 
 

Higher amounts of sucrose during growth of S. mutans biofilms yields biofilms with 
more water-filled channels (see Table 1) (20), and biofilms grown with 1% sucrose added 
were found to be twice thicker (119 µm) but with lower bacterial density (0.08 bacteria µm-3) 
than biofilm grown with 0.5% sucrose added. The above characteristics are shown 
schematically in Figure 5A. Accordingly, streptococcal biofilms grown with a higher amount 
of sucrose appeared on average significantly (one-tailed and paired student t-test with P < 
0.05) less white across the entire depth of the biofilms both in auto- and re-scaling analyses 
(Figures 5B and 5C, respectively) due to the possession of more water-filled voids and pores. 
In addition, whiteness analyses indicated that especially at heights in the middle of the 
biofilms, significantly more water-filled voids and pores are present. 
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Figure 6. Biofilm whiteness analysis of OCT images of P. aeruginosa ATCC 39324 biofilms grown 
in LB and ASM medium.  
A. Schematic presentation of P. aeruginosa biofilms grown in LB and ASM medium (see Table 1) 
and measured thickness and volumetric bacterial density. Note that due to growth in a CDFF, 
thicknesses are identical. 
B. Whiteness intensity as a function of biofilm height (%) for P. aeruginosa biofilms grown in LB 
or ASM medium in auto-scaling analysis. 
C.  Same as (B), but now in re-scaling analysis 
Error bars indicate standard deviations over triplicate experiments with separate bacterial 
cultures. 
 
 

Biofilms of P. aeruginosa strains (case 3) were grown in CDFF to yield a thickness of 100 
µm in LB and ASM medium. Biofilms grown in LB had similar bacterial density (0.21 bacteria 
µm-3) as in ASM (0.22 bacteria µm-3). Growth in ASM medium was expected to yield a more 
EPS-rich matrix than growth in LB medium (21), as schematically indicated in Figure 6A. 
However, auto-scaling analysis did not show any significant difference between whiteness 
distribution across LB and ASM grown biofilms (Figure 6B). Re-scaling analysis on the other 
hand (Figure 6C), showed significantly whiter (one-tailed and paired student t-test with P < 
0.05) pseudomonas biofilm regions near to the substratum surfaces  when grown in ASM 
than when grown in LB medium, presenting a clear advantage over re-scaling analyses 
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compared to auto-scaling analyses. Potentially, scraper action has dragged EPS out of the 
outer regions of the biofilms. 

 

 
 
Figure 7. Biofilm whiteness analysis of OCT images of single-species S. oralis J22 and A. naeslundii 
T14V-J1 biofilms and dual-species biofilms. 
A. Schematic presentation of the biofilms for both single-species and the more compact dual-
species biofilms (see Table 1) and measured thickness and volumetric bacterial density. 
B. Whiteness intensity as a function of biofilm height (%) for both single-species and dual-species 
biofilms, in auto-scaling analysis. 
C. Same as (B) but now for re-scaling analysis. 
Error bars indicate standard deviations over triplicate experiments with separate bacterial 
cultures. 
 
 

Single-species and dual-species oral biofilms of co-aggregating pairs were grown, giving 
rise to variations in thickness, but most notably to a higher volumetric bacterial density in 
dual-species biofilms (see Figure 7A for schematics) due to co-aggregation of S. oralis J22 
with A. naeslundii T14V-J1 (see also Table1), yielding less water voids or channels (22). 
Whiteness intensities across the depth of the biofilms obtained by auto-scaling analyses did 
not reveal any significant difference between single-species biofilms and not between single- 
and dual-species biofilms (Figure 7B). On average across the depth of the biofilms, the re-
scaling analyses showed the expected higher whiteness intensity of dual-species biofilms as 
compared with S. oralis J22 (P < 0.05, one-tailed and paired student t-test), but not with 
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respect to A. naeslundii T14V-J1 probably because volumetric bacterial densities were 
similar for A. naeslundii and dual-species biofilms (Figure 7C). Greater whiteness of dual-
species biofilms in re-scaling analyses was especially evident nearest to the substratum. This 
suggest a gradient in bacterial composition in dual-species biofilms across the depth of the 
biofilms, created because A. naeslundii is first seeded on the substratum surface after which 
the streptococci are allowed to co-adhere and grow in concert with the adhering 
actinomyces. 

 
 

4.3.4 Comparison of Auto- and Re-scaling Methods for Analysis of 
Biofilm Structure: 2-Relation between Whiteness and Volumetric 
Bacterial Density in Biofilms 

In order make a comparison between auto- and re-scaling methods of OCT images, 
volumetric bacterial densities of all biofilms are presented as a function of the average 
whiteness of the biofilms, as calculated from auto- (Figure 8A) and re-scaling (Figure 8B) 
analyses. Eliminating auto-scaling by our proposed re-scaling method, yielded a significant 
linear relation between whiteness and volumetric bacterial density in a biofilm with 
whiteness increasing with increasing density. Auto-scaling of OCT images clearly does not 
yield statistically reliable, quantitative conclusions to be drawn across different biofilms and 
different substratum surfaces regarding bacterial density. Thus, it can be concluded that the 
proposed re-scaling removed the impediment associated with auto-scaling to quantitatively 
compare individual images. 
 

 
 
Figure 8. Average whiteness intensity as a function of the volumetric bacterial density for all 
individual biofilms grown of the different cases in auto- (panel A) and re-scaling analysis (panel B). 
Drawn lines represent the best fit to an assumed linear relation with correlation coefficient R2 

and significance of the slope P indicated. Dotted lines represent 95% confidence intervals. 
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Within the current collection of biofilms, volumetric bacterial densities of the different 
biofilms varied by a factor of 3, which covers the range of density variation for different 
biofilms in the literature (30–32).  Since distances between biofilm inhabitants have been 
reported to range between 1 and 3 µm (33), volumetric bacterial densities in biofilms are 
generally low, as compared e.g. with the closest hexagonal packing of a 1 µm diameter 
sphere yielding a volumetric density of 1.5 µm-3 (34).  This confirms that most volume in 
biofilms is occupied by EPS or water-filled channels. Importantly, the relation between 
average whiteness of biofilms in OCT images and volumetric bacterial density allows to non-
destructively determine the volumetric bacterial density in biofilms solely on the basis of 
OCT imaging. 

 
 

4.4 CONCLUSIONS 

A re-scaling method is presented that undoes the effects of auto-scaling in OCT images 
and therewith allows to compare whiteness distributions in different OCT images of 
different biofilms and on different substratum materials. Qualitatively, both auto- and re-
scaled whiteness intensities as a function of depth in different biofilms could be interpreted 
in line with biofilm characteristics expected on the basis of literature for the different 
biofilms, although specific features of pseudomonas and oral dual-species biofilms were 
more prominently expressed after re-scaling.  Average re-scaled whiteness intensities of 
different biofilms increased linearly with independently determined volumetric bacterial 
densities in the biofilms, therewith quantitatively validating the re-scaling method proposed. 
Herewith the proposed re-scaling of the whiteness distribution in OCT images of biofilms 
significantly enhances the usefulness of OCT biofilm imaging. 
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ABSTRACT 

Water is ubiquitously present in biofilms and essential for bacterial growth,  
although bacteria can survive storage after freeze-drying. The biofilm mass 
consists of 77-97 wt% water, occurring in channels, pores and bacterial clusters.  
Nevertheless, water in biofilms is  a largely understudied topic and therefore  
this review focuses on how water in biofilms can be detected, the structural  
features of biofilm in which water is retained and the functions water fulfi l ls in 
a biofilm. Dry-weight comparison with the weight of hydrated biofilms, FTIR 
and Raman micro-spectroscopy are the only techniques to affirmatively identify 
and quantitate water in biofilm structures, while NMR, microscopic and other 
imaging techniques do not yield directly quantitative results or rely on the  
assumption that channels and pores are indeed water-fil led. Definition of 
“channels” and “pores” in the literature is  rather loose, while moreover 
whether or not a channel can perform its transport function depends on the 
size of the molecule or particle to be transported. This chapter proposes a 
minimal channel width of three times the Debye-Huckel length to prevent  
electrostatic interactions of particles or molecules to be transported with the  
channel  shores and a channel width to length ratio smaller than 0.3 to justify 
its transport function. Different than channels, this review attributes a storage 
and buffer function to pores.  
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LIST OF ABBREVIATIONS 

CLSM  Confocal Laser Scanning Microscopy 

EPS  Extracellular Polymeric Substances 

ESEM  Environmental Scanning Electron Microscopy  

ATR-FTIR Attenuated Total Reflection-Fourier Transform Infrared Spectroscopy 

LLCT  Low Load Compression Testing 

NMR  Nuclear Magnetic Resonance 

OCT  Optical Coherence Tomography 

RM  Raman Micro-spectroscopy 
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5.1 INTRODUCTION 

Biofilms are defined as communities of surface-adhering and surface-adapted bacteria, 
growing in a self-produced matrix of extracellular polymeric substances (EPS) (1) and 
occurring in virtually all industrial and natural environments, including the human body. 
Although this definition may give the impression that bacteria or EPS form the main 
constituents of a biofilm, this perception is wrong and actually water is the most prevalent 
component in a biofilm by weight (see Table 1). To this point, rather than calling it biofilm, 
Marshall has (jokingly) suggested to name a biofilm “stiff water” (2). 
 
Table 1. Water content by weight in biofilms of different bacterial strains. 
 

Bacterial strain 
Water content 

(wt%) 
Method Reference 

Bacillus subtilis 89 120°C oven drying (3) 

Escherichia coli 77 120°C oven drying (3) 

Pseudomonas 
aeruginosa 

88-92 RM (4) 

Pseudomonas putida 81 120°C oven drying (3) 

Sphingomonas sp. 97 105°C oven drying (5, 6) 

Streptococcus mutans 84 80°C oven drying (7) 

 
 

Water is essential for bacterial growth by maintaining the osmotic pressure, dissolving 
small molecules for the metabolic processes, and keeping the proper structure and function 
of the macromolecules such as proteins and nucleic acids (8, 9). Although bacteria need 
water to grow, they are, at the same time, able to survive storage after freeze-drying for 
extended periods of time (10). However, in general, partial water vapor pressures less than 
0.60 inactivate protein function (11–13) and break DNA double-strands (14) in bacteria, 
leading to cell death within days (meningococci (15))  to weeks (deinococci (14)). Apart from 
the known protection against mechanical and chemical attacks offered to bacteria by their 
biofilm-mode of growth, biofilm retains water in channels and pores (Figure 1) to protect its 
inhabitants against desiccation (13). Moreover, water-filled channels function to support 
transport of nutrients and waste products through a biofilm. Despite these vitally important 
functions of water in biofilms, the role of water in biofilms is largely understudied compared 
to, for instance the role of EPS or bacteria themselves. Therefore, this review focuses on 
how water in biofilms can be detected, the structural features of a biofilm in which water is 
retained and the functions water fulfills in a biofilm. 
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Figure 1. Channels and pores, visualized in biofilms by different techniques.  
A. Water distribution in a Raman micro-Spectroscopy (RM) image of P. aeruginosa biofilm on 
stainless steel substratum (16). Color bar indicates the weight fraction of water from 0 (no water) 
to 1 (pure water). Reproduced with permission of the publisher: Wiley. 
B.  Nuclear magnetic resonance (NMR) T2 weighted image of the natural phototrophic biofilm in 
a plastic substratum covered by agar (17). Reproduced with permission of the 
publisher: American Society for Microbiology. 
C. Confocal laser scanning microscopy (CLSM) image of a S. mutans biofilm on a dentin 
substratum (18). Reproduced with permission of the publisher: Faculdade de Medicina da 
Universidade de Sao Paulo. 
D. Environmental scanning electron microscopy (ESEM) image of a Vibrio cholerae biofilm on a 
stainless steel substratum (19). Reproduced with permission of the publisher: Instituto de 
Medicina Tropical de Sao Paulo. 
E. Optical coherence tomography (OCT) image of a S. mutans biofilm on a polystyrene 
substratum. 
White arrows indicate channels (c) or pores (p) in the biofilms.  
 
 

5.2 QUANTIFICATION OF WATER AND VISUALIZATION OF 
WATER-FILLED STRUCTURES IN BIOFILMS 

There are several techniques available that allow quantification of water, visualization 
of water or only (indirect) demonstration of channels and pores in biofilms that are generally 
assumed to be water-filled. In Table 2 we summarize these techniques, together with their 
main advantages and disadvantages. 
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Table 2. Summary of different techniques to quantify or visualize water in biofilms together with 
their advantages and disadvantages, distinguishing between techniques that allow quantification 
of water, visualization or only (indirect) demonstration of channels and pores that are generally 
assumed to be water-filled. 
 

Technique* Advantage and disadvantages References 
Quantification of water 

Dry weight 
measurement 

Advantages 
Yield weight fraction of water in biofilms 
 
Disadvantages 
Destructive, no visualization 

(3, 7) 

ATR-FTIR 

Advantages 
Non-destructive, distinguishes bound and free water, 
continuous over time, little time-consuming 
 
Disadvantages 
ATR crystal substrata needed, depth of information 
confined to several µm’s, no weight fraction of water 
content acquired  

(20, 21) 

RM 

Advantages 
Non-destructive, high resolution, better detection depth 
than ATR-FTIR, yield weight fraction of water in biofilms  
 
Disadvantages 
Time consuming, relatively inaccurate compared to dry 
weight measurement 

(4, 16, 22) 

Visualization of water 

NMR 

Advantages 
Non-destructive, in situ and continuous, large 
visualization scale, imaging directly based on water 
signals 
 
Disadvantages 
Low resolution, low sensitivity and low signal-noise ratio 
without assist of paramagnetic reagents 

(17, 23, 24) 

RM 

Advantages 
Non-destructive, mapping directly based on water signals   
 
Disadvantages 
Time consuming, low sensitivity 

(4, 16, 22) 

Demonstration of channels and pores 
Light source-

based 
microscopy 

Advantages 
High resolution 
 

(25–27) 
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Disadvantages 
Particle tracking or fluorescent dyes needed 

ESEM 

Advantages 
Very high resolution 
 
Disadvantages 
Little destructive due to the beam damage and the 
required air pressure 

(19, 28–30) 

OCT 

Advantages 
Non-destructive, qualitatively show water content and 
water in- and out-flow from biofilm matrix 
 
Disadvantages 
Low resolution not allowing imaging of individual 
bacteria, image-interpretation not trivial 

(21, 31, 32) 

LLCT 

Advantages 
Detect water in- and out-flow of biofilm under 
compression 
 
Disadvantages 
Destructive, indirect demonstration of water-presence 

(33–35) 

 
* For abbreviations, see List of abbreviations provided. 
 
 

5.2.1 Quantifying Water in Biofilms 

Quantitative measures to determine the weight fraction of water in biofilms are scarce 
and confined to dry weight measurement and Raman micro-spectroscopy (RM) (Table 1). 
Dry weight measurements critically depend on a comparison of the biofilms weight prior to 
and after removal of water. Water can be removed by oven drying at an elevated 
temperature that should not affect the integrity of the substratum material (36). For 
thermosensitive substratum surfaces, biofilm can be dispersed in buffer and water removed 
by centrifugation and after which bacterial precipitates are collected and weighted after 
lyophilizing (37). However, biofilm dry mass measurement is destructive and does not yield 
visualization. 

ATR-FTIR (20, 21) spectroscopy detects water in biofilms, while also able to 
differentiate between bound and free water, which is not necessary the same as 
intracellular and extracellular water. Identification and quantification of bound and free 
water can be achieved by decomposing the O-H stretching band into bound and free water 
band and calculating the band area. A bound water molecule has both hydrogens interacting 
with a hydroxyl-group, yielding O-H stretching at lower wavelengths (3250-3320 cm-1) than 
in free water (O-H stretching at 3320-3450 cm-1). By taking FTIR spectra of Staphylococcus 
aureus biofilms grown on ATR crystals prior to, during and after sliding compression, it was 
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shown that the prevalence and mobility of free water molecules play an essential role in 
providing lubricious properties to a biofilm (21, 38). Changes in water content of 
Campylobacter jejuni biofilms showed decreases in the absorption band around 3350 cm-1 
during exposure to air, indicative of the loss of free water (20). However, ATR-FTIR data only 
pertain to one or two bacterial layers due to the limited depth of penetration of the 
evanescent wave into biofilm on ATR crystals, while moreover changes in absorption band 
areas do not yield weight fractions of water as summarized in Table 1.  

RM has a higher penetration depth than ATR-FTIR up to maximum 200 µm in a biofilm 
depending on the type of laser used (22) with spatial resolution of 0.5 µm or more. RM can 
generate a micrometer-scale resolution chemical distribution map of water as well as of 
other biofilm components, such as carbohydrates, proteins, lipids and nucleic acids (16). 
However, RM yields relatively weak water signals compared to FTIR (39). Water in biofilms 
has been quantitated using RM by taking the ratio between the water absorption band 
around 3450 cm-1 and CH3 absorption band at 2950 cm-1, considered indicative of biomass 
(4). For P. aeruginosa biofilms this ratio amounted 7.3 in clusters and could reach 100 in 
water channels, but due to the ignorance of inorganic substances and differential 
absorptivities between water and organic groups, calculation of water content from these 
ratios is less accurate than dry weight measurement. 

 
 

5.2.2 Visualization of Water-Filled Biofilm Structures 

The water signals detected by RM can also be applied to map the water distribution in 
biofilms (Figure 1, panel A) (16). Water-filled structures are clearly shown in RM mapping of 
water signals since the water content in the channels and pores within the biofilm matrix is 
higher than that in bacterial clusters. However, RM mapping of water distribution in a 
relatively large scale (hundreds of microns or more) is time-consuming due to the weak 
water signals (39).  

The limited visualization scale of RM can be overcome by another non-destructive and 
directly water-detecting technique, the nuclear magnetic resonance (NMR).  NMR-based 
techniques directly visualize water-presence by detecting the proton spin disturbance in the 
magnetic field. NMR imaging of water in biofilms is based on a comparison of the restricted 
mobility of water molecules within bacterial cells or within the biofilm matrix with the 
mobility of bulk water. Water with high mobility such as in biofilm pores and channels have 
long longitudinal and transverse relaxation times of protons after having been brought into 
magnetic resonance. The protons with long relaxation times show black signals in 
longitudinal T1 weighted image and white signals in transverse T2 weighted image. The water 
filled pores and channels were visualized in a naturally collected phototrophic biofilm by T2 
weighted NMR image (Figure 1, panel B) (17). However, the signal difference is often weak 
between water, bacterial clusters and other materials such as substratum. NMR contrast can 
be enhanced by adding paramagnetic ions such as Cu2+ Fe3+, Mn2+ and Gd3+ which 
dramatically reduce the proton longitudinal and transverse relaxation times of water in 
biofilms (23). The paramagnetic ions dissolved in bulk water, showing white signals in T1 
weighted NMR images, were visualized to diffuse into the Phormidium biofilm matrix, 
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although the water channels were not shown due to the small channel width and limited 
resolution (40). Despite visualization of water distribution, NMR can also measure the water 
diffusion coefficient in biofilm matrix based on the mobility of water molecules under a 
magnetic pulse field gradient. The effective diffusion coefficient, showing the ratio of 
diffusion coefficient at measured position to the diffusion coefficient of bulk water, was 
mapped in a Shewanella oneidensis biofilm grown on glass substrate (Figure 2) (41). 
 

 
 
Figure 2. NMR effective diffusion coefficient mapping of Shewanella oneidensis biofilm grown on 
glass substrate (41).  
a. The bulk medium. 
b. The top of the biofilm. 
c. A low-diffusion region in the biofilm.  
d. The glass substratum.  
Color bar indicates the effective diffusion coefficient, e.g. the ratio of the diffusion coefficient at 
a certain position compared to the diffusion coefficient of bulk water. The graph is reprinted with 
the permission of the publisher: Wiley. 
 
 

5.2.3 Demonstration of Channels and Pores 

Many techniques said to demonstrate water-filled channels or pores in biofilms, in fact 
visualize bacterial clusters in biofilms together with structures that are assumed to be water-
filled without affirmative evidence of water-presence. Light source-based microscopy e.g. 
Confocal laser scanning microscopy (CLSM) has higher spatial resolution than NMR (42), as 
shown in Figure 1 panel C (18), but does not directly confirm water-presence. However, 
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using CLSM on stained biofilms, flow of injected 0.3 μm diameter particle suspensions in 
water through biofilm channels has been visualized (43). Particles did not penetrate through 
bacterial clusters, indicating absence of large enough channels allowing particle passage. 
Smaller fluorescent dyes, being able to penetrate through bacterial clusters as well, were 
also used to visualize water-filled channels or pores by micro-injections or fluorescence 
recovery after photobleaching (FRAP), based on the assumptions that the areas with higher 
diffusion coefficient belong to water-filled structures (27, 44, 45). This raises the immediate 
question that will be addressed below, what is the minimum width of a water channel. 

Electron microscopy, similar to light source-based microscopy, does not affirmatively 
identify water, but instead is able to show biofilm structures with a nanoscopic resolution, 
assumed to be water-filled. However, electron microscopy often requires high vacuum 
conditions that can give rise to drying artefacts, unless applied in an environmental mode 
(see Figure 1, panel D) that preserves hydration of the biofilm to be imaged (19, 28). Optical 
coherence tomography (OCT) can also be done non-destructively on hydrated biofilms, and 
is based on back-scattering of light by particulate matter, such as a substratum surface, 
bacteria or insoluble EPS. Accordingly, bacteria in a biofilm appear white in OCT images but 
the limited resolution of OCT (around 10 μm) does not allow imaging of individual bacteria 
(31). Black regions in OCT images have accordingly been interpreted as water-filled channels 
or pores (32). Evidence of water-presence in black regions of OCT biofilm images has been 
taken from OCT images prior to, during and after staphylococcal biofilm compression and 
suggesting out- and inflow of water from whiteness changes in biofilm image series (21). 
Average whiteness of biofilms has been demonstrated to increase with increasing volumetric 
bacterial density in biofilms (46), but quantitative determination of the water content in a 
biofilm is still beyond reach. Biofilm compression causing water in- and outflow can also be 
studied using low load compression testing (LLCT). In LLCT, a biofilm is compressed to a 
certain deformation level after which the resulting stress is monitored as a function of time 
(see Figure 3, panel A). Subsequently, stress relaxation over time is fitted by a three 
component Maxwell model (Figure 3, panel B), yielding the relative importance of each 
element and their relaxation time constants (33, 34, 47). The fastest relaxation was 
associated with water, while slower relaxations were associated with EPS, including eDNA 
and the slowest relaxation was associated with re-arrangement of bacteria within a 
deformed biofilm during stress relaxation (Figure 3, panel C). Although biochemical analyses 
confirmed the associations with EPS and eDNA (34), while microscopy confirmed bacterial 
re-arrangement (48), association of the fast component with water-presence was not 
affirmative. 
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Figure 3. Outline of low load compression testing of biofilm and Maxwell analyses to study stress 
relaxation in biofilms, as a technique to demonstrate water-presence in biofilms. 
A. Example of the normalized stress exerted by a compressed biofilm as a function of relaxation 
time. Stress was applied at t = 0 (49). Adapted and reprinted with the permission of the 
publisher: Public Library of Science. 
B. A three component generalized Maxwell model, in which each element possesses its own 
characteristic relaxation time, usually suffices to describe stress relaxation in biofilms. One 
Maxwell element is composed of a spring and dashpot, representing an elastic and viscous 
response, respectively (34, 49). Adapted and reprinted with the permission of the 
publishers: Public Library of Science and American Society for Microbiology. 
C. Principal components in stress relaxation of biofilms with the relaxation time constant range 
<3 s interpreted as due to transport of water and soluble polysaccharides, principal component 2 
due to insoluble polysaccharides (3-10 s and 25-70 s) component 3 relating with the presence of 
eDNA (10-25 s) (34). Adapted and reprinted with the permission of the publisher: American 
Society for Microbiology. 
 
 

Concluding this section, water in biofilms has been affirmatively demonstrated and 
quantification yields that more than 75% by weight a biofilm is water. Visualization shows 
the presence of channels and pores and collectively it seems safe to conclude that they are 
water-filled. Channels are by definition relatively narrow, connecting two places, while pores 
represent relatively large volumes with no obvious goal to connect different places in a 
biofilm. To this point, Bacillus thuringiensis has been described to create water-filled 
channels by flagella-propelled movement to facilitate nutrient transport (50). However, 
nutrient and other molecules can more easily travel from one place in a biofilm to another 
through what would be called a “channel” than particles or other bacteria, which raises the 
question of whether a minimal width should be assumed for what we call a channel. To 
complicate things further, possible transportation of molecules through a channel is not only 



GENERAL DISCUSSION: WATER IN BIOFILMS 

 96 

dependent on the channel width but also on the properties of the shores, and whether they 
adsorb molecules traveling through the channel. By stating that a molecule should be able to 
travel through a channel without major interaction with its shores under the most 
unfavorable conditions and based on molecular interaction distances, we propose that a 
channel should have a minimum width of three times the Debye-Huckel length (around 10 
nm). The distinction between channels and pores can subsequently be made on basis of the 
width to length ratio of the imaged structure, taking a width to length ratio smaller than 0.3 
as a channel. Pores have been suggested to form through cell lysis (51) to become water-
filled for storage and buffering purposes (52). According to these criteria, an overview of 
channels and pores in different biofilms is comprised in Table 3. Both the channel width and 
pore diameter vary a lot but are mostly within 10-100 μm (Table 3). Note that all the 
calculated width to length ratios are based on the 2D images published, which means a 
channel can be much longer than visualized and a pore can also be a cross-section of a 
channel. This limitation should be overcome by analyzing 3D images that can be achieved by 
most of the stated techniques, such as RM, NMR, CLSM, ESEM and OCT. 
 
 
Table 3. Overview of the dimensions of water-filled structures in different biofilms.  
 

Bacterial strain 
Channel 

width 
Width/length 

ratio 
Diameter 
of pores 

Width/length 
ratio 

References 

P. aeruginosa, 
Pseudomonas 

fluorescens, and 
Klebsiella pneumoniae 
three-species biofilm 

~ 17 μm 0.08 - - (26) 

> 80 nm - - - (27) 

50 - 100 μm - - - (53) 

V. cholerae ~ 13 μm 0.15 - - (19) 

Natural phototrophic 
biofilm 

~ 280 μm 0.18 - - (17) 

B. subtilis ~ 100 μm 0.12 - - (54) 

S. mutans ~ 14 μm 0.11 ~ 55 μm 0.70 (18) 

P. aeruginosa - - ~ 30 μm 0.75 (16) 

S. mutans - - ~ 38 μm 0.63 -* 

 
*Unpublished result 
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Figure 4. Schematic drawing of water transport in a biofilm with channels and pores, showing 
transport of nutrients by convection through the channels and by diffusion into bacterial clusters. 
 
 

5.3 FUNCTIONS OF WATER TRANSPORT THROUGH BIOFILM 
CHANNELS 

Although convective-diffusion within a channel can never be truly separated and always 
occur in concert, with diffusion prevailing towards the channel shores (see Figure 4), we will 
discuss transport by convection and diffusion as two separate transport mechanisms. 

 
 

5.3.1 Convection of Water in Biofilms 

A biofilm is composed of multiple bacterial clusters and water channels in between.  
Although water exists in both bacterial clusters and water channels, its flow rates are 
significantly different. Stoodley et al. (26) tracked the movement of the 0.3 µm diameter 
fluorescent beads in a mixed-species biofilm and calculated the water flow velocity in the 
water channels at around 10-20 μm s-1, while the beads could not penetrate into the 
bacterial clusters according to the CLSM observation. A similar water flow velocity was found 
in B. subtilis biofilms by CLSM observation (54). More evidences were found by other 
techniques like time-lapse CLSM (55, 56), NMR (24, 57) and hydraulic permeability analysis 
(42), showing that water only flows around but not through the bacterial clusters. These 
findings suggest that the molecular transport can be achieved by both convection and 
diffusion in the water channels, but only by diffusion in the bacterial clusters. The major 
resistance against water flowing into bacterial clusters is from EPS (42). The main function of 
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convection is to rapidly deliver nutrients from the environment to each bacterial cluster and 
transport of waste products in the other direction, out of the biofilm (58–60). 

 
 

5.3.2 Water as a Medium for Diffusion in Biofilms 

After the rapid transport by convection in channels, molecules penetrate into the 
bacterial clusters through the channel shores and reach bacteria by diffusion. Due to the 
existence of bacteria and EPS components, the molecular diffusion rate in bacterial clusters 
is lower than in bulk water, and therefore the effective diffusion coefficient needs to be 
calculated (61, 62). The effective diffusion coefficient of nutrients in bacterial clusters is 
roughly 5 times lower than in bulk water. Diffusion in biofilms determines the signal 
transport and a good example showing this relation is quorum sensing (QS). QS is a 
phenomenon of a bacterial group behavior that is regulated by type and concentration of 
the self-produced QS signals, such as the acyl homoserine lactones (63, 64). Most QS signals 
are small soluble molecules and transported in a bacterial cluster mainly by diffusion (65). 
Fast transport and diffusion of the QS signals guarantees a quick response of a group of 
bacterial cells (65, 66). The QS signals can diffuse as far as 78 µm from the secreting 
bacterium (67), but most QS signals stay just a few microns around the bacterial cluster (68). 
Besides controlling bacterial behavior, QS also regulates the secretion of surfactants that are 
associated with the formation of water channels in mature biofilms (64), such as the 
rhamnolipids in P. aeruginosa biofilms (69, 70) and the phenol-soluble modulin surfactant 
peptides in S. aureus biofilm (64). 

 
 

5.3.3 Drawbacks of Biofilm Channels for its Inhabitants 

Channels perform functions that are vital to biofilm inhabitants which was probably the 
evolutionary stimulus for their development. However, with the use of antimicrobials 
through the ages, biofilm channels also have potential drawbacks. The channels enlarge the 
surface contact area of a biofilm. Antimicrobials or other harmful chemicals diffuse together 
with nutrients into the channels, leading to more exposed bacterial clusters to those 
chemical stresses (71, 72). However, the antimicrobials still need to diffuse through the EPS 
matrix of the bacterial clusters to finally reach the bacterial cells, where multiple protective 
pathways such as EPS sorption, physical hindrance and enzyme-mediated resistance (72, 73) 
play a role. 

 
 
 



  Chapter Five 

 99 

5.4 STORAGE AND BUFFER FUNCTIONS OF WATER IN 
BIOFILM PORES 

Since biofilms create pores by sacrificing some of its own bacteria, the biofilm pores 
must be vital to the whole community. However, their functions have not been studied in 
much detail so far. This section summarize the known storage and buffer functions of the 
biofilm pores.   

 
 

5.4.1 Storage of Nutrients 

As a biofilm grows thick, bacteria in the deep layer of the biofilm receive less nutrients 
due to the long distance from the biofilm border. Therefore, the water filled pores in the 
biofilm serve as close and efficient nutrient pools for the deep located biofilm clusters (74). 
For example, levan was found by CLSM to accumulate in biofilm pores and reported as a 
nutrient source for Pseudomonas syringae biofilm development (75). However, the 
formation of persister cells that are often attributed to nutrient limitation (77) appeared 
more in the deep layer of a biofilm (78, 79). This implies that the nutrient pools are still not 
sufficient to provide the same nutrient level in the deep layer as compared to the top layer 
of a biofilm. 

 
 

5.4.2 Antimicrobial Buffering 

The limited antimicrobial penetration due to the tight junction between bacterial cells 
and the EPS protection is believed as the main reason inhibiting the killing efficiency of a 
biofilm. However, the role of water in diluting the antimicrobial to an ineffective 
concentration in the deeper biofilm layer was underestimated. He et al. (49) reported a 
negative relation between penetration depth of chlorohexidine and the biofilm water 
content. This result suggests the requirement of high antimicrobial concentrations and long 
antimicrobial-biofilm contact times in order to achieve a better killing efficiency, although 
these high antimicrobial concentrations are often not applicable in environmental, industrial 
and clinical situations. 

 
 

5.5 CONCLUSIONS 

Water is the main component in biofilms and essential for nutrient and antimicrobial 
distribution, but not studied yet in detail. The water channels and pores have been widely 
described together as “voids” based on microscopic observation, but the word void means 
empty space, which is not the case with the water-filled channels and pores.  We propose a 
definition for water channels in biofilms with a minimum width of three times the Debye-
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Huckel length and a width to length ratio lower than 0.3. The calculation of width to length 
ratio was mainly based on single 2D cross-sectional views with a limitation of accuracy and 
reproducibility. Therefore, 3D analyses of water channels and pores in biofilms are needed 
in order to get a better view on the structural and distributional changes of water channels 
and pores due to biofilm responses to environmental benefits (e.g. nutrients) and stresses 
(e.g. antimicrobials). 
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Planktonic life is dangerous for most bacterial strains and species and adhesion to 
surfaces is often considered a survival mechanism. Once adhering, a cascade of events is 
triggered that involves amongst others, the production of an extracellular matrix leading to 
the formation of what is generally called a “biofilm”. Biofilms grow on almost every surface 
to cause various clinical, industrial and environmental problems. Complete killing or removal 
of biofilms is often difficult because bacteria protect themselves in a biofilm mode of growth 
within a self-produced matrix that is composed of extracellular polymeric substances (EPS) 
and water. However, effective treatments against this protective mode of growth remain to 
be developed. Therefore, this thesis aims to study the fundamental mechanisms of biofilm 
resistance to physical stress and the role of EPS and water. To this end, both microscopic and 
spectroscopic methods were applied on biofilms of different bacterial strains in order to 
study the distribution, structure and function of EPS and water in biofilms under various 
environmental stress conditions. 

In CHAPTER ONE, we hypothesize about the way bacteria become aware of their 
adhering state. We consider that bacteria deform under the influence of the adhesion forces 
exerted upon them when adhering to a substratum surface. Surface enhanced fluorescence 
has convincingly demonstrated the existence of minor cell wall deformation upon adhesion 
that can act as a trigger for an adhering bacterium to start EPS-matrix production, as a 
hallmark of the transition between planktonic and sessile phenotypes. For staphylococci, 
EPS-matrix production appears related with the magnitude of the adhesion forces felt. The 
importance of the EPS-matrix is ubiquitously present throughout the entire process of 
biofilm development, from facilitating initial bacterial adhesion to maintaining biofilm 
structural integrity during growth and offering “back up” resources in case of nutrient 
depletion during biofilm aging. During the entire biofilm life cycle, EPS protects the biofilm 
against chemical attacks such as from antimicrobial treatment and through its viscoelastic 
properties, against mechanical stresses. The viscoelastic response of biofilms to external 
mechanical stresses can be modeled using three Maxwell elements representing the flow of 
water, more viscous EPS and bacteria repositioning in a deformed biofilm. Bacterial 
repositioning is more prominent in open structured biofilms than in more condensed ones 
with an impact on antimicrobial penetration and detachment. The main advantages of stress 
relaxation to determine biofilm structure and composition over microscopic techniques are 
that it yields quantitative data covering an area of several square millimeters. Biofilms are 
also slippery due to their EPS-matrix, but whether the slipperiness of biofilms serves any 
physiological role or not is unknown. Summarizing, this chapter reviews the events occurring 
during the transition from bacterial adhesion to EPS-matrix production and biofilm 
formation from a physico-chemical perspective, offering new concepts like bacterial 
adhesion force-sensing and cell wall deformation as a trigger for the development of sessile 
bacterial phenotypes.  

In order to further understand the role of water in biofilms, we first studied water as 
occurring on a surface under physical stress. To this end, we applied a tribochemist, 
consisting of a tribometer and FTIR spectrometer to study the relation between mechanical 
sliding stress and IR absorption characteristics of water on a surface (CHAPTER TWO). Water 
absorption spectra were studied on germanium (Ge) and silicon (Si) crystals under 
mechanical sliding stress. Surface-thermodynamic analyses suggested that water molecules 
bind to both surfaces with their hydrogen groups. XPS showed that Ge-crystal surfaces 
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providing optimal lubrication, were comprised of a mixture of –O and =O functionalities, 
while Si-crystal and quartz surfaces solely possessed –O functionalities. Comparison of 
infrared absorption-bands of the crystals in water indicated less bound water layers on 
hydrophilic Ge- than on hydrophobic Si-crystal surfaces, while absorption-bands for free 
water on the Ge-crystal surface indicated a much more pronounced presence of structured, 
free water clusters near the Ge-crystal than near Si-crystal surfaces. Therefore, we 
concluded that the presence of structured, free water clusters is essential for water-based 
lubrication. Prevalence of structured water clusters can be regulated by adjusting the ratio 
between surface electron-donating and electron-accepting groups and between –O and =O 
functionalities. 

Next, in CHAPTER THREE, we compared the responses of staphylococcal biofilms of an 
EPS producing (ATCC 12600) and non-EPS producing (5298) Staphylococcus aureus strain to 
fluid shear and mechanical sliding stress. Confocal Laser Scanning Microscopy (CLSM) 
confirmed absence of calcofluorwhite-stainable EPS in biofilms of S. aureus 5298. ATR-FTIR 
spectroscopy combined with tribometry indicated that the polysaccharide production per 
bacterium in the initial adhering layer was higher during growth at high shear than at low 
shear and this increased EPS production extended to entire biofilms, as indicated by 
tribometrically measured coefficients of friction (CoF). CoFs of biofilms grown under high 
fluid shear were higher than when grown under low shear, likely due to wash-off of 
polysaccharides. Measurement of a biofilm’s CoF implies application of mechanical pressure 
that yielded an immediate increase in polysaccharide band area of S. aureus ATCC 12600 
biofilms due to their compression that decreased after relieving pressure to the level 
observed prior to mechanical pressure. For biofilms grown under high shear, this coincided 
with a higher %whiteness in Optical Coherence Tomography (OCT) images indicative of 
water outflow, returning back into the biofilm during stress relaxation. Biofilms grown under 
low shear however, were stimulated during tribometry to produce EPS, also after stress 
relieve. Knowledge of factors that govern EPS production and water flow in biofilms will 
allow better control of biofilms under mechanical challenge and understanding of the barrier 
properties of biofilms toward antimicrobial penetration.  

The whiteness analysis of OCT images applied in CHAPTER THREE cannot be 
quantitatively related with the measured biofilm components due to the auto-scaling 
applied in OCT-instruments to ensure optimal quality of individual images. In CHAPTER 
FOUR, we developed a method to eliminate the influence of auto-scaling in order to allow 
quantitative biofilm comparison in different images. Auto- and re-scaled whiteness 
intensities could be qualitatively interpreted in line with biofilm characteristics expected on 
the basis of literature for the different biofilms, demonstrating qualitative validity of auto- 
and re-scaling analyses. However, specific features of pseudomonas and oral dual-species 
biofilms were more prominently expressed after re-scaling. Quantitative validation was 
obtained by relating average auto- and re-scaled whiteness intensities across biofilms with 
volumetric bacterial densities in biofilms, independently obtained using enumeration of 
bacterial numbers per unit biofilm volume. Opposite to auto-scaled average whiteness 
intensities, re-scaled intensities of different biofilms increased linearly with independently 
determined volumetric bacterial densities in the biofilms, therewith quantitatively validating 
the re-scaling developed. Herewith the proposed re-scaling of the whiteness distributions in 
OCT-images significantly enhances the possibilities of OCT biofilm imaging.  
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Water is essential to biofilms but its role has been underestimated. Therefore, the role 
of water is summarized in CHAPTER FIVE, based on literature and the contributions of this 
thesis to the existing literature. Between 77-97 wt% of biofilms mass is due to water, 
occurring in channels, pores and bacterial clusters. Nevertheless, water in biofilms is a 
largely understudied topic and therefore this review focuses on how water in biofilms can be 
detected, the structural features of biofilm in which water is retained and the functions 
water fulfills in a biofilm. Dry-weight comparison with the weight of hydrated biofilms, FTIR 
and Raman micro-spectroscopy are the only techniques to affirmatively identify and 
quantitate water in biofilm structures, while NMR, microscopic and other imaging 
techniques do not yield directly quantitative results or rely on the assumption that channels 
and pores are indeed water-filled. Definition of “channels” and “pores” in the literature is 
rather loose, while moreover whether or not a channel can perform its transport function 
depends on the size of the molecule or particle to be transported. This review proposes a 
minimal channel width of three times the Debye-Huckel length to prevent electrostatic 
interactions of particles or molecules to be transported with the channel shores and a 
channel width to length ratio smaller than 0.3 to justify its transport function. Different than 
channels, this review attributes a storage and buffer function to pores.  

 
 

FUTURE PERSPECTIVE 

Whereas this thesis has focuses on the overall presence of water and EPS in biofilms, 
biofilms are known to be heterogeneous and so is the distribution of water and EPS. This 
heterogeneous distribution and its mapping seem like a worthwhile continuation of this 
study and might be done with Raman micro-spectroscopy, possibly combined with a 
tribometer. Moreover, it will be a challenge to develop a whiteness analysis method based 
on 3D, OCT images in order to study the distribution of water channels and pores in a biofilm 
matrix, as well as their structural changes under physical stress. Since water channels also 
facilitate the penetration of antimicrobials, it will also be interesting to study the relation 
between local antimicrobial concentration within biofilm matrices and the biofilm structural 
response to that chemical stress.  
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Voor de meeste bacteriën is planktonisch leven gevaarlijk en daarom wordt bacteriële 
hechting aan een oppervlak beschouwd als een overlevingsmechanisme. Eenmaal gehecht, 
komt er een opeenvolging van gebeurtenissen op gang, zoals de productie van 
extracellulaire polymere substanties (EPS). Dit leidt tot de formatie van wat een “biofilm” 
genoemd wordt. Biofilms kunnen op bijna alle oppervlakken groeien waardoor ze 
verscheidene klinische-, industriële- en milieuproblemen kunnen veroorzaken. Het volledig 
doden en verwijderen van biofilms is vaak moeilijk doordat de bacteriën zich bevinden in 
hun EPS matrix. Tegen deze beschermende groeiwijze bestaan geen effectieve 
behandelingen. Daarom is dit proefschrift gericht op het bestuderen van de fundamentele 
mechanismen van biofilmresistentie tegen fysieke stress en de rol van EPS en water daarin. 
Hiertoe werden zowel microscopische als spectroscopische methoden toegepast op biofilms 
van verschillende bacteriestammen om de verdeling, structuur en functie van EPS en water 
in biofilms onder verschillende omgevingsstressomstandigheden te bestuderen. 

In HOOFDSTUK ÉÉN vragen we ons af hoe bacteriën zich bewust worden van hun 
aanhechtingstoestand. Wij veronderstellen dat bacteriën vervormen onder invloed van de 
adhesiekrachten die op ze uitgeoefend worden tijdens het aanhechten op een substraat. Het 
bestaan van tijdens adhesie optredende kleine deformaties van de celwand is overtuigend 
gedemonstreerd met oppervlakte versterkende fluorescentie. Deze kleine deformaties 
zouden voor een aanhechtende bacterie als trigger voor de productie van EPS kunnen 
optreden. Voor stafylokokken blijkt dat de productie van EPS gerelateerd is met de sterkte 
van de door de bacterie gevoelde adhesiekrachten. Het belang van de EPS is alom aanwezig 
tijdens het gehele proces van biofilmontwikkeling, van het vergemakkelijken van initiële 
adhesie tot het behoud van structurele integriteit tijdens groei. De biofilm wordt gedurende 
de gehele levenscyclus door het EPS beschermd tegen antimicrobiële behandeling en 
mechanische stress. De visco-elastische respons van biofilms op externe mechanische stress 
kan worden gemodelleerd met behulp van drie Maxwell-elementen die de stroming van 
water, meer viskeus EPS en bacteriële herpositionering in een vervormde biofilm 
representeren. Bacteriële herpositionering heeft invloed op de penetratie van antibiotica en 
onthechting, en gebeurt veelvuldiger in biofilms met een open structuur dan in ‘dichtere’ 
biofilms. De belangrijkste voordelen van stress-relaxatie als een methode om de 
biofilmstructuur en -samenstelling te bepalen ten opzichte van microscopische technieken, 
zijn dat het kwantitatieve gegevens oplevert over een gebied van meerdere vierkante 
millimeters. Samenvattend geeft dit hoofdstuk het belang aan om de rol van water en EPS in 
biofilms beter te bestuderen, hetgeen daarmee tevens het doel is van dit proefschrift. 

Om de rol van water in biofilms beter te kunnen begrijpen, moest eerst water op een 
oppervlak onder fysieke stress bestudeerd worden. Hiervoor gebruikten we de tribochemist, 
een apparaat bestaande uit een tribometer en een FTIR-spectrometer om de relatie tussen 
stress (in dit geval mechanisch wrijving) en karakteristieke absorptie van IR van water op een 
oppervlak te meten (HOOFDSTUK TWEE). Water absorptiespectra werden onder 
mechanische schuifspanning bestudeerd op germanium (Ge) en silicium (Si) kristallen. 
Oppervlak-thermodynamische analyses suggereerden dat watermoleculen met hun 
waterstofgroepen aan beide oppervlakken hechten. X-ray photoelectron spectroscopy (XPS) 
liet zien dat Ge-oppervlakken, die minimale wrijving geven, een mengsel van -O en =O 
functionaliteiten bezitten, terwijl Si-kristal- en kwartsoppervlakken alleen -O 
functionaliteiten bezitten. Vergelijking van infrarood-absorptiebanden van de kristallen in 
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water wees op minder gebonden waterlagen op hydrofiele Ge- dan op hydrofobe Si-
kristaloppervlakken, terwijl absorptiebanden voor vrij water op het Ge-kristaloppervlak een 
veel meer uitgesproken aanwezigheid van gestructureerde, vrije waterclusters aantoonden 
dan op de Si-kristaloppervlakken. Daarom concludeerden we dat de aanwezigheid van 
gestructureerde, vrije waterclusters essentieel is voor lubricatie op basis van water. De 
prevalentie van gestructureerde waterclusters kan worden gereguleerd door de verhouding 
tussen elektrondonerende en elektronaccepterende groepen en tussen -O en =O 
functionaliteiten op het oppervlak aan te passen. 

In HOOFDSTUK DRIE vergeleken we vervolgens de respons van biofilms van een EPS-
producerende (ATCC 12600) en niet-EPS producerende (5298) Staphylococcus aureus stam 
onder mechanische stress (in dit geval vloeistofstroming en mechanische schuifspanning). 
Confocal Laser Scanning Microscopy (CLSM) bevestigde de afwezigheid van EPS in biofilms 
van S. aureus 5298. ATR-FTIR-spectroscopie in combinatie met tribometrie toonde aan dat 
de polysacharideproductie per bacterie, in de initiële fase, hoger was tijdens groei bij hoge 
dan bij lage vloeistofstroming en dat deze verhoogde EPS-productie zichtbaar was in de hele 
biofilm. De wrijvingscoëfficiënten van biofilms die gegroeid waren onder hoge 
vloeistofstroom, waren hoger dan wanneer ze gegroeid waren onder lage vloeistofstroom, 
waarschijnlijk als gevolg van het wegwassen van polysachariden. Het meten van de 
wrijvingscoëfficiënt van een biofilm impliceert dat het toepassen van een mechanische druk 
een onmiddellijke toename in de polysacharideband van S. aureus ATCC 12600 biofilms in 
het FTIR spectrum opleverde, ten gevolge van samendrukking. Deze toename verdween 
geleidelijk, nadat de mechanische druk was weggenomen. Voor biofilms gegroeid onder 
hoge vloeistofstroom viel dit samen met een hoger %witheid in Optical Coherence 
Tomography (OCT)-afbeeldingen, indicatief voor het uitstromen van water dat tijdens stress-
relaxatie terugvloeit in de biofilm. Biofilms gegroeid onder lage vloeistofstroom werden 
tijdens tribometrie echter gestimuleerd om EPS te produceren, ook na het wegnemen van 
mechanische druk. 

De witheidsanalyse van OCT-afbeeldingen toegepast in HOOFDSTUK DRIE kan niet 
kwantitatief worden gerelateerd aan de gemeten componenten in een biofilm, zoals water 
en EPS vanwege de automatische schaalaanpassing toegepast in OCT-apparatuur om een 
optimale kwaliteit van afzonderlijke afbeeldingen te garanderen. In HOOFDSTUK VIER 
hebben we een methode ontwikkeld om de invloed van automatische schaalaanpassing te 
elimineren om kwantitatieve vergelijking van biofilms in verschillende afbeeldingen mogelijk 
te maken. Automatisch geschaalde en herschaalde witheidsintensiteiten konden kwalitatief 
worden geïnterpreteerd in lijn met de verwachte biofilmeigenschappen uit de literatuur 
voor de verschillende biofilms, hetgeen een validatie van auto- en herschalinganalyses is. 
Echter, specifieke kenmerken van pseudomonas en orale dual-species biofilms werden 
prominenter uitgedrukt na herschaling. Kwantitatieve validatie werd verkregen door het 
relateren van gemiddelde auto- en herschaalde witheidsintensiteiten van de biofilms met 
volumetrische bacterie dichtheden in deze biofilms. De bacteriedichtheden per volume 
eenheid waren onafhankelijk verkregen door het tellen van het aantal bacteriën per biofilm 
volume eenheid. In tegenstelling tot auto-geschaalde gemiddelde witheidsintensiteiten, 
namen de herschaalde intensiteiten van verschillende biofilms lineair toe met bacteriële 
dichtheden per volume eenheid. Zo werd de ontwikkelde schaal verder kwantitatief 
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gevalideerd. Hiermee wordt de voorgestelde witheidsverdelingen in OCT-afbeeldingen 
aanzienlijk verbeterd, wat de mogelijkheden van OCT biofilm-beeldvorming ten goede komt. 

Water is essentieel voor biofilms, maar de rol ervan is onderschat. Daarom is de rol van 
water in HOOFDSTUK VIJF samengevat gebaseerd op de literatuur aangevuld met de 
bijdrage van dit proefschrift aan bestaande literatuur. Tussen 77-97 gewichtsprocent van 
een biofilm bestaat uit water in kanalen, poriën en bacteriële clusters. Desalniettemin is 
water in biofilms een weinig bestudeerd onderwerp en daarom richt deze review zich op 
hoe water in biofilms kan worden gedetecteerd, op de structurele kenmerken van biofilms 
waarin water wordt vastgehouden en op de functie van water in een biofilm. 
Drooggewichtsvergelijking met het gewicht van gehydrateerde biofilms, FTIR en Raman 
micro-spectroscopie zijn de enige technieken om water in biofilm structuren te identificeren 
en kwantificeren, terwijl NMR-, microscopische en andere beeldvormingstechnieken, òf 
geen directe kwantitatieve resultaten opleveren of gebaseerd zijn op de aanname dat 
kanalen en poriën inderdaad met water gevuld zijn. De definitie van "kanalen" en "poriën" in 
de literatuur is nogal zwak. De juiste definitie is deels afhankelijk van de grootte van het 
molecuul of deeltje dat getransporteerd moet worden en bepaalt of een kanaal zijn 
transportfunctie al dan niet kan uitvoeren. Deze review stelt een minimale kanaalbreedte 
van driemaal de Debye-Hückel-lengte voor om te voorkomen dat elektrostatische interacties 
plaatsvinden tussen deeltjes of moleculen die getransporteerd worden met de 
kanaalwanden, en een kanaalbreedte-lengteverhouding die kleiner is dan 0,3 om de 
transportfunctie te rechtvaardigen. Anders dan kanalen, schrijft deze review een opslag- en 
bufferfunctie toe aan poriën waardoor antimicrobiële concentraties na penetratie in een 
biofilm verdund worden hetgeen bijdraagt aan een mogelijke bacteriële overleving. 

 
 

TOEKOMSTPERSPECTIEF 

Biofilms zijn heterogeen en dat geldt ook voor de verdeling van water en EPS in een 
biofilm. Deze heterogene verdeling, en het in kaart brengen ervan, lijkt een waardevolle 
voortzetting van deze studie. Dit kan worden gedaan met Raman micro-spectroscopie, 
mogelijk in combinatie met een tribometer. Bovendien zal het een uitdaging zijn om een 
witheid-analysemethode te ontwikkelen op basis van 3D OCT-beelden om de verdeling van 
waterkanalen en poriën in een biofilm matrix te bestuderen, evenals hun structurele 
veranderingen onder fysieke stress. Aangezien waterkanalen ook het transport van 
antimicrobiële stoffen verzorgd, zal het ook interessant zijn om de relatie tussen lokale 
concentratie van deze antimicrobiële stoffen binnen biofilm matrices en de structurele 
reactie van de biofilm op die chemische stress te bestuderen. 
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